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ABSTRACT

Adult muscle stem cells (MuSCs) play a crucial role in tissue regeneration, yet the mechanisms
governing their dysfunction and depletion during aging remain unclear. However, during aging,
regulators of mitochondrial dynamics, a key regulator of MuSC activity and fate, decline in
expression. This loss of mitochondrial fission and fusion modulators has been associated with
premature aging phenotypes in whole muscle and MuSC dysregulation with age. To date, how
mitochondrial dynamics contribute to senescent and aged-like phenotypes in MuSCs has not been
fully described. Our lab has previously implemented a Pax7CreERT2 inducible system to
conditionally knock-out the mitochondrial fusion protein OPA1 specifically within MuSCs
(OPA1-KO) and found that with chronic loss of OPA1, MuSCs have enhanced activation kinetics,
significant proliferation defects, and evidence of mitochondrial dysfunction. In this current work,
we sought to address the role of chronic OPA1 loss in MuSCs, particularly in the contexts of aging
and senescence. We found that with chronic loss of OPA1, MuSCs accumulate biomarkers of
senescence, experience cell cycle dysregulation at the transcriptional level, and have a
dysregulated metabolome. However, the proliferative defects associated with chronic OPA1
ablation may be partially mitigated via supplementation of exogenous metabolites. Notably, at 9
months of OPAT loss, the phenotype of MuSC dysfunction was found to progress to the extent of
stem cell depletion basally. Further, whole-muscle defects were observed at this time, including
the onset of a muscle wasting phenotype (with a reduction in the myofiber cross-sectional area and
the number of myonuclei per myofiber) and increased fatiguability of the muscle. These findings
suggest that mitochondrial dynamics are a critical regulator of MuSC activity and maintenance in
an aging context, and that whole muscle health during aging is dependent on the presence of
functional MuSCs. This research offers novel therapeutic insight that may be leveraged to improve
muscle stem cell health and function with age.

KEYWORDS: Muscle Stem Cell, Mitochondrial Dynamics, OPA1, Cellular Senescence,
Skeletal Muscle, Aging, Cell Cycle, Metabolism
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Chapter 1: Introduction

1.1 Overview of skeletal muscle

Skeletal muscle is a major tissue of the human body, making up 40% of body mass' and
contributing to numerous vital processes including locomotion, respiration, and whole-body
metabolism!. Two major functions of the skeletal muscle are force generation and tissue
regeneration. Skeletal muscle is organized in groups of muscle fibers (also referred to as
myofibers) into units called fascicles, which are wrapped in connective tissue called the
endomysium, made of the reticular and basal laminas'>~7. Myofibers are post-mitotic,
multinucleated cells comprised of numerous myofibrils formed by repeating units known as
sarcomeres®'2. Sarcomeres are arranged in series of thick filaments (myosin) and thin filaments
(actin) along with other regulatory proteins like troponin, which bind and pull against one another
to allow for contraction'>!, In this way, the structural organization of skeletal muscle gives rise
to its contractile functions. Within the skeletal muscle, there are a host of cell populations beyond
the myofibers themselves. For instance, motor neurons, fibroblasts, fibroadipogenic progenitors,
endothelial cells, and immune cells are other important populations which have functional roles
within the skeletal muscle??28, One essential population are the muscle stem cells, which are

essential for the regenerative capacity of the muscle’-6-2329731,
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Figure 1. Overview of the hierarchical structure of skeletal muscle. The anatomy of skeletal muscle allows
for its function in force generation. Briefly, muscle is comprised of myofibers bundled into fascicles by the
endomysium. Myofibers are comprised of myofibrils, which are arranged into repeating units of sarcomeres.
Sarcomeres contain a variety of filaments, including thick (myosin), thin (actin), and elastic (titin) filaments,




along with regulatory proteins, which pull against one another to allow for muscle contraction. Figure made in
part with BioRender .

1.2 Overview of adult muscle stem cells
Adult muscle stem cells (MuSCs; also known as satellite cells) are the resident stem cell population
of skeletal muscle that give rise to its regenerative capacity, allowing for the maintenance of

muscle mass and quality throughout the lifespan®7-32

. During homeostasis, MuSCs exist in a niche
beneath the basal lamina of mature muscle fibers in a state of quiescence’***. This niche provides
structural support and relays cellular signals to and from the MuSCs and other muscle cell
populations®3334. As such, MuSCs exist in an environment in which they can readily respond to
intrinsic and extrinsic signals to execute their major functions. As stem cells, MuSCs bare the two
major abilities of committing to myogenic differentiation to allow for tissue repair and
regeneration, or self-renewing, which maintains the stem cell pool®*-4, Following an activation
stimulus such as injury, MuSCs exit quiescence and enter a Galert State, become activated, and
undergo the fate decisions of committing to the myogenic program, giving rise to myogenic
progenitors, or self-renewing and returning to a state of quiescence® 38, Due to their contribution

for the regeneration of whole skeletal muscle, MuSCs have been studied in the context of aging in

order to improve muscle maintenance across the lifespan.

1.3 Overview of myogenesis
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Figure 2. Overview of the myogenic program. During homeostasis, muscle stem cells exist in a quiescent state
denoted by high Pax7 expression. They can be activated by a stimulus such as injury and upregulate MyoD. Activated
muscle stem cells can commit to differentiation, in which they upregulate the myogenic regulatory factor myogenin
(MyoQ), fuse into myotubes, and ultimately mature into MHC-expressing myofibers. Alternatively, muscle stem cells



can self-renew to a state of quiescence, in which they re-upregulate Pax7 and return to dormancy. Figure adapted from
Schmidt et al. (2019) Cellular and Molecular Life Sciences.

1.3.1 Muscle stem cell quiescence and activation

Under physiological conditions, MuSCs reside in a reversible state of dormancy at the Go phase
of the cell cycle, known as quiescence®**°, Quiescence is a non-proliferative state that preserves
the stemness of the MuSCs, maintains the stem cell pool, and is tightly regulated by intrinsic and
extrinsic signals*!. Many features of the quiescent state enable MuSCs to remain dormant. For
instance, quiescent MuSCs have reduced metabolic activity and a reliance on fatty acid oxidation,
exhibit relatively lower levels of reactive oxygen species (ROS), minimal protein synthesis, and
repressed transcriptional activity*>*. Quiescent MuSCs express the transcription factor Pax7, a
widely used marker in the field of regenerative medicine to label MuSCs. Their transcriptional
profile is distinct from other states such as activation, and includes high expression of factors
including CD34, Sprouty1, Calcitonin Receptor (CalcR), Integrin a7, and Notch Receptor, among
others**8, Quiescence is a graded physiological state, ensuring fine-tuned control that prevents
precocious activation and allows MuSCs to respond appropriately to different stimuli. There is a
distinct difference between the traditional Go quiescent state and the Galert state, in which MuSCs
are primed for activation**. Gaerrt MuSCs enhance their transcriptional activity and their
mitochondrial metabolism, and also have an enlarged, less squamous cell shape compared to Go
MuSCs**°, In a physiological setting, muscle injury serves as a potent stimulator of activation,
preparing quiescent MuSCs to enter the cycle and progress through the myogenic differentiation
program®4%°!, The transition towards activation is associated with notable changes in gene
expression, including expression of the myogenic differentiation factors MyoD and Myf5 and
positive cell cycle modulators, as well as a shift towards a more glycolytic metabolic state>0->2-4,
One signaling pathway of interest that regulates the transition from quiescence to activation is the
mammalian target of rapamycin (mTOR) pathway*?->°. As MuSCs enter an activated state, they
enhance expression of the mTOR intermediate, pS64>°. Importantly, stimulation of the mTOR
pathway through genetic or pharmacological means is sufficient to promote the transition from Go
to Galert states in MuSCs*>>, and conversely, inhibition of the mTOR pathway is sufficient to

maintain a Go phenotype>°.



1.3.2 Fate decisions: commitment or self-renewal
Activated MuSCs enter the cell cycle, are primed for proliferation, and undergo the fate decisions
of either committing to myogenic differentiation to give rise to myogenic progenitors or self-

renewing to a state of quiescence® >’

. In the self-renewing population, there is a coordinated
suppression of myogenic regulatory factors like MyoD, an upregulation of Pax7 and Sproutyl to
terminate the differentiation program, and a reintroduction of pathways involved in quiescence
such as Notch signaling?®33-1:3859  Self-renewal is a critical process that ensures the long-term
maintenance of the stem cell pool and the ability to contribute to muscle regeneration across the
lifespan. Notably, in degenerative diseases and during aging, imbalances in fate decisions occur in
which commitment is favoured at the expense of self-renewal, leading to depletion of the quiescent
MuSC pool and contributing to a phenotype of defective muscle regeneration®%>76%6! During
commitment, Pax7 remodels the chromatin landscape in MuSCs, promoting the recruitment of the
histone marks H3K4mel and H3K4ac to increase chromatin accessibility®? and also promotes
DNA looping to activate the transcription of MyoD®. Importantly, expression of MyoD does not
occur during MuSC quiescence; it becomes upregulated during the proliferative stage, and as
committed MuSCs progress through the differentiation program, its expression declines®*%3.
Myoblasts differentiate into myocytes and undergo fusion into myotubes, regulated by MyoG and
MRF-4%-%° The process of fusion results in the generation of new myofibers that transiently
express embryonic myosin heavy chain (eMHC)7%”!, but which develop and express adult isoforms

of MHC70-72,

1.4 Aging skeletal muscle

During aging, skeletal muscle undergoes a variety of changes that collectively result in a decline
of muscle mass, strength, and function, also referred to as sarcopenia’>’*. Sarcopenia drastically
impacts the quality of life in older individuals, reducing their mobility and increasing their risk for
falls, fracture, and death®®7>, This progressive disorder begins as young as 40 years old and by the
age of 70, approximately 40% of muscle strength is lost’®”’. Some of the established changes
which occur in aging skeletal muscle that contribute to the sarcopenic phenotype are the onset of
muscle atrophy program, which reduces the cross-sectional area of myofibers’®0, loss of fast-
twitch myofibers’*7°, muscle denervation®'#2, and metabolic dysregulation or oxidative stress

within the myofibers® 8. Age-related changes within the skeletal muscle, such as persistent low-



grade inflammation, can lead to both muscle atrophy and MuSC depletion, with negative
consequences on muscle regeneration®. For instance, in geriatric mice, IL-6 levels are elevated
after injury and have been shown to stimulate the IL-6-Jak2-Stat3 signaling axis and induce MuSC

exhaustion as well as muscle atrophy®7-88,
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Figure 3. Intrinsic and extrinsic changes with aging influence muscle stem cell fate and maintenance.
Extrinsic changes associated with aging, such as inflammatory cytokines in the circulation or in the local
environment, can stimulate activation of muscle stem cells. These extrinsic change converge to induce intrinsic
changes in muscle stem cell signaling which alter the fate decisions of muscle stem cells, promoting
differentiation at the expense of self-renewal. With aging and senescence, cumulative insults lead to the loss of
homeostasis, depleting the quiescent muscle stem cell pool.

1.5 Aging muscle stem cells

A balance must be struck for MuSCs between residing in a quiescent state and retaining the ability
to respond to activation cues such that skeletal muscle function and regeneration can be
maintained. Cell-intrinsic and -extrinsic factors associated with aging, such as changes in
cytokines and growth factors in the local environment, or differential regulation of cell cycle
modulators can impair muscle regeneration®**>!%°, This is often achieved by increasing the
propensity of MuSCs to activate and commit to differentiation at the expense of self-renewal,
ultimately limiting the number of functional MuSCs available to respond to future insult3!-87:88.90.91,

In transplantation models, MuSCs from older donors show defective self-renewal and
limited expansion?!#78891 Further, aged MuSCs have defects in engrafting in the damaged tissues
of secondary young recipients?!#7-92, Thus, in addition to the changes associated with aging in the
whole skeletal muscle, aged MuSCs have intrinsic defects that cannot be restored by rejuvenating
their environment. An example of a stem cell defect associated with age in MuSCs is their loss of
stemness. During aging, protein expression of the quiescence markers CD34 and Pax7 is

downregulated in MuSCs®. Further, RNA-sequencing (RNA-seq) analysis shows that with age,



quiescent MuSCs downregulate Notch signaling-associated genes, including Heyl/L, Hesl, and
collagen V. Aging MuSCs also show signs of dysregulated metabolism and mitochondrial
dysfunction, particularly through a decline in tricarboxylic acid (TCA) cycle- and oxidative
phosphorylation (OXPHOS)-related protein expression, dramatic reductions in basal and maximal
oxygen consumption rates (OCRs), and a decline in mitochondrial ATP generation®’.

Numerous signaling cascades, such as the p38a -MAPK signaling axis and p16™3-Rb cell
cycle inhibition, are stimulated by factors such as inflammation which are associated with
aging3-%® and converge on a shared set of cell cycle kinases and myogenic factors like MyoD??.
Members of these axes can alter MuSC activation and fate decisions or limit cell cycle progression,
effectively limiting the number of MuSCs available for regeneration. For instance, TNF-mediated
inflammation stimulates p38a-mediated chromatin repression at the promoter of Pax7, a marker
of quiescent MuSCs®+%. Exhaustion of the stem cell pool can also be achieved through cellular

senescence’.

1.6 Cellular senescence

Cellular senescence describes the irreversible arrest within the G1/S or G2/M phases of the cell
cycle, often in response to damaging stimuli®’. In this way, senescence is distinct from the
reversible Go phase growth arrest associated with quiescence (described above). The early work
of Hayflick and Moorhead was the first to suggest a potential relationship between senescence and
aging’®, but it is now known that senescent cells exponentially accumulate in aged tissues and
appreciated that senescence is both a hallmark and driver of the aging phenotype®’-*3.

While cellular senescence has both beneficial and deleterious effects, it is typically known
for its deleterious roles, particularly when excessive or aberrant accumulation of senescent cells
occurs” 1%, The context and system in which the senescence program is initiated plays a key role
in determining its effects; for instance, while it has been suggested that senescence can serve as a

101,102

safeguard against tumorigenesis, such as in in prostate cancer , it has also been shown to

promote tumorigenesis in liver cancer via loss of FBP1!%, Ultimately, the phenotype of cellular
senescence is highly heterogeneous across cell and tissue types, and the accumulation of senescent

104

cells negatively affects the regenerative capacity of many different tissue types'®*, contributing to

the aging phenotype.



There is a diverse range of triggers for cellular senescence that have been described in a
variety of tissues and organisms, including telomere shortening, DNA damage, oncogene
dysregulation, oxidative stress, mitochondrial dysfunction, epigenetic dysregulation, and paracrine
senescence!%* 110 To date, there are no established universal mechanisms associated with cellular

11 This speaks to the complexity and

senescence that are conserved across cell or tissue types
heterogeneity of the senescence program and presents challenges in identifying senescent
populations®®. The current standard in the field is to measure multiple hallmarks of senescence
within the same sample to determine whether that population is senescent!!!. As such, a number
of different signalling pathways or other features associated with cellular senescence have become
an important tool to identify senescent populations. For instance, the unique secretome of
senescent cells, referred to as the senescence-associated secretory phenotype (SASP), contains pro-
inflammatory and pro-fibrotic factors such as interleukins and matrix metalloproteases capable of
inducing senescence in nearby cycling cells®>!'?. Additionally, during senescence, cells become
unresponsive to factors that typically stimulate proliferation, including growth factors and

13 For instance, mTOR and other nutrient-sensing pathways alter cell cycle

mitogenic signals
progression: during senescence, persistent activation of mTOR allows for stable cell cycle

arrest!'¥, whereas the arrest associated with quiescence is enabled with inhibition of mTOR?3%!14,
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Figure 4. Characteristics of senescent cells. The senescent phenotype has diverse features. These are illustrated in
the figure, and include irreversible cell cycle arrest, dysregulated metabolism, DNA, protein, and lipid damage,
mitochondrial dysfunction, epigenetic modifications, excessive accumulation of reactive oxygen species (ROS),
enhanced SA-B-Gal (senescence-associated P-galactosidase) activity, the SASP (senescence-associated secretory
phenotype), and morphological changes.

1.6.1 Senescent muscle stem cells

While the mechanism of sarcopenia is not entirely understood, because age-dependent deficits in

5-118 " geveral studies have suggested that

tissue repair are correlated with stem cell dysfunction
senescence of MuSCs plays a role?”-9293119-121 Tmportantly, it has been shown that during aging,
quiescent MuSCs in resting skeletal muscle can undergo irreversible cell cycle arrest and transition
to a state of senescence?’-1!,

While there are diverse causes of cellular senescence in MuSCs, there are conserved
features and markers in which they exhibit. For instance, senescent MuSCs possess the
characteristic pro-inflammatory and pro-fibrotic SASP, with deleterious effects on muscle
regeneration and on the cell cycle progression of other MuSCs and cycling cells within the local
environment. Porpiglia et al. show that senescent MuSCs accumulate CD47 at the cell surface via
alternative polyadenylation, and through a paracrine signaling loop, experience impaired

proliferation and impaired muscle regeneration®. Notably, while there is a role for the transient



upregulation of particular SASP components like pro-inflammatory cytokines in promoting
muscle repair, the persistent expression of SASP factors is deleterious and impairs the regeneration
program in an aging context’’. To improve the regenerative capacity of aged skeletal muscle,
senescent MuSCs must be cleared. Baker ef al. show that in geriatric mice, chronic expression of
plé™4a s associated with muscle regeneration defects and an accumulation of senescent
MuSCs'?>123, However, muscle regeneration could be improved via the conditional ablation of the
senescent population'??,

Mechanisms which transcriptionally dictate MuSC proliferation have been highlighted in
the literature. Modes of interest in the context of cellular senescence involve the coordinated, active
repression of myogenic differentiation genes and of genes which negatively regulate the cell cycle.
For instance, HDACI can interact with MyoD to repress the MyoD-dependent transcription of
p21, an inhibitor of the G1/S transition'?*. p21 is a conserved marker of senescence and is
upregulated in senescent MuSCs'?. Interestingly, Englund et al. have recently shown that
overexpression of p21 in mice leads to signs of muscle pathology, including atrophy and fibrosis,
as well as markers of senescence in the muscle, including DNA damage, mitochondrial
dysfunction, and presence of the SASP!?®, NELF-mediated inhibition of p53 is also required for
muscle regeneration to enable MuSC proliferation and expansion post-injury'?’. Interestingly, p53
repression and defective spindle assembly in aged skeletal muscle leads to a depletion of the MuSC
pool, a process referred to as “mitotic catastrophe” by Liu et al.'?’. Relatedly, Zeng et al. show
that CPEB4, a target of p53, mediates mitochondrial dysfunction and MuSC senescence at the
translational level by targeting mRNA transcripts®®. This axis may be a therapeutic target for
treating age-related muscle wasting by targeting mitochondrial metabolism. Additionally, loss of
Cyclin D1 1is often observed in aged MuSCs and leads to the suppression of TGFB-SMAD3

signaling, reported to impair MuSC proliferation through the upregulation of CDK inhibitors!!*-1?°,

1.7 Overview of mitochondria

1.7.1 Mitochondrial metabolism

Mitochondria are highly dynamic double-membrane organelles, important for both their
bioenergetic capacity and their cell signaling functions. The key bioenergetic functions of
mitochondria revolve around energy production and metabolic regulation. One major contribution

of the mitochondria is their generation of adenosine triphosphate (ATP) via OXPHOS. This occurs



in the electron transport chain (ETC) in which electrons are shuttled between ETC complexes,
generating a proton motive force that ultimately drives ATP synthesis from adenosine diphosphate
(ADP)!3%, ROS are naturally generated as a byproduct of the ETC'*!132 particularly when electrons
are transferred between complexes I and II1'33135, Notably, ROS also serve as important cell
signaling molecules in coordination with other redox metabolites like GSH. For instance,
ROS/GSH redox signaling has been shown to drive activation and commitment in MuSCs>%136_ In
addition to OXPHOS, the TCA cycle takes place within the mitochondria, oxidizing Acetyl-CoA
to generate high-energy electron carriers such as NADH and FADH2, some ATP, and a host of

137,138

intermediate metabolites which respectively have their own roles in cell signaling and

contribute to other biosynthetic pathways!3%-144,

1.7.2 Mitochondrial dynamics

Mitochondrial dynamics refers to the tightly-regulated and constantly-occurring processes of
fission and fusion which modify the morphology of mitochondria in order to respond to cell-
intrinsic and -extrinsic stimuli'*>'4, Mitochondrial dynamics are key in maintaining the integrity
of the mitochondrial network and are directed by a family of dynamin-related large GTPases'*’.
Fragmentation or fusion of the two mitochondrial membranes is achieved through the energy from
GTP hydrolysis, which allows these enzymes to perform mechanical work on the inner and outer
mitochondrial membranes (IMM and OMM, respectively)'#’. Mitochondrial fission and fusion
have distinct functions within the cell. For instance, fission segregates damaged components of
the mitochondrial network and can target them for removal via autophagy, while fusion enables
the functional complementation of these dysfunctional components as well as the distribution of
metabolites and mitochondrial proteins throughout the network!'#8.

Mitochondrial fusion occurs on both the inner and outer mitochondrial membranes,
beginning with OMM fusion. OMM fusion is mediated by the dynamin-related GTPase MFN1
(Mitofusin 1)!4°. Through GTP hydrolysis, MFNs undergo a conformational change that enables
the contact and fusion of two distinct OMMSs'>°, The fusion of the IMM is regulated by OPA1
(Optic atrophy 1), a GTPase with additional roles in cristae architecture and integrity'>'-153, OPA1
exists in long (L-OPAT1) and short (S-OPA1) isoforms, however L-OPA1 is membrane-anchored
and the only isoform contributing to mitochondrial fusion'>*!>°, During IMM fusion, OPA1

interacts with mitochondrial cardiolipin, a phospholipid which stabilizes membrane curvature
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during fusion. Like with the OMM, GTP hydrolysis by OPA1 drives conformational changes that
allow for the contact and fusion of IMMs!36:157,

Mitochondrial fission occurs first at the OMM and then the IMM. It is initiated following
actin polymerization and the contact between endoplasmic reticulum (ER) tubules with the OMM,

leading to its constriction!®®

. DRP1 (Dynamin-related protein 1) is a GTPase that remains in its
inactive form within the cytosol, but can be post-translationally modified to become
activated!>>16°, The most well-characterized modification that promotes DRP1 activation is its
phosphorylation at the Ser616 residue'>®. Once active, DRP1 becomes translocated to the OMM
to physically interact with the adaptors Fis1 (Mitochondrial fission 1), MFF (Mitochondrial fission
factor), or MID49/MID51 (Mitochondrial dynamics protein 49 and 51)'43:161, At the fission site on
the OMM, DRPI oligomerizes into a ring-like complex to constrict the membrane, segmenting
mitochondria into two distinct organelles'4”-162,

Despite their differing roles, both fission and fusion are critical to mitochondrial
homeostasis; the balance of these processes is essential to cellular function. Knock-outs of the
fusion modulators MFN1/2 and OPA1 impact cellular health and mitochondrial function, leading
to dysregulated metabolism, loss of membrane potential, reduced respiration rates, and reduced
cellular growth rates'3193-165 Complete knock-outs of DRP1, OPA1, and MFN1/2 have been
149,166-168

shown to induce severe mitochondrial dysfunction and are embryonically lethal in mice

As such, mitochondrial dynamics are essential to cellular health and function.
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Figure 5. Overview of mitochondrial dynamics. Mitochondrial dynamics is regulated by a family of large GTPases.
Mitochondrial morphology undergoes constant, balanced cycles of fission and fusion, which each occur on both the
inner and outer mitochondrial membranes. Fusion at the outer mitochondrial membrane is modulated by MFN1/2, and
at the inner mitochondrial membrane, OPA1. Fission of both membranes is regulated by the GTPase DRP1 in its
active form and its adaptors FIS1, MFF, MID49, and MIDS51. Figure adapted from Sommers, Tomsine, & Khacho.
(2024). Cells.

1.7.3 Roles of mitochondrial dynamics in muscle stem cell activity and fate

From quiescence to terminal myogenic differentiation, the mitochondrial network undergoes
continual morphological changes, with associated changes in cell signaling and
metabolism!!3134166 During quiescence, the mitochondrial network has an elongated morphology
which influences the depth of their dormancy; a more fragmented network functionally primes
MuSCs for activation in a state of Galer®™’. MuSC activation is stimulated through systemic
HGF/mTOR signaling, which is required to induce mitochondrial fission®®. As MuSCs become
activated, mitochondrial fission occurs through the downregulation of OPA1 expression® and the
upregulation of DRP1'%, Interestingly, in models such as OPA1-KO MuSCs, which exhibit a more
fragmented mitochondrial network, there is a significant increase in the mTOR pathway
constituent pS6>°, which is also an established marker of the Gaert state*?. Acute loss of OPA1 is
also associated with enhanced kinetics of cell cycle entry, while transgenic overexpression of

OPA1 in MuSCs conversely shows a more elongated mitochondrial network, a greater depth of
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quiescence, and delayed activation kinetics’®. Notably, the mitochondrial fission that is
characteristic of activated MuSCs is associated with a transient physiological increase in
mitochondrial ROS in coordination with glutathione (GSH)*°. Treating MuSCs with rotenone to
stimulate ROS generation or with GSH 1is sufficient to upregulate MyoD and MyoG gene
expression while simultaneously downregulating Pax7 and CD34 gene expression®’, suggesting
the exit from a quiescent state and an enhanced propensity to commit to myogenic differentiation.
When MuSCs undergo the fate decisions of commitment to myogenic differentiation or self-
renewal, they can be differentiated by their expression levels of Pax7, whereby committed MuSCs
exhibit low Pax7 levels and self-renewing MuSCs are high in Pax7 expression®>!7?, Notably, in
other stem cell populations, it has been widely shown that stem cell commitment is promoted by
mitochondrial fission!3¢:171-173 Consistently, our lab has shown that during the process of self-
renewal in MuSCs, elongation of the mitochondrial network is a feature of the return to
quiescence™.

In conclusion, the transient changes in expression of key mitochondrial dynamics
regulators like OPAT1 are essential for proper MuSC function and activity. Further, these findings
demark the essential role for coordinated changes in mitochondrial dynamics in MuSC activity

and fate, from quiescence until terminal myogenic differentiation.

1.8 Mitochondrial dysfunction-associated cellular senescence
Mitochondrial dysfunction is a conserved feature associated with senescent and aged-like
phenotypes”!!1. It is simultaneously true that mitochondrial dysfunction maintains cellular

senescence!07-174

, and senescence contributes to senescence-associated mitochondrial dysfunction
(SAMD)!7*, For instance, there is a notable dysregulation of the mitochondrial proteome in MuSCs
during aging that is associated with proliferation defects and hallmarks of cellular senescence.
Zeng et al. showed that the RNA-binding protein responsible for post-translational control of the
mitochondrial proteome, CPEB4, becomes down-regulated in different aged tissues, and when
depleted in MuSCs, induces cellular senescence®. Interestingly, restoring CPEB4 in aged animals
rescued defects in the mitochondrial metabolome and improved geriatric MuSC functions®3.
Other forms of mitochondrial dysfunction, such as oxidative stress and excessive ROS

accumulation have equally been shown to promote a senescent phenotype, such as through the

stimulation of the DNA damage response (DDR). y-H2AX%* 166 represents the phosphorylation of
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the Ser139 residue of histone variant H2AX'%7. As part of the early cellular response to double-
stranded breaks (DSBs) during the DDR, y-H2AX+ foci accumulate in the nucleus'®’. As such, y-
H2AX+ foci are considered to be a sensitive marker of the DDR and cellular senescence. This
mechanism is conserved across many cell types, including MuSCs; MuSCs isolated from aged
mouse and human muscle preferentially express the DDR marker y-H2AX64 166,

Through the mitochondrial metabolome, MuSCs dynamically regulate their genome
epigenetically throughout the myogenic program**!7>176_ Of all the states of MuSCs, proliferating
MuSCs have the greatest levels of histone acetylation!'”>. It is suggested that this is due to the
metabolic switch in MuSCs, which have higher Acetyl-CoA levels as they switch from fatty acid
oxidation during quiescence® to glycolysis in activation!?’, and later OXPHOS following
differentiation!?®. Comparatively, as cells progress towards differentiation, H3K27 trimethylation
marks accumulate, repressing Pax7 gene expression. Cencioni et al. describe this marker as being
“hoarded” in aged muscle cell chromatin, which was associated with higher levels of senescence-
associated heterochromatin foci (SAHFs)!7’. Consistently, they showed that acetylation at the
H3K09 residue was significantly reduced, limiting chromatin accessibility!”’. RNAseq showed a
downregulation of genes involved in cell cycle progression, differentiation, and DNA repair, and
an upregulation of inflammation and senescence-associated genes'”’. While the precise mechanism
is not fully known, H3K27 methylation has also been shown to compromise the Gi/S and G2/M
transitions by repressing Cyclin D, CDK4, and CDK6 levels in myoblasts'’®. Relatedly, in geriatric
mice, there is epigenetic derepression of the p16™“ locus: Sousa-Victor et al. suggest that this
drives a pre-senescent state which occurs through loss of H2A monoubiquitylation at the K119
residue, a major repressor of this locus®’. Dysregulated p16™4? activation is also shown to induce
insufficient production of myoblasts for muscle repair and exhaustion of the MuSC pool'?°. In this
way, it is possible that changes in the MuSC metabolome are capable of modifying MuSC cell
cycle regulation through changes in the epigenetic landscape.

Inflammation and fibrosis are hallmarks of aging and are associated with the SASP!%,
Interestingly, in retinal epithelial cells, impaired mitochondrial dynamics have been associated
with transcriptomic changes that induce inflammatory responses related to the SASP!,
Importantly, while the SASP can reinforce the senescent state of MuSCs, it can equally stimulate
senescence in nearby MuSCs and other cycling cells as well®. Additionally, Yu et al. investigated

the role of PGAMS, a phosphatase of DRP1, in retinal epithelial cell senescence. They found that
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PGAMS5-KO mutations lead to mitochondrial hyperfusion, reduced mitochondrial turnover, and
stimulation of the AMPK-mTOR pathway via ATP and ROS production, leading to premature
senescence'*%, PGAMS5-KO cells were shown to have elevated levels of y-H2AX, p16, p53, IL-6,
and MMP?3, all conserved markers of senescence and the SASP!4%179 These studies indicate that
it is not excessive fragmentation or elongation of the mitochondria alone, but imbalanced
mitochondrial dynamics as a whole, which can induce precocious aging or senescent phenotypes.
In summary, there are a number of mechanisms in which mitochondrial dysfunction is shown to
stimulate senescence in MuSCs and other muscle cells, leading to the impaired generative capacity

of skeletal muscle.
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Chapter 2: Hypothesis & Aims

2.1 Rationale

Regulators of mitochondrial dynamics experience a decline in expression at both the transcript and
protein levels with age in the whole skeletal muscle and the MuSCs of aging mice and
humans>*18%181 Notably, while MFN1/2 and DRP1 also become dysregulated during aging in the
whole muscle, it is only the loss of OPA1 protein that correlates with a decline in muscle quality

with age!8!

. Tezze et al. show in their whole muscle-specific model of chronic OPA1 loss that
mice have a precocious aging phenotype, developing white hairs and kyphosis, a reduction in
myofiber number, reduced specific force generation, and an upregulation of pro-inflammatory
cytokines including IL-6'%. Not only does chronic loss of OPA 1 impair whole muscle quality, but
it also induces epithelial senescence in these animals, with significant increases in p21 and -
galactosidase systemically'®®. In sedentary elderly patients, decline of OPA1l expression is
correlated with a 38% decline in muscle mass and mitochondrial dysfunction!8!.

In our lab’s conditional, MuSC-specific OPA1-KO (OPA1-MKO) model, the effects of
chronic OPA1 loss were previously described following 1- or 3-months post-tamoxifen
administration (post-TAM). Freshly isolated 3-month OPA 1-KO myofibers were associated with
significantly more Pax7+ MuSCs co-expressing pS6°°, the mTOR pathway constituent and an
indicator of the Galert state*”. Between 0 and 4 hours of culture, 3-month OPA1-KO MuSCs
displayed signs of enhanced activation kinetics, indicated by a greater proportion of MuSCs co-
expressing Pax7 and MyoD>’. This finding suggests that chronic OPAI loss is linked to a
disruption in the balance between myogenic differentiation and self-renewal, much like in aged
MuSCs. Further, at 7 days following cardiotoxin (CTX) injury, 3-month post-TAM OPA1-MKO
muscle experiences regeneration defects and significant Pax7+ cell depletion®®. This may indicate
an exhaustion of the quiescent MuSC pool, possibly through the reduced propensity to self-renew,
or through other means, including cellular senescence. Our research group has also previously
shown that at 1-month post-TAM, OPA1-KO MuSCs have a lower propensity to express Ki67
following 24 hours of culture, but are capable of passing through the Gi/S cell cycle transition
point®®. In comparison, 3-month post-TAM OPA1-KO MuSCs show a significant reduction in
Ki67 levels and undergo complete arrest at the G1/S transition®’. Following 72 hours of culture,
while 3-month OPA1-WT MuSCs form larger clusters as they proliferate, OPA1-KO clusters are

limited to approximately 1 cell on average, indicating a remarkable deficit in proliferation. We
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now seek to understand whether these cell cycle and proliferative defects can be referred to as
cellular senescence.

Chronic imbalances of mitochondrial fission and fusion are a form of mitochondrial
dysfunction, and chronic imbalances in mitochondrial dynamics have equally been shown to
induce phenotypes of cellular senescence!”-'4, Additionally, the enhanced mitochondrial
fragmentation occurring during aging and in pathologies associated with stem cell exhaustion have
also been linked to OPA1 deficiencies'®>!#3, It has been shown in other cell types that imbalanced
mitochondrial dynamics stimulate premature senescent phenotypes, including stimulation of the
DDR, upregulation of cell cycle inhibitors, and increased expression of SASP components!*S.
While it is well-established that loss of OPA1 occurs naturally with age in MuSCs and whole
skeletal muscle and that these deficits contribute to phenotypes of accelerated aging and cellular

senescence, the particular role of chronic OPA1 loss in inducing a senescent phenotype in MuSCs

1s not known.

2.2 Hypothesis
Chronic loss of the mitochondrial fusion protein OPA1 is sufficient to induce a senescent

phenotype in muscle stem cells.

2.3 Aims
To investigate the role of chronic OPA1 loss in muscle stem cell maintenance and activity, there
are three research aims:
1. Determine if there is a role for OPA1 and mitochondrial dynamics in inducing a senescent
phenotype in muscle stem cells.
2. Investigate how mitochondrial dynamics and chronic loss of OPA1 can induce irreversible
cell cycle arrest in muscle stem cells.
3. Understand the impacts of chronic OPA1 loss in the context of muscle stem cell

maintenance and muscle physiology.
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Chapter 3: Materials & Methods

3.1 Mouse model

Pax7CreERT2 mice!” were crossed with OPA 1710¥flox mice!76 (kindly provided by Dr. Ruth Slack)
to generate a conditional knock-out of OPA1 in Pax7+ adult MuSCs in a tamoxifen-inducible
system (OPAI-Pax7CreERT?2, referred to as OPA1-MKO). Mice with the OPA1-flox allele that
expressed the CreERT2 recombinase were used as OPA1 MuSC knock-out (OPA1-MKO) mice;
littermates that were OPA 1-floxed but did not express the CreERT2 recombinase were utilized as
wild-type controls (OPA1-WT). Tamoxifen administration (200 mg/kg) (Sigma J63509.06)
occurred at 8-10 weeks of age via oral gavage for five days. For a model of chronic OPA1 loss, all
animals were allowed to age up 4, 12, 26, or 39 weeks (1-9 months) following tamoxifen
administration prior to experimentation. Animal protocols were approved by the University of
Ottawa Animal Care Ethics Committee and were in accordance with the guidelines of the Canadian
Council on Animal Care. Mice were maintained at the University of Ottawa Animal Care and

Veterinary Service facility.

3.2 Muscle injury model

30 minutes prior to Cardiotoxin (CTX) injection, mice were subcutaneously injected with
Buprenorphine (0.1 mg/kg) and anesthetized by gas inhalation. 50 pL of 10 uM Cardiotoxin
(Sigma 217503-1MG) in phosphate buffered saline (PBS) were injected into the tibialis anterior
(TA) muscle with a 28G-1/2 insulin syringe. The injured muscles were considered to be the
muscles injected with CTX; the contralateral limb remained uninjured. Mice subjected to CTX
injection recovered in a cage with a heating pad and were monitored 24 hours post-injection.
Muscles from the injured limbs were harvested following cervical dislocation at 14 days post-

injury (DPI).

3.3 Muscle harvest
Muscle harvest for histology
At the time of isolation, tibialis anterior (TA) muscles were harvested following cervical
dislocation and immediately transferred to 2% (w/v) PFA (Sigma P6148), on ice.
Following 30 minutes of fixation on a rocker, the muscle was washed with cold 1X PBS,

then with cold 0.25M glycine twice for 10 minutes. The glycine was decanted, and 5% w/v
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sucrose was added for 2 hours, on ice and at 4°C. The TAs were then transferred to an
Eppendorf 1.5 mL tube with 20% (w/v) sucrose, rocking at 4°C for 2-3 days. Subsequently,
TAs were embedded in Optimal Cutting Temperature (OCT) compound (VWR CA95057-
838) and frozen in isopentane for 30 seconds, cooled by liquid nitrogen, and immediately

stored at -80°C for long-term storage.

Muscle harvest for gene expression analysis
At the time of isolation, TA muscles were harvested following cervical dislocation, dried
on a Kimwipe, and immediately flash-frozen in liquid nitrogen. The frozen tissues were

subsequently stored at -80°C for long-term storage until RNA was extracted.

3.4 Isolation of muscle stem cells

At the time of isolation, all hindlimb skeletal muscle tissue was harvested following cervical
dislocation then digested in gentleMACS C-Tubes (Miltenyi Biotec 130-093-237) in a solution
containing 1% (w/v) Collagenase B (Roche 11088831001) and 0.4% (w/v) Dispase II (Roche
4942078001), then dissociated for 27 minutes using a Miltenyi Gentle-MACS Octo-Dissociator
with the SLICE-FACS program. The resulting muscle slurry was filtered with a 100 pm cell
strainer (FisherBrand 22363549), divided evenly into two 15 mL tubes, and spun at 600g for 10
minutes. The supernatant was aspirated from each tube, and pellets were resuspended and
combined in 400 pL of red blood cell lysis buffer (Sigma R7757) and incubated for 30 seconds.
10 mL of FACS Buffer (3mM EDTA, 10% (v/v) FBS in 1X PBS) were added to the re-combined
sample, which was then spun at 600g for 5 minutes. The supernatant was aspirated, then the pellet
was resuspended in 1 mL of FACS Buffer. The samples were incubated with PE-conjugated
antibodies, including the following Lin- antibodies to negatively select against non-muscle stem
cells within the sample: CD31 (2 pL/mouse, BD Pharmigen 553373); CD45 (2 pL/mouse, BD
Pharmigen 553081); CD11b (2 pL/mouse, eBioscience 12-0112-82); and Scal (2 pL/mouse, BD
Pharmigen 553108), as well as VCAM (10 uL/mouse, Biolegend 105720) and a-integrin-7 (10
pL/mouse, Ablab 67-0010-05) to positively select for muscle stem cells within the sample (Table
2). Following incubation, FACS buffer was added to the sample for a final volume of 15 mL and
spun at 600g for 5 minutes. The supernatant was aspirated, and the pellet was resuspended in 1

mL of FACS buffer. The sample was then filtered using a 50 um CellTrics cell filter (Sysmex 04-
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004-2327) and brought to the Beckman Coulter MoFlo XDP at the Ottawa Hospital Research
Institute’s Flow Cytometry and Cell Sorting Facility to be sorted.

3.5 Single myofiber isolation and culture

At the time of isolation, extensor digitorum longus (EDL) muscles were harvested following
cervical dislocation and immediately transferred to 2 mL of pre-warmed (37°C) digestion solution
(0.5% (w/v) Collagenase B (Roche 11088831001), 1% (v/v) Penicillin-Streptomycin (Wisent
Bioproducts 450-201-EL) in DMEM). EDL muscles were incubated in the digestion solution for
35-45 minutes at 37°C to allow single myofibers to be released. Once digested, the EDL muscles
were transferred to an FBS-coated 6-well plate containing DMEM with 1% (v/v) Penicillin-
Streptomycin. The ends of pipette tips were cut off to be small-bore, then sterilized and coated
with FBS. The digested EDLs were triturated using the small-bore FBS-coated pipette tips to
enable further release of single myofibers. Single myofibers were washed twice before resting for
10 minutes prior to being transferred to 1 mL of culture media (DMEM 4.5 g/L glucose, 20% (v/v)
FBS, 1% (v/v) chicken embryo extract (CEE), 1% (v/v) penicillin-streptomycin), and 7.5 ng/mL
bFGF) in a 24-well plate. Culture conditions were at 37°C, 5% CO2 and ranged for 24-48 hours
in accordance with the experimental design. Single myofibers remained untreated or were treated
with 1 mM L-Glutathione (GSH; Sigma G4251) or 200 uM uridine (Sigma U3750-1G). At the
time of collection (T=24 or T=48h), single myofibers were fixed in pre-warmed (37°C) 2% (w/v)
PFA for 10 minutes and washed 3x5 minutes with 1X PBS at room temperature. For EAU labelling
and detection, myofibers were pulsed with 10uM EdU (BaseClick BCN-001-500) 1 hour before
the collection point and labelled with the EAU Cell Proliferation Kit for Imaging (BaseClick BCK -
EdU647IM100) according to the manufacturer’s instructions prior to staining with primary

antibodies.

3.6 Histological analysis
Freshly isolated primary MuSCs
Freshly FACS-isolated MuSCs were collected, accounting for a volume of 200 uL cell
suspension (20,000 cells) per slide. Cell suspensions were pipetted into CytoFunnels and
centrifuged with the CytoSpin at 1000 rpm for 5 minutes on the ‘high’ acceleration setting.

Slides were removed and cells were immediately fixed in 2% (w/v) PFA for 10 minutes
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then washed 3x5 minutes with 1X PBS at room temperature. Cells were permeabilized for
10 minutes with 0.1% Triton X-100 in H20 then incubated in blocking solution (10% FBS
in 1X PBS) for 2 hours at room temperature in a humidified chamber. Primary antibodies
diluted in 5% FBS in 1X PBS were added to the samples and incubated overnight at 4°C
(see Table 2 for working concentrations). Cells were washed 3x5 minutes before adding
secondary antibodies diluted in in 5% FBS in 1X PBS to incubate for 1 hour (see Table 2
for working concentrations). At the end of the incubation, DAPI (diluted 1:1000 in 1X
PBS) was added for 5 minutes, then cells were washed, and coverslips were mounted with
Immumount (ThermoFisher 9990402). Cytospun MuSCs were visualized at 63X
magnification on the Zeiss Axio.Observer Epifluorescent microscope in the Khacho Lab

at the University of Ottawa.

Single EDL fibers

Single EDL fibers were incubated in 1 mL of permeabilization solution (0.1% (v/v) Triton-
X 100, 0.1 M glycine in 1X PBS) prior to blocking for 5 hours in blocking solution (5%
(v/v) horse serum, 2% (w/v) BSA, 0.1% (v/v) Triton-X 100 in 1X PBS) on a rocker at room
temperature. Primary antibodies were diluted in blocking solution (see Table 2 for working
concentrations) and incubated overnight on a rocker at 4°C. 3x5 minutes washes with 1X
PBS were performed. Then, secondary antibodies were diluted in blocking solution (see
Table 2 for working concentrations) and incubated for an hour, light-covered, on a rocker
at room temperature. Fibers were then mounted using Immumount (ThermoFisher
9990402) on charged glass slides (Fisher Scientific, 12-550-15). MuSCs residing on the
single isolated EDL myofibers were visualized at 63X magnification on the Zeiss

Axi0.0Observer Epifluorescent microscope in the Khacho Lab at the University of Ottawa.

Tissue sections
Tissue sectioning
14 pum thick cross-sections of the TA muscle were obtained using the HM425NX
Cryostat (University of Ottawa Histology Core) at -28°C and placed on charged
glass slides. Three tissue cross-sections were added to each charged slide and were

stored at -80°C until further analysis.

21



Immunofluorescence staining of muscle tissue sections

Antigen retrieval of the tissue sections was performed by the Louise Pelletier
Histology Core Facility at the University of Ottawa with citrate buffer (pH=6.0).
Around each tissue section on the slide, a circle was drawn with a hydrophobic
marker (Thermo Scientific R3777). Sections were washed with 1X PBS for 2
minutes and aspirated with a vacuum system. Sections were blocked in 3% (w/v)
BSA (Tocris 5217) for 1 hour at room temperature in a humidified chamber.
Primary antibodies (Table 2) diluted in 3% BSA were added overnight at 4°C then
subsequently washed 5x2 minutes with 1X PBS. Sections were incubated for 30
minutes with IgG-specific biotin in 3% BSA in the humified chamber and washed
for 5x2 minutes with 1X PBS. Sections were then incubated with secondary
antibodies and DAPI (Table 2) diluted in 3% BSA for 15 minutes at room
temperature and washed again for 5x2 minutes with 1X PBS. The circle of
hydrophobic marker was then removed. Coverslips (Fisher Scientific
12541033CA) were mounted with Immumount (Fisher Scientific 9990402). Slides
were allowed to dry, light-covered, overnight and subsequently stored at 4°C.
Stained sections were imaged on the Zeiss AxioObserver.Z1 Epifluorescent
microscope or with the Leica Thunder Epifluorescent microscope, each at 20X
magnification with the stitched tile feature at the University of Ottawa’s Cell

Biology Image Acquisition Core.

Triple fiber type immunofluorescence staining of muscle tissue sections

Slides were retrieved from storage at -80°C. Condensation was removed, and
circles were drawn around each section with a hydrophobic marker. Slides air dried
for 10 minutes then were washed with 1X PBS. Sections were blocked with 10%
(v/v) goat serum in 1X PBS for 1 hour at room temperature then washed 3 times
with 1X PBS. Primary antibodies (Table 2) were diluted in 10% goat serum and
added to each section for 2 hours at room temperature. Sections were washed for
3x5 minutes with 1X PBS. Secondary antibodies (Table 2) were diluted in 10%

goat serum and incubated for 1 hour at room temperature, then subsequently
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washed once with PBS. 40X TrueBlack Plus (Biotium 23014) was diluted to a 1X
concentration in 1X PBS to quench the sections for 5 minutes. Sections were
washed for 3x5 minutes before drying and mounting with coverslips with
Immumount. Slides were allowed to dry, light-covered, overnight and subsequently
stored at 4°C. Stained sections were imaged on the Leica Thunder Epifluorescent
microscope at 10X magnification with the stitched tile feature at the University of
Ottawa’s Cell Biology Image Acquisition Core. Procedure was performed in
accordance with the protocol and using the antibodies generously provided by

Menzies Lab at the University of Ottawa.

Hematoxylin & eosin staining of muscle tissue sections

Frozen slides were retrieved from storage at -80°C and stained for hematoxylin and
eosin (H&E) by the Louise Pelletier Histology Core Facility at the University of
Ottawa. Stained sections were imaged on the EVOS FLAuto2 belonging to the
Burelle Lab at the University of Ottawa.

Lipid droplet staining of muscle tissue sections

Frozen slides were retrieved from storage at -80°C and stained for lipid droplets
using Oil Red O staining by the Louise Pelletier Histology Core Facility at the
University of Ottawa. Slides were imaged on the same day they were prepared with
both the EVOS FLAuto2 belonging to the Burelle Lab (with transmitted light) and
the Leica Thunder Epifluorescent microscope at the University of Ottawa’s Cell

Biology Image Acquisition Core.

3.7 Gene expression analysis
RNA isolation from isolated muscle stem cells
The PicoPure RNA column-based isolation kit (ThermoFisher KIT0214) was utilized to
isolate total RNA from MuSC pellets in accordance with the manufacturer’s instructions.
The isolated MuSC RNA was immediately quantified using the NanoDrop 2000
Spectrophotometer, aliquoted, then stored at -80°C until further analysis.
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RNA isolation from whole muscle

Muscles were MagNAlysed in 1 mL of Trizol reagent three times in total, with 1-minute
incubations between each lysis period. Samples were then incubated at room temperature
for 5 minutes. 200 pL of chloroform were then added and incubated at room temperature
for 2 minutes. The samples were then centrifuged for 15 minutes at 10000 rpm at 4°C. The
upper aqueous phase was collected and 500 pL of isopropanol were added to each sample.
Samples were incubated overnight at -80°C, and the next day, were thawed at room
temperature and centrifuged for 15 minutes at 10000 rpm at 4°C. The supernatant was
aspirated, and the RNA pellet was washed with 75% ethanol and centrifuged for 10 minutes
at 10000 rpm at 4°C. The supernatant was aspirated, and the RNA pellet was dried for 10
minutes, inverted over a KimWipe. Dried pellets were resuspended in Gibco distilled water

(Fisher 15230162).

Quantitative real-time PCR (RT-qPCR)

RNA was diluted to a concentration of 5 ng/uL and prepared for RT-qPCR using the
RotorGene SYBR RT-qPCR kit (Qiagen 204174). All samples were run in triplicates and
with a housekeeping gene (GAPDH or B-Actin) for normalization. The following thermal
cycler program settings were utilized on the RotorGene Thermalcycler: 55°C for 10
minutes, 95°C for 5 minutes, cycling of 95°C for 5 seconds and 60°C for 10 seconds for
40 repeat cycles, melting from 60-95°C with a 1°C rise each step with 90 seconds of pre-
melt conditioning on the first step and 5 seconds for each subsequent step. Each gene was

fitted to its respective standard curve and analyzed accordingly.

3.8 Metabolomics of primary muscle stem cells

FACS-isolated cells were centrifuged at 4200 rpm for 2 minutes, and the resulting cell pellet was

gently resuspended in 2 mL of ice cold 150 mM ammonium formate buffer in a bead beater tube

before gently spinning the cells down. The buffer was removed, and cells were placed on ice before

adding 380 pL of 50% (v/v) MeOH in water and 6 sterile ceramic beads, then vortexing. 220 pL

of ice cold acetonitrile were added to the samples and vortexed. The samples were then put in a

bead beater and beat for 2 minutes at 30 Hz. 600 pL of ice-cold dichloromethane and 300 pL of
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ice cold water were added to the samples, vortexed for 1 minute, then allowed to partition on ice
for 10 minutes. Samples were then centrifuged for 10 minutes at 4000 rpm at 1°C. The upper
aqueous phase was transferred to a new, pre-chilled Eppendorf tube and dried using a chilled
speed-vac and stored at -80°C until ready for LC-MS injection and data collection by the
University of Ottawa Metabolomics Core. Analysis of significantly differentially regulated
metabolites (log fold-change > 2.0, p-value < 0.05) were analyzed using the MetaboAnalyst

program.

3.9 Resipher analysis of isolated single myofibers

Resipher experiment

Single myofibers were isolated as described above and washed three times with 1%
penicillin-streptomycin in DMEM, careful to remove all debris. 20 myofibers were
transferred to each experimental well of the NUNC 96-well plate. Culture media (DMEM
4.5 g/L glucose, 20% (v/v) FBS, 1% (v/v) chicken embryo extract (CEE), 1% (v/v)
penicillin-streptomycin), and 7.5 ng/mL bFGF) was added to a final volume of 175 pL.
175 pL of sterile 1X PBS was added to all empty wells. Each sample was plated in
triplicates. Fibers were allowed to settle for 10 minutes prior to adding the Resipher
Sensing Lid and beginning the experiment. The oxygen flux (i.e., oxygen consumption

rate) data was obtained via the Resipher Software and exported at 15-minute intervals.

Normalization

At the endpoint, each well’s contents were transferred to individual 1.5 mL tubes and
washed twice with 1X PBS at 4200 rpm for 3 minutes. The supernatant was removed, and
the tubes containing the myofiber pellets were transferred to liquid nitrogen before storing
at -80°C until protein was extracted. For protein extraction of the myofibers, protease
inhibitors (Sigma PPC1010) were prepared at a 1:100 dilution in RIPA buffer (Sigma
R0278). 15 uL of the cocktail were added to each sample and incubated for 15 minutes.
The samples were then centrifuged at 4200 rpm for 3 minutes and the supernatant was
collected. A DC Assay was performed to measure the total protein content for each
Resipher well’s contents, run in triplicates. Each oxygen flux data point was subsequently

normalized to total protein content.
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3.10 ELISA

Blood was extracted from mice prior to sacrifice via cardiac puncture and immediately collected
in EDTA-coated tubes (Sarstedt 41.1395.105). Blood was spun at 2000g for 15 minutes at room
temperature. The supernatant (plasma) was transferred to a 1.5 mL tube and stored at -80°C until
further analysis. FGF-21 levels in plasma were measured using the ProteinTech Mouse/Rat FGF-
21 ELISA Kit (ProteinTech KE10095) and IL-6 levels in plasma were measured using the
ProteinTech Mouse IL-6 ELISA Kit (ProteinTech KE10007), each according to manufacturer
directions. For the FGF-21 ELISA, 12.5 pL of plasma per duplicate were utilized (1:8 dilution);
for the IL-6 ELISA, 25 pL of plasma per duplicate were utilized (1:4 dilution).

3.11 Physiological analysis of whole skeletal muscle

Preparation and dissection

At the time of analysis, mice were injected with 10 pL/g of body mass of 240 mg/mL
pentobarbital intraperitoneally in their lower quadrant. The TA muscle was exposed, and
fascia was removed to expose the caudal tendon. Thread was passed underneath the tendon
and tied to keep the muscle in tension. Electrodes were placed on the exterior side of the
quadriceps and maintained parallel to one another. Dissections and preparations were
kindly performed by Dr. Junio Dort’s Lab at the University of Ottawa. At the end of the
experiment, animals were euthanized, and the TA muscle was isolated to measure the

length and mass. For the mass, an average of three measurements was used for each sample.

Assessment of contractile properties

In the 610A Dynamic Control Lab Book software, a new study was created in accordance
with the animal parameters (sex, strain, mass, age, and genotype) as well as the sample
parameters (mass and length of the muscle). For force frequency analysis, the TA muscle
was stimulated at 10, 25, 50, 80, 100, 120, and 150 Hz with periods of rest in between each
stimulus. The absolute force (mN) was normalized to the length (mm) and mass (mg) to
determine the specific force (N/cm?) of the TA. For fatiguability analysis, the TA muscle

was stimulated at 100 Hz, inducing sequential contractions for 2 minutes (60 contractions).
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Each value was expressed as a percentage of the force generated at the first contraction (%

initial force).
3.12 Statistical analysis

Statistical analyses were performed in Excel (student’s paired and un-paired t-tests). All statistics

are presented with the following significance: p < 0.05 *, p <0.01 **, p <0.001 ***,
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Primer Forward Sequence (5°23’) Reverse Sequence (5°23°) Method
OPAI TTAAGACACCCCAAGAGCTTG | CCAGCTTAGATCCCATTTGTT Genotvnin
flox | C GACAG ybing
Control | TTACGTCCATCGTGGACAGC TGGGCTGGGTGTTAGCCTTA Genotyping
Cre GAACCTGATGGACATGTTCAG | AGTGCGTTCGAACGCTAGAG Genotvoin
G CCTGT ybine
Atroginl (C}CAAACACTGCCACATTCTCT CCTGAGGGGAAAGTGAGACG RT-qPCR
B-Actin | AAATCGTGCGTGACATCAAA AAGGAAGGCTGGAAAAGAGC RT-gPCR
CCNDI1 | GCGTACCCTGACACCAATCTC | CTCCTCTTCGCACTCTGCTC
C](Dplélf)la CCTGGTGATGTCCGACCTG | CCATGAGCGCATCGCAATC RT-gPCR
CDKN2a
(p16) CGCAGGTTCTTGGTCACTGT TGTTCACGAAAGCCAGAGCG RT-qPCR
Cdkd | ATGGCTGCCACTCGATATGAA | [CCTCCATTAGOAACTCTCACA | gy gper
GAPDH | TCGGTGTGAACGGATTTG GGTCTCGCTCCTGGAAGA RT-gPCR
Murfl GTGTGAGGTGCCTACTTGCTC | GCTCAGTCTTCTGTCCTTGGA RT-gPCR
Table 1. Sequences of primers used for genotyping and RT-qPCR.
Method Antibody Company /Catalog | o | Antibody
Number Type
FACS PE rat anti-mouse BD Pharmingen 2 uL/animal Negative
CD31 553373 H selection
PE rat anti-mouse BD Pharmingen 5 uL/animal Negative
CD45 553081 H selection
PE rat anti-mouse eBiosciences 12-0112- 5 uL/animal Negative
CDl11b 82 H selection
. BD Pharmingen . Negative
PE rat anti-mouse Scal 553108 2 ul/animal selection
PE-Cy7 conjugated . . Positive
CD106 (VCAM) Biolegend 105720 10 uL/animal selection
647 conjugated alpha |\ 1 67.0010-05 | 10 pL/animal | FOSitive
integrin 7 (rat) selection
Immunofluorescent Pax7 (mouse) DHSB PAXT7-S 1:13 Primary
Staining of MuSCs Pax7 (rabbit) Invitrogen PA1-117 1:50 Primary
BD Biosciences ] .
CD47 (mouse) 555797 1:200 Primary
. Cell Signaling ) .
v-H2AX (rabbit) Technology 2577S 1:250 Primary
Ki67 (rabbit) Abcam AB-15580 1:1000 Primary
pRb (rabbit) Primary
Cy3 (mouse) Jackson 715-165-150 1:1000 Secondary
Cy3 (rabbit) Jackson 711-165-152 1:1000 Secondary
Alexa-Fluoro 488 Invitrogen A11001 1:1000 Secondary
(mouse)
Alexa-Fluoro 488 . )
(rabbit) Invitrogen A11008 1:1000 Secondary
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Immunofluorescent

BA-F8 Mouse IgGay

Muscle Fiber Type (MHCI) DHSB 1:50 Primary
Staining of Tissue SC-71 Mouse IgG1 ] .
Sections (MHClIIa) DHSB 1:50 Primary
BF-F3 Mouse IgM ) .
(MHCIIb) DHSB 1:50 Primary
Anti-laminin alpha 2 ) .
Rat TeG1(4H8-2) Santacruz SC-59854 1:50 Primary
Alexa Fluor Plus 405 .
Anti-Rat IeG Invitrogen A48261 1:500 Secondary
Alexa Fluor 488 Anti- . )
Mouse TeM Invitrogen A21042 1:500 Secondary
Alexa Fluor 594 Anti- . )
Mouse TeGo Invitrogen A21145 1:500 Secondary
Alexa Fluor 647 Alpaca )
Anti-Mouse IeG1 ChromoTek CTK0103 1:500 Secondary
Immunofluorescent Pax7 (mouse) DHSB PAX7-S 1:13 Primary
Staining of Tissue MyoD (mouse) Santa Cruz SC-32758 1:100 Primary
Sections Ki67 (rabbit) Abcam 15580 1:1000 Primary
Laminin (rabbit) Abcam 11575 1:1000 Primary
eMHC (mouse) DHSB F1.652-S 1:15 Primary
Alexa-Fluor 488 . ]
(rabbif) Invitrogen A11008 1:500 Secondary
Alexa-Fluor 647 1 oiirogen AB-150107 1:500 Secondary
(mouse)
. Jackson Immuno 115-
Biotin 065-205 1:250 Secondary
o Jackson Immuno 016-
Streptavidin-Cy3 160-084 1:250 Secondary

Table 2. Antibodies used for immunofluorescent (IF) staining or fluorescence-activated cell
sorting (FACS) and their working dilutions.
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Chapter 4: Results

4.1 The duration of OPA1 loss in muscle stem cells is associated with a progressive
accumulation of senescence markers and dysregulation of cell cycle genes

Our lab has previously shown that chronic loss of OPA1 leads to enhanced activation kinetics,
proliferative defects, and mitochondrial dysfunction in MuSCs, therefore mimicking an aged-like
phenotype. To assess whether chronic loss of OPA1 in MuSCs is sufficient to induce a senescent
phenotype, OPA1-KO MuSCs were freshly isolated at 1- or 3-months post-tamoxifen
administration (post-TAM) via fluorescence-activated cell sorting (FACS) to identify whether
markers of cellular senescence accumulate with chronic OPA1 loss, as compared to aged-matched
OPA1-WT controls. We utilized immunofluorescence to determine whether at 1- or 3-months
post-TAM, OPA1-KO MuSCs accumulate y-H2AX+ foci in the nucleus or CD47 at the cell
surface (Figure 6A, 6D). While at 3-months post-TAM there was significant difference in
fluorescence intensity for either marker between the OPA1-KO and OPA1-WT (Figure 6B, 6E),
the OPA1-KO MuSCs have a greater number of y-H2AX+ foci (Figure 6F), indicative of a
stimulation of the DDR and a conserved marker of cellular senescence across many cell
types!'46-184185 Further, a greater proportion of MuSCs exhibit a preferential localization of CD47
at their cell surface in the OPA1-KO relative to the OPA1-WT at 3-months post-TAM (Figure
6C), an established marker of senescent MuSCs in particular®. Similarly, at 1-month post-TAM,
a greater proportion of OPA1-KO MuSCs accumulate CD47 at the cell surface relative to the
OPA1-WT (Figure 61), though there is no significant difference in the number of y-H2AX+ foci
at this time (Figure 6K). Thus, with increased duration of OPA1 ablation, MuSCs accumulate
hallmarks of cellular senescence.

Given that our lab previously described proliferative defects in chronic OPA1-KO
MuSCs>? and that these cells show evidence of cellular senescence, we next sought to characterize
their transcriptional regulation of the G1/S cell cycle phase via RT-qPCR. In freshly FACS-isolated
OPA1-KO MuSCs, the gene expression of the positive cell cycle modulators Cyclin D (CCNDI)
and CDK4 (Cdk4) and negative cell cycle modulators p16 (CDKN2A) and p21 (CDKN1A) were
analyzed at 1- and 3-months post-TAM relative to age-matched wild-type controls. At 1-month
post-TAM, OPA1-KO MuSCs have a significant reduction in Cyclin D relative to the OPA1-WT
(Figure 7A). By 3-months post-TAM, Cyclin D expression is not restored and remains
significantly downregulated relative to the OPA1-WT (Figure 7E). Additionally, there is an
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upregulation in p21 expression in the 3-month OPA1-KO MuSCs (Figure 7G). These findings are
consistent with the G1/S defects our lab has previously described, where at 3-months post-TAM,
OPA1-KO MuSCs fail to meaningfully express Ki67 (the proliferative marker) and pRb
(indicating passage through the R-point) in culture®®. Consistently, it is also known that during
senescence, Rb hypophosphorylation can occur through the inhibition of CDK4-Cyclin D, such as
by p21, which ultimately blocks cell entry into the S-phase of the cell cycle!¢. Despite an
upregulation of p21 expression at 3-months post-TAM (Figure 7G), there was no significant

difference in the other cell cycle inhibitor and marker of senescence, pl6, in the OPA1-KO

compared to the OPA1-WT (Figure 7F).
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Figure 6. Chronic loss of OPAL1 is associated with an accumulation of senescence markers in muscle stem cells.
A. Representative image of CD47 localization in 3-months post-TAM T=0h OPA1-WT and OPA1-KO MuSCs. B.
CDA47 fluorescence intensity in 3-months post-TAM T=0h OPA1-WT and OPA1-KO MuSCs (N=3 independent
experiments, = SD, n.s.). C. Proportion of MuSCs with CD47 localizing at the cell surface, relative to OPA1-WT in
3-months post-TAM MuSCs (N=3 independent experiments, £ SD, p=0.0022). D. Representative image of y-H2AX
foci in 3-months post-TAM T=0h OPA1-WT and OPA1-KO MuSCs. E. y-H2AX fluorescence intensity in 3-months
post-TAM T=0h OPA1-WT and OPA1-KO MuSCs (N=3 independent experiments, £ SD, n.s.). F. Number of vy-
H2AX foci per nucleus, relative to OPA1-WT in 3-months post-TAM MuSCs (N=3 independent experiments, + SD,
p=0.0490). G. Representative image of CD47 localization in 1-month post-TAM T=0h OPA1-WT and OPA1-KO
MuSCs. H. CD47 fluorescence intensity in 1-month post-TAM T=0h OPA1-WT and OPA1-KO MuSCs (N=3
independent experiments, = SD, n.s.). I. Proportion of MuSCs with CD47 localizing at the cell surface, relative to
OPA1-WT in 1-month post-TAM MuSCs (N=3 independent experiments, = SD, p=0.0042). J. y-H2AX fluorescence
intensity in 1-month post-TAM T=0h OPA1-WT and OPA1-KO MuSCs (N=3 independent experiments, + SD, n.s.).
K. Number of y-H2AX foci per nucleus, relative to OPA1-WT in 1-month post-TAM MuSCs (N=3 independent
experiments, + SD, n.s.).
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Figure 7. Chronic loss of OPA1 in muscle stem cells leads to cell cycle defects at the transcriptional level. (A-
D). Gene expression of cell cycle modulator genes in 1-month post-TAM T=0h OPA1-WT and OPA1-KO MuSCs,
quantified via RT-qPCR, normalized to GAPDH expression and relative to OPA1-WT (N=3 independent experiments,
+ SD): A. CCND1 (p=0.0026) ; B. pl6 (CDKNI4, ns.); C. p21 (CKDN24, n.s.); D. Cdk4 (n.s.). (E-H). Gene
expression of cell cycle modulator genes in 3-months post-TAM T=0h OPA1-WT and OPA1-KO MuSCs, quantified
via RT-qPCR, normalized to GAPDH expression and relative to OPA1-WT (N=3 independent experiments, = SD):
E. CCND1 (p=0.0026) ; F. pl6 (CDKNI14, n.s.); G. p21 (CKDN24, p=0.0431); H. Cdk4 (p=0.0402).

4.2 Chronic loss of OPAL1 is associated with global changes in the muscle stem cell
metabolome.

We next sought to characterize the global alterations in the metabolome associated with chronic
OPA1 loss in MuSCs. In this way, we aimed to gain insight on possible sources of metabolic
dysregulation which may explain the stem cell dysfunction in 3-month OPA1-KO MuSCs. To do
so, we performed LC-MS/MS metabolomics on 3-month post-TAM OPA1-WT and OPA1-KO
MuSCs. From this, we identified 24 significantly differentially regulated metabolites (Figure 8A).
Interestingly, of this set, there was only one metabolite, uridine-5-triphosphate (UTP), that was
downregulated in the OPA1-KO, while all others were upregulated relative to the OPA1-WT
(Figure 8A). Additionally, many of the upregulated metabolites in the OPA1-KO are amino acids
and their derivatives, including threonine, aspartic acid, methionine, glutamine, N-acetylalanine,
tryptophan, alanine, tyrosine, valine, and leucine (Figure 8A). Pathway enrichment analysis
showed an enrichment for glutathione-associated pathways, including cysteine, serine, and
glutamate metabolism, as well as pathways involved in nucleotide metabolism and aerobic energy

(Figure 8B).
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Given that the proliferative defects become more severe with prolonged loss of OPAI in
chronic OPA1-KO MuSCs, we sought to determine whether these defects could be mitigated prior
to the onset of complete cell cycle arrest through the supplementation of exogenous metabolites.
Our lab has shown that in coordination with ROS, GSH is a key promoter of activation and
proliferation in MuSCs, but becomes depleted in 3-months post-TAM OPA1-KO MuSCs>.
Additionally, uridine is a precursor for UTP which becomes depleted at 3-months post-TAM in
OPA1-KO MuSCs (Figure 8A). As our lab has established that uridine stimulates MuSC
proliferation (Wade et al., in preparation) in addition to GSH, we aimed to improve the
proliferative capacity of chronic OPA1-KO MuSCs prior to the initiation of full cell cycle arrest
by treating with these metabolites at 1-month post-TAM. Our in vitro model involves the isolation
and culture of single extensor digitorum longus (EDL) myofibers on which MuSCs reside. 1-
month post-TAM OPA1-KO MuSCs from single isolated EDL myofibers were treated with GSH
or uridine for T=24 or T=48 hours to analyze the MuSC cell cycle progression relative to the
untreated and to OPA1-WT controls. At 24 hours, there was no significant difference in the
proportion of Ki67+/Pax7+ or pRb+/Pax7+ MuSCs for either treatment (Figure 8C-8D, 8G-8H).
However, supplementation of exogenous GSH and uridine respectively improved the proportion
of Ki67+/Pax7+ and EdU+/Pax7+ MuSCs by T=48 hours relative to the untreated condition
(Figure 8E-8F, 8I-8)J).
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Figure 8. Chronic loss of OPA1 is associated with global changes in the muscle stem cell metabolome. A.
Heatmap of the top 25 significantly differentially regulated metabolites in 3-month post-TAM OPA1-KO MuSCs
(N=4 biological replicates). B. MetaboAnalyst pathway enrichment analysis in 3-month post-TAM OPA1-KO MuSCs
(N=4 biological replicates). C. Percentage of 1-month post-TAM Pax7+ cells expressing Ki67 at T=24-hours in
culture following treatment with 1 mM GSH (N=5 biological replicates, = SD, n.s.). D. Percentage of 1-month post-
TAM Pax7+ cells expressing pRb at T=24-hours in culture following treatment with 1 mM GSH (N= 5 biological
replicates, £ SD, n.s.). E. Percentage of 1-month post-TAM Pax7+ cells expressing Ki67 at T=48-hours in culture
following treatment with 1 mM GSH (N= 4 biological replicates, + SD, p=0.0141). F. Percentage of 1-month post-
TAM Pax7+ cells expressing EdU at T=48-hours in culture following treatment with 1 mM GSH (N= 4 biological
replicates, = SD, p=0.0032). G. Percentage of 1-month post-TAM Pax7+ cells expressing Ki67 at T=24-hours in
culture following treatment with 100 uM uridine (N= 5 biological replicates, + SD, n.s.). H. Percentage of 1-month
post-TAM Pax7+ cells expressing pRb at T=24-hours in culture following treatment with 100 uM uridine (N= 5
biological replicates, + SD, n.s.). I. Percentage of 1-month post-TAM Pax7+ cells expressing Ki67 at T=48-hours in
culture following treatment with 100 uM uridine (N= 4 biological replicates, + SD, p=0.0024). J. Percentage of 1-
month post-TAM Pax7+ cells expressing EAU at T=48-hours in culture following treatment with 100 uM uridine (N=
4 biological replicates, = SD, p=0.0377).
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4.3 Chronic loss of OPA1 in muscle stem cells causes significant regeneration deficits and

stem cell depletion following injury.

To evaluate whether disruption of mitochondrial dynamics in MuSCs impairs the regenerative
capacity of skeletal muscle, we implemented an i vivo injury model and compared the phenotype
in injured OPA1-WT and OPA1-MKO TA muscles at 14 days post-injury (DPI). At 1-month post-
TAM, OPA1-MKO muscle exhibited significant regenerative defects, with a significant reduction
in the myofiber cross-sectional area (CSA) and in centrally nucleated (regenerating) myofibers
(Figure 9B, 9C). Newly formed myofibers transiently express eMHC, which as the myofibers
mature, gets downregulated while adult isoforms of MHC increase in abundance. Notably, by 14
DPI, 1-month post-TAM OPA1-MKO muscle shows a significant increase in the proportion of
eMHC+ myofibers relative to the OPA1-WT, suggesting the onset of myofiber formation but a
failure to become mature myofibers by this timepoint (Figure 9E). To assess whether chronic loss
of OPAL affected MuSC fate decisions in vivo in this model, we quantified the proportion of Pax7+
and MyoD+ cells per 1000 um?, and in both instances, found a significant reduction in the 1-month
post-TAM OPA1-MKO relative to the OPA1-WT (Figure 9G, 9J). When quantifying the
proportion of these cell populations that co-expressed the proliferative marker Ki67, we did not

observe any significant difference between the two genotypes (Figure 9H, 9K).
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Figure 9. Chronic loss of OPA1 in muscle stem cells causes significant muscle regeneration defects. Cardiotoxin
injury experiment in 1-month post-TAM OPA1-WT and OPA1-MKO TA muscles at 14 days-post injury (DPI) A.
Representative image of H&E-stained OPA1-WT and OPA1-MKO muscle at 14 DPI. Visualized at 20X
magnification on the EVOS FLAuto2. B. Cross-sectional area (um?) of OPA1-WT and OPA1-MKO myofibers at 14
DPI (N=4 biological replicates; + SD , p=0.0033). C. Centrinucleated myofibers per 1000 um? in OPA1-WT and
OPA1-MKO TAs at 14 DPI (N=4 biological replicates; £ SD, p=0.0019). D. Representative image of eMHC+
myofiber distribution in OPA1-WT and OPA1-MKO TAs at 14 DPI. Visualized at 20X on the Zeiss.Z1 Epifluorescent
microscope. White arrows indicate towards positive cells. E. eMHC+ myofibers per 1000 um? in OPA1-WT and
OPA1-MKO TAs at 14 DPI (N=4 biological replicates; = SD, p=0.0190). F. Representative image of Pax7+ and
Ki67+ cell distribution in OPA1-WT and OPAI-MKO TAs at 14 DPI. Visualized at 20X on the Zeiss.Z1
Epifluorescent microscope. White arrows indicate towards positive cells. G. Number of Pax7+ cells per 1000 um? in
OPA1-WT and OPA1-MKO TAs at 14 DPI (N=4 biological replicates; £ SD , p=0.0467). H. Proportion of
Ki67+/Pax7+ cells in OPAI-WT and OPA1-MKO TAs at 14 DPI (N=4 biological replicates; £ SD , n.s.). L.
Representative image of MyoD+ and Ki67+ cell distribution in OPA1-WT and OPA1-MKO TAs at 14 DPL
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Visualized at 20X on the Zeiss.Z1 Epifluorescent microscope. White arrows indicate towards positive cells. J. Number
of MyoD7+ cells per 1000 um? in OPA1-WT and OPA1-MKO TAs at 14 DPI (N=4 biological replicates; + SD ,
p=0.0014). K. Proportion of Ki67+/MyoD+ cells in OPA1-WT and OPA1-MKO TAs at 14 DPI (N=4 biological

replicates; £ SD, n.s.).

4.4 Chronic loss of OPA1 leads to basal stem cell depletion, the onset of a muscle wasting
program, and fatiguability defects within the skeletal muscle.

Our lab has previously shown that at 3-months post-TAM, OPA1-KO MuSCs exhibit cell cycle
defects, reduced cluster sizes in culture, and defective regeneration following CTX injury>’. We
therefore asked whether more drastic effects could be observed at increased durations of OPA1
loss, at 6- or 9-months post-TAM. We firstly aimed to characterize the MuSC population basally
within the TA muscles of OPA1-WT and OPAI1-MKO animals at these time points.
Immunofluorescent staining of 6-month and 9-month post-TAM OPA1-MKO TAs for the MuSC
marker Pax7 revealed that in the absence of a strong activation stimulus such as injury, there is a
significant reduction in the MuSC population basally (Figure 10A, 10G). Interestingly, while the
defect is present at 6-months post-TAM, the MuSC population is further depleted by 9-months
post-TAM. This finding was reproduced in vitro in freshly isolated MuSCs from single EDL
myofibers, with significantly fewer Pax7+ cells per myofiber in the OPA1-KO at 6- and 9-month
post-TAM relative to the OPA1-WT (Figure 10, 10H).

With this significant defect in the MuSC population, we asked whether there were also
defects in the whole muscle that could be identified histologically in the OPA1-MKO at 6- and 9-
months post-TAM. At 6-months post-TAM, there was no evidence of atrophy, with no significant
difference in the CSA of myofibers or the total number of myofibers per 1000 pm? (Figure 10B,
10C). Interestingly, by 9-months post-TAM, OPA1-MKO TA muscles basally show a reduction
in the mean myofiber CSA and a reduction in the number of myonuclei per myofiber (Figure 101,
10J). Due to the presence of this muscle-wasting phenotype at 9-months post-TAM, we asked
whether there was any significant difference in atrogene expression in OPA1-WT and OPA1-
MKO TA muscles to suggest the onset of the atrophy program at a transcriptional level. When
quantifying the expression of the atrogenes Atroginl and MurfI, we found no significant difference
between the OPA1-WT and OPA1-MKO (Figure 10N, 100). There was also no significant
difference in the presence of FGF-21 (an indicator of fibrosis) or IL-6 (a pro-inflammatory
cytokine) in the plasma of OPA1-WT and OPA1-MKO animals at 9-months post-TAM (Figure
10P, 10Q).
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Figure 10. Chronic loss of OPA1 in muscle stem cells is associated with basal stem cell depletion and the onset
of a muscle wasting phenotype. A. Number of Pax7+ cells per 1000 um? in 6-months post-TAM OPA1-WT and
OPA1-MKO uninjured tibialis anterior (TA) muscles (N=6 biological replicates, = SD, p=0.0002). B. Cross-sectional
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area (CSA) of myofibers, in 1000 um?, of 6-months post-TAM OPA1-WT and OPA1-MKO uninjured TA muscles
(N=6 biological replicates, = SD, n.s.). C. Number of myofibers per 1000 um? in 6-months post-TAM OPA1-WT
and OPA1-MKO uninjured tibialis anterior (TA) muscles (N=6 biological replicates, = SD, n.s.). D. Number of Pax7+
cells per EDL myofiber at 6-months post-TAM (N=5 biological replicates, + SD). E. Representative image of Pax7+
cell abundance in 6-months post-TAM OPA1-WT and OPA1-KO TA muscle cross-sections. White arrows indicate
towards Pax7+ cells. F. Representative image of MuSC abundance on 6-months post-TAM OPA1-WT and OPAI1-
KO single isolated EDL myofibers at T=0h. G. Number of Pax7+ cells per 1000 um? in 9-months post-TAM OPA1-
WT and OPA1-MKO uninjured TA muscles (N=4 biological replicates, + SD, p=0.00004). H. Number of Pax7+ cells
per EDL myofiber at 9-months post-TAM (N=4 biological replicates, £ SD, p=0.0049). I. Number of myonuclei per
myofiber in 9-months post-TAM OPA1-WT and OPA1-MKO uninjured TA muscles (N=4 biological replicates, +
SD, p=0.0004). J. Cross-sectional area (CSA) of myofibers of 9-months post-TAM OPA1-WT and OPA1-MKO
uninjured TA muscles (N=4 biological replicates, + SD, p=0.0017). K. Number of myofibers per 1000 um? in 9-
months post-TAM OPA1-WT and OPA1-MKO uninjured tibialis anterior (TA) muscles (N=4 biological replicates,
+ SD, n.s.). L. Representative image of Pax7+ cell abundance in 9-months post-TAM OPA1-WT and OPA1-KO TA
muscle cross-sections. White arrows indicate towards Pax7+ cells. M. Representative image of Pax7+ cell abundance
on 9-months post-TAM OPA1-WT and OPA1-KO single isolated EDL myofibers at T=0h. N. Gene expression of
Murfl in whole TA muscles from 9-months post-TAM OPA1-WT and OPA1-MKO animals, quantified by RT-qPCR
and normalized to GAPDH expression (N=3 biological replicates, = SD, n.s.). O. Gene expression of Afroginl in
whole TA muscles from 9-months post-TAM OPA1-WT and OPA1-MKO animals, quantified by RT-qPCR and
normalized to GAPDH expression (N=3 biological replicates, = SD, n.s.). (P-Q) Levels of P. FGF-21 and Q. IL-6 in
the plasma of OPA1-WT and OPAI-MKO mice at 9-months post-TAM (N=6 OPA1-WT, N=8 OPA1-MKO
biological replicates, n.s.).

With the reduction in myofiber area, we asked whether there were any associated functional
deficits in the whole muscle at 9-months post-TAM in the OPA1-MKO relative to age-matched
OPA1-WT controls. Force frequency analysis suggested no significant difference in specific force
(N/cm?) generation with increasing stimulation frequency (Figure 11A), however when assessing
for fatiguability, we found that 9-month OPA1-MKO muscle shows a drastic reduction in force
generation with sequential stimulation (Figure 11B). This led us to ask whether there were any
metabolic changes or defects in the whole muscle that is associated with chronic OPA1 loss in the
MuSCs that may explain this fatiguability defect. Through Oil Red O (ORO) histological staining
in 9-month post-TAM TAs, we found there was no significant difference in lipid droplet
accumulation in the OPAI-WT and OPA1-MKO muscle (Figure 11D). We additionally
characterized the fiber type distribution at 9-months post-TAM to possibly explain this defect,
however the distribution of MHC type I, Ila, IIb, and IIx myofibers were comparable in the OPA1-
WT and OPA1-MKO TA muscles (Figure 11G). We also asked whether there were any differences
in the OCR in OPA1-MKO muscle at 3-months post-TAM, potentially due to the stem cell
dysfunction observed at this time. We implemented the Resipher platform which utilizes a real-
time, live-cell in vitro monitoring system to quantify the OCR of single isolated myofibers from
3-month post-TAM OPA1-WT and OPA1-MKO muscle, however there was no significant
difference throughout a 24-hour culture period (Figure 11C, 11D).
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Figure 11. Chronic loss of OPA1 in muscle stem cells leads to functional deficits within skeletal muscle. A.
Specific force (N/cm?) of TA muscle per stimulation frequency in 9-months post-TAM OPA1-WT and OPA1-MKO
animals (N=3 biological replicates, = SD, n.s.). B. Force generated by 9-month post-TAM TA muscles per number of
sequential contractions expressed as % of initial force in OPA1-WT and OPA1-MKO animals (N=3 biological
replicates, £ SD, p<0.05*; p<0.0001**%*), C. Oxygen consumption rate of single EDL myofibers across T=24 hours
in culture from 3-months post-TAM OPA1-WT and OPA1-MKO animals, normalized to total protein content (N=3
biological replicates, = SD, n.s.). D. Oxygen consumption rate at endpoint collection (T=24h) of 3-month post-TAM
OPA1-WT and OPA1-MKO EDL myofibers, normalized to total protein content (N=3 biological replicates, = SD,
n.s.). E. Quantification of Oil Red O+ (ORO+) area in 9-months post-TAM OPA1-WT and OPA1-MKO TA cross-
sections, normalized to total tissue area (N=>5 biological replicates, = SD, n.s.). F. Representative image of myofiber
type distribution at 9-months post-TAM in OPA—WT and OPA1-MKO TA muscle cross-sections. G. Myofiber type
(MHC type I, Ila, IIb, or IIx) distribution within the TA muscle of OPA1-WT and OPA1-MKO muscle at 9-months
post-TAM (N=5 biological replicates, + SD, MHC-I+: p=0.0386.; MHC-I1Ia, MHC-IIb, MHC-IIx+: n.s.)
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Chapter 5: Discussion

In this work, we investigated the role of chronic OPA1 loss in muscle stem cell maintenance and
activity, particularly in an aging context. While our research group previously showed that chronic
loss of OPA1 leads to an aged-like phenotype in MuSCs>°, here we show that at 1- and 3-months
post-TAM, OPA1-KO MuSCs accumulate markers of cellular senescence. One of the most highly
conserved markers of senescence across cell and tissue types is y-H2AX 84185187188 4 replacement
histone which becomes phosphorylated early in the repair process of DNA DSBs!®. CD47 is
another marker of cellular senescence, and through alternative polyadenylation, accumulates at the
cell surface of senescent MuSCs®. Notably, 3-month OPA1-KO MuSCs show a greater number
of y-H2AX+ foci and have a greater propensity to express high levels of CD47 at the cell surface
(Figure 6C, 6E). Chronic loss of OPA1 also leads to the downregulation of Cyclin D and the
upregulation of p21 expression at 1- and 3-months post-TAM (Figure 7A, 7E), supporting the
notion that mitochondrial dysfunction can influence nuclear gene expression to impair the cell
cycle progression of MuSCs. Thus, there is evidence supporting the connection between long-term
ablation of OPA1 in MuSCs and cellular senescence.

Through our metabolomics analysis, we observed an upregulation of several metabolites
in 3-month OPA1-KO MuSCs relative to age-matched OPA1-WT controls, and a significant
downregulation in UTP (Figure 8A). In a variety of cell types, cellular senescence is associated
with changes in metabolic regulation, including the release of metabolites in response to oxidative
stress'®9-192 Senescent cells remain metabolically active and release metabolites, among other
factors, through the SASP. It is possible that 3-month OPA1-KO MuSCs, like senescent myoblasts,

have a unique exometabolome!'!?

, and that through the release of metabolites, these MuSCs may
effect cell signaling functions. However, whether these upregulated metabolites at 3-months post-
TAM are accumulating due to enhanced biosynthesis or from disuse remains to be known. At 3-
months post-TAM, we observed the accumulation of many amino acids in OPA1-KO MuSCs
(Figure 8 A). Notably, the accumulation of amino acids is a feature of the unfolded protein response
(UPR), when protein synthesis is attenuated to reduce the burden on the ER'*31%_ ER stress is a
component of the senescent phenotype!®®!®’ and phenotypes of mitochondrial dysfunction and
dysregulation of the proteome have previously been described in senescent MuSCs?3. Additionally,

loss of OPAL1 in the whole skeletal muscle has been shown by Tezze ef al. to cause ER stress,

stimulating the UPR and inducing muscle atrophy and a precocious aging phenotype
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180 Tt is therefore possible that a similar mechanism occurs at the stem cell level in 3-

systemically
month post-TAM OPA1-KO MuSCs to contribute to the senescent phenotype. Due to the depletion
of GSH>® and UTP (Figure 8A) at 3-months post-TAM in OPA1-KO MuSCs, we asked whether
we could supplement these metabolites exogenously to mitigate the proliferative defects in OPA1-
KO at 1-month post-TAM, prior to the onset of complete G1/S arrest. We found that 48-hour
treatment with exogenous GSH and uridine partially restored the cell cycle progression of OPA1-
KO MuSCs at 1-month post-TAM (Figure 8E-8F, 81-8J). It is therefore possible that within this
model of progressive cell cycle dysregulation associated with the duration of OPAT loss, cell cycle
progression can be improved prior to irreversible cell cycle arrest. This knowledge is of interest
for the development of preventative measures for disorders associated with the age-related loss of
essential mitochondrial dynamics regulators, such as DRP1, MFN1/2, and OPA 1180181,

Through this work, we also discovered that chronic imbalances in mitochondrial dynamics
leads to stem cell depletion basally at 6- and 9-months post-TAM in OPA1-MKO animals (Figure
10A, 10G). Further, at 9-months post-TAM in OPA1-MKO muscle, there is evidence of muscle
wasting, with a reduction in the myofiber cross-sectional area and a reduction in the number of
myonuclei per myofiber relative to the OPA1-WT (Figure 101, 10J). Strikingly, when there are
chronic imbalances of mitochondrial dynamics within MuSCs, whole muscle defects in
fatiguability are observed (Figure 11B). In sum, chronic loss of OPA1 in MuSCs causes an aged-
like phenotype in whole skeletal muscle. A popular discussion in the field of regenerative medicine
debates the relative contribution of MuSCs to the pathology of muscle atrophy or sarcopenia. The
findings from this research present new evidence to this debate and suggest that the presence of
dysfunctional MuSCs, such as OPA1-KO MuSCs at 9-months post-TAM, may contribute to the
sarcopenic phenotype. Understanding the mechanism by which this occurs will be an important
discovery that could inform the development of novel therapeutics for the age-related loss of

muscle mass and function, compromising the quality of life in elderly individuals.
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Chapter 6: Conclusion

In conclusion, mitochondrial dynamics is an essential regulator of muscle stem cell activity and
fate. Through this research, we have particularly highlighted the importance of OPA1 and
mitochondrial dynamics for the proliferative capacity of MuSCs and their maintenance in an aging
context. Chronic imbalances in mitochondrial dynamics lead to the accumulation of senescence
markers and dysregulation of the Gi/S phase of the cell cycle in MuSCs. However,
supplementation of exogenous metabolites can improve the proliferative capacity of MuSCs prior
to the onset of complete cell cycle arrest. We have also shown that the presence of dysfunctional
MuSCs within the skeletal muscle may contribute to age-associated muscle wasting and
fatiguability. Ultimately, our model of chronic OPA1 loss in MuSCs cements the notion that
mitochondrial dysfunction, such as through chronic imbalances in mitochondrial dynamics,
promotes the onset of senescent and aged-like phenotypes. The findings from this research are of
therapeutic interest for sarcopenia and other degenerative diseases associated with impaired
mitochondrial dynamics and offer insight on the role of mitochondrial dynamics in inducing MuSC

senescence, which has not been described to date.
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Chapter 7: Limitations

One limitation of this study is that the process of isolating primary MuSCs inherently serves as an
activation stimulus!*®!%. Thus, the process of isolating primary MuSCs via FACS or single EDL
myofiber isolation may influence the transcription of cell cycle modulators during the process of
activation. To account for this, age-matched wild-type controls are consistently implemented in
our research, allowing us to appreciate the differences between the genotypes despite the
possibility of influencing cell cycle regulation. Despite this limitation, we have still been able to
identify significant defects in cell cycle activity via RT-qPCR in the OPA1-KO relative to the
OPA1-WT. Techniques such as in situ fixation via perfusion to fix tissues prior to the isolation
process may be implemented to bypass this issue by preserving the state in which MuSCs reside
in basally, in the absence of an activation stimulus.

A second limitation of this research is that at 9-months post-TAM in the OPA1-MKO
muscle, we could not account for the possibility that the dysfunctional OPA1-KO MuSCs may
undergo pathological fusion or dysfunctional myonuclear accretion. It is possible that at 9-months
post-TAM, if OPA1-KO MuSCs fuse with the myofibers, they could stimulate loss of OPA1 in
the whole muscle. As such, it is possible that the fatiguability defects could be associated with the
resulting loss of OPAT1 in whole skeletal muscle. However, if this pathological fusion does occur,
it may be therapeutically relevant and provide insight on how MuSC dysfunction contributes to

overall muscle health, like in models of muscular dystrophy.
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Chapter 8: Future Directions

While the findings of this research establish a connection between chronic imbalances in
mitochondrial dynamics and a senescent phenotype in MuSCs, it would be of great interest to
identify the mechanism by which this occurs. For instance, understanding how modulators of
mitochondrial dynamics like OPA1 decline in expression with age in MuSCs, or how changes in
mitochondrial morphology and metabolism induce cell cycle arrest would be foundational
knowledge that could inform therapeutics for degenerative conditions like sarcopenia. Relatedly,
identifying the relative contributions of OPA1 in isolation, rather than mitochondrial dynamics as
a whole, would be of interest. Beyond its roles in IMM fusion, OPA1 is involved in cristae

ultrastructure and supercomplex assembly!®!-153

, which may distinguish its role in contributing to
a senescent phenotype from the other modulators of mitochondrial dynamics. Visualizing
mitochondrial ultrastructure and cristae integrity via transmission electron microscopy or studying
genetic models which knock-out or overexpress the mitochondrial dynamics regulators MFN1/2
or DRP1 are some ways in which this question could be explored.

Another question that could be explored through future research is the relative contribution
of dysfunctional MuSCs to an aged-like or sarcopenic phenotype in whole skeletal muscle. In our
model of chronic OPA1 loss at 9-months post-TAM, while the OPA1-KO MuSCs mimic an aged-
like phenotype, the animals themselves are only approximately 12 months old. A future approach
could be to determine whether the defects that are intrinsic to the MuSCs can be analyzed and
understood separately from an aged or dysfunctional local environment, and whether it is the
dysfunctional MuSCs alone that are causing the onset of muscle wasting and muscle fatiguability.
One way that these questions could be dissected is to perform an engraftment experiment with
young, healthy donor MuSCs into the muscle of 9-month post-TAM OPA1-MKO recipient
animals and determining whether (1) the young MuSCs can successfully be introduced to the

muscle, (2) whether these MuSCs also become depleted or otherwise dysfunctional, and (3)

whether introduction of healthy MuSCs can improve the phenotype.
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