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ABSTRACT

Skeletal muscle regeneration is a highly regulated process that primarily relies on the activity
of muscle satellite cells (MuSCs). The functions and fates of MuCSs are highly sensitive to
alterations in cellular redox, as different phases of the myogenic program are redox-sensitive.
Glutathione (GSH), a major antioxidant in muscle cells, plays a key role in myogenesis by
maintaining redox homeostasis. Redox homeostasis is often disrupted in muscle injury, aging,
and diseases such as muscular dystrophies. Cysteine is the rate-controlling amino acid in the
synthesis of GSH in the cytosol. Cystine, the predominant form of free cysteine in blood, is
imported into cells by the plasma membrane antiporter, XCT, which imports cystine and
exports glutamate. As such, this antiporter plays a central role in controlling intracellular GSH
levels. xCT can also regulate cellular metabolism by modulating the intracellular availability
of cysteine and glutamate, which impact a number of metabolic pathways. Therefore, xCT,
through its dual redox and metabolic roles, can profoundly impact skeletal muscle health and
its regenerative capacity.

The first project of my doctoral research aimed to elucidate the role of xCT in regulating MuSC
myogenic programming processes. It also explored the implications of XCT in the context of
exercise training. Given the well-recognized redox role of xCT, we hypothesized that xCT
controls skeletal muscle regeneration by modulating GSH redox. To test this hypothesis, we
employed a multifaceted approach, including bioinformatic analyses, in vitro studies using the
murine C2C12 muscle cell line and mouse primary muscle cells, as well as in vivo experiments
with xCT-mutant mice (Slc7all*¥). Our findings revealed that xCT is indispensable for
MuSC proliferation and self-renewal processes, while its expression is downregulated during

myotube differentiation. Strikingly, xCT deficiency enhanced myogenic differentiation in vitro
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and in vivo. Furthermore, xCT-mutant mice displayed improved insulin sensitivity pre- and
post-exercise training and had blunted muscle mitochondrial biogenesis and respiration in
response to exercise training. These findings highlight the role of XCT in skeletal muscle
regenerative capacity and metabolism, which may help inform novel therapeutic approaches
for muscle wasting and dysfunction observed in metabolic diseases and aging.

MuSC proliferation is an essential myogenic phase for stem cell pool maintenance and
successful muscle repair. Disruptions in metabolic processes during MuSC proliferation,
particularly a decreased supply of amino acids, can impair MuSC growth and function and
compromise muscle health. Thus, my second project investigated the metabolic consequences
of xCT deficiency in proliferating MuSCs. We hypothesized that loss of xCT perturbs redox
balance, disrupts mitochondrial structure, and alters metabolic pathways in proliferating
MuSCs. By leveraging complementary bioinformatic, metabolomic, and mechanistic
approaches, our findings revealed that xCT-deficient MuSCs have impaired GSH redox and
lower glycolytic and oxidative capacities associated with DRP1-mediated mitochondrial
fragmentation. To compensate for dysregulated xCT transport activity, MuSCs underwent
metabolic reprogramming, directing glycolytic intermediates toward serine and cysteine
biosynthesis. Additionally, xCT-deficient MuSCs channeled excess glutamate toward proline
biosynthesis to maintain cellular redox and balance between oxidative and reductive pathways.
These findings emphasize the role of xCT in driving metabolic adaptations in MuSCs, further
confirming the link between redox regulation and cellular metabolism.

In conclusion, these projects provide novel insights into the dual role of xCT in skeletal muscle

redox and metabolism during various myogenic stages. A better understanding of xCT function
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in skeletal muscle may pave the way for therapeutic interventions aimed at restoring/improving

muscle health in conditions characterized by dysregulated redox and metabolism.
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CHAPTER 1: GENERAL INTRODUCTION

Skeletal muscle tissue accounts for slightly less than half of the body mass in lean adults and consists of
over 600 muscles that enable movement and stability [1]. Skeletal muscle function and health can be
compromised by injury, disease, or disuse, resulting in reduced mobility and poor quality of life at any
age [2]. This introduction will explore the interconnected roles of redox balance and metabolic pathways

in maintaining skeletal muscle homeostasis and regulating its regenerative capacity.

1.1 Skeletal Muscle Structure

Skeletal muscle is a highly organized tissue made of thousands of muscle fibers known as myofibers that
are arranged into fascicles. The sarcomere is the contractile unit of skeletal muscle, and it mainly consists
of proteins responsible for muscle contraction, such as actin and myosin. A group of sarcomeres arranges
together to form myofibrils, which are further grouped to create myofibers[3] (Figure 1.1). In muscle
anatomy, the sarcolemma refers to the cell membrane of a myofiber, and the sarcoplasm is the cytoplasm
within that muscle fiber. The sarcoplasm contains the sarcoplasmic reticulum that acts as a reservoir for
calcium (Ca®"), whereas, the sarcolemma contains structural invaginations known as T-tubules that

facilitate ion exchange during muscle contraction [4].
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Figure 1.1. Skeletal Muscle Structure

Skeletal muscle has a hierarchical organization composed of fascicles, myofibers, myofibrils, and
sarcomeres. Muscle tissue is made up of bundles of fascicles, which are surrounded by connective tissue,
nerve fibers, and blood vessels. Each fascicle contains a group of myofibers, which are the fundamental
units of skeletal muscle. Within each myofiber are multiple myofibrils, which are cylindrical structures
formed by the assembly of sarcomeres. Sarcomeres, the basic contractile units of muscles, are composed
of organized arrays of actin (thin filaments) and myosin (thick filaments). This figure was created with
BioRender.com



1.2 Skeletal Muscle Functions

The primary function of skeletal muscle is to convert chemical energy into mechanical energy to generate
force, which allows the tissue to support movement and maintain posture [2]. Skeletal muscle also plays
an important role in regulating whole body metabolism by contributing to basal energy metabolism,
acting as a reservoir for amino acids and carbohydrates, blood glucose homeostasis, regulating core
temperature, and accounting for most of the body’s oxygen and fuel consumption during physical activity

and exercise [5,6].

1.2.1 The Neuromuscular Junction

The neuromuscular junction (NMJ) transmits signals from motor neurons to myofibers and consists of
three distinct compartments: the presynaptic nerve terminal, the synaptic cleft, and the postsynaptic
motor end plate [7]. In response to an action potential, acetylcholine (ACh) binds to nicotinic receptors
and mediates Na* influx into the sarcoplasm and signal transmission through T-tubules, inducing Ca**
release from the sarcoplasmic reticulum to initiate excitation-contraction coupling. These chemical
changes support the sliding of myofibrils past each other without changing their length, a process known
as the filament model of contraction. Troponin is another protein that plays a pivotal role in muscular
contraction along with actin and myosin.

At rest, low levels of Ca*" keep tropomyosin in place, blocking myosin-binding sites on actin and
preventing contraction. During excitation, tropomyosin is displaced after Ca?*" binding to troponin C,
which allows myosin heads to form cross-bridges with actin and to drive filament sliding. However,
muscle contraction is over when ACh is degraded by acetylcholinesterase, leading to the repolarization

of the sarcolemma and the reabsorption of Ca** by the sarcoplasmic reticulum [8].



1.2.2 Force Generation

The contraction of a sarcomere is driven by the cross-bridge cycle, a phenomenon that involves the
movement of myosin filaments along actin filaments [9]. The cross-bridge cycle occurs following six
enzymatic steps that allow myosin heads to move along actin filaments, generating force throughout the
muscle. The first step of muscular contraction is mediated by the binding of cytosolic Ca** to troponin,
followed by a conformational change that exposes myosin-binding sites on actin. Consequently, the
myosin head binds to the actin filament at a 45° angle (rigid state). Then, adenosine triphosphate (ATP)
binds to myosin, causing its detachment from the actin filament. The hydrolysis of ATP to adenosine
diphosphate (ADP) and inorganic phosphate (Pi), catalyzed by myosin ATPase activity, allows the
myosin filament to re-attach weakly to actin at a 90° angle (cross-bridge). The release of Pi provides
sufficient power for the myosin head to rotate, pushing the actin filament. When this process is

completed, the myosin head releases ADP and returns to its rigid state, prepared for the next cycle [10].

1.3 Skeletal Muscle Fiber Heterogeneity

The capacity of skeletal muscle to adapt to various mechanical and metabolic demands is partly
attributable to the tissue diversity in the mechanical and biochemical characteristics of individual
myofibers. Muscle fibers can be classified into two major types: slow-twitch (type I) and fast-twitch
(type II) which are characterized by distinct expression patterns of sarcomere myosin heavy chain
(MyHC) isoforms (Table 1.1). Slow-twitch or type I fibers are rich in mitochondria and display a high
oxidative capacity. This metabolic characteristic makes type I fibers fatigue-resistant and suitable for
prolonged low-force contractions like marathon running and lower-intensity swimming. Type II fibers
can be further classified into subtypes, such as I1A, [IX, and IIB [11]. Type IIA and IIX fibers are found
in humans and rodents, whereas type IIB fibers are exclusively present in rodents [12]. Type IIA fibers

are fast oxidative glycolytic fibers, whereas type IIX and IIB fibers are purely fast glycolytic fibers. Type



II fibers are less fatigue-resistant and support contractions with short anaerobic bursts, such as those
during powerlifting and sprinting [ 12]. Type IIA fibers are metabolically the closest to type I fibers since
they exhibit high mitochondrial content with a greater dependence on oxidative metabolism in
mitochondria compared to other type II fibers.

Although most nuclei within the same myofiber transcribe a single MyHC isoform, a minority of
myofibers can be hybrid [13]. Hybrid myofibers co-express different MyHC isoforms, enabling further
functional adaptations ranging from the slowest and most oxidative to the fastest and most glycolytic
pathways (I — I/IIA — [IA — [TA/IIX — 11X) [14]. Myofibers can undergo remodeling and change their
composition, abundance, and functional characteristics in response to conditions such as exercise,
inactivity, disease, and aging. Various types of exercise training can differently impact myofiber
composition. It has been reported that endurance training increases the abundance or proportion of type
I fibers, whereas resistance training downregulates MyHC7 gene expression without altering the
corresponding type I fibers abundance [15]. Moreover, it has been shown that exercise training shifts
myofibers towards a less hybrid phenotype. For instance, endurance and resistance training promote
hybrid myofiber compositions towards type I and type IIA, respectively [16]. Furthermore, it has been
demonstrated that fast glycolytic muscle fibers are more prone to age-related muscle wasting [17].
However, other studies conducted in mice and humans have shown that aging causes a reduction in the

size of all fiber types, irrespective of fiber type specificity [18,19].



Fiber Type I A X 11B
MyHC Gene MyHC7 MyHC?2 MyHCI MyHC4
MyHC Isoform MyHC I MyHC ITIA MyHC IIX MyHC IIB
Contractile Slow Moderate Fast Very Fast
Speed

Mitochondrial High Intermediate Low Low
Density

Metabolism Oxidative Oxidative/Glycolytic |  Glycolytic Glycolytic
Fatigability Low Moderate High Highest

Table 1.1. Skeletal Muscle Fiber Types.

Different muscle fiber types are classified based on their expression of MyHC isoforms. Skeletal muscle
is a heterogeneous tissue where each muscle fiber type displays distinct metabolic and functional
characteristics. Different MyHC isoforms can also be co-expressed within the same muscle fiber,
generating a hybrid myofiber. Due to their mixed composition, hybrid myofibers can exhibit remarkable
functional and metabolic adaptations.



1.4 Skeletal Muscle Energy Metabolism

ATP availability is essential for multiple key cellular processes that drive skeletal muscle function such
as Ca®" storage (Ca*" ATPase), membrane excitability (Na”/ K™ ATPase), and myofilament cross-bridge
cycling (myosin ATPase). Energy in the form of ATP is essential for supporting muscle contraction
throughout all types of activities, with distinct intensity levels and durations. However, skeletal muscle
ATP storage capacity is extremely small (~5 mmol per kg muscle), therefore, the tissue relies on various
metabolic pathways to produce ATP [20]. In response to metabolic stress, the decrease in ATP levels
elevates the adenosine monophosphate (AMP): ATP and ADP: ATP ratios, leading to the activation of
the energy sensor, AMPK. Once activated, AMPK helps restore cellular energy balance by suppressing
ATP-consuming pathways while stimulating ATP-generating pathways [21]. To produce ATP, skeletal
muscle can use a variety of substrates as fuel including carbohydrates (glucose and muscle glycogen)
and fats (plasma-free fatty acids and muscle triglycerides). The two major pathways for muscle ATP
generation are glycolysis and oxidative phosphorylation (OXPHOS). However, these pathways do not
function in isolation; they can operate simultaneously or to some extent in relative isolation during

physical activity, and this depends mainly on contraction intensities [5].

1.4.1 Glycolysis

Glycolysis is a major metabolic pathway that enables skeletal muscle tissue to rapidly produce ATP in
response to increasing energy demands. Glycolysis can occur aerobically or anaerobically in the
sarcoplasm following ten reactions that lead to pyruvate production. These reactions can be split into
two phases: the preparatory phase and the energy-yielding phase [22]. In the first phase, two ATP
molecules are utilized in the reactions catalyzed by hexokinase (HKII) and phosphofructokinase (PFK).
In the second phase, four ATP molecules are produced by the reactions catalyzed by phosphoglycerate

kinase (PGK) and pyruvate kinase (PK), yielding a net gain of two ATP molecules [23]. In anaerobic



glycolysis, pyruvate is converted into lactate in a reaction catalyzed by lactate dehydrogenase (LDH).
NAD", produced by this LDH-mediated reaction, supports glycolysis continuation by serving as a
cofactor for the key glycolytic enzyme glyceraldehyde 3-phosphate dehydrogenase (GAPDH). In
aerobic glycolysis, the pyruvate is transported into mitochondria where the pyruvate dehydrogenase
complex converts it to acetyl-CoA to be utilized by the tricarboxylic acid (TCA) cycle [5]. Glucose is
taken up by skeletal muscle through sarcolemmal glucose transporter 4 (GLUT4). Insulin stimulation
and muscular contraction drive GLUT4 translocation from intracellular vesicles to the sarcolemmal
membrane where it exerts its transport activity [24].

Type 1I fibers, except for type IIA, use predominantly glycolytic ATP production rather than OXPHOS
for short, intense bursts of activity, particularly when blood flow and oxygen are limited (hypoxia).
Anaerobic glycolysis is the dominant source of ATP during high-intensity and sustained activity, such as
weightlifting and sprints [25]. Conversely, muscles rely on aerobic glycolysis and OXPHOS during low-
intensity exercises like walking and low-intensity running [26].

Glucose can be stored as glycogen in skeletal muscle through a process catalyzed by glycogen synthase
1 (GYSI1). Depending on metabolic needs, phosphorylase, and debranching enzymes can break down
glycogen to release glucose-1-phosphate, which is then converted to glucose-6-phosphate that can enter
glycolysis [27]. Disrupted glycogen storage and breakdown can lead to glycogen storage diseases in
skeletal muscle. These diseases are often associated with exercise intolerance caused by glycogen
accumulation and limited energy supply. Acidification resulting from lactate accumulation also seems to

contribute to glycogen storage disease pathology [28].

1.4.2 Mitochondrial Oxidative Pathways
In addition to ATP generated through glycolysis, skeletal muscles rely on mitochondrial oxidative

metabolic pathways to meet their energy demands. These oxidative pathways can metabolize glycolytic



byproducts, lipids, and amino acids to produce nicotinamide adenine dinucleotide (NADH) and flavin
adenine dinucleotide (FADH>), which subsequently support ATP synthesis by OXPHOS (Figure 1.2).
In most cell types, mitochondria consume 85-90% of cellular oxygen, mainly as a result of OXPHOS
[29].

Pyruvate is a key metabolite that links cytosolic glycolysis to the TCA cycle and OXPHOS [30]. Through
the mitochondrial pyruvate carrier, pyruvate can be transported into the mitochondria, where it is
converted by PDH to acetyl-CoA for the TCA cycle entry [31]. Additionally, skeletal muscle can import
fatty acids (FA) and oxidize them through fatty acid B-oxidation (FAO) to support OXPHOS. It is well
recognized that FAO is the primary source of reducing equivalents driving OXPHOS in skeletal muscle
during prolonged endurance exercise and during resting periods between meals when blood glucose
levels decline [32,33,31]. Individuals with obesity have been reported to have impaired FAO capacity,
which is commonly accompanied by impaired insulin-stimulated glucose uptake [34]. Such impairments
can be improved by exercise training, further confirming the metabolic importance of skeletal muscle
[35,36]. In contrast, other studies have shown that excessive FAO can contribute to obesity-induced
insulin resistance in skeletal muscle by impairing the ability to shift from fat to carbohydrate utilization
during the transition from fasting to the feeding state [37].

The initial step of FAO involves the import of FAs into skeletal muscle followed by their transport to the
mitochondria. FA uptake is mediated via multiple FA transporters like cluster of differentiation 36
(CD36) and FA binding protein 3 (FABP3) in skeletal muscle tissue, where a CoA group is added in the
sarcoplasm by fatty acyl-CoA synthase to generate long-chain acyl-CoA. Then, long-chain acyl-CoA is
converted by carnitine palmitoyltransferase 1 (CPT1) to long-chain acylcarnitine, which can be

transported across the inner mitochondrial membrane (IMM). Once inside the mitochondria, carnitine
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palmitoyltransferase 2 (CPT2) converts long-chain acylcarnitine back to long-chain acyl-CoA to be
metabolized through FAO, generating acetyl-CoA, which can enter the TCA cycle [38,39].

Beyond glycolytic products and FAs, skeletal muscle can utilize amino acids as a source of energy,
particularly during exercise [40]. When exercise is prolonged and the carbohydrate supply is inadequate,
skeletal muscles oxidize amino acids that can be taken up from blood or derived from increased protein
degradation. However, short-term resistance exercise also induces amino acid oxidation but involves
protein catabolism to a lesser extent [41,22]. The reliance on amino acid oxidation when muscle glycogen
is depleted contributes to muscle fatigue by degrading structural and contractile proteins, compromising
muscle integrity and function [42].

Branched-chain amino acids (BCAAs), valine, leucine, and isoleucine, can be catabolized in skeletal
muscle, producing metabolic intermediates that replenish the TCA cycle. BCAAs are transformed into
branched-chain keto acids (BCKAs) by branched-chain amino acid aminotransferase (BCAT). Then,
branched-chain keto acid dehydrogenase (BCKDH) catalyzes the conversion of BCKAs to branched-
chain acyl-CoA, which is further oxidized to acetyl-CoA and propionyl CoA for TCA cycle entry as
succinyl CoA [43]. Glutamine is another amino acid that can serve as an energy substrate and can be
oxidized by the TCA cycle. In a reaction catalyzed by glutaminase (GLS), glutamine is converted to
glutamate, which is then transformed into a-ketoglutarate (a-KG) to enter the TCA cycle [44].

The mitochondrial oxidation of various substrates through the TCA cycle generates NADH and FADHo.
These reduced coenzymes donate reducing equivalents (i.e., electrons) to the electron transport chain
(ETC) which is comprised of the four respiratory complexes (complex I-IV). The ultimate electron
acceptor in the ETC is molecular oxygen, which is then reduced to water (H2O) [45]. The transfer of
electrons through different respiratory complexes is accompanied by proton (H") pumping from the

matrix toward the intermembrane space (IMS) of mitochondria. Specifically, a total of ten H' is pumped
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through complex I (four H"), complex III (four H"), and complex IV (two H) to establish a proton
motive force (PMF). The PMF, made up of an electrochemical gradient and a pH gradient, powers ATP
synthase or complex V to synthesize ATP from ADP and Pi. [46]. However, OXPHOS energetic
efficiency is highly variable due to a process called H" leak. While the mechanisms are still poorly
understood, H" can return to the matrix in ways different than ATP synthase. Thus, H" leak can result in
the dissociation between the PMF and ATP synthesis, thereby decreasing the efficiency of OXPHOS
[47]. H' leak occurs in mitochondrial of all cell types and altogether accounts for 30-50% of the resting
metabolic rate [47,48]. H" leak can be mediated by specialized proteins such as uncoupling proteins
(UCPs) and adenine nucleotide translocases (ANTs) [49-51]. However, despite the substantial body of
literature that demonstrates a link between mitochondrial uncoupling and cellular processes such as
autophagy, ROS production, and thermogenesis in physiological and pathophysiological settings,
mechanistic aspects are still poorly understood. Lastly, electrons can leak from the ETC, leading to the
one-electron reduction of oxygen, which produces superoxide (O:"), the main reactive oxygen species
(ROS) precursor [52]. This phenomenon will be discussed in detail later.

Mitochondrial oxidative metabolic pathways are tightly controlled by the peroxisome proliferator-
activated receptor gamma (PPARY) and peroxisome proliferator-activated receptor gamma coactivator
I-alpha (PGC-1a). Activated PGC-1a upregulates the transcription of mitochondrial genes involved in
OXPHOS and FAO [53]. Additionally, the activation of PGC-1a promotes the generation of new
mitochondria, a process known as mitochondrial biogenesis [54]. Furthermore, PGC-1a activity can be
controlled by the master metabolic sensor, AMPK, either directly through phosphorylation or indirectly
by activating the deacetylase sirtuin 1 (SIRT1). Importantly, it has been reported that physical activity
can mitigate the impaired oxidative mitochondrial capacity observed in various metabolic diseases by

initiating PGC-1a activity [55].
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Figure 1.2. Metabolic Pathways Activated in Skeletal Muscle During Exercise

Skeletal muscle relies on a variety of metabolic substrates including glucose, fat, and amino acids to
ensure adequate ATP supply during different types of exercise training. These substrates are oxidized in
the TCA cycle to generate the reduced coenzymes NADH and FADH,. These electron carriers donate
electrons to be transferred through different respiratory complexes of the ETC, driving proton pumping
across the IMM. The resulting PMF powers ATP synthase to produce ATP. Abbreviations: ADP,
adenosine diphosphate; a-KG, a-ketoglutarate; ATP, adenosine triphosphate; BCAAs, branched-chain
amino acids; CACT, carnitine acylcarnitine translocase; CD36, cluster of differentiation 36; CPTI,
carnitine palmitoyltransferase 1; CPT2, carnitine palmitoyltransferase 2; Cyt c, cytochrome c; e-,
electron; FABP3, FA binding protein 3; FAO, fatty acid oxidation; FAD(H2), flavin adenine dinucleotide
(hydrogen); GLUT4, glucose transporter 4; H+, proton; H20, water; IMM, inner mitochondrial
membrane; IMS, intermembrane space; MPC, mitochondrial pyruvate carrier; NAD(H), nicotinamide
adenine dinucleotide (hydrogen); O2, molecular oxygen; OMM, outer mitochondrial membrane; PDH,
pyruvate dehydrogenase; Q, coenzyme Q.. This figure was created with BioRender.com
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1.4.3 Skeletal Muscle Metabolic Flexibility

Metabolic flexibility defines the ability of skeletal muscles to switch between fuel sources to meet their
energetic needs. Commonly this refers to the capacity of muscle to switch from glucose following meals
to FA between meals, and it allows skeletal muscle to adapt to variable physiological conditions, such as
substrate availability, and exercise intensity [56]. Serving as metabolic hubs, mitochondria play a central
role in metabolic flexibility. Mitochondrial metabolism responds to changes in nutrient availability. For
example, after a carbohydrate-rich meal, glycolysis and pyruvate oxidation increase, and FAO decreases.
The glycolysis-derived metabolite, malonyl-CoA, prevents FAs from being transported into
mitochondria for FAO by inhibiting CPT1. High pyruvate production through glycolysis promotes
further glucose oxidation by inhibiting the activity of (PDK), upregulating the activity of PDH [57].
Conversely, during fasting, AMPK lowers malonyl-CoA levels by inhibiting acetyl-CoA carboxylase
(ACC), increasing transport of FA into the mitochondria through CPT1 for FAO. When FAO is favoured,
acetyl-CoA and NADH levels increase and inhibit PDH activity [58]. Additionally, the high availability
of lipids can result in increased citrate levels, which in turn downregulate glucose transport and
metabolism by inhibiting several factors involved in these processes such as GLUT4 and
phosphofructokinase [59].

Beyond ATP production, mitochondria participate in many other biochemical processes including the
synthesis of iron-sulfur (Fe/S) clusters and heme, ROS management, and drug detoxification.
Mitochondria can also influence the epigenome by producing key metabolites such as acetyl-CoA,
hydroxy-ketoglutarate, succinate, and fumarate, which can directly affect nuclear processes, including
DNA methylation and histone acetylation [60,61]. Lastly, mitochondria can control whole-body
metabolism through inter-organ communication mediated by hormone-like circulating factors called

“mitokines” [62,63]. An increasing body of evidence shows that mitochondrial dysfunction can impact
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metabolism in distant organs. For instance, in some mitochondrial diseases that affect muscle,
“mitokines” have been reported to modulate glucose uptake and mitochondrial biogenesis in the brain

[64].

1.4.4 Mitochondrial Structure and Dynamics

Mitochondria are versatile organelles that act as metabolic and redox hubs in all eukaryotic cells
containing them [65]. Despite originating from the common bacterial ancestor alpha-proteobacterium,
mitochondria display great functional and structural diversity [66]. The nuclear genome encodes roughly
99% of the mitochondrial proteome, comprising approximately 1100 proteins. The mitochondrial
genome contains 37 genes that encode 13 proteins involved in OXPHOS, 22 tRNAs, and 2 rRNAs [67].
Mitochondria have two membranes: the outer mitochondrial membrane (OMM) and IMM which create
two distinct functional compartments: the IMS and the matrix (Figure 1.3A). The OMM is relatively
permeable and contains membrane proteins such as mitochondrial fission factor (MFF) and
mitochondrial Rho GTPase (MIRO) that regulate mitochondrial behaviour and cellular communication
through binding to dynamin. Additionally, the OMM contains voltage-dependent anion-selective
channels (VDACs) through which metabolites and small molecules can be transported [68]. The IMS
comprises roughly 5% of mitochondrial proteins and plays a crucial role in various cellular processes
such as metal metabolism, redox homeostasis, protein and lipid synthesis, and mitochondrial structure
and dynamics [69]. The highly selectively impermeable IMM folds to form invaginated structures known
as cristae, where the ETC proteins are embedded [45]. The mitochondrial matrix is the second functional
compartment where crucial metabolic pathways take place such as the TCA cycle, FAO, urea cycle, and
multiple biosynthetic mechanisms [70].

Mitochondria are dynamic reticular structures that continuously undergo cycles of fission and fusion.

Mitochondrial fission is the process through which one mitochondrion is split into two or more daughter
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mitochondria. Fission is a mitochondrial quality control process that can separate healthy mitochondria
from irreversibly damaged ones that will be selectively degraded by mitophagy [71,72]. However,
excessive fission is harmful and can be associated with pathological consequences such as impaired
mitochondrial bioenergetics, elevated oxidative stress, and cell death [73]. Mitochondrial fission is
mainly regulated by the GTPase dynamin-related protein 1 (DRP1), which is translocated from the
cytoplasm to the OMM to bind to several membrane proteins such as MFF and mitochondrial fission 1
protein (FIS1) [74-76]. FISI inhibits mitochondrial fusion by binding to mitofusin proteins and
suppressing their GTPase activity [77].

Mitochondrial fusion is the process by which 2 or more mitochondria fuse by merging their outer and
inner membranes. Fusion is driven by GTPase regulatory proteins: optic atrophy protein 1 (OPA1) and
mitofusin proteins, MFN1 and MFN2 [78,79]. Mitochondrial fusion starts with merging the OMM of
different mitochondria in a process mediated by MFN1 and MFN2. Then, the long form of OPA1 (L-
OPA1) induces the fusion of the IMM through its interaction with cardiolipins. L-OPA1 is cleaved to
generate the short isoform (s-OPA1), which further promotes IMM fusion by interacting with 1-OPA1
[80,81]. One of the fundamental roles of mitochondrial fusion is to enable the mixing and the transfer of

content between mitochondria [82] (Figure 1.3B).

1.4.5 Mitochondrial Biogenesis

Mitochondrial biogenesis is the process of producing new mitochondria, which is primarily regulated by
the coactivator PGC-1a. PGC-1a was initially identified as a master regulator of mitochondrial content
in skeletal muscle and brown adipose tissue (BAT) upon exposure to cold [83]. Several studies have
confirmed the implications of PGC-1a as a driver of mitochondrial biogenesis and oxidative capacity in
skeletal muscle. For instance, muscle-specific overexpression of PGC-1a has been shown to increase the

oxidative capacity of the tissue in mice [84]. In contrast, muscle isolated from PGC-1a knockout mice
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displayed decreased levels of mitochondrial metabolic markers (e.g., citrate synthase and succinate
dehydrogenase) and mtDNA [85,86].

Mitochondrial biogenesis involves various pathways and factors essential for synthesizing new
mitochondria such as mtDNA replication, mtDNA-encoded proteins, and nuclear-encoded mitochondrial
proteins. In response to cellular stressors like exercise and nutrient deprivation, PGC-1a is activated and
translocated from the sarcoplasm to the nucleus [87]. In the nucleus, PGC-1a upregulates the expression
of the nuclear respiratory factor 1 (NRF1) and NF-E2-related factor 2 (NRF-2), inducing the
transcription of genes encoding subunits of various mitochondrial respiratory complexes. Additionally,
NRF1 and NRF?2 initiate the expression of mitochondrial transcription factor A (mtTFA), essential for
mtDNA replication and transcription. Thus, the PGC-1a-NRF1/2-mtTFA axis plays an instrumental role

in the formation of new mitochondria [88,89].

1.4.6 Mitophagy

In contrast to the synthesis of new mitochondria through mitochondrial biogenesis, mitophagy is a form
of autophagy in which irreversibly dysfunctional mitochondria are selectively degraded through the
lysosomal pathway. Mitophagy is facilitated by fission that sorts out damaged mitochondria for
degradation [90]. However, excessive mitophagy can lead to cell death by substantial depletion of
mitochondria [91]. At fission sites, the interaction between DRP1 and the mitochondrial zinc (Zn*")
transporter, Zipl, initiates the import of Zn>" into the matrix and causes a localized decline in
mitochondrial membrane potential, triggering mitophagy [92]. Mitophagy and ROS are interconnected;
moderate levels of ROS trigger selective mitophagy, while high levels of ROS induce autophagy [93,94].
Mitophagy occurs through multiple sequential stages, including a decrease in mitochondrial membrane

potential, mitophagosome formation, transport of the mitophagosome to the lysosome, and degradation

and recycling of mitochondrial components [95]. Mitophagy can occur through ubiquitin (Ub)-
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dependent and Ub-independent pathways. The phosphatase and tensin homolog-induced putative kinase
1 (PINK1)-Parkin pathway is the most studied Ub-dependent mechanism. When mitochondrial
membrane potential decreases, PINK1 accumulates on the OMM, phosphorylates ubiquitin, and recruits
Parkin, which amplifies ubiquitination and triggers mitophagy [96] (Figure 1.3C). Mitophagy can also
occur in an Ub-independent way when PINK1 directly recruits several factors involved in mitophagy

independently of Parkin [97].
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Figure 1.3. Mitochondrial Structure, Dynamics, Biogenesis and Mitophagy

A) A representative scheme showing different mitochondrial membranes and compartments. The
respiratory chain is embedded in the IMM, particularly within the cristae. B) Mitochondrial biogenesis
involves various factors essential for synthesizing different mitochondrial components such as PGCla,
NRF1/2, and TFAM. Mitochondria undergo continuous cycles of fission and fusion that are controlled
by key regulatory proteins such as DRP1, MFN, and OPA1. C) During mitophagy, PINK1 accumulates
on the OMM and recruits Parkin. Activated Parkin ubiquitinates OMM proteins, marking the damaged
mitochondrion for encapsulation and subsequent degradation. Abbreviations: DRP1, dynamin-related
protein 1; IMM, inner mitochondrial membrane; IMS, intermembrane space; MFN, mitofusin; mtDNA,
mitochondrial DNA; NRF1/2, nuclear respiratory factor 1/2; OMM, outer mitochondrial membrane;
OPAL, optic atrophy 1; PGCla, peroxisome proliferator-activated receptor gamma coactivator-1 alpha;
Pink1, PTEN-induced kinase 1; TFAM, mitochondrial transcription factor A; Ub, ubiquitin. This figure
was created with BioRender.com
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1.5 Skeletal Muscle Growth

Maintaining muscle mass is a complex and multifactorial process influenced by various synthetic and
catabolic mechanisms. Different mechanical, nutritional, and oxidative stresses modulate signaling
pathways that converge on protein and organelle turnover, affecting the dynamic balance between
skeletal muscle growth and loss. Exercise training stimulates synthetic pathways in skeletal muscle,
leading to hypertrophy. Conversely, muscle disuse triggers catabolic pathways that cause muscle wasting

and atrophy. [98—100].

1.5.1 Skeletal Muscle Hypertrophy

Skeletal muscle hypertrophy can be initiated by chemical signals such as hormones and growth factors,
as well as by mechanical signals resulting from resistance muscle work and training. At a molecular
level, the IGF1-AKT-mTOR pathway is well-known to regulate muscle mass and protein synthesis [101].
Insulin-like growth factor 1 (IGF1) binds to its receptor, IGFIR, and activates a signaling pathway
through insulin receptor substrate (IRS1) and its downstream target, phosphatidylinositol-3-kinase
(P13K). Upon P13K activation, phosphatidylinositol-3,4,5 triphosphate (PIP3) activates AKT, which
promotes protein synthesis by activating the mammalian target of rapamycin (mTOR). mTOR forms two
complexes: mTORCI, which triggers protein translation via ribosomal S6 kinase 1 (S6K1) activation
and deactivation of the eukaryotic translation initiation factor 4E binding protein 1 (eIF4E-4EBP1)
inhibitor, and mTORC2, which promotes cell growth. Additionally, activated AKT inhibits glycogen
synthase kinase-3 beta (GSK3f), which no longer suppresses the eukaryotic translation initiation factor
2B (elF2B), further increasing protein synthesis [102]. Additionally, skeletal muscle growth can be
induced through AKT-independent pathways such as guanine nucleotide-binding protein (G-protein)
signaling via G protein subunit alpha 12(Gai2) activation and myostatin inhibition. Myostatin, which is

a member of the transforming growth factor beta (TGF-B) family, suppresses muscle growth via the
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SMA- and MAD-related protein 2 and 3 (SMAD2/3) pathway [103]. The inhibition of myostatin induces
hyper-muscularity in mice [104]. In humans, earlier studies have reported undesirable side effects when
myostatin inhibitors were tested [105]. However, more recent studies have shown that bimagrumab
(BYM-338), a dual-specific monoclonal antibody targeting the myostatin/activin-follistatin pathway,
safely improves lean mass and decreases fat mass in patients with T2D in response to exercise and diet
[106,107]. Other promising compounds that inhibit myostatin, such as trevogrumab (REGN-1033), are
still under development and testing [108]. Thus, beyond the IGF1-AKT-mTOR pathway, Gai2 signaling
pathway activation and myostatin blockade are two distinct pathways that promote muscle growth by

directly regulating mTOR downstream targets independently of AKT [109].

1.5.2 Skeletal Muscle Atrophy

Muscle atrophy, characterized by decreased muscle mass and strength, can be induced by several
catabolic conditions that promote muscle protein loss such as prolonged immobility, cancer, and
unhealthy aging. It is a multifactorial process that involves multiple proteolytic and apoptotic pathways,
which lead to lower protein content, smaller cross-sectional area of myofibers, and loss of muscle mass
and volume. When AKT is deactivated, forkhead box O (FOXO) transcription factors promote muscle
atrophy by upregulating key drivers of atrophy such as Atrogin-1 and muscle RING-finger protein-1
(MURFT1) [110]. Pro-inflammatory factors like interleukin 1 (IL-1), IL-6, and tumor necrosis factor-
alpha (TNFa), upregulate Atrogin-1 and MURF1, which promotes muscle atrophy by activating the p38
mitogen-activated protein kinase (p38 MAPK), nuclear factor-kappa B (NFkB), and the janus
kinase/signal transducers and activators of transcription (JAK/STAT) signaling pathways [111,98,112].
It has been shown that IL-6 can initiate a catabolic muscle state through STAT3 activation, whereas its
inhibition helps mitigate atrophy [113]. Furthermore, F-box protein 40 (FBX040) promotes muscle

atrophy by activating IRS1 ubiquitination, which inhibits the PI3K/AKT signaling pathway [114].
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Elevated Ca®’ levels also contribute to muscle atrophy, by activating the Ca**-regulated proteases,
calpains, that degrade cytoskeletal proteins and induce muscle necrosis [115,116]. Lastly, the
overactivation of apoptotic enzymes, particularly caspase 3, has been reported to be a major driver of

muscle atrophy[117].

1.5.3 Myogenesis

While hypertrophy increases the size of existing myofibers, myogenesis is the process by which new
muscle fibers are generated to support muscle growth during childhood and young adulthood, and to
repair damaged tissue. Myogenesis is a hallmark of healthy skeletal muscle tissue that can expand and
regenerate upon injury (Figure 1.4). This reparative capacity is driven by a special population of resident
stem cells called muscle satellite cells (MuSCs) found beneath the basal lamina of myofibers in a state
of quiescence [118,119]. In response to myofiber injury or chronic regeneration that is commonly
observed in muscular dystrophies, quiescent MuSCs become activated and express myogenic
progenitors that drive myogenesis and facilitate muscle repair. Additionally, exercise, particularly
resistance training, stimulates MuSC activation, promoting muscle adaptation to exercise manifested by

hypertrophy and muscle function enhancement [120,121].
1.5.3.1 Myogenic Transcriptional Program

Quiescent MuSCs are characterized by the expression of the paired-box transcription factor 7 (Pax7),
which is a crucial myogenic factor for muscle regeneration that suppresses differentiation genes [122].
Quiescent MuSCs also display several sarcolemmal membrane receptors that are unevenly distributed
on the cellular surface, serving as sensors to integrate niche-derived signals through cell-cell
communication, paracrine signaling, and extracellular matrix adhesion [123,124]. As MuSCs break
quiescence, they become activated and start to express a family of transcription factors known as

myogenic regulatory factors (MRFs). The MRFs include myogenic factor 5 (Myf5), myoblast
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determination protein 1 (MyoD), myogenin (MyoG), and myogenic regulatory factor 4 (MRF4/Myf6).
These MRFs, which are expressed in an orchestrated way, play a crucial role in defining lineage
specification and regulating myogenic fate. Myf5 is exclusively expressed in undifferentiated myoblasts,
while MyoD is expressed in activated MuSCs until the early stage of differentiation. MyoG and MRF4
expression lasts until the late stages of commitment and differentiation. Activated MuSCs that proceed
toward differentiation downregulate Pax7 expression levels. Finally, the fusion of myoblasts into
multinucleated myofibers is mediated by two muscle-specific membrane proteins called myomaker and

myomerger [125].
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Figure 1.4. Skeletal Muscle Regeneration

Satellite cell activation upon injury undergoes sequential myogenic phases to self-renew and
differentiate. Key myogenic regulators drive the activation and differentiation of satellite cells to repair
the injured area. Abbreviations: MRF4, myogenic regulatory factor 4; MyHc, myosin heavy chain;
MyoD, myoblast determination protein 1; MyoG, myogenin; Pax7, paired box 7. This figure was created
with BioRender.com
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1.5.3.2 The MuSC Microenvironment

The MuSC microenvironment or niche is complex and contains multiple cell types and extracellular
matrix (ECM) elements. Surrounding myofibers and cells including endothelial cells, pericytes,
macrophages, and fibro-adipogenic progenitors (FAPs) continuously influence MuSCs through
membrane-bound and secreted factors. Thus, MuSC behaviour and fate are regulated by their interaction

with different elements of the surrounding microenvironment [126,127].
1.5.3.3 MuSC Division Patterns

To balance self-renewal and commitment to differentiation, MuSCs can divide asymmetrically or
symmetrically. Upon activation, MuSCs undergo asymmetric divisions to generate one committed
progenitor and one daughter stem cell to sustain self-renewal. MuSCs can also undergo symmetric
divisions to produce 2 stem cells or 2 progenitors [123]. Structural and mechanical signals spatially
arrange these divisions by controlling proteins involved in the mitotic spindle. It has been reported that
dystrophin, responsible for myofiber membrane stability, regulates asymmetric divisions and self-
renewal. Dystrophin controls p38 MAPK activity and MyoD expression in MuSCs through the cellular
polarization of the partitioning-defective (PAR) complex. Epidermal growth factor receptors (EGFR)
can also promote asymmetric division and self-renewal through their polarized localization at the basal
surface of quiescent MuSCs, [128]. Additionally, the MuSC niche influences symmetric and asymmetric
divisions throughout different myogenic stages. During the early stage of regeneration, symmetric
divisions are predominant to ensure the expansion of the myogenic progenitor population. During the
terminal phase of regeneration, asymmetric divisions are predominant and lead to the production of

uncommitted MuSCs dedicated to the replenishment of stem cell pool [129].
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1.6 Redox Homeostasis in Skeletal Muscle

Redox is a term that refers to all reduction and oxidation reactions that involve electron transfer between
chemical species [130]. Redox reactions are indispensable for all living organisms given their central
roles in biological processes [131,132]. For instance, the electron transfer through different respiratory
complexes of the ETC is driven by a sequence of redox reactions. This electron flow is due to the
differences in the redox potential between the donor and the acceptor molecules with molecular oxygen
as the ultimate electron acceptor [133]. Cellular redox involves many redox couples in the forms of
coenzymes, essential to maintaining cellular function and homeostasis. For example, the NADH / NAD*
redox couple serves as a major electron carrier and signaling system [134]. Moreover, the reversible
oxidation of sulfur-containing amino acids in proteins plays a key role in redox signaling transduction,
modulating the function of proteins in response to various intrinsic and extrinsic cues [135]. However,
during redox reactions, electrons can slip to interact with oxygen, generating highly reactive molecules
with unpaired electrons and high oxidizing capacity. These reactive molecules generated in all aerobic
processes are essential for redox signaling mechanisms when produced at controlled physiological
levels. Conversely, when these species are available at very low or high concentrations, redox signaling

and homeostasis become disrupted [136].

1.6.1 Reactive Oxygen and Nitrogen Species

ROS is a collective term for various O-derived species that differ in nature, reactivity, and half-life.
These molecules can be classified into 2 groups, radical species with unpaired electrons in their outer
orbital like superoxide anions (O2"), hydroxyl radicals (HO¢), peroxyl (ROQe¢), and alkoxyl (RO¢), and
non-radical species like hydrogen peroxide (H:0:), hypochlorous acid (HOCI), and organic
hydroperoxides (ROOH). While O2"is known to be the precursor of all ROS, H20. serves as a major

mediator in many redox-sensitive pathways [137]. Additionally, nitric oxide (NO¢) is another oxidant
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compound that can be produced from L-arginine by nitric oxide synthase (NOS). NOe reactivity is low,
but it can generate a group of more reactive derivatives, known as reactive nitrogen species (RNS). For
example, NOe¢ can form highly reactive and harmful molecules such as peroxynitrite (ONOO~) by
interacting with O>~ [138,139]. In the following section, the major sources of ROS within skeletal muscle

tissue are described.

1.6.2 Different Cellular ROS Producers in Skeletal Muscle

Mitochondria are the primary source of ROS in skeletal muscle. Complexes I and III of the ETC are
involved in mitochondrial ROS (mtROS) emissions, as they represent sites of electron leakage.
[140,141]. mtROS emitted by complex I are oriented toward the matrix side of the IMM, whereas those
generated by complex III are released on both sides of the membrane [142]. More specifically, 10 sites
were identified as major ROS producers in the mitochondria including two sites in complex I, one site
in complex III, one site in complex II, and six dehydrogenases [143].

At complex I, electrons can be leaked through flavin mononucleotide (FMN) and CoQ to interact with
molecular oxygen and generate O2~ . Similarly, at complex III, ubisemiquinone (CoQHe¢) within the Qo
site contributes to O>~ generation [144,145]. Additionally, under low coenzyme Q pool and elevated PMF
conditions, complex I can produce Oz~ through reverse electron transfer (RET) from CoQH2 to NAD",
accompanied by increased levels of succinate. Clinically, RET is commonly observed during ischemia-
reperfusion, which occurs in the heart, the brain, and other organs [146,147]. The levels of mtROS
produced at these different sites vary depending on tissues. ROS can damage all cellular components,
causing lipid peroxidation, protein carbonylation, and DNA guanine oxidation. However, mtDNA is the
most vulnerable due to its proximity to ROS sources [148]. When mtROS levels exceed cellular
antioxidant capacity, the resulting oxidative stress can trigger the opening of the mtPTP through

oxidative modification of key structural proteins. When mtPTP is transiently opened, it facilitates the
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release of ROS and Ca?" and prevents their accumulation in mitochondria. When mtPTP opening is
prolonged, this can cause a secondary burst of ROS production, leading to cellular damage and death
[149]. Therefore, oxidative stress through mtROS, can be a major contributor to the pathophysiology of
many diseases, including neurodegenerative disorders, cardiovascular diseases, metabolic diseases, and
cancer [150].

Muscle cells also have non-mitochondrial ROS producers. The nicotinamide adenine dinucleotide
phosphate (NADPH) oxidase (NOX) family of proteins are membrane-bound enzymes that mediate
electron transfer through membranes. There are seven NOX isoforms, all known to produce O:" in
phagocytic cells and non-phagocytic cells, including skeletal muscle cells [151]. In skeletal muscle,
NOX2 and NOX4 are located in the sarcolemma and T-tubules, and NOX4 is located in the mitochondria.
NOX2 and NOX4 are involved in regulating Ca** metabolism and ROS production during muscular
contraction [ 152]. Xanthine oxidoreductase (XOR) is another non-mitochondrial ROS source in skeletal
muscle. XOR can produce O:" as a byproduct of hypoxanthine oxidation into uric acid [153]. The role
of XOR as ROS producer was confirmed using a specific XOR inhibitor called allopurinol [154].
Furthermore, several studies have identified XOR as a source of ROS in muscle atrophy and age-related
muscle mass loss [155]. In addition to mitochondria, NOX, and XOR, the sarcoplasmic reticulum can
contribute to ROS generation under specific conditions such as prolonged periods of inactivity or
exercise involving intense contractile activity [156]. Lastly, the sarcoplasmic enzyme phospholipase A2
can be a source of ROS production through NOX activation in a calcium-dependent and independent

manner [157].

1.6.3 Antioxidant Systems in Skeletal Muscle

Oxidative stress occurs when ROS production surpasses the cellular antioxidant capacities [158]. Cells

employ a network of enzymatic and non-enzymatic antioxidant defenses to detoxify excess ROS and
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prevent oxidative damage but still allow normal ROS signaling. These defenses can scavenge ROS
directly or convert ROS to less harmful molecules. The following sections describe the main antioxidant

systems in skeletal muscle.
1.6.3.1 Antioxidant Enzymes

To counteract oxidative stress, cells use a set of antioxidant enzymes like superoxide dismutase (SOD),
catalase (CAT), thioredoxins (TRX), and peroxiredoxins (PRX). The SOD family is composed of 3
isoforms: SOD1, SOD2, and SOD3. These isoforms catalyze the dismutation of Oz~ into H2O: in different
cellular compartments [159]. SODI is localized in the cytosol and IMS, whereas SOD?2 is exclusively
located in the mitochondrial matrix. The remaining isoform SOD3 exerts its enzymatic function in the
extracellular space [160]. It has been demonstrated that SODI is crucial for skeletal muscle health
maintenance, as its deletion contributes to the loss of muscle mass associated with aging [161]. CAT is
a 4-subunit enzyme that utilizes iron as a cofactor for its catalytic function [162]. CAT is predominantly
found in peroxisomes where it catalyzes the degradation of H20: into H20 and O:. Decreases in CAT
activity are associated with elevated H.O2 and with the onset of age-mediated muscle wasting [163].
Lastly, TRX and PRX, which share a similar structure, are mainly responsible for protein disulfide
reduction [164]. The TRX system contains 2 oxidoreductases, TRX1 and TRX2, and thioredoxin
reductase (TRXR). TRX1 and TRXRI1 are present in the cytosol, where TRX1 can translocate to the
nucleus to regulate the redox status of transcription factors. TRX2 and TRXR2 are found in the
mitochondria [165]. TRX receives electrons from NADPH to exert its antioxidant function and reduce
protein disulfide. TRX can also donate electrons to PRX, catalyzing the reduction of peroxides [166].
Studies have shown that muscle cells can secrete TRX1 as a “myokine” and its downregulated expression

contributes to the oxidative damage observed in atrophic muscles [167,168].
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1.6.3.2 Glutathione

Glutathione (GSH) is the most abundant non-enzyme antioxidant molecule in mammalian cells and is
found at millimolar levels [169,170]. In skeletal muscle, GSH acts as an antioxidant and regulates redox-
sensitive signaling pathways [171]. The oxidative type I fibers contain the highest levels of GSH,
whereas the glycolytic type II fibers have lower concentrations [ 172]. Interestingly, research has revealed
that GSH depletion disrupts muscle cell differentiation by activating NF-«B [173]. Furthermore,
multiomic approaches have identified dysregulated GSH metabolism as a key driver of MuSC
dysfunction associated with aging [174]. More importantly, restoring GSH synthesis has been able to
rescue the defective regenerative capacity of aged MuSCs [174]. In contrast, excessive GSH levels
induced by additions of N-acetyl cysteine (NAC) or GSH ethyl ester (GSHee) leads to reductive stress
and impairs myogenic differentiation [175]. Therefore, GSH intracellular levels need to be tightly

controlled in skeletal muscle.

1.6.3.2.1 Glutathione Synthesis

GSH is a tripeptide composed of cysteine, glutamate, and glycine, where the availability of cysteine is
the rate-controlling precursor for GSH biosynthesis. Due to the reducing environment within the cells,
about 98% of total glutathione (GSH + GSSG) exists in its reduced form (GSH); the remaining 2% exists
in its oxidized form (GSSG or glutathione disulfide) [176]. Therefore, the GSH: GSSG ratio can be used
to determine the GSH redox potential [177]. Also relevant is that GSSG can be exported to the
extracellular space through multidrug resistance protein 1 (MRPI) to prevent its intracellular
accumulation during prolonged oxidative stress conditions [178].

GSH is distributed unequally across various cellular organelles, with a concentration ranging from 1-10
mM in the cytosol, 5-10 mM in the mitochondria, and smaller concentrations in the nucleus and the ER

[179]. GSH synthesis occurs in the cytosol following two ATP-demanding steps. The first step is the
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formation of y-glutamylcysteine by glutamate-cysteine ligase (GCL), a reaction that can be inhibited by
GSH-mediated feedback. GCL has 2 subunits: a heavy subunit (GCLc) that exclusively catalyzes the
ligation process, and a modifier subunit (GCLm) that increases the substrate affinity and reduces
sensitivity to GSH inhibition. The second step is catalyzed by GSH synthetase (GSS) and leads to GSH
production after ligating y-glutamylcysteine with glycine. Unlike GCL, GSS activity cannot be inhibited

by GSH-mediated feedback [180-182].

1.6.3.2.2 Glutathione-mediated Direct Detoxification

GSH directly neutralizes a wide range of free radicals and pro-oxidant compounds. /n vitro studies have
indicated that GSH can interact with various oxygen-derived radicals, transition metals, and carbon-
centered radicals to form intermediate products. GSH can non-enzymatically react with O.~ and H20: to

reduce them, but at a slower rate than other enzymatic antioxidant systems [182,183].

1.6.3.2.3 Glutathione Peroxidases

The GSH peroxidase (GPX) enzymes neutralize H-0O- and other peroxides using GSH as a co-substrate.
GPX antioxidant activity is coupled to the oxidation of GSH to GSSG, which is converted back to its
reduced form by the NADPH-dependent enzyme, GSH reductase (GR) [184]. Therefore, maintaining a
high NADPH: NADP+ ratio through the pentose phosphate pathway (PPP) is essential for regulating
GSH: GSSG ratios and the cellular redox state. [182,185]. In addition to PPP, nicotinamide nucleotide
transhydrogenase (NNT) found in the IMM contributes to maintaining NADPH pools in the
mitochondrial matrix [ 186]. Among the eight isoforms of GPXs, GPX4 appears to be the most important
due to its cytosolic, mitochondrial, and nuclear localization and its role in detoxifying lipid
hydroperoxides [184]. GPX4 suppresses ferroptosis, an iron-dependent cell death, by neutralizing lipid
peroxides [187]. NADPH and selenium are necessary for inhibiting ferroptosis since NADPH acts as a

reducing agent and selenium is essential for the synthesis and catalytic activity of GPX4 [188].
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1.6.3.2.4 Glutathione S-transferases

GSH is also a cofactor for GSH-S-transferase (GST), which detoxifies electrophilic compounds by
making them more hydrophilic and less toxic [184]. GST isoforms neutralize a wide range of non-polar
electrophilic compounds derived from exogenous and endogenous sources [189]. Among different
isoforms, cytosolic GSTs are the most enzymatically active compared to those found in other cellular
compartments like mitochondria and microsomes. Xenobiotics induce the expression of the GSTs
through regulatory elements in their gene promoter regions, including the antioxidant response element

(ARE), xenobiotic response element (XRE), and glucocorticoid response element (GRE) [190,191].

1.6.3.2.5 Protein S-glutathionylation

Protein S-glutathionylation (protein S-SG) is a reversible post-translational modification that protects
proteins from irreversible oxidation and involves the enzymatic or non-enzymatic formation of a
disulfide bond between GSSG and cysteine thiol groups of the targeted protein [192]. This post-
translational modification plays a central role in the transduction of redox signals and the regulation of
cellular behavior by modulating the activity of the targeted proteins. For example, in oxidative stress, S-
glutathionylation transiently inhibits the activity of glycolytic enzymes such as aldolase, GAPDH,
phosphoglycerate kinase (PGK), and enolase, to support NADPH pool replenishment through PPP and
ROS neutralization [193,194]. Within oxidatively stressed mammalian mitochondria, s-glutathionylation
of cysteine residues (Cys-531 and Cys-704) on the 75-KDa subunit of complex I of the ETC,
downregulates its activity while simultaneously protecting it from oxidative damage [195]. When redox
homeostasis is re-established, the glutaredoxin enzymes (GRXs) detect these changes and initiate
deglutathionylation to return key enzymes and metabolic processes to their active state [196]. GSH can
reverse protein s-glutathionylation (protein-SSG) and protein sulfenylation (protein-SOH) to restore

protein function. However, sulfenic acids are highly reactive and can be irreversibly oxidized to form
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sulfinic acid residues (protein-SO>H) and sulfonic acid residues (protein-SOs;H), which can lead to
protein dysfunction. Therefore, the production of sulfinic and sulfonic acids is an indication of severe

oxidative damage of proteins [197].

1.7 Cysteine
Cysteine is a thiol-containing semi-essential amino acid that plays a role in the synthesis of numerous
proteins and in maintaining cellular redox by being the rate-controlling precursor for GSH biosynthesis.

[198]. This section explores cysteine bioavailability, sources, and transport mechanisms.

1.7.1 Cysteine Bioavailability and Sources

Although cysteine is not abundantly present in human food, dietary intake of free cysteine remains the
primary source of this amino acid for cells. The oxidative environment in the plasma drives the
dimerization of free cysteine into cystine, making it the most bioavailable form for cellular uptake
[199,200]. Cysteine concentration in plasma ranges between 200-300 uM and is distributed as follows:
65% of total plasma cysteine is bound to proteins via s-cysteinylation [201], 30% exists in its oxidized
dimer form as cystine, and less than 5% is present in its reduced monomer form as cysteine [202]. Many
reports have shown that aging is associated with increased levels of cystine in plasma and decreased
GSH levels in various tissues, including muscles [203,204,202]. Low intracellular availability of
cysteine may contribute to this age-related GSH decline, elevated oxidative stress, and apoptosis in
muscle cells [205,206]. However, dietary cysteine supplementation and a cysteine-rich diet showed
beneficial effects in the elderly by increasing muscle strength and improving muscle health [207,208].

While dietary intake is important, protein degradation, GSH breakdown, and the transsulfuration
pathway are endogenous sources of intracellular cysteine [209,210]. The first step of the transsulfuration
pathway is the production of homocysteine from dietary methionine. Then, homocysteine and serine
condense to form cystathionine by cystathionine -synthase (CBS). Next, cystathionine y-lyase (CTH)
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mediates the production of cysteine from cystathionine, along with ammonia and a-ketoglutarate [211].
De novo cysteine synthesis involves serine biosynthesis from glucose-derived 3-phosphoglycerate (3PG)
in a 3-step process catalyzed sequentially by phosphoglycerate dehydrogenase (PHGDH), phosphoserine
aminotransferase 1 (PSAT1), and phosphoserine phosphatase (PSPH). Then, serine can either enter the
transsulfuration pathway for cysteine biosynthesis or be converted to glycine by serine
hydroxymethyltransferase (SHMT) [212].

Cysteine can also serve as a cellular precursor for the synthesis of hydrogen sulfide (H2S), which is a
gasotransmitter involved in diverse physiological functions. The endogenous generation of H2S can be
catalyzed by 3 enzymes: CBS, CTH, and 3-mercaptopyruvate sulfurtransferase (3MST) [213]. CBS and
CTH are found in the cytosol and use cysteine as a substrate, whereas 3MST is mitochondrial and uses
homocysteine as a substrate [214]. H>S has been shown to improve skeletal muscle health in Duchenne
muscular dystrophy (DMD) mouse models through its antioxidant, anti-inflammatory, and anti-apoptotic

properties [215,216].

1.7.2 Non-specific Cysteine Transporters

As previously mentioned, only a small fraction of circulating cysteine exists in its reduced monomer
form. The uptake of cysteine from the extracellular environment occurs through non-specific transporters
such as excitatory amino acid transporters (EAATSs) and alanine-serine-cysteine transporters (ASCTs).
The primary function of EAATs is to import glutamate and aspartate in neurons. However, skeletal
muscle cells can use EAAT3 to import cysteine in exchange for glutamate [217]. Additionally, ASCTs
belong to a family of Na*-dependent transporters that can import multiple neutral amino acids, including
cysteine. The two isoforms ASCT1 (SLC1A4) and ASCT2 (SLC1AS) preferentially import the reduced

cysteine monomer [218].
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1.7.3 Cystine/glutamate Antiporter, System Xc-

1.7.3.1 System Xc-Function and Structure

System Xc-, also known as cystine/glutamate antiporter, is a specific transport system responsible for
importing cystine, the oxidized dimer form of cysteine [219] (Figure 1.5). System Xc- was initially
discovered in human fetal lung fibroblasts in 1980 [220]. This antiporter exchanges extracellular cystine
for intracellular glutamate in a 1: 1 ratio [221]. System Xc- can transport each amino acid in both
directions. However, due to the rapid intracellular reduction of cystine into cysteine and the higher
intracellular glutamate concentration, system Xc- transport activity is predominantly directed toward
cystine import and glutamate export [222]. System Xc~ transport activity can be inhibited by extracellular
glutamate, structurally related endogenous compounds, and various pharmacological agents such as
erastin, sulfasalazine, imidazole ketone erastin (IKE), sorafenib, and HG106 [223]. Despite their lack of
specificity and off-target effects, all of these pharmacological inhibitors can induce ferroptosis, a unique
iron-dependent cell death modality [223,224].

System Xc~ has a heterodimeric structure composed of a light chain xCT (SLC7A11) and a heavy chain
4F2hc (CD98/SLC3A2), linked together by a disulfide bond [225]. The 4F2hc subunit, which is shared
by multiple amino acid transport systems, facilitates the proper membrane localization of the transporter
system. In contrast, the light chain xCT, exclusively bound to 4F2hc, is specific to cystine-glutamate
exchange. The murine XCT subunit is encoded by the SLC7411 gene and made of 502 amino acids,
displaying high sequence similarity with other light chains of heterodimeric amino acid transporters
(HATs) [226]. Studies have predicted xCT to have 12 transmembrane domains, with both N- and C-
termini facing the cytoplasm [227]. Furthermore, it has been documented that the human version of xCT
protein is 501 amino acids long with 89% identity and 93% similarity with the murine isoform of xCT

[228].
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In our studies, we used subtle gray (Slc7al1%¥**") mice, which are genetically null for xCT, alongside
background-matched controls (C3H/HeSnJ). These mice carry a spontaneous mutation in the last exon
of Slc7all that causes both a truncation and a substitution, producing a non-functional XCT protein. As
a result, Slc7all**¥*"t mice produce less pheomelanin, the cysteine-dependent yellow pigment in
melanocytes, giving them their characteristic subtle grey fur [229]. In addition, they exhibit a moderate
platelet storage pool deficiency, making them a relevant model for studying Hermansky-Pudlak
syndrome, an autosomal recessive disorder characterized by prolonged bleeding, albinism, and immune

dysfunction [230].
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Figure 1.5. Various Sources of Cysteine and GSH Biosynthesis

Specific and non-specific transporters of cyste(i)ne, the rate-limiting substrate of GSH biosynthesis in
the cytosol. Abbreviations: ASCT]1, alanine serine cysteine transporter 1; CBS, cystathionine beta-
synthase; CTH, cystathionine gamma-lyase; EAAT, excitatory amino acid transporter; ER, endoplasmic
reticulum; GCL, glutamate-cysteine ligase; GSH, glutathione; GSS, glutathione synthase; TRRI,
thioredoxin reductase. This figure was created with BioRender.com
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1.7.3.2 System Xc-Molecular Regulation

System Xc- activity can be induced by various stressors. Standard cell culture conditions with
atmospheric oxygen (21%) trigger system Xc- activity in several cell types [231-233]. System Xc-
activity can be also induced by factors and reagents that cause oxidative insults such as glucose oxidase,
paraquat, diethyl maleate (DEM), and heavy metals [225,234]. Cystine starvation has been found to
induce system Xc- activity by depleting intracellular levels of GSH. Other than the cysteine dimer,
cystine, decreased levels of other amino acids can upregulate system Xc- activity [235]. Additionally,
inflammatory stimuli such as the bacterial lipopolysaccharides (LPS) and TNFa have been reported as
potent inducers of system Xc- activity [236]. However, a substantial amount of research has
demonstrated that system Xc- activity is mainly driven by the light chain xCT expression rather than the
expression of its heavy chain 4F2hc [237,238,226]. At a molecular level, it has been documented that
xCT expression can be regulated by various transcriptional, post-transcriptional, and post-translational
mechanisms.

At a transcriptional level, the master regulator of anti-oxidative responses, NRF2, activates xCT
expression in response to oxidative stress conditions [239]. In the absence of oxidative stress, Kelch-like
ECH-associated protein 1 (KEAP1) degrades NRF2 to maintain its levels low. However, oxidative stress
disrupts KEAP1-mediated degradation, allowing NRF2 to activate target gene expression through
antioxidant response elements (AREs), also known as electrophile response elements (EpREs) [240].
Additionally, the stress response regulator activating transcription factor 4 (ATF4) controls xCT
expression in response to amino acid starvation. When amino acid levels are depleted, activated ATF4
binds to amino acid response elements (AARESs) in the promoter region of its downstream target xCT,
to initiate its expression [235,241,242]. ATF4 also plays a crucial role in the mitochondrial reparative

response known as mitochondrial integrated stress response (mtISR) [243]. This response promotes
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cellular recovery in response to mitochondrial stressors by mediating transcriptional and metabolic
reprogramming [244]. Once activated, the phosphorylation of the eukaryotic translation initiation factor
2 alpha (elF2a) suppresses global protein synthesis and selectively activates the translation of ATF4 and
other stress-responsive factors such as ATF5 and C/EBP homologous protein (CHOP) [245-247]. These
alterations at the translational level attempt to minimize cellular energy demands and mitigate
mitochondrial dysfunction. When stress conditions are severe, the mt-ISR can activate apoptotic
pathways to remove irreversibly damaged cells [244,248].

Post-transcriptional mechanisms can also modulate the expression of xCT. For example, microRNAs
such as miR-27a, miR-26b, and miR-375 have been shown to degrade xCT mRNA through nonsense-
mediated mRNA decay [249-251]. Histone 2 A mono-ubiquitination mediated by BRCA1-associated
protein 1 (BAP1) or polycomb repressive complex 1 (PRC1) can suppress xCT expression [252,253].
Protein-protein interaction and various post-translation modifications are also involved in controlling
xCT expression and transport activity. The glycoprotein variant, CD44v, has been found to stabilize xCT
and support its transport activity [254]. Moreover, it has been shown that EGFR interacts with xCT to
support its insertion into the plasma membrane [255]. Conversely, mMTORC2 binds to the cytosolic N
terminal side of xCT and suppresses its transport activity by phosphorylation at serine 26 [256] (Figure

1.6).
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Amino Acid
Starvation

Figure 1.6. Molecular Regulators of xCT Induction and Suppression

Different pathways and factors involved in regulating xCT expression and activity at transcriptional,
post-transcriptional, and post-translational levels. Abbreviations: BAP1, BRCA1-associated protein 1;
CD44v, variant isoform of the CD44 protein; EGFR, epidermal growth factor receptor; LPS,
lipopolysaccharides; mTORC2, mammalian target of rapamycin complex 2; PRCI, polycomb repressive
complex 1; TNFa, tumor necrosis factor alpha. This figure was created with BioRender.com
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1.8 Metabolic and Redox Implications in Skeletal Muscle Regeneration
1.8.1 Metabolic Regulation of Myogenesis

Metabolic processes play key roles within stem cell populations by determining stem identity, fate, and
function [257-260]. In this section, the implications of metabolic regulation of myogenesis will be
explored.

The capacity of quiescent MuSCs to inactivate their catabolic pathways enables them to survive up to
30 days post-mortem [261]. It has been demonstrated through RNA-seq analyses that quiescent MuSCs
have a high expression of genes involved in FA transport and oxidation and a relatively low expression
of genes implicated in glycolytic metabolism [262]. It is well established that mitochondrial FAO
supports MuSC quiescence by maintaining high levels of NAD™, which are required for SIRT 1-mediated
histone H4 lysine 16 (H4K16) deacetylation that in turn suppresses the transcription of myogenic factors
[263]. Additionally, it has been reported that FAO inducers and NAD" supplementation enhance MuSCs
function, whereas FAO inhibition leads to premature MuSCs differentiation [264]. Moreover, a short-
term 40% caloric restriction diet in young and old mice has been shown to improve MuSCs engraftment
post-transplantation, but its direct contribution to quiescence is still underexplored [265,266]. High FAO
and low glycolysis in quiescent MuSCs deplete acetyl-CoA levels, which also limits histone and protein
acetylation processes needed for myogenic activation [267]. Furthermore, it is thought that the reliance
of quiescent MuSCs on FAO contributes to regenerative capacity maintenance by maintaining low levels
of ROS emissions [268].

MuSC activation is characterized by a metabolic shift from OXPHOS and FAO toward anaerobic
glycolysis [263,269]. Studies have shown that the pharmacological inhibition of glycolysis or the genetic
suppression of lactate dehydrogenase A-subunit (LDHA) disrupts MuSCs expansion and self-renewal

capacity. In contrast, LDHA overexpression enhances glycolysis and supports MuSC proliferation. It has
pacity, P
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also been documented that AMPKal genetic suppression can improve MuSCs proliferation by impairing
mitochondrial function and shifting cellular metabolism toward glycolysis [270]. The metabolic
reprogramming in activated MuSCs is somewhat similar to the Warburg effect in cancer cells, where
aerobic glycolysis upregulates glucose uptake to channel glucose-derived carbons into anabolic
processes. This metabolic adaptation promotes de novo biosynthesis of macromolecules including
nucleotides, amino acids, proteins, and lipids, and supports cell growth and proliferation [271].

Lastly, during differentiation, MuSCs shift their metabolism back to OXPHOS, accompanied by an
upregulation of mitochondrial biogenesis. This remarkable reliance on oxidative metabolic pathways
during differentiation has been further validated by evidence showing that suppression of the key driver
of mitochondrial biogenesis, mtTFA, significantly impairs myogenic differentiation. Furthermore, upon
muscle injury ROS emitted from mitochondrial ETC and cytosolic NOX, contribute to the regulation of
myogenic differentiation [269]. Controlling ROS levels through various cellular antioxidant defenses is
essential for effective muscle repair. In line with this notion, inhibition of the antioxidant genes, paired-
like homeodomain transcription factor 2 (PITX2) and PITX3, has been associated with impaired
regenerative potential and premature differentiation in MuSCs [272]. Finally, the phosphorylation of
p38a has been proposed as a mechanism by which ROS regulates MuSC differentiation. This idea is
supported by studies revealing that either p38a phosphorylation inhibition or NAC-mediated ROS

neutralization disrupts myogenic differentiation [269].

1.8.2 Redox Regulation of Myogenesis

Redox signaling plays a pivotal role in driving different phases of the myogenic program. ROS can
influence gene expression and modulate key transcriptional factors involved in myogenesis. For
example, the suppression of NOS has been shown to inhibit MuSCs activation, whereas, NO+ donation

rescues defective activation and increases the number of Pax7+ cells [273]. NOe has also been reported
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to support MuSCs self-renewal by regulating their migration and polarity [274]. As previously
mentioned, the high dependency on glycolytic metabolism in activated MuSCs depletes NAD™ levels
needed for SIRT1 activity, which triggers MyoD transcription through elevated H4K 16 acetylation [263].
Moreover, increased levels of ROS in differentiating MuSCs have been shown to promote focal adhesion
kinase (FAK) translocation to the nucleus, where it interacts with methyl CpG-binding protein 2 (MBD?2)
[275]. This interaction induces MyoG expression through the dissociation of MBD2 with the histone
deacetylase complex 1 (HDAC1) and methyl CpG sites in the MyoG promoter [275].

At the translational and protein post-translational levels, redox-sensitive pathways further regulate
MuSC function and fate. For example, inhibition of the Notch pathway has been reported to cause
impaired MuSC activation. It is well-recognized that Notch signaling in non-muscle cells can be
influenced by NOXI1-produced ROS, suggesting that Notch may impact myogenesis in a redox-
dependent manner [276,277]. Additionally, several studies have shown that the activity of the Wnt/p-
catenin pathway, which plays a role in stem cell fate, can be modulated for example by TRX,
nucleoredoxin, and selenium [278,279]. Selenium is important through its antioxidant role as an essential
component of several GPX enzymes [280].

Protein signaling cascades are also regulated by cellular redox and thus influence MuSC transition from
one myogenic phase to another. During quiescence, MuSCs maintain redox balance by upregulating
antioxidant genes such as GPX3 and TRXR1 [281]. This characteristic of quiescent MuSCs indicates
the importance of redox homeostasis in maintaining the stem cell pool. Cellular redox also regulates
multiple pathways involved in MuSCs transition from quiescence to activation. For instance, early
studies demonstrated that low levels of O.~ and H>O; induce mammalian cell proliferation [282]. In
contrast, it has been reported that NOX suppression and NAC treatment impair MuSCs proliferation by

modulating cyclin D1 expression through PI3K/AKT and NF-«B pathways [283,284]. Additionally, the
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implications of cellular redox in the control of MuSCs proliferation have been extensively studied using
various mouse genetic models. For instance, it has been observed that MuSCs isolated from GPX1-
deficient and SOD1-G93A mice exhibit impaired proliferation compared to wild-type counterparts
[285,286]. During differentiation, in vitro studies have revealed that MuSCs display a decreased
expression of NOX4. Furthermore, the overexpression and inhibition of the NOX subunit, DUOXAI,
have been shown to impair and induce myogenic differentiation, respectively [287]. Additionally, it has
been documented that treating cultured MuSCs with reducing agents like dithiothreitol (DTT) and
resveratrol promotes differentiation, whereas excessive levels of H>O» interfere with myogenesis
[288,289]. In vivo, various pathways involved in GSH redox and metabolism, such as NF-kB and NRF2-
GCL/GR-GSH, play a key role in myogenic differentiation [290]. It has been observed that NRF2
deficiency in mice perturbs muscle recovery post-cardiotoxin (CTX) injury by impairing the balance
between MuSC proliferation and differentiation [291]. Furthermore, inhibiting NRF2 downstream target
gene, carbonyl reductase 1 (CBR1) has been associated with elevated ROS levels and aberrant muscle
regeneration [292]. Consistently, deleting the ROS inducer P66 (ShcA) has been shown to induce faster
muscle regeneration following hind limb ischemia [293].

However, contrary to the conventional concept of ROS as detrimental molecules, mtROS, particularly
H>O», are necessary for myogenic differentiation progression. It has been demonstrated that inhibiting
mtROS production with mitochondria-targeted antioxidant reagents like MitoQ or MCAT disrupts
MuSCs differentiation [294]. Moreover, this critical role of ROS in myogenesis has been further
confirmed through skeletal muscle regeneration studies conducted in conditional mutants of the
antioxidant genes PITX2/3. Loss of PITX2/3 has been shown to increase MuSCs senescence by
downregulating NRF1 expression and elevating ROS emission levels. However, this phenotype could

be rescued by NAC treatment in a dose-dependent manner [272]. Altogether, these studies indicate that
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the myogenic program is largely influenced by redox signaling, where ROS can either promote or

suppress the process depending on their concentration and timing.

1.9 Glutathione Redox and ROS in Skeletal Muscle-related Diseases

It is well known that oxidative stress largely contributes to the pathogenesis of many skeletal muscle
diseases such as muscular dystrophies, metabolic disorders, and sarcopenia. Therefore, understanding
the significance of redox homeostasis in skeletal muscle function in the development of diseases is

essential.

1.9.1 Muscular Dystrophies

Muscular dystrophy is a group of genetically inherited muscle disorders with diverse clinical and
molecular characteristics. The main clinical characteristics of dystrophic muscles are atrophy and
functional decline. DMD is the most severe and prevalent form of muscular dystrophy. DMD is an X-
linked recessive disorder caused by a mutation in the dystrophin gene that encodes the cytoskeleton
protein dystrophin. This mutation interferes with muscle cell integrity and makes myofibers highly
vulnerable to mechanical stress, with defective reparative capacity [295]. Various disrupted cellular
processes can contribute to DMD progression, including dysregulated Ca’* metabolism, chronic
inflammation, mitochondrial stress, and excessive ROS production [296,297]. In this section, we will
explore several studies that have revealed the implications of redox stress in DMD pathophysiology.
The mdx mouse model, which carries a spontaneous mutation of the dystrophin gene, has been
extensively used in research as a model for DMD since its first description in 1984 [298]. Interestingly,
myofibers isolated from mdx mice have been shown to have a pronounced susceptibility to oxidative
damage [299]. Additionally, it has been reported that muscle of DMD patients and mdx mice displays an
upregulated expression of various antioxidant enzymes, in a failed attempt to restore dysregulated redox
homeostasis [300]. Consistently, muscle biopsies from DMD patients demonstrate an increased activity
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of NOX2 and elevated levels of ROS, especially during the early stages of the disease [301]. Another
study has emphasized the contribution of oxidative stress to DMD progression by showing that NAC
treatment can mitigate muscle degeneration in mdx mice [302]. Furthermore, it has been shown that the
pharmacological suppression of bromodomain-containing protein 4 (BRD4), which regulates the
KEAP1/NRF2 pathway, can lower oxidative stress and muscle damage in mdx mice [303]. Additionally,
treating the mdx mice with the synthetic mimetic of SOD and CAT, EUK-134, has been associated with
a decrease in oxidative stress levels in the diaphragm muscle [304]. Importantly, research has revealed
that hind limb muscles of mdx mice have a defective GSH synthesis, low GSH: GSSG ratio, and
increased GR activity [305,304]. Increased levels of Ca*' can exacerbate DMD-associated oxidative
stress by disrupting mitochondrial function and increasing ROS production. Furthermore, the damaged
sarcolemma typically observed in DMD triggers mast cell degranulation, which increases oxidative

stress levels due to excessive ROS emitted by activated neutrophils and macrophages [306].

1.9.2 Metabolic Diseases

Skeletal muscle is the primary site for insulin-stimulated glucose uptake, accounting for 70-90% of
insulin-stimulated glucose disposal at the whole body level [307]. Insulin resistance in skeletal muscles,
manifested by impaired insulin-stimulated glucose uptake is the main driver of type 2 diabetes (T2DM)
[308]. Oxidative stress impacts the pathogenesis of skeletal muscle insulin resistance and related
metabolic diseases [309]. The first direct evidence of a causal link between oxidative stress and insulin
resistance was demonstrated in 2006, using TNFa and dexamethasone to induce insulin resistance in
adipocytes [310]. Consistent with this finding, ROS scavenging has been shown to restore insulin
sensitivity [310]. Furthermore, muscle from patients with T2DM and high-fat diet-fed mice display
mitochondrial dysfunction associated with elevated mtROS emission [311,312]. Other studies have

revealed that the activation of nucleotide-binding oligomerization domain protein-2 (NOD2) contributes
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to insulin resistance by increasing mtROS generation [313]. Research has also shown a correlation
between insulin sensitivity and the expression levels of the mitochondrial deacetylase SIRT3, which is
known to regulate skeletal muscle metabolism, AMPK activation, and ROS levels [314-316].
Interestingly, SIRT3 downregulation in human endothelial cells and obese mice has been associated with
increased mtROS production and dysregulated insulin signaling [317]. Another study has demonstrated
that the first-line antidiabetic medication, metformin enhances insulin-dependent muscle glucose uptake
in a SIRT3-AMPK-dependent manner, further indicating the importance of ROS signaling in glucose
metabolism [318].

Beyond mtROS, cytosolic NOX isoforms can also be involved in the development of skeletal muscle
insulin resistance. Under normal healthy conditions, NOX2-generated ROS are required as signaling
molecules to regulate many cellular processes, including glucose uptake, insulin signaling, and Ca®"
metabolism. When cellular homeostasis is perturbed, NOX2 becomes over-activated by angiotensin II
and disrupts insulin signaling in muscle cells [319]. Aligned with this notion, it has been reported that
muscles from high-fat diet-induced insulin-resistant C57BL/6 mice display upregulated levels of NOX2
[320]. Conversely, NOX2 inhibition with apocynin in heart failure mouse models has been found to
enhance skeletal muscle insulin sensitivity by upregulating serine phosphorylation of AKT and
promoting GLUT4 translocation [321]. Lastly, XOR-produced ROS can also modify skeletal muscle
insulin sensitivity. Studies have shown that inhibiting XOR can mitigate insulin resistance by decreasing
oxidative stress and enhancing mitochondrial function in streptozotocin-induced diabetic mice and male
Wistar rats fed a high-fat diet [322,323]. These findings indicate that ROS produced by different sources
within muscle cells play a crucial role in regulating insulin sensitivity and maintaining metabolic
homeostasis. While these findings highlight a significant role of ROS in promoting insulin resistance,

some studies suggest that ROS implications are secondary rather than causal in this metabolic
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dysfunction. Specifically, some studies have shown that ROS can enhance insulin signaling. For
example, it has been reported that GPX1 knockout mice are protected from high-fat diet-induced insulin

resistance, suggesting a potential insulin-sensitizing effect of ROS [324].

1.9.3 Sarcopenia

Sarcopenia is an age-related decline in muscle mass and function that leads to a compromised quality of
life and higher mortality rates in older adults [325]. Sarcopenia begins around age 40, with a muscle
mass loss rate of 8% per decade, which increases to 15 % per decade after the age of 70 [326]. Although
sarcopenia is often linked to aging, it can also be caused by other chronic pathological conditions such
as cancer and cardiovascular diseases where it is referred to as secondary sarcopenia [327,328].
Sarcopenia-related muscle loss is often associated with the buildup of lipids within muscle fibers.
Moreover, there appear to be effects on MuSCs, which can transition to adipogenic phenotypes. This
transition is mediated at least in part by ROS [329]. Altogether, sarcopenia leads to muscle atrophy,
characterized by fewer muscle fibers and a smaller cross-sectional area of remaining fibers, as well as
accumulation of lipids in muscles, as observed in both rodents and humans [330].

With specific regard to aging-associated processes, elevated oxidative stress and mitochondrial
dysfunction are key contributors [325,331]. It has been demonstrated that increased oxidative stress in
aged muscles disrupts signaling pathways and impairs the maintenance of muscle mass [332]. Indeed,
MuSCs during aging display a decline in their proliferative and self-renewal capacities, leading to
diminished regenerative potential [333-335]. Quiescent MuSCs show minimal mitochondrial
metabolism, increased ROS production, and reduced antioxidant capacities during aging [336]. MuSCs
from older adults also exhibit low activity of antioxidant enzymes such as CAT and GSTs [337].
Recently, it has been demonstrated in MuSCs isolated from aged C57BL/6 mice that impaired GSH

synthesis and metabolism are key drivers of defective regenerative capacity. Specifically, authors
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reported that perturbed GSH levels and redox in aged MuSCs increase pro-inflammatory and pro-aging
responses, as evidenced by enrichment in the target genes of NF-kB and SMAD3 [174]. Furthermore,
many redox-sensitive signaling pathways such as Notch, Wnt, p38MAPK, and JAK/STAT3 are
dysregulated in aged MuSCs [338-340]. Oxidative stress in old MuSCs can disrupt protein homeostasis
function by altering the ubiquitin-proteasome system, autophagy, and chaperone activity [341]. Lastly,
mitochondrial dysfunction and subsequent excess of ROS observed in sarcopenic muscle, have been
reported to trigger proteolytic and apoptotic pathways, leading to MuSC senescence in rat gastrocnemius
muscle [342]. Despite substantial research indicating a correlation between ROS and age-related muscle
loss, some studies challenge this association, suggesting that ROS may not be the primary driver of
sarcopenia. For instance, while SS31 decreased mtROS and enhanced mitochondrial integrity and
mitophagy in the skeletal muscle of old C57BL/6 mice, it did not reverse sarcopenic muscle mass and
loss of strength [18]. Therefore, further research is needed to enhance our understanding of ROS

implications in sarcopenia-related muscle wasting.

1.10 Aims and Hypotheses

Despite the recent advances in understanding the implications of cellular redox in skeletal muscle
homeostasis, there are many unanswered questions. In particular, the role of the cystine/glutamate
antiporter, XCT has been poorly understood. Therefore, the overarching goal of my research has been to
explore the role of XCT in the regulation of skeletal muscle redox, metabolism, and regeneration. The
overall hypothesis was that xCT controls skeletal muscle redox and plays a crucial role in skeletal muscle
metabolism and regeneration.

Aim 1: To elucidate the role of xCT during myogenic differentiation.

Hypothesis: Cystine/glutamate antiporter XCT controls skeletal muscle regeneration and metabolism

through modulating GSH redox.
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Aim 2: To examine the impact of impaired or inhibited XCT activity on metabolic pathways, cellular
bioenergetics, and mitochondrial morphology in proliferating MuSCs.
Hypothesis: xCT deficiency perturbs redox balance, disrupts mitochondrial dynamics, and alters

metabolic pathways in proliferating MuSCs.
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2.2 Abstract

Cysteine, the rate-controlling amino acid in cellular glutathione synthesis is imported as cystine, by the
cystine/glutamate antiporter, xCT, and subsequently reduced to cysteine. As glutathione redox is
important in muscle regeneration in aging, we hypothesized that xCT exerts upstream control over
skeletal muscle glutathione redox, metabolism and regeneration. Bioinformatic analyses of publicly
available datasets revealed that expression levels of xCT and GSH-related genes are inversely correlated
with myogenic differentiation genes. Muscle satellite cells (MuSCs) isolated from Slc7al15*V*" mice,
which harbour a mutation in the Slc7all gene encoding xCT, required media supplementation with 2-
mercaptoethanol to support cell proliferation but not myotube differentiation, despite persistently lower
GSH. Slc7al1%¥s" primary myotubes were larger compared to WT myotubes, and also exhibited higher
glucose uptake and cellular oxidative capacities. Immunostaining of myogenic markers (Pax7, MyoD,
and myogenin) in cardiotoxin-damaged tibialis anterior muscle fibres revealed greater MuSC activation
and commitment to differentiation in Slc7al1°""** muscle compared to WT mice, culminating in larger
myofiber cross-sectional areas at 21 days post-injury. Slc7al1%"¥** mice subjected to a 5-week exercise
training protocol demonstrated enhanced insulin tolerance compared to WT mice, but blunted muscle
mitochondrial biogenesis and respiration in response to exercise training. Our results demonstrate that
the absence of XCT inhibits cell proliferation but promotes myotube differentiation by regulating cellular
metabolism and glutathione redox. Altogether, these results support the notion that myogenesis is a
redox-regulated process and may help inform novel therapeutic approaches for muscle wasting and
dysfunction in aging and disease.

Keywords: redox, glutathione, mitochondria, oxidative phosphorylation, glycolysis, myogenesis
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2.3 Introduction

Adult skeletal muscle demonstrates remarkable plasticity and regenerative capacity in response to
various intrinsic and extrinsic stimuli, such as those associated with exercise and injury [1]. Muscle stem
cells, also known as muscle satellite cells (MuSCs), facilitate postnatal skeletal muscle growth, repair,
and regeneration [1,2]. MuSCs cells reside in a quiescent state (GO phase) beneath the basal lamina of
postmitotic multinucleated myofibers and rely predominately on mitochondrial oxidative
phosphorylation (OXPHOS) to support their metabolic activity. In response to myogenic stimuli,
activated MuSCs re-enter the cell cycle to generate a pool of rapidly proliferating myoblasts that exit the
cell cycle and either return to quiescence for renewal or enter a terminal GO phase, and thereby commit
to differentiation. Committed myoblasts irreversibly progress through a tightly regulated differentiation
program involving the sequential expression of myogenic regulatory factors (MRFs) remodelling that
orchestrate myoblast fusion and formation of multinucleated myotubes [3,4].

Substantial bioenergetic remodelling occurs during myogenesis, resulting in changes in cellular redox
status that controls the process by activating the expression of MRFs. Specifically, activated MuSCs
undergo metabolic transitions, away from OXPHOS and towards glycolysis, which increases the
intracellular NADH/NAD+ ratio, and promotes the expression of MyoD and Pax7 via histone acetylation
[5-7]. The commitment of myoblasts to differentiation involves the transition from glycolysis back to
mitochondrial OXPHOS, which is accompanied by changes in cellular redox status and progressive
increases in reactive oxygen species (ROS) generated by mitochondria and NADPH oxidases [4,8]. Low
levels of ROS are key messengers involved in activating transcription factors and redox-dependent
cellular signalling pathways that mediate multiple steps of myogenesis, such as self-renewal of the
quiescent MuSC pool, cell cycle re-entry, myoblast proliferation, and terminal differentiation (reviewed

in [9]), [3.4,8,10-13].
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Glutathione (GSH) has well-recognized roles in maintaining cellular redox and iron homeostasis by
minimizing oxidative stress and damage [14]. Impaired GSH redox has been associated with impaired
muscle regeneration and age-dependent dysfunction of MuSCs [15]. Cysteine is an amino acid that
supports cellular redox homeostasis and is the rate controlling substrate for GSH synthesis. In the blood,
cysteine exists predominantly in its oxidized dimer form, cystine; however, in the cytoplasm cystine is
rapidly reduced to two molecules of cysteine by NADPH-dependent reactions involving GSH or
thioredoxin reductase 1 (TRR1) [16]. The transport of cystine into cells occurs exclusively through the
cystine/glutamate antiporter, also called system Xc’, which exchanges intracellular glutamate for
extracellular cystine in a 1:1 ratio [17]. System Xc is a heteromeric amino acid transporter (HAT)
composed of a transmembrane light chain subunit, XCT (encoded by the gene, SLC7A411), which is linked
by a disulfide bridge to the chaperone protein, 4F2 heavy chain subunit (4F2hc/SLC342) [17-20]. The
catalytic XxCT subunit determines the substrate specificity, whereas the 4F2hc subunit facilitates plasma
membrane localization [17].

The nuclear factor erythroid 2-related factor 2 (NRF2) is a redox-sensitive transcription factor for
SLC7A11I that plays a key role in regulating MuSC GSH redox in response to oxidative stress [17]. High
glutathione concentrations are critical to maintain the highly metabolic SC pool, which is constantly
exposed to high levels of ROS [15]. ROS can also impair myotube differentiation through sustained NF-
kB activation [21]. However, ROS and GSH redox-dependent reactions (e.g., protein glutathionylation)
play key roles in initiating and regulating myogenesis. Indeed, myoblasts cultured in media
supplemented with N-acetyl-cysteine (NAC) or GSH-ethyl ester exhibit impaired myotube
differentiation due to reductive stress [22]. As xCT plays a critical role in maintaining skeletal muscle

glutathione redox, the aim of this project was to determine the role of XxCT during myogenic
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differentiation. We hypothesized that xCT may play opposing roles in the proliferation and

differentiation of myocytes.

2.4 Experimental Procedures

2.4.1 Bioinformatic Analysis of C2C12 Transcriptomics Differentiation Profiles
Publicly available published C2C12 transcriptomics datasets that include pre- and post-differentiation
timepoints were identified for analyses of Slc7all expression during cell differentiation. Ten selected
transcriptomics datasets were obtained from the GEO database (https://www.ncbi.nlm.nih.gov/geo/)
using the Bioconductor [23] GEOquery library (version 2.66) [24] in R* (version 4.2.2) [25] and include
GSE989 [26], GSE84158 [27], GSE4694 [28], GSE46492 [29], GSE16992 [30], GSE148294 [31],
GSE126370 [32], GSE11415 [33], GSE110957 [34], GSE108503 [35].

Prior to analysis all entries that were not assigned a gene symbol or identifier or that had over 30%
missing values were removed from the transcriptomics datasets. Gene expression values in each replicate
were scaled relative to the time point of myoblast differentiation in each dataset and log2 transformed.
For consistency across different experimental designs in each selected dataset, time points before
differentiation (e.g., t = -24 hours or -48 hours) were omitted from further analysis. Additionally, any
timepoints present in less than two datasets (GSE16992, t = 144 hours) were also omitted. As well, time
points in certain datasets were set to relative scale according to experimental design such that 0
timepoints correspond to the initiation of differentiation (>80% confluency) and all other timepoints
were adjusted accordingly (GSE989 and GSE4694, differentiation was initiated at t = -24 hours, thus all
timepoints were shifted forward 24 hours) for equivalent comparisons across datasets. Plots of
expression values show the mean with 95% confidence intervals and were produced using the seaborn
package (version 0.12.2) [36] in Python (version 3.8.18) [37]. When multiple probes are annotated to a

single gene in microarray data, mean expression values were calculated for each probe.
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2.4.2 Correlation Analysis

Correlations of gene expression values in the GSE11415 dataset were calculated as distance correlations
using the “distance correlation” function in Python’s statsmodels package (version 0.14.0, [38]).
Correlations were calculated using z-score normalized expression values from all replicates, with
significant correlations defined as values with p-values < 0.003 according to the two-sided Student’s t-
test [39] using the Student’s cumulative distribution function (calculated through t.cdf function in SciPy
(version 1.10.1) [40]. As per Monti et al. [39], the sign of the correlations was determined based on

corresponding Pearson correlation values (using SciPy’s pearsonr function).

2.4.3 Hierarchical Clustering

Transcriptomics data from the GSE11415 datasets were clustered using cosine distances with average
linkages using Scipy’s “spatial.distance.pdist” and "cluster.hierarchy” functions, respectively. Nearest
genes were selected based on the cluster linkages distance, with an inter-cluster distance less than 0.98.
Prior to clustering, gene expression values were z-score normalized and all replicate values were

included in clustering.

2.4.4 Enrichment Analysis

Functional enrichments of significantly correlated genes were determined using ShinyGO (version 0.77)
[41] and default parameters (FDR < 0.05, top 20 pathways, minimum 10 and max 2000 pathway genes).
Results were downloaded and plotted in Python using seaborn, with enrichments for negatively

correlated genes assigned a negative fold enrichment value.

2.4.5 Animals

All mouse experiments were performed following the principles and guidelines of the Canadian Council
of Animal Care and the Animal Care Committee at the University of Ottawa. C3H/HeSnJ wild type (WT)

mice and background-matched Slc7al1%*¥s't (xCT”") mice were a kind gift from Dr. Sandra Hewett
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(Syracuse University). Mice were housed under standard conditions with controlled temperature (22-
23°C), humidity (30-60%), and 12/12 h light-dark cycles (07:00—-19:00 light). Mice had ad libitum access

to water and a standard diet (18% protein and 6% fat; 2018 Teklad Global Diet, Madison, WI).

2.4.6 Measurements of Body Composition, Food Intake, Volitional Activity, and
Indirect Calorimetry

Body composition was measured between 08:00-10:00 using a nuclear magnetic resonance imaging
whole-body composition analyzer (EchoMRI-700, Echo Medical Systems, Houston, TX). A 12-chamber
comprehensive lab animal monitoring system (CLAMS, Columbus Instruments, Columbus, OH) was
used to measure volitional activity, food intake, volume of O2 consumption (VO;), volume of CO:
production (VCO2), and respiratory exchange ratio (RER). Eight mice per genotype were individually
housed in CLAMS chambers and acclimated for 24-48 h at thermoneutrality (28°C) with ad libitum
access to standard chow prior to data collection during normal light-dark phase cycles (07:00-19:00).
The average of 48 hours of indirect calorimetry measurements (2 light or 2 dark cycles) were used for

quantification for each mouse.

2.4.7 Oral Glucose Tolerance Test and Intraperitoneal Insulin Tolerance Test

Oral glucose tolerance tests (OGTT) and intraperitoneal insulin tolerance tests (ITT) were conducted in
mice after a 6 h fast pre- and post-5-week exercise training. For the OGTT, 2 mg glucose/g body weight
was administered through oral gavage. Saphenous blood was collected at 0-, 15-, 30-, and 60-min, and
120-min post-gavage for glucose determinations (One Touch Basic; LifeScan, Burnaby, BC). For ITT,
mice were intraperitoneally injected with insulin (Humalog Rapid Acting; Eli Lilly, Indianapolis, IL) at
0.75m U/g BW. Blood glucose levels were measured at 0-, 15-, 30-, and 60-min, and 120-min following

the insulin injection.
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2.4.8 Exercise Training Protocol

Mice, aged 5 weeks, underwent a 5-week exercise training program on a treadmill (Exer 3/6; Columbus
Instruments, Columbus, OH) as described previously [42]. During the first week of training program
mice were acclimated, training duration was increased gradually from 10 min on D1 to 50 min on D5,
and the training intensity gradually increased by 1 m/min every 2 min, starting with a speed of 8§ m/min
to reach a maximum of 14 m/min. In subsequent weeks, mice were trained on the treadmill at 14 m/min,

1 h/day, 5 d/wk.

2.4.9 Muscle Injury Protocol

Subcutaneous injections of buprenorphine (0.1 mg/kg) were administered 30 min prior to cardiotoxin
treatment. Mice were anesthetized with isoflurane, hindlimbs were disinfected with ethanol and the left
tibialis anterior (TA) muscles were injected with 50 pl of 10 uM cardiotoxin (L8102, Latoxan). Tissue

was collected at D4, D7 and D21 post-injury.

2.4.10 C2C12 Cell Culture

C2C12 murine myoblasts (CRL-1772, ATCC, Manassas, VA) were cultured in 25 mM glucose DMEM
supplemented with 10% bovine growth serum (HyClone) and 1% antibiotic-antimycotic. When
myoblasts were approximately 90% confluent, differentiation was induced for 6 days using 5.5 mM-
glucose DMEM, supplemented with 2% horse serum and 1% antibiotic-antimycotic. During
differentiation, the medium was replaced every 48 h. Cells were collected at different stages, specifically
when myoblasts reached > 80% confluence and following 3 and 6 days of differentiation (D3 and D6).

D3, and D6 of differentiation.

2.4.11 Mouse Primary Muscle Cell Isolation and Culture

Hindlimb skeletal muscles were rapidly dissected and cleaned from fat and connective tissue and placed

in sterile PBS supplemented with 1% antibiotic-antimycotic. The tissue was then washed twice with PBS
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and treated with 1 mg/ml Dispase II (Sigma) and 1 mg/ml Collagenase B (Sigma). Tissue was minced
with a sterile razor blade and subsequently incubated at 37°C for 30 min, with mixing every 5 min. The
homogenate was then centrifuged at 500 g for 5 min and pellets were resuspended and transferred to
dishes coated with Matrigel (Corning) containing DMEM (25 mM glucose) containing 20% fetal bovine
serum, 10% horse serum, 2.5 ng/ml B-FGF (Sigma), 1x non-essential amino acids (11140050, Gibco),
and 1% antibiotic-antimycotic. Primary cell enrichment was achieved by employing the differential
adhesion process to remove fibroblast populations [43]. Throughout proliferation and during the first 24
h of differentiation, the medium was supplemented with 50 uM of 2-mercaptoethanol. Differentiation
was induced using either high or low glucose DMEM (5.5 mM or 25 mM glucose, respectively)
supplemented with 2% horse serum and 1% antibiotic-antimycotic. Media supplementation with 2-
mercaptoethanol was removed during the last 24 h of proliferation for myoblasts and during

differentiation, and media was replaced every 48 h.

2.4.12 Immunostaining of Primary Muscle Cells

Cells cultured in Matrigel-coated dishes were harvested 24 h after plating (myoblasts), 24 h after
differentiation. 100,000 cells (in 100 pl) were loaded into a double Cytofunnel (Thermo Fisher
Scientific) set on a double Cytoslide (Thermo Fisher Scientific) and centrifuged at 500 rpm for 5 min at
room temperature using a cytocentrifuge (Epredia™ Cytospin™ 4). Cells were fixed with 4%
paraformaldehyde (PFA, Sigma) for 3 min and quenched with 100 mM glycine (Biobasic) for 5 min at
room temperature. Cells were washed 3 times with 1x PBS before staining. Cells were permeabilized
for 10 min in PBS containing 0.2% Triton-X (Sigma), blocked in 5% goat serum (Sigma), 2% BSA-PBS
for 30 min, and incubated for 2 h with Pax7 (1:2, DSHB, Pax7) at room temperature. The following day,
sections were washed three times with 1 x PBS and subsequently incubated in species-specific

fluorescent secondary antibodies diluted in 1x PBS containing 4,6-diamidino-2-phenylindole (DAPI).
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Cells were washed in PBS, and then incubated for 1 h with the secondary antibody (Alexa Fluor 568
Goat anti-Mouse IgG1 (1:2000, A-21124, Thermo Fischer Scientific) diluted in 1x PBS containing DAPI
at RT. To assess the S-phase entry, cells were incubated with 1 uM of 5-ethynyl-2'-deoxyuridine (EdU,
Lumiprobe) for 24 h prior to harvesting. A 30-min incubation with the labeling mix [0.1 uM Sulfo-
Cyanine5 azide dye (Lumiprobe), 2 mM copper (II) sulfate pentahydrate (Sigma), and 20 mg/ml of L-
ascorbic acid (Sigma) were applied before blocking.

For differentiation assessment, cells were cultured in 24-well plates and differentiated for the following
intervals: 1 day, 2 days, and 4 days. At each time point cells were fixed with 4% PFA (Sigma) for 15 min
after 3 washes in PBS. Cells were permeabilized for 15 min in PBS containing 0.5% Triton-X and
incubated with myosin (1:50, DSHB, MYHI1E) overnight at 4°C. Cells were washed in PBS and then
incubated for 1 h with species-specific secondary antibodies diluted in 1 x PBS containing DAPI at RT.
Wells were filled with PBS and cells were imaged at 10x on a Zeiss AxioObserver Z1 fluorescent

microscope equipped with an AxioCam MRm CCD camera.

2.4.13 GSH and GSSG Measurements

GSH and GSSG levels were measured by high-performance liquid chromatography (HPLC; Agilent
1100 series), as previously described [44]. Cells were cultured in 100 mm dishes with the indicated
conditions, collected with trypsin then washed twice with ice-cold PBS. Cells were lysed on ice for 20
min in 1:1 homogenization buffer [125 mM sucrose, 1.5 mM EDTA, 5 mM Tris, 0.5% trifluoroacetic
acid (TFA) and 0.5% meta-phosphoric acid (MPA) in 50% mobile phase (10% HPLC grade methanol,
0.09% TFA — 0.2um filtered)]. Homogenates were centrifuged at 14,000 g for 20 min at 4°C, and the
supernatant of each sample was subsequently collected for analysis. An Agilent HPLC system equipped
with a Pursuit C18 column (150 x4.6 mm, 5 um; Agilent) with a flow rate of 1 ml/min was used to detect

GSH and GSSG using the Agilent UV-visible wavelength detector at 215 nm. Standard solutions of GSH
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(G4251, Sigma) and GSSG (G4501, Sigma) were used to determine the retention times. Absolute
amounts of GSH and GSSG were determined by integrating the area under the respective peaks using a
chromatogram, and values were calculated from standard curves. All values were normalized to protein

amount in each well determined by a BCA assay (Pierce™ BCA Protein Assay; 23225, Thermo Fisher).

2.4.14 Extracellular Flux Determinations of Cellular Bioenergetics

Extracellular flux analyses were conducted using the Seahorse XFe96 Analyzer (Agilent) to measure
oxygen consumption rates (OCR) and extracellular acidification rates (ECAR). Cells were plated at
20,000 cells/well in high-glucose DMEM media. After 24h, differentiation was induced for 7 days using
a low-glucose DMEM medium with constant media changes (48h). Following resting respiration
measurements, myotubes were treated with consecutive injections of oligomycin (2 pg/mL), FCCP (2.4
uM), and combined antimycin A (5.5 uM)/ rotenone (7.7 pM). To calculate resting and leak-dependent
and maximal rates, non-mitochondrial OCR given after antimycin A and rotenone injections was
subtracted from the resting measurements and those after oligomycin and FCCP injections, respectively.
ATP-linked OCR was measured by calculating the difference between resting and leak respiration.
Lastly, reserve capacity assessed by subtracting resting OCR from the maximal OCR, reflects the
respiratory flexibility of myotubes under certain conditions. Maximal ECAR was determined following
the injection of monensin (20 uM). The glycolytic reserve value was calculated by subtracting the resting
rates from the maximal rates. All values were normalized to protein concentration (Pierce BCA protein
assay) and analyzed with the Seahorse Wave software (version 2.4.3; Agilent) and Excel (Microsoft)

software.
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2.4.15 In situ Determinations of Oxygen Consumption in Cultured Primary Cells
during Proliferation and Differentiation

Wild-type and Slc7al1*¥s* primary muscle cells were cultured in a regular 96-well plate at 40,000
cells/well for assessments using the Resipher system (Lucid Scientific). Cellular OCR was measured
throughout proliferation and differentiation of the primary muscle cells either in a high-glucose or a low-
glucose differentiation medium. For protein quantification, primary cells were cultured in the same

conditions in parallel plates and analyzed at D1, D4, and D7 post-differentiation.

2.4.16 Glucose Uptake in Primary Muscle Cells

Cells were cultured in a 96-well white/clear bottom plate (Corning) at 40000 cells/well. Cells were
differentiated for 4-5 d in a low-glucose or high-glucose differentiation medium. On the day of the assay
(Glucose Uptake Cell-Based Assay Kit, 600470, Cayman), cells were starved from serum for 3 h. Then
for the last 30 min before the assay, cells were incubated with 200 pg/ml of (2-(N-(7-Nitrobenz-2-oxa-
1,3-diazol-4-yl) amino)-2-Deoxyglucose (2-NBDG) with either 5.5 mM or 25 mM of glucose. Then,
cells were washed and centrifuged according to the manufacturer’s protocol, and cellular 2-NBDG was
detected at 485/535 nm using a BioTek Synergy H1 Multi-Mode Plate Reader (BioTek Instruments,

Winooski, VT).

2.4.17. Cell Death and Growth Assays

For assessing cell death and growth, the IncuCyteZOOM live cell imaging system from Essen
BioScience was used. Cells were seeded onto 96-well plates (10* cells/well) and treated with 250 nM of
the Incucyte Cytotox green dye (4633, Sartorius) with and without 50 uM of 2ME. Cells were imaged
for 48 h using a 10x objective. Three to four images per well were captured every hour, and there were

4 technical replicates for each condition. Cell confluence was measured by phase contrast microscope

90



and cell death was assessed by Incucyte Cytotox dye. IncuCyteZOOM?2018A software was used for

automated confluence and Incucyte” cell measurements.

2.4.18 High-resolution Respirometry of ex vivo Muscle

As previously described [45], TA myofibers were permeabilized with 50 pg/ml saponin (Sigma) and
oxygen consumption was measured in an Oxygraph-2k (Oroboros, Austria). To evaluate adenylate-free
leak respiration and complex I-driven respiration, malate (2 mM), pyruvate (5 mM), glutamate (10 mM),
adenosine diphosphate, and Mg2+ (5 mM) were added. The maximum oxidative phosphorylation
capacity (for Complex I and II) was assessed by adding succinate (10 mM) and ADP (5 mM). To evaluate
leak-linked respiration, oligomycin (2.5 uM) was added. The maximal respiratory capacity was
measured by adding carbonyl cyanide p-trifluoro-methoxyphenyl hydrazone (FCCP) with 1uM
incremental additions until a plateau was observed. Antimycin A (2.5 pM) was then added to determine
non-mitochondrial oxygen consumption. Finally, to assess maximal complex IV activity, N, N, N'-
Tetramethyl-p-phenylenediamine (TMPD) (0.5 mM), ascorbate (2 mM), and sodium azide (100 mM)

were added.

2.4.19 Muscle Tissue Immunohistochemistry

To assess regenerative capacity, freshly isolated TA muscles were fixed with 2% formaldehyde for 30
min, incubated in 5% sucrose for 2 h, and transferred to 20% sucrose for 48 h. Muscles were subsequently
embedded in O.C.T. (4583, Tissue-Tek), and stored at -80°C for later analysis. Transverse 14 pum
cryosections were permeabilized for 10 min at room temperature in 1x PBS containing 0.1% Triton X-
100 and 0.1M glycine. Blocking was for 1 h at room temperature in 1x PBS containing 1:40 mouse-on-
mouse (MOM) blocking reagent (VectorLabs), 5% goat serum, and 2% BSA. Sections were incubated
with primary antibodies at 4°C overnight using primary antibodies against Pax7 (1:2, Pax7, DSHB),

Myogenin (1:2, F5D, DSHB), and MyoD1 (1:500, ab133627, Abcam). The following day, sections were

91



washed three times with 1 x PBS and subsequently incubated in species-specific fluorescent secondary
antibodies diluted in 1x PBS containing (DAPI) for 2 h at RT. Sections were mounted in ProLong Gold
antifade reagent (P36934, Invitrogen) and imaged at 20x on a Zeiss AxioObserver Z1 fluorescent
microscope equipped with an AxioCam MRm CCD camera. For fiber typing, samples were imaged at
10x using an EVOS FL Auto 2 microscope (Thermo Fisher) and the primary antibodies were as follows:
type I fibres (1:100, BA-F8, DSHB), type Ila fibres (1:100, SC-71, DSHB), type IIb fibres (1:25, BF-
F3, DSHB), and dystrophin (1:10, MANDYS1(3B7), DSHB). Alexa Fluor-conjugated secondary
antibodies were used at 1:500 concentration. Immunofluorescent images were analyzed in Imaris 10.1
(Oxford Instruments) and QuPath 0.5.0 to quantify the expression levels of myogenic markers by nuclear

colocalization, and for fiber typing analyses.

2.4.20 Muscle Cross-sectional Area Determinations

To measure the cross-sectional area (CSA) of myofibers, transverse 14 pm cryosections were stained
with hematoxylin and eosin (H&E). Samples were imaged at 20x using an EVOS FL Auto 2 microscope

(Thermo Fisher) and analyzed using Cellpose [46] and ImagelJ.

2.4.21 Protein Extraction

Cells or tissues were homogenized in 1x RIPA buffer (EMD Millipore, 20-188) supplemented with a
protease inhibitor cocktail (P8340, Sigma) and phosphatase inhibitor cocktail (78420, Thermo Fischer
Scientific). Protein concentration was measured using a BCA assay as per the manufacturer’s

instructions, and samples were stored at —80°C until further use.

2.4.22 Western Blot Analyses

Samples were prepared in 1 x Laemmli buffer containing 100 mM DTT, run on SDS-PAGE, and
transferred to nitrocellulose or PVDF (Bio-Rad) membranes. Samples for anti-glutathione blots were

prepared and run under non-reducing conditions (no DTT or 2ME) to preserve the protein
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glutathionylation (PSSG) and prevent any changes in free GSH and GSSG during sample preparation
and analysis. Membranes were blocked for 1 h using 5% BSA in Tris-buffered saline containing 0.1%
Tween-20 (TBST) at room temperature (RT). Membranes were incubated in primary antibodies (1:1000
unless otherwise stated) overnight at 4°C against: ATF4 (11815-S, Cell Signaling), glutathione (101-A,
Virogen), GPx1 (ab22604, Abcam), GPx4 (ab16800, Abcam), myogenin (F5D, Developmental Studies
Hybridoma Bank (DSHB), 0.5 pg/ml), myosin (MF20, DSHB, 0.5 pg/ml), phospho-NF-kB p65 (Ser536)
(3033, Cell Signalling), total NF-xB p65 (8242, Cell Signalling), OXPHOS proteins (ab110413, Abcam),
SOD1 (sc-11407, Santa Cruz), SOD2 (sc-30080, Santa Cruz), xCT (ab175186, Abcam). For loading
control the following primary antibodies were used, B-Actin (4967, Cell Signalling, 1:5000), GAPDH
(60004-1-Ig, Protein Tech, 1:10,000), a-tubulin (11224-1-AP, Protein tech), Vinculin (ab129002, Abcam,
1:5000). Membranes were incubated in Immobilon chemiluminescent horseradish peroxidase-
conjugated substrate (Millipore) and protein bands were visualized using the ChemiDoc™ MP Imaging
System (Bio-Rad). Densitometry band analyses were performed using ImageJ software, and the

abundance of target proteins are presented normalized to vinculin, GAPDH, or B-actin.

2.4.23 Enzymatic Activity Analyses

Enzymatic activities were performed in enriched mitochondrial fractions for complex I and muscle tissue
homogenate for citrate synthase (CS) and lactate dehydrogenase (LDH), as previously described [47,48].
The change in the rate of absorbance and pathlength were measured using a BioTek Synergy Mx
Microplate Reader (BioTek Instruments). Enzyme activities were calculated using the extinction
coefficients of 13.6 mM 'em™! for CS, and 6.22 mM 'em™! for LDH and complex I, and values are

expressed per mg of protein.
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2.4.24 Statistics

Unless otherwise mentioned, all data are shown as means =+ standard error of the mean (SEM). Statistical
analyses were conducted using Prism (GraphPad, La Jolla, CA). Statistical significance of C2C12 time
course experiments was determined using a one-way repeated measures (RM) ANOVA with Tukey post
hoc tests. For time course experiments on WT vs. Slc7al1°*/*" primary cells undergoing differentiation,
a two-way RM ANOVA was used with time as a repeated factor and genotype as a between-subjects
factor. Two-tailed Student's t-tests were used to determine statistical significance for WT vs. Slc7al15%/sut
in cardiotoxin-induced muscle injury experiments. To assess the effect of the exercise intervention, a
two-way ANOVA with exercise and genotype as factors was used with Tukey post hoc tests. P-values <

0.05 were considered statistically significant.
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2.5 Results

2.5.1 xCT controls GSH Redox during Myogenic Proliferation

To investigate the role of xCT during myogenic differentiation, we leveraged publicly available
transcriptomic datasets on Gene Expression Omnibus (GEO) to compare the expression of Slc7all at
selected timepoints of C2C12 myocyte differentiation. As expected, expression level of myosin heavy
chain 1 (Myhl), a marker of myogenic differentiation, increased with differentiation time, whereas
Slc7all expression decreased during differentiation, as demonstrated by lower expression relative to
myoblast levels (Figure 2.1A). We subsequently compared the signed distance correlations between
Slc7all and genes also changing across differentiation on the GSE11415 dataset [33,39,49], which
contains the greatest number of samples within the timeframe of interest (12 h to 8 d). The expression
of Slc7all was strongly correlated with ~1900 genes, of which 1516 genes positively correlated with
Slc7all and 398 genes negatively correlated with Sic7all throughout differentiation. Of the 1900
significantly correlated genes, hierarchical clustering identified 732 (632 positively and 92 negatively
correlated) genes also cluster with Sic7all, based on HCL (see Methods). Genes that positively
correlated with Slc7all included cyclin D kinases (Cdk5, Cdkl0, Cdkl2), and glutathione enzymes
(Gstal, Gstol, Gsto2, Mgst2, Gpx4). In contrast, the ubiquitin E3 ligases Skpl and Prpf19 that
specifically targets cell-cycle regulatory proteins for degradation during cell cycle exit was also
negatively correlated with Slc7all during C2C12 differentiation [50,51].

We next analyzed the functions of the genes tightly correlated with Slic7a /1 during differentiation. KEGG
pathway analysis revealed that Sic7all positively correlated with genes enriched in ribosome and
autophagy pathways, whereas Slc7all negatively correlated with genes involved in FoxO, MAPK, and
PI3K-Akt signalling (Figure 2.1B). Gene ontology (GO) biological processes terms were enriched for

metabolic processes such as peptide and RNA metabolism, mitochondrial organization, and translation
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as strong correlation partners (Supplemental Figure 2.1A). Negatively correlated genes were found to
be enriched in terms for apoptosis and cell death (also observed to a lesser extent in positively correlated
genes), and predominantly in RNA metabolism, processing, and splicing via the spliceosome, which is
similarly enriched in the KEGG enrichment analysis as highly enriched pathways.

To build upon the in-silico data, we quantified xCT protein expression in C2C12 myoblasts following 3
and 6 days of differentiation into myotubes. As expected, markers of differentiation, myogenin and
myosin increased during differentiation, as evidenced by higher expression in day 3 and day 6 myotubes
(D3, D6, respectively) compared to myoblasts (Figure 2.1C). In line with gene expression data, xCT
protein levels progressively decreased with differentiation, with a drastic 82% decrease in D6 myotubes
vs. myoblasts (Figure 2.1D). The downregulation of xCT transcript and protein expression during
C2C12 myogenic progression was accompanied by increased levels of protein glutathionylation (PSSG)
during myogenic differentiation (Figure 2.1E). Consistent with previous metabolomic analyses
[52],cellular concentrations of glutathione increased during myogenic progression, resulting in ~2.9-fold
higher GSSG, and ~1.8-fold higher total glutathione (GSH+2*GSSG) in D6 myotubes vs. myoblasts
(Figure 2.1F). While the concentration of GSH slightly increased during myogenic progression, the
drastic increase in GSSG culminated in lower GSH:GSSG ratios. Immunoblot analysis of the key
enzymes involved in GSH biosynthesis revealed similar levels of glutamate-cysteine ligase (GCLc) and
GSH synthetase (GSS) (Supplementary Figure 2.1B), indicating that GSH biosynthesis is maintained
during myogenesis, but GSH undergoes a redox shift towards an oxidized state.

Superoxide dismutase 2 (SOD2) expression is induced during myogenesis [13], and reduces superoxide
(O27) into hydrogen peroxide (H20), a critical signaling molecule involved in myogenesis

[13].Consistent with these findings, SOD2, but not SOD]1, increased during differentiation (Figure
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2.1G). The expression of glutathione peroxidase 1 (GPx1) and GPx4 decreased during myogenesis
(Figure 2.1H).

To assess any corresponding changes in cellular metabolism we conducted extracellular flux analyses on
proliferating myoblasts, and at D3 and D6 of differentiation. Quantification of the oxygen consumption
rate (OCR) and extracellular acidification rate (ECAR) in myoblasts and myotubes confirmed previous
reports of increased oxidative and decreased glycolytic metabolic capacity during differentiation into
myotubes (Figure 2.1I). Interestingly, the spare respiratory capacity negatively correlated with the
GSH:GSSG ratio across differentiation time (Pearson r=-0.69, R>=0.50, Supplementary Figure 2.1C),
indicating that myotubes with lower glutathione redox have a greater capacity to respond to high

energetic demands.
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Figure 2.1. xCT Controls GSH Redox During Myogenic Proliferation

(A) Sic7all and Myhl expression across differentiation time points in C2C12 transcriptomic datasets
(represented as mean expression values with 95% CI bands highlighted). (B) Enriched KEGG pathways
in positively (red) and negatively (blue) correlated genes with Slc7al1 throughout C2C12 differentiation.
(C-E) C2C12 myoblasts and myotubes differentiated for 3 or 6 days (D3 and D6) were immunoblotted
for (C) differentiation markers (myogenin and myosin), (D) xCT, and (E) post-translational
glutathionylation. F) Reduced glutathione (GSH), oxidized glutathione (GSSG), total glutathione
(GSH+2*GSSG), and the GSH: GSSG ratio in myoblasts and D3 and D6 myotubes. (G-H) C2C12
myoblasts and D3 and D6 myotubes were immunoblotted for (G) SOD1 and SOD2, (H) GPx1 and GPx4.
(I) Oxygen consumption rate (OCR) and extracellular acidification rates (ECAR) in C2C12 myoblasts
and D3 and D6 myotubes. The statistical significance of the differences between groups was determined
using a one-way RM ANOVA with post hoc Tukey HSD test. Results are presented as mean + SEM, *p
<0.05, **p <0.01, ***p < 0.001, ****p < 0.0001, n = 4-6.

100



2.5.2 Absence of Functional xCT Inhibits Proliferation but Potentiates Myogenesis

To examine the potential physiological implications of xCT in skeletal muscle, we studied subtle gray
(Slc7al1%*¥*"Y) mice, which are naturally null for xCT, and genetic background-matched controls
(C3H/HeSnJ). Specifically, Slc7al1%¥** mice harbor a spontaneous recessive mutation in Slc7al] that
results in the truncation of XCT at the C terminus [53,54]. Analyses of mouse body composition
characteristics revealed that the Slc7all®“Vs* mice had lower body fat mass and percent body fat
compared to WT controls, despite similar body weights (Table 2.1). The reduced fat mass in the
Slc7al 13" mice was also reflected as an increase in the proportion of lean body mass compared to WT
mice (Table 2.1). Continuous automated monitoring of physiologic parameters revealed that ad libitum
food intake, metabolic rates (VOz), and respiratory exchange ratios (RER; VCO2/VO.;) were similar

between genotypes.
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WT Slc7al11sut/sut
n 8 8
Body Weight (g) 20.06 + 0.82 20.80 + 0.88
Fat Mass (g) 1.44 +£0.15 1.02 +£0.07*
Lean Mass (g) 16.37 £ 0.67 17.50 £ 0.76
Body Fat % 7.10 +£0.57 4.89 +£0.24*
Body Lean Mass % 81.62 +0.47 84.09 £ 0.41*
Food Intake (g/day) 4.14+0.24 4.18 +0.30
VO: (mL/hr/kg lean body mass)
Light 4.70 £0.15 4.43+0.20
Dark 546 +£0.18 5.33+0.30
Respiratory exchange ratio (RER)
Light 0.94 £0.01 0.94 £0.01
Dark 0.96 + 0.01 0.97 +0.01

Table 2.1. Metabolic Phenotyping of WT and Slc7a11suvsut
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To examine the impact of XCT deficiency on myogenic capacity, we next isolated primary MuSCs from
Slc7al 13" and WT mice. MuSCs isolated from Slc7al1%¥** muscle were unable to proliferate without
supplementing the culture medium with 2-mercaptoethanol (2ME; 50uM), consistent with observations

in melanocytes isolated from Slc7al1suVs®

mice [53]. Supplementation with a reducing agent converts
extracellular cystine to cysteine, which can then be transported into cells via the Na(+)-dependent amino
acid transporters, System A (alanine-preferring) and alanine-serine-cysteine (ASC) transporter [55].
While 2ME supplementation was necessary for myoblast proliferation, we found that it is not necessary
during the differentiation of Slc7all®*¥*" primary myotubes, indicating the importance of xCT in
maintaining cell redox during cell proliferation over differentiation stages (Figure 2.2A).

Supporting the established role of xCT in cell proliferation, analyses of primary myoblasts
immunostained for markers involved in cell proliferation revealed there was a lower proportion of

Pax7'EdU" cells in Slc7al1%¥"* compared to WT primary myoblasts prior to differentiation (Figure

2.2B). Following 24 h of differentiation, the proportion of Pax7 " EdU" WT myoblasts rapidly decreased

1 sut/sut 1 sut/sut

to levels similar to Slc7al myoblasts. To assess if Slc7al myoblasts were undergoing

differentiation, cells were fixed and stained with sarcomeric myosin to visualize myotube structure.

Quantification of myotube area revealed that primary Slc7al]swsut

cells had a greater area at day 2 of
differentiation compared to WT myotubes (Figure 2.2C), suggesting a more rapid differentiation. At day
4 of differentiation, myotube area was similar between WT and Slc7al1**"*" myotubes. Immunoblotting
of myogenic markers, myogenin and myosin, showed no difference between groups throughout
differentiation (Supplementary Figure 2.2A). We next quantified protein expression levels of key
redox-sensitive factors involved in the control of myogenesis. The expression of activating transcription

factor 4 (ATF4), a stress-inducible transcription factor for xCT [56], was upregulated in the Slc7al15st

myoblasts prior to differentiation (Figure 2.2D). In contrast, the ratio of phospho-NF-«kB/total NF-kB, a
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redox-sensitive transcription factor for SOD2 [13,57], tended to decrease in Slc7al1%**' myotubes at D4
(Supplementary Figure 2.2B). The expression levels of the antioxidant enzymes SOD2 and GPx4 were
elevated in Slc7all*"s" at day 2 of differentiation (Figure 2.2E and 2.2F), whereas SOD1 expression
did not change between genotypes.

Cultured myoblasts require at least 5 mM glucose during differentiation to maintain high intracellular
NADH/NAD" and support MyoD activation in the progression of myogenesis [58]. However, high
glucose (e.g., 25 mM) can promote adipogenic conversion of muscle-derived SCs [59]. Therefore, we
conducted glutathione and metabolic measurements of cells under both standard experimental conditions
which use relatively high glucose (25 mM) and physiological levels of glucose (5.5 mM). Intracellular

levels of reduced GSH and total glutathione were lower in Slc7al1su/su

myotubes compared to WT under
both high (Supplementary Figure 2.2C) and low glucose conditions (Figure 2.2G), indicating that
Slc7al1%*¥*"t myotubes maintain lower GSH levels throughout differentiation. However, only
Slc7al1%s"t myotubes differentiated in high glucose exhibited a lower GSH:GSSG ratio than WT
(Supplementary Figure 2.2C).

Continuous real-time measurements of resting cellular respiration throughout 7 days of differentiation
revealed that Slc7al1%"** myoblasts had lower oxygen consumption rates (OCRs) compared to WT
myoblasts during early myogenesis (i.e., DO and D1). At D2 of differentiation, Slc7al1%*¥*"t and WT
myotubes cultured in differentiation medium containing 25 mM glucose had similar OCRs
(Supplementary Figure 2.2D). In contrast, Slc7a11%"¥*" myotubes cultured in differentiation medium
containing 5.5 mM glucose demonstrated remarkably higher OCRs through myogenesis at D3 compared
to WT myotubes (Figure 2.2H).

Extracellular flux bioenergetic profiling of myotubes cultured for 4 days failed to recapitulate the

increase in resting OCR observed in Slc7al1%V" myotubes cultured in low glucose (Figure 2.21).

104



Likewise, resting OCRs were similar in Slc7al1®*¥* and WT myotubes cultured in high glucose
(Supplementary Figure 2.2E). Despite this, maximal respiration capacity was higher in Slc7al1s'/s«
myotubes regardless of media glucose concentration and was associated with a 29% and 46% increased
spare respiratory capacity in Slc7all%“*** myotubes cultured in low and high glucose conditions,
respectively (Figure 2.21, Supplementary Figure 2.2E respectively). Similar to the data from C2C12
myotubes, spare respiratory capacity tended to negatively correlate with the GSH:GSSG ratio in
myotubes cultured in high glucose conditions (Pearson r=-0.66, R?= 0.43, p= 0.076, Supplementary
Figure 2.2F), indicating that the lower glutathione redox in Slc7all®"¥** myotubes improves their
capacity to respond to high energetic demands. No correlation was observed when primary myotubes
were cultured under low glucose conditions (Pearson r=-0.45, R?=0.20, p=0.27, data not shown).
Analysis of extracellular acidification rates (ECAR), a proxy measure of glycolysis, revealed no
difference in basal and maximal respiration in both glucose conditions (Supplementary Figure 2.2G-
H). However, the glycolytic reserve was higher in Slc7al1%'¥"t myotubes cultured in high glucose
conditions (Supplementary Figure 2.2G), indicating a greater ability of Slc7all*"¥** myotubes to
respond to energetic demands. Evaluation of glucose uptake using 2-NBDG revealed that Slc7al1u/sut
myotubes cultured in low glucose differentiation media had greater glucose uptake compared to WT
myotubes (Figure 2.2J), whereas glucose uptake rates were similar between WT and Slc7al]sutsut

myotubes cultured in high glucose differentiation media (Supplementary Figure 2.21).
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Figure 2.2. Absence of Functional xCT Inhibits Proliferation but Potentiates Myogenesis

Primary MuSCs were isolated from Slc7a11°""*"t and WT muscle. Myotubes were differentiated under
normal physiological glucose concentrations (5.5 mM glucose). (A) Real-time measurement of primary
myoblasts confluence using an Incucyte® live cell imager. Two-way ANOVA with Tukey post-hoc tests.
(B) Immunofluorescence analyses of Pax7 (red), EAU+ (purple), and DAPI (blue) in proliferating
myoblasts and myotubes at day 1 of differentiation, scale bar = 50 um, n = 3. (C) Immunofluorescence
analyses of myosin (green) and DAPI (blue) in differentiating myotubes at days 1, 2, and 4 of
differentiation. The myosin-positive area as a percent of the total area analyzed is plotted, scale bar =
150 um, n = 6. (D-F) Immunoblot of primary myoblasts and myotubes at day 2 and day 4 of
differentiation against (D) ATF4, (E) SOD2, and (F) GPx4, two-way RM ANOVA with post hoc Tukey
HSD tests (B-F). (G) Reduced glutathione (GSH), oxidized glutathione (GSSG), total glutathione
(GSH+2*GSSG), and the GSH: GSSG ratio in primary myotubes differentiated for 4 days, two-tailed
Student’s t-tests, n = 5-6. (H) Continuous oxygen consumption rates (OCRs) were measured using a
RESIPHER real-time cell analyzer throughout myotube differentiation (day 1 to day 7), two-tailed
Student’s t-tests, n = 4. (I) OCR measured in myotubes using a Seahorse analyzer differentiated for 4
days, one-way RM ANOVA with post hoc Tukey HSD tests, n = 4. (J) Glucose uptake rate measured as
the rate of increase in (2-(N-(7-nitrobenz-2-oxa-1,3-diazol-4-yl) amino)-2-deoxyglucose (2-NBDG)
fluorescence intensity in primary myotubes differentiated for 4 days, two-tailed student’s t-test, n = 3.
Results are presented as mean = SEM, *p < 0.05, **p <0.01, ***p <0.001, ****p <0.001.
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2.5.3 In vivo Evidence of Enhanced Myogenesis in the Absence of xCT Function

To determine if xCT contributes to skeletal muscle regenerative capacity in vivo, we induced injury with
cardiotoxin injections in the TA muscle in Slc7al1**¥** and WT mice. Prior to injury, Slc7al1%"** and
WT mice had similar muscle cross-sectional areas (Supplementary Figure 2.3A). Four days after
cardiotoxin-induced muscle injury, immunofluorescent analyses of myogenic markers revealed that
Slc7al 13" muscle had similar levels of Pax7" cells, but higher levels of both MyoD* and MyoG™ cells
compared to injured WT muscle, indicating greater MuSC activation and commitment to myogenesis
(Figure 2.3A and Supplementary Figure 2.3B). At 7 days post-injury, Slc7al1%¥"t muscle had a lower
proportion Pax7" cells than injured WT muscle, but the proportion of MyoD™ cells remained higher in
Slc7al13""* (Figure 2.3B and Supplementary Figure 2.3C).

Regeneration efficiency, as determined by the cross-sectional area (CSA) of mature myofibers at 21 days
post-injury, revealed that Slc7al1"¥** myofibers were larger in cross-sectional area compared to WT
muscle (Figure 2.3C). Stratification of the frequency distribution in CSA of regenerating fibers revealed
that Slc7al1°"** muscle had a lower proportion of small fibers (<1000 pm?) compared to WT muscle

1ssut muscle. To assess the

(Figure 2.3C), consistent with enhanced regenerative capacity in Slc7al
cellular basis of the increased regeneration efficiency in Slc7al1%"¥** muscle, we sought to determine
regenerating muscle fiber type and myofiber CSA at 21 days post-injury. Immunohistochemical analysis
of the uninjured muscle revealed that Slc7al15"¥** had a lower proportion of type Ila fibers (mixed fast
oxidative/glycolytic) compared to WT muscle (Figure 2.3D), but the proportions of types IIb and IIx
(fast, glycolytic) were similar between genotypes (Figure 2.3D). In injured muscle, the proportion of
type Ila muscle fibres was similar between Slc7al 1"V and WT, despite a ~40% increase in comparison

to uninjured Slc7al1"¥*""which did not reach statistical significance (p=0.084) (Figure 2.3D). Taken

together, the greater number of activated and committed MuSCs at days 4 and 7 post-injury and the
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increased CSA of mature myofibers at day 21 post-injury in Slc7all**¥** muscle is consistent with

improved muscle regeneration in Slc7al1%*"s" mice.
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Figure 2.3. Absence of xCT Enhances myogenesis Following Cardiotoxin-induced Muscle Injury
Immunofluorescence analyses of myogenic markers (Pax7, MyoD, and MyoG) and DAPI (blue) in
Tibialis anterior (TA) muscle sections (A) at day 4 and (B) at day 7 post-cardiotoxin-induced injury.
Scale bar = 50 pm. Two-tailed Student’s t-tests, n =7-8. DPI=days post-injury. (C) Hematoxylin and
eosin (H&E) staining of muscle sections from TA muscles after 21 days of cardiotoxin injection (21 DPI).
Frequency distribution of myofiber cross-sectional area (CSA) and average myofiber CSA are plotted.
Scale bar = 50 um. Two-tailed Student’s t-tests, n = 5-6. (D) Fiber types in uninjured and 21 DPI injured
TA muscle sections showing MYH type IIA (green), MYH type IIB (purple), MYH type IIx (unstained),
and dystrophin (white), scale bar = 50 um. Two-way ANOVA with post hoc Tukey HSD test, n = 5-8.
Results are presented as mean = SEM, *p < 0.05, **p < 0.01, ***p < 0.001, ****p <(0.0001.
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2.5.4 Increased Insulin Sensitivity and Impaired Muscle Mitochondrial Energetics
Response to Exercise Training in xCT deficient Mice

To assess the in vivo metabolic implications of xCT deficiency in mice we next examined response to a
5-week exercise training protocol in Slc7a11%¥" and WT mice (Figure 2.4A). First, we examined the
impact of the xCT mutation on whole-body glucose tolerance and insulin sensitivity, hypothesizing
greater insulin sensitivity in Slc7al1%*¥" mice, given our findings from cultured muscle cells. WT and
Slc7al 13" mice exhibited comparable glucose tolerance (Supplementary Figure 2.4A). However,
Slc7al 13" mice demonstrated greater glucose disposal in response to an insulin tolerance test (ITT)
before the exercise intervention, an effect that was even more pronounced after exercise training (Figure
2.4B). Exercise training increased soleus mass when normalized to body weight in Slc7al1%"¥s" mice
only, but not the weights of the gastrocnemius or TA (Supplementary Figure 2.4B).

High-resolution respirometry (HRR) conducted on permeabilized TA fibers revealed similar respiratory
rates between non-exercised WT and Slc7al1%'V" mice. In contrast, exercise training increased complex
I and complex I + II- driven oxidative phosphorylation (CI OXPHOS, CI+CII OXPHOS, respectively)
and maximal mitochondrial respiration in WT TA muscle, but not in Slc7al1%"** mice (Figure 2.4C).
The enhanced respiratory capacity in WT but not Slc7al1%*¥*" muscle was associated with a strong trend
for lower CI OXPHOS and CI+CII OXPHOS in exercised Slc7al1%"¥s* muscle compared to exercised
WT muscle (Figure 2.4C). To test if this trend for decreased complex I function was attributable to
intrinsic dysfunction or decreased NADH availability, we next quantified the maximal catalytic
oxidation of NADH by complex I in isolated skeletal muscle mitochondria. Similar to our observations
in permeabilized muscle fibres, complex I-specific activity was similar between groups in non-exercised
mice, but increased after exercise training in mitochondria isolated from WT but not Slc7al1*"*** muscle
(Figure 2.4D). Protein levels of key electron transport chain subunits were comparable between non-

1 sut/sut

exercised and exercised WT and Slc7al mice (Supplementary Figure 2.4C), suggesting that
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differences were not due to complex-specific defects. However, the tendency of lower respiratory
capacity in Slc7all®*Vs't muscle after exercise may be attributable to an unanticipated decrease in
mitochondrial density, as citrate synthase (CS) activity, a marker of mitochondrial content was lower in

exercised Slc7al1%Vs" TA muscle compared to non-exercised Slc7al1%"s* mice (Figure 2.4E).

Given the absence of training-induced increases in OXPHOS in Slc7al1%*¥*"t mice, we quantified LDH
activity as a proxy measure of muscle glycolytic capacity. LDH activity was higher in WT muscle than
Slc7al 13" muscle in non-exercised mice. However, the exercise intervention induced a pronounced
increase in LDH activity in Slc7al1%"V" muscle (Figure 2.4F). Interestingly, levels of GSH and GSSG
in the TA muscle remained similar across all groups, indicating compensatory mechanisms developed

by Slc7al1%¥s* mice (Supplementary Figure 2.4D).
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Figure 2.4. Increased Insulin Sensitivity and Impaired Muscle Mitochondrial Energetics in
Response to Exercise Training in Slc7a115*Ys" mice

(A) Overall design schematic for the 5-week mice exercise training intervention. (B) Insulin sensitivity
test (ITT) showing blood glucose levels in response to insulin at different time points (0, 15 min, 30 min,
60 min, 120 min) in pre-exercised (pre-Ex) and post- exercised (post-Ex) WT and Slc7al1%V** mice, n
=4-6. (C) High-resolution respiratory flux per mg of saponin-permeabilized TA muscle of non-exercised
(Non-Ex) and exercised (Ex) WT and Slc7al 15" mice, n =7-11. (D-E) Enzyme activities in TA of non-
exercised and exercised mice WT and Slc7al1%**"t mice of (D) Complex I, (E) Citrate synthase and (F)
lactate dehydrogenase.

The statistical significance of the differences between groups was determined by two-way ANOVA with
post hoc Tukey HSD test. Results are presented as mean = SEM, *p < 0.05, **p < 0.01, ***p < 0.001,
*H**p <0.0001. n=8-11.
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2.6 Discussion

Cellular redox and metabolic remodeling are essential for maintaining skeletal muscle health and
regeneration during times of physiological stress such as exercise and injury [9,60]. Here, we
demonstrate that xCT plays a crucial role in maintaining the pool of MuSCs by supporting myoblast
proliferation, whereas xCT expression is rapidly downregulated during muscle cell differentiation.
Moreover, our results from Slc7al1%"** muscle and primary myocytes indicate that the absence of xCT
leads to enhanced muscle cell differentiation and tissue regeneration while altering cellular metabolism.
Mpyoblast proliferation requires high levels of GSH to maintain cellular redox homeostasis

MuSC activation and cell cycle progression is mediated by an intrinsic metabolic redox cycle that
requires high levels of GSH to maintain cellular redox homeostasis, participate in thiol-disulfide
exchange reactions during cell proliferation, and regulate numerous redox-controlled transcription
factors [57,61-64]. The initial transition of GO to G1 requires cell-type-specific, redox-dependent
signaling pathways to induce transcription of cell cycle genes, including CDKs. GSH is recruited from
the cytoplasm into the nucleus during the G1 phase to participate in redox reactions and mitigate
oxidative DNA damage during active replication and division [65,66]. High concentrations of H>O» can
permanently induce cell cycle arrest [67], and depleting GSH in cultured cells inhibits the G1/S transition
[68]. Primary melanocytes isolated from Slc7al1%"¥*"“mice have ~20-30% lower rates of cystine import
and decreased intracellular GSH levels than cells isolated from WT controls [53], suggesting that the
senescence we observed in isolated Slc7al1%"*** MuSCs cultured in media without a reducing agent may
be attributable to limited intracellular cysteine availability to support the increased demands for de novo
GSH synthesis [16]. Similarly, the lower Pax7"EdU" number of myoblasts we observed in Slc7al1su/s«

MuSCs supports the idea that xCT is critical in supporting high GSH demands during cell proliferation.
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Perturbed GSH metabolism contributes to lower viability and slower cell cycle re-entry of muscle
MuSCs and is associated with SC dysfunction during aging [15].

GSSG acts as a redox-sensitive switch to promote myotube differentiation

When proliferating myoblasts reach confluence, the cell cycle is repressed and GSH is redistributed
between the nucleus and the cytoplasm [65], which alleviates the high demand for GSH. The rapid
downregulation of xCT during differentiation that we observed in both our computational and time
course analyses of C2C12 myoblasts suggests that cysteine availability to support glutathione
metabolism is dramatically lower during differentiation. Commitment to differentiation is accompanied
by increases in mitochondrial density and complex-I generated ROS [13,69-71]. Elevations in ROS
during myogenesis activate NF-kB to induce SOD2 expression to catalyse the conversion of superoxide
(O27) into H20; [13,72,73], and we observed a trend for elevated SOD2 expression during early
differentiation in Slc7al1%"¥“ myotubes. Subsequently, increasing activity of GPxs reduce H,O to H>O,
resulting in elevated GSSG levels. Both H>O2 and GSSG are key signaling molecules that can reversibly
oxidize protein thiol residues that act as a redox-sensitive “switches” to control cellular processes,
including differentiation [74—77]. Specifically, increases in H2O2 and GSSG can stimulate important
steps in initiating muscle differentiation, including MAPK and NF-kB signaling, as well as activating
protein 1 (AP-1) assembly of heterodimers that are composed of Jun, Fos, ATF and MAF proteins
[78,79]. Our enrichment analysis revealed that Slc7all is negatively correlated with genes involved in
MAPK, PI3K-AKT, and FoxO signalling pathways, which are also involved in triggering myogenesis
through the exit of myoblasts from the cell cycle for terminal differentiation, which altogether supports
opposing roles for xCT in proliferation vs. differentiation.

Upregulation of the NRF2-ATF4 axis mediates myotube stress response
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Evidence supports the notion that redox reactions are particularly important in coordinating muscle
regenerative processes following acute muscle injury. During the early stages of myotoxin-induced
injury, rapid MuSC proliferation is required to provide a sufficient pool of myogenic progenitors. The
decreased number of PAX7+ cells in Slc7al1%"¥s* injured muscle at 7 DPI indicates that the pool of
myogenic progenitors is depleted. This diminishing pool of myogenic progenitors is likely attributable
to impaired cell proliferation as well as a more rapid myogenic commitment, as evidenced by increases
in MyoD/MyoG during early regeneration, and greater TA cross-sectional area in regenerated muscle.
During myogenesis, increases in MAPK, PI3K-AKT, and NF-xB signaling induce NRF2, a critical
regulator of the antioxidant response [80]. Subsequently, NRF2 can bind to antioxidant response element
(ARE) sequences in the promoter region of >250 target genes [80], including those involved in GSH
synthesis and ATF4, a member of the AP-1 complex [81]. While ablation of NRF2 has been shown to
exacerbate exercise-induced oxidative stress and impair muscle regenerative capacity [82], increased
NRF2 activation via sulforaphane has also been shown to impair myogenesis by inhibiting basal ROS
signaling and promoting reductive stress [22]. The NRF2-ATF4 axis is particularly important in response
to various stress conditions, such as amino acid starvation, as ATF4 regulates serine biosynthesis and
activates the pentose phosphate pathway to support GSH and NADPH production [83,84]. In skeletal
muscle endothelial cells, restricting sulfur amino acids increases glycolysis and glucose uptake while
inhibiting OXPHOS in an ATF4-dependent manner [85]. Thus, our observations of higher ATF4
expression in Slc7all*"¥stt myoblasts may reflect a compensatory mechanism to support GSH
production. Moreover, the increased glucose uptake and glycolytic capacity are in line with the
upregulation of the NRF2-ATF4 stress response. Furthermore, primary myotubes from Slc7al1%"¥**'mice
demonstrated higher respiration rates compared to WT, which may be due to increased intracellular

glutamate availability to support TCA cycle metabolism [32].
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Impaired mitochondrial adaptations to exercise training
Exercise training elicits beneficial adaptations in skeletal muscle mitochondrial capacity by enhancing
mitochondrial biogenesis and respiratory function [86—88]. The lack of improvements in mitochondrial

lsut/sut

capacity in Slc7al muscle following exercise training combined with increased LDH activity,
suggest a potential shift towards glycolysis, which is altogether consistent with the conclusion that
Slc7al 13" mice have an impaired ability to respond to prolonged physiological stressors. Mitochondria
and NADPH oxidases generate ROS during aerobic exercise, which are necessary to stimulate
mitochondrial biogenesis and strengthen endogenous antioxidant defense systems. Therefore, it is
plausible that the repeated exercise training sessions generated excessive oxidative stress, rendering
impaired bioenergetic responses typically observed in response to exercise training. Alternatively, post-
translational modifications to complex I subunits, such as protein glutathionylation and acetylation, can
reversibly modify complex I activity, a mechanism proposed to regulate ROS formation [89,90]. Of note,
decreases NAD" availability and increases in NADH can promote cellular senescence in stem cells due
to lower NAD" availability to support NAD"-dependent enzymes (e.g. sirtuins) and is associated with
lower mitochondrial quality and biogenesis [91-93]. Thus, while the observed complex I dysfunction
may not be related to the immediate availability of NADH for oxidation, decreases in NAD" may
contribute to the impaired myoblast proliferation and exercise bioenergetic adaptation phenotype in the
Slc7al13's" mice [6].

The Slc7al1*¥*" mice exhibited overall a mild phenotype, with moderately lower fat mass and enhanced
glucose disposal. Similar to our results, Slc7all knockout mice (xCT~") were found to have increased
glucose disposal despite lower insulin secretion attributed to mild ER stress in beta cells [94]. As insulin

can also promote myogenesis, the enhanced insulin response observed in Slc7al1%¥*** mice may be an

important factor in the greater myogenesis observed in these mice. Studies in aged mice have revealed
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that Slc7all*"** mice have increased lifespans and delayed priming of the innate immune system,
despite high plasma cystine concentrations and an increased cystine/cysteine ratio [95]. However,
deficiency in XCT has no apparent effect on age-related loss of muscle mass and strength [95]. The
overall mild phenotype observed in Slc7al1%V** mice suggests that de novo cysteine synthesis via an
alternative metabolic pathway, such as reverse transsulfuration of methionine to cysteine [96], can
compensate for the limited cystine uptake in vivo. However, the capacity of cysteine synthesis via
transsulfuration when extracellular cystine uptake is compromised is dependent upon CBS expression
[97].

In conclusion, our results reveal contrasting roles for xCT in the proliferation and differentiation of
MuSCs. Specifically, we demonstrate that xCT is required to support the high demand for GSH during
MuSC proliferation and self-renewal. However, during myotube differentiation, our findings show that
xCT expression is rapidly downregulated as the cellular environment switches to a more oxidized
phenotype to facilitate myogenic progression, which is dependent upon redox-sensitive signalling.
Moreover, the absence of XCT enhances myogenic differentiation and muscle regeneration. The
enhanced insulin-stimulated glucose uptake in xXCT-mutant mice pre and post-5-week exercise training,
and blunted muscle mitochondrial synthesis and respiration in response to training highlight the
importance of maintaining cellular redox homeostasis for integrated metabolic adaptations in muscle.
Taken together, these results highlight the role of cellular redox homeostasis in myogenic differentiation
and may have significant implications in developing novel interventions to improve redox homeostasis

in muscle dystrophies, chronic metabolic disorders, and age-related muscle loss.
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Supplementary Figure 2.1.

(A) Enrichment analysis results for positively (red) and negatively (blue) correlated genes with Slc7all
throughout C2C12 differentiation in Gene ontology terms for biological processes. (B) Immunoblot
analysis of the key enzymes involved in GSH biosynthesis revealed similar levels of glutamate-cysteine
ligase (GCLc) and GSH synthetase (GSS) in C2CI12 myoblasts, and following D3 and D6 of
differentiation, one-way RM ANOVA with Tukey HSD, n=6. (C) Correlation analysis between
GSH:GSSG ratio and spare respiratory capacity throughout C2C12 differentiation.
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Supplementary Figure 2.2.

(A) Immunoblot of myogenin and myosin in primary myoblasts and myotubes differentiated for 2 and 4
days in normal physiological glucose concentrations (5.5 mM), n = 5-6. (B) Immunoblot of SOD1 and
phospho-NF-kB/total NF-kB in primary myoblasts and myotubes differentiated for 2 and 4 days in
normal physiological glucose concentrations (5.5 mM), n = 5-6. (C) Total reduced GSH, total oxidized
GSH (GSSG), GSH: GSSG ratio, and total glutathione in primary myotubes differentiated for 4 days in
high glucose concentrations (25 mM), n = 5-6. (D) Continuous oxygen consumption rates (OCRs) were
measured using a RESIPHER real-time cell analyzer throughout myotube differentiation in cells cultured
in high glucose media (day 1 to day 7), n=4. (E) OCR measured using a Seahorse analyzer in myotubes
differentiated for 4 days in high glucose conditions (25 mM), n = 4. (F) Correlation analysis between
GSH:GSSG ratio and spare respiratory capacity in myotubes differentiated for 4 days in high glucose
media. (G) Extracellular acidification rates (ECAR) in myotubes differentiated for 4 days in normal
physiological glucose concentrations (5.5 mM), n = 4. (H) Extracellular acidification rates (ECAR) in
myotubes differentiated for 4 days in high glucose concentrations (25 mM), n = 4. (I) Glucose uptake
rate measured as the rate of increase in (2-(N-(7-Nitrobenz-2-oxa-1,3-diazol-4-yl) amino)-2-
Deoxyglucose (2-NBDG) fluorescence intensity in myotubes differentiated for 4 days in high glucose
concentrations (25 mM), n = 3. Results are presented as mean = SEM, *p < 0.05, **p < 0.01, ***p <
0.001, ****p <0.0001.
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Supplementary Figure 2.3.

(A) Hematoxylin and eosin (H&E) staining of muscle sections and average myofiber cross sectional area
in uninjured TA muscles. Scale bar = 50 pm. Two-tailed Student’s t-tests, n = 5-6. (B-C) The proportion
of DAPI colocalized with myogenic markers (Pax7, MyoD, and MyoG) in Tibialis anterior (TA) muscle
sections (B) at day 4 and (C) at day 7 post-cardiotoxin-induced injury. Two-tailed Student’s t-tests, n =7-
8. DPI=days post injury.
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Supplementary Figure 2.4.

(A) An oral glucose tolerance test (GTT) demonstrated that blood glucose levels were similar between
pre- and post-exercised WT and Slc7al lsut/sut mice, n = 4-6. (B) Weight of the TA, gastrocnemius, and
soleus muscle normalized to mice body weight (BW), collected from non-exercised (Non-Ex) and
exercised (Ex) WT and Slc7allsut/sut mice, n = 10-12. (C) Immunoblot of different mitochondrial
complexes in the TA muscle of non-exercised (Non-Ex) and exercised (Ex) WT and Slc7allsut/sut mice,
n = 6-8. (D) Total reduced GSH, total oxidized GSH (GSSG), GSH: GSSG ratio, and total glutathione
in the TA muscle of non-exercised (Non-Ex) and exercised (Ex) WT and Slc7allsut/sut mice, n = 8-11.
Results are presented as mean = SEM, *p < 0.05, **p < 0.01.

138



CHAPTER 3:

Impaired xCT-mediated cystine uptake drives serine and proline metabolic reprogramming and
mitochondrial fission in skeletal muscle cells

Michel N. Kanaan*!2 Charbel Y. Karam*! Luke S. Kennedy'?, Chantal A. Pileggi'?, Miroslava
Cuperlovic-Culf!*?, and Mary-Ellen Harper!-?

! Department of Biochemistry, Microbiology and Immunology, Faculty of Medicine, University of
Ottawa, 451 Smyth Road, Ottawa, ON, Canada, K1H 8M5

2 Ottawa Institute of Systems Biology, University of Ottawa, ON, Canada, K1H 8M5

3 National Research Council of Canada, Digital Technologies Research Centre, 1200 Montreal Road,
Ottawa, ON, Canada, K1A OR6

*Co-first authors

Conflicts of interest: None

Correspondence: Dr. ME Harper

Phone: 613-562-5800 ext. 8458

Email: mharper@uottawa.ca

Running title: xCT-mediated metabolic reprogramming and mitochondrial fission in skeletal muscle

cells

139


mailto:mharper@uottawa.ca

3.1 STATEMENT OF MANUSCRIPT STATUS AND
CONTRIBUTIONS

3.1.1 Statement of Manuscript Status
The manuscript “Impaired xCT-mediated cystine uptake drives serine and proline metabolic
reprogramming and mitochondrial fission in skeletal muscle cells” has been submitted for publication in

the journal Redox Biology on March 10, 2025.

3.1.2Acknowledgements

This research is funded through a grant from the Natural Sciences and Engineering Research Council
(NSERC) of Canada (RGPIN-2020-04468). The authors would like to thank Dr. Sandra Hewett
(Syracuse University) who provided C3H/HeSnJ wild-type (WT) mice along with background-matched
Slc7al 13 (xCT~") mice. The authors gratefully acknowledge the University of Ottawa Metabolomics
Core facility, the Louise Pelletier Histology Core facility (RRID: SCR_021737), the Cell Biology and
Image Acquisition Core (RRID: SCR 021845), and the University of Ottawa Animal Care and
Veterinary Service. MK is a recipient of the Scholarship in Translational Research (STaR) award from
the Eric Poulin Centre for Neuromuscular Disease (CNMD). CK is the recipient of a Canada Graduate

Scholarship — Master’s (CGS-M) from the Canadian Institute of Health Research (CIHR).

3.1.3 Author Contributions
Conceptualization: MK, CYK, MEH

Data curation: MK, CYK, LK, CAP, MCC, MEH
Formal analysis: MK, CYK, LK, CAP, MCC
Funding acquisition: MEH

Investigation: MK, CYK, LK

Methodology: MK, CYK, LK, CAP, MCC, MEH

140



Supervision: MCC, MEH
Roles/Writing - original draft: MK, CYK, LK, CAP, MEH

Writing - review & editing: MK, CYK, LK, CAP, MCC, MEH

3.1.4 Funding

This work was supported by a grant from the Natural Sciences and Engineering Research Council

(NSERC) of Canada (RGPIN-2020-04468 to MEH).

3.1.5 Conflict of Interests

The authors declare that they have no conflicts of interest with the contents of this article.

141



3.2 Abstract

Muscle satellite cell (MuSC) proliferation is tightly regulated by redox homeostasis and nutrient
availability, which are often disrupted in muscular pathologies. Beyond its role in maintaining cellular
redox homeostasis, this study identified a key metabolic role for cystine/glutamate antiporter xCT in
proliferating MuSCs. We investigated the impact of impaired xCT-mediated cystine import in
Slc7al1%%sut MuSCs isolated from mice that harbor a mutation in the SLC7411 gene, which encodes
xCT. We used complementary approaches to study how disrupted cystine import affects glutathione
(GSH) redox, cellular bioenergetics, mitochondrial dynamics, and metabolism. Oxygen consumption
rates of Slc7al1"s* MuSCs were lower, indicative of compromised mitochondrial oxidative capacity.
This was accompanied by a fragmented mitochondrial network associated with redox-sensitive DRP1
oligomerization, but no changes in the protein levels of key mitochondrial dynamics regulatory factors.
Metabolomic profiling revealed a distinct metabolic signature in Slc7al1"¥** MuSCs, manifested by
major differences in BCAAs, pyrimidines, cysteine, methionine, and GSH. Despite lower overall
bioenergetic flux, stable-isotope tracing analyses (SITA) showed that xCT deficiency increased glucose
uptake, channeling glucose-derived carbons into de novo serine biosynthesis to fuel cysteine production
via the transsulfuration pathway, partially compensating for disrupted GSH redox. Furthermore, xCT
deficiency triggered upregulated pyrroline-5-carboxylate synthase (PSCS)-mediated proline reductive
biosynthesis. By directing glutamate into proline synthesis, MuSCs apparently downregulate oxidative
phosphorylation (OXPHOS) and regulate intracellular glutamate levels in response to impaired
cystine/glutamate antiporter function. Our findings highlight the roles of XCT in regulating redox balance
and metabolic reprogramming in proliferating MuSCs, providing insights that may inform therapeutic

strategies for muscular and redox-related pathologies.
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3.3 Introduction

Cysteine, a thiol-containing amino acid, is imported into cells via alanine-serine-cysteine transporters
(ASCTs) and excitatory amino acid transporters (EAATs) [1]. In the extracellular space, cysteine
predominantly exists in its oxidized form, cystine, which is imported into cells exclusively via system
Xc— (xCT), in exchange for intracellular glutamate. xCT is a plasma membrane cystine/glutamate
antiporter and comprises a heavy chain (4F2hc/SLC3A2), essential for membrane insertion, and a light
chain (xCT/SLC7A11), which determines substrate specificity and transport activity [2—4]. As cysteine
is the rate-controlling precursor for the biosynthesis of glutathione (GSH), xCT-mediated cellular uptake
of cystine has well-established roles in lowering the levels of reactive oxygen species (ROS),
maintaining intracellular redox homeostasis, and increasing cellular resistance to apoptosis [5,6].
Skeletal muscle possesses remarkable regenerative capacity due to a designated population of adult stem
cells known as muscle satellite cells (MuSCs) [7,8]. In response to injury or exercise, quiescent MuSCs
are activated and enter a proliferative phase to generate a pool of myoblasts dedicated to repairing muscle
tissue while others commit to self-renewal ensuring the maintenance of the quiescent MuSC pool [9].
Failure to maintain the quiescent MuSC pool is linked to aging, muscular dystrophies, and metabolic
diseases [10,11]. The initiation of MuSC proliferation requires substantial metabolic reprogramming
involving a shift from mitochondrial oxidative phosphorylation (OXPHOS) to glycolysis usually
ascribed to the high demands for rapid ATP production [12,13]. This metabolic shift during MuSCs
proliferation also involves increased amino acid uptake to support biosynthetic requirements for rapid
cell growth [14,15]. Mammalian cells have high rates of cyst(e)ine uptake and glutamate excretion
during proliferation, implicating an important role for XCT in the control of these processes [14].

We previously demonstrated in Slc7al 1" mice that the absence of xCT was associated with greater

MuSC activation in vivo following cardiotoxin muscle damage and greater commitment to muscle
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differentiation [16]. An important question emerging from this work was, how does impaired cystine
import and glutamate efflux impact metabolic pathways, redox and mitochondrial dynamics in MuSCs?
Here, we leveraged metabolomic profiling, stable isotope tracer analysis (SITA), metabolite transport
and oxidation analyses, cell imaging and bioinformatic approaches in muscle cells in vitro. Findings
show that xCT deficiency or its chemical inhibition in muscle cells promotes metabolic reprogramming,
shifting glycolytic intermediates toward serine, cysteine, and proline biosynthesis in an attempt to
compensate for disrupted cysteine and GSH metabolism and to restore GSH redox at the expense of
oxidative metabolism. These metabolic perturbations are accompanied by impaired mitochondrial
oxidative capacity, DRP1-mediated mitochondrial fragmentation, and elevated oxidative stress related

to insufficient cyst(e)ine availability for GSH biosynthesis.
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3.4 Experimental Procedures

3.4.1. Animals

All mouse experiments were conducted according to the principles and guidelines set by the Canadian
Council on Animal Care and were approved by the Animal Care Committee at the University of Ottawa.
Experiments were conducted using primary muscle cells isolated from male and female C3H/HeSnJ
wild-type (WT) mice and background-matched Slc7al1%"/s't (xCT”") mice. No sex dimorphism was
observed in any outcome measured. Mice were housed under standard conditions, maintaining a
controlled temperature of 22-23°C, humidity levels of 30-60%, and a 12 h light/dark cycle (lights on
from 07:00 to 19:00). Mice were given free access to water and fed a standard diet containing 18%

protein and 6% fat (2018 Teklad Global Diet).

3.4.2. Mouse Primary Muscle Cell isolation and Culture

Skeletal muscles of the hindlimb were rapidly dissected and cleaned from fat and connective tissue.
Muscle tissues were washed with PBS supplemented with 1% antibiotic-antimycotic. Tissues were then
treated with an enzymatic cocktail containing 1 mg/ml Dispase II and 1 mg/ml Collagenase B (Sigma-
Aldrich) and chopped with a sterile razor blade. The homogenate was incubated at 37°C for 30 min and
vortexed every 5 min during the incubation. The homogenate was then centrifuged at 500 g for 5 min
and pellets were resuspended and transferred into Matrigel-coated containing DMEM (25 mM glucose)
supplemented with 20% fetal bovine serum, 10% horse serum, 2.5 ng/ml B-FGF (Sigma-Aldrich), 1x
non-essential amino acids (11140050, Gibco), and 1% antibiotic-antimycotic. Fibroblast populations
were eliminated by the differential adhesion method, and primary muscle cell enrichment was achieved
[17]. Primary MuSCs were cultured for 48 h. During the initial 24 h period, the cell culture medium was

supplemented with 50 pM of 2-mercaptoethanol (2ME), which was essential for early Slc7al]su/s«
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MuSCs survival as previously reported [16]. 2ME was removed for the remaining 24 h, except for the

Slc7al1%"s''+ 2ME condition, which was retained as a rescue treatment.

3.4.3. Immunostaining of Primary Muscle Cells

To conduct mitochondrial morphological analyses, cells were cultured in 8-well glass slide plates
(Millipore) coated with Matrigel (Corning). Cells from different conditions were rapidly washed with
warm PBS and then fixed with 4% PFA (Sigma-Aldrich) for 15 min. After fixation, cells were washed
twice with PBS and incubated for 2 h at room temperature (RT) in PBS containing 1% BSA, 0.2% Triton-
X (Sigma-Aldrich), and anti-TOMM?20 (1:500, 11802, Protein Tech). Cells were washed twice with PBS
and incubated for 1 h at RT in PBS containing 1% BSA and a secondary antibody (Alexa Fluor 488 goat
anti-rabbit [gG (H+L), 1:500, A-11008, Thermo Fisher Scientific). After 2 washes, cells were incubated
for 5 min at RT with 4,6-diamidino-2-phenylindole (DAPI, 1:1000, Sigma-Aldrich). The polypropylene
wells were lifted off the slide before mounting the cells in ProLong Gold antifade reagent (Invitrogen).
Cells were imaged using a confocal microscope Zeiss LSM880 equipped with AiryScan FAST
technology 63X/1.4 oil objective. Mitochondrial morphological analyses were performed using
Mitochondria Analyzer, a three-dimensional mitochondrial analysis pipeline in ImagelJ/Fiji, as

previously described [18].

3.4.5. Cystine and Glucose Uptake in Primary Muscle Cells

Primary MuSCs were plated at 10,000 cells per well in Matrigel-coated 96-well white/clear bottom
plates. Cystine uptake was measured using a cystine uptake assay kit (UP05, Dojindo), while glucose
uptake was measured using a cell-based assay kit (600470, Cayman) following manufacturers’
instructions. Briefly, for cystine uptake, cells were deprived of cystine for 30 min, then incubated with
the cystine analog, selenocystine at 37°C for 30 min. Cells were then incubated with fluorescein O, O’-

diacrylate, and (tris(2-carboxyethyl) phosphine for 30 min. For glucose uptake, cells were deprived of
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serum for 3 h before the assay. During the last hour, cells were starved of glucose for 30 min, then
incubated with 200 pg/ml of 2-(N-(7-nitrobenz-2-oxa-1,3-diazol-4-yl) amino)-2-deoxyglucose (2-
NBDG) for 30 min. Cystine and glucose uptake rates were determined by measuring fluorescence
intensity at 490/535 nm and 485/535 nm, respectively, using a BioTek Synergy H1 Multi-Mode Plate

Reader (BioTek Instruments).

3.4.6. GSH and GSSG Measurements

Primary MuSCs for each indicated condition were grown in 100 mm Petri dishes, harvested with trypsin,
and then washed with ice-cold PBS. A 1:1 homogenization buffer [125 mM sucrose, 1.5 mM EDTA, 5
mM Tris, 0.5% trifluoroacetic acid (TFA), and 0.5% meta-phosphoric acid (MPA) in 50% mobile phase
(10% HPLC grade methanol, 0.09% TFA — 0.2um filtered)] was used to homogenize the cells for 20 min
on ice. Cell lysates were centrifuged at 14,000 g for 20 min at 4°C, and supernatants were used for
measurements. To quantify GSH and GSSG levels, an HPLC 1100 Series system (Agilent) equipped
with a Pursuit C18 column (150x4.6 mm, 5 pm; Agilent) was employed with a 1 ml/min flow rate using
a UV-visible wavelength detector at 215 nm (Agilent), as previously described [19]. Data were analyzed
using the OpenLab CDS 2.8 software and values were normalized to cellular protein levels using a

bicinchoninic acid (BCA) assay (Pierce BCA Protein Assay, 23225, Thermo Fisher Scientific).

3.4.7. Cellular Bioenergetics

A Seahorse XFe96 Analyzer (Agilent) was used to assess oxygen consumption rates (OCR) and
extracellular acidification rates (ECAR) in primary MuSCs plated at 10,000 cells/well. Mitochondrial
stress tests assessed cellular resting respiration before and following four consecutive injections:
oligomycin (2 pg/mL), FCCP (2.4 uM), combined antimycin A (5.5 uM) / rotenone (7.7 puM), and
monensin (20 pM). This allowed determinations of resting, leak-dependent, and maximal rates of oxygen

consumption. These rates were corrected for non-mitochondrial OCR, measured as antimycin
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A/rotenone-independent respiration. ATP-linked OCR was calculated as the difference between resting
and leak respiration, and reserve capacity was determined by subtracting resting OCR from maximal
OCR. The injection of monensin at the end of the injection cycle allowed the measurement of maximal
ECAR, which is a proxy measure of the glycolytic capacity of cells [20]. Beyond resting levels of
glycolytic rates, glycolytic reserve was determined by subtracting resting rates from the maximal rates
in the presence of monensin.

For the glycolysis stress test, cells were washed and incubated in a glucose-free medium. After measuring
resting ECAR, cells were treated with consecutive injections of glucose (10 nM), oligomycin (2 pg/mL),
and 2-deoxyglucose (2DG, 50 mM). Following glucose and oligomycin injections, glycolysis and
glycolytic capacity were determined, respectively. The glycolytic reserve was measured as the difference

between glycolysis and glycolytic capacity.

3.4.8. Citrate Synthase Activity

Maximal citrate synthase activity as a measure of mitochondrial content was determined in protein
samples in the presence of DTNB as previously described [16]. The change in the rate of absorbance at
412 nm and pathlength was measured using a BioTek Synergy Mx Microplate Reader (BioTek
Instruments). The extinction coefficient of 13.6 mM 'ecm ! was used. Values are expressed per pg

cellular protein.

3.4.9. Cellular Protein Levels

To measure cellular protein content, RIPA buffer (Millipore) supplemented with a protease inhibitor
cocktail (P8340, Sigma-Aldrich) and phosphatase inhibitor cocktail (78420, Thermo Fisher Scientific)
was used during cell homogenization. A BCA assay was used to measure protein concentrations, as per

the manufacturer’s protocol. Protein samples were kept at —80°C for later use.
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3.4.10. Western Blot Analyses

Protein samples were prepared in 1 x Laemmli buffer containing 100 mM DTT. Samples were separated
on SDS-PAGE and then transferred onto PVDF (Bio-Rad) or nitrocellulose membranes. For
glutathionylation, MFN1/2 oligomerization, and DRP1 oligomerization immunoblots, samples were
prepared in 1 x Laemmli without DTT. Membranes were blocked with 5% BSA in Tris-buftered saline
containing 0.1% Tween-20 (TBST) for 1 h at RT. Primary antibody incubations were overnight at 4°C.
The following antibodies were purchased from Abcam: xCT (1:2000, ab175186), GPX1 (1:2000,
ab22604), GPX4 (1:2000, ab16800), Grx2 (1:1000, ab191292), NRF2 (1:1000, ab31163), Total
OXPHOS (1:1000, ab110413), and MFN1/2 (1:5000, ab57602). Antibodies from Santa Cruz were: GCL-
c (1:1000, sc-390811), and GSS (1:1000, sc-365863). Antibodies from Protein Tech were: GCL-m
(1:1000, 14241-1), OPA1 (1:2000, 27733-1), BCAT2 (1:2000, 16417-1), PHGDH (1:2000, 14719-1),
PSAT1 (1:5000, 10501-1), PSPH (1:2000, 14513-1), CBS (1:2000, 14787-1), CTH (1:2000, 12217-1),
GS (1:2000, 11037-2), GLS1 (1:2000, 12855-1), GLS2 (1:2000, 20171-1), GLUD1 (1:5000, 14299-1),
P5CS (1:2000, 17719-1), PYCR1 (1:1000, 13108-1), PYCR2 (1:1000, 55060-1), ALDH4A1 (P5SCDH)
(1:1000, 11604-1), and PRODH (1:2000, 22980-1).

Additional antibodies included: Glutathione (1:1000, 101-A, Virogen), DRP1 (1:2000, 611113, BD
Biosciences), and ATF4 (1:1000, 11815-S, Cell Signalling). Primary antibodies used against loading
controls were: GAPDH (1:10000, 60004-1-Ig, Proteintech), and Vinculin (1:5000, ab129002, Abcam).
A ChemiDoc™ MP Imaging System (Bio-Rad) was used to visualize protein bands and ImageJ software
was employed to conduct protein band densitometry. The abundance of all target proteins is presented

as normalized to the indicated loading control.
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3.4.11. Mitochondrial H,O; Emission

Mitochondrial H>O> release was measured in cells using the fluorescent probe Amplex Red (ex/em:
563/587) using a Hitachi F2500 spectrophotometer as previously described [21]. Briefly, 1.5 million
cells were incubated in 600 pL of buffer Z (in mM: 110 K-MES, 35 KCI, 1 EGTA, 5 KoHPOs, 3
MgCl>.6H>0, and 0.5 mg/mL BSA, pH 7.3 at 4°C) in a 1 cm quartz cuvette with magnetic stirring at
37°C supplemented with 1.2 U/mL horseradish peroxidase, and 20 uM Amplex Red. Cells were
permeabilized with 2 pg/uL digitonin. After baseline readings, the following were added sequentially:
2.5-5 mM malate-glutamate, 5 mM succinate, 10 mM ADP, and 8 pM antimycin-A. Values are reported

as arbitrary fluorescence units.

3.4.12. Metabolomic Stable Isotope Tracer Analysis (SITA) and LC-MS

Stable isotope tracing was performed as previously described [22]. Briefly, cells were seeded in 60 mm
dishes to achieve ~75% confluency for 24 h. DMEM was then replaced with equivalent media without
2ME, FBS, and HS, supplemented with 20% dialyzed FBS for 24 h. Then, an equivalent labelled medium
with 25 mM [U-'*C]-glucose (CLM-1396-1, Cambridge Isotope Laboratories Inc) was added for the
indicated time points. Cells were washed three times with ice-cold 150 mM ammonium formate solution,
quenched in 230 pL ice-cold LC/MS grade 1:1 methanol:water solution, and vortexed for 10 s, before
adding 220 pL acetonitrile. The collected cells were then homogenized using a bead mill homogenizer
at 4°C for two rounds of 60 s at 30 Hz (Fisherbrand Bead Mill 24 Homogenizer). Homogenates were
incubated with a 2:1 dichloromethane:water solution on ice for 10 min then centrifuged at 1,500 g for
10 min at 1°C. Water-soluble metabolites were collected from the upper phase, dried using a refrigerated
CentriVap Vacuum Concentrator at —4°C (LabConco Corporation), and stored at -80°C before LC-MS
analyses. Control samples that were not incubated with [U-'*C]-glucose were included in all tracer

experiments.
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Samples were randomized and re-suspended with 75% acetonitrile, cleared by centrifugation, and run in
negative ESI on a 6545B Q-TOF mass spectrometer (Agilent) equipped with a 1290 Infinity II ultra-
high-performance LC (Agilent) using hydrophilic interaction chromatography (HILIC-Z). Continuous
internal mass calibration was executed using signals from purine [12,000 full width at half maximum
(FWHM) resolution] and hexakis (1H, 1H, 3H-tetrafluoropropoxy) phosphazine (24,000 FWHM
resolution). HILIC separation was obtained using the Poroshell 120 HILIC-Z column (2.1; 100 mm, 2.7
mm; Agilent) and the corresponding guard column. The chromatographic conditions and mass
spectrometry acquisition parameters are described elsewhere [23]. The binary solvent system consisted
of 10 mM ammonium acetate (pH 9) in water (solvent A) and 100 mM ammonium acetate in 85%
acetonitrile (solvent B), both having 0.1% medronic acid. The gradient for separation started at 96% B
for 1.5 min, then decreased from 96% to 65% B for 6.5 min followed by a 2 min hold at 65% B, and 7
min of re-equilibration to 96% B. This took the total run time to 17 min at a 0.25 mL/min flow rate. The
injection volume was 10 pL, and the column temperature was maintained at 35°C.

Mass spectrometry detection was performed in negative ESI full scan mode with a mass range of 50 to
1000 m/z. The mass spectrometer source conditions consisted of a capillary voltage of 3000 V. Drying
and sheath gas temperatures were set to 200 and 300°C and flow rates to 10 and 12 L/min, respectively.
Nebulizer pressure was set to 40 psi and the fragmentor voltage was 175 V. Data were acquired in
centroid mode at the rate of 3 spectra per second in the extended dynamic range mode (2 GHz). A target
list of metabolites was created using “MassHunter Pathways to PCDL” software (Agilent). Metabolite

retention times were provided from an in-house database.

3.4.13. Metabolomic Profiling

Samples were collected and run using LC-MS as mentioned in the SITA protocol but without tracer. All

values were normalized to the protein content of parallel plates. Data were analyzed using Python
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(Python Software Foundation. Python Language Reference, version 3.8.18. Available at
www.python.org) and R (version 4.2.2.) [24]. All figures were produced using the matplotlib [25] and
ggplot2 [26] libraries. Unless stated otherwise, statistical tests were performed through their respective
Scipy method [27]. All data and code for these analyses are available in our GitHub repository:

https://github.com/lkenn012/xCT_metabolomics

3.4.14. Analysis of Metabolomic Profiling Data

Hierarchical clustering and several statistical methods were applied after pre-processing the data from
sample groups. Three different feature selection methods were employed for differential metabolite
determination including Welch’s t-test; orthogonal partial least squares discriminant analysis (OPLS-
DA); and significance analysis of microarrays (SAM). Missing values were imputed according to a limit
of detection imputation defined as s of the minimum value per metabolite feature. Following this,
abundance values were logo-transformed and z-score normalized. Z-score normalized values were used
for all statistical analyses except for significance testing by Welch’s t-test, where the raw values
including missing values were used.

For OPLS-DA, the “ropls” R package (version 1.30.0) [28] was used with 7-fold cross-validation for
computing predictive performance (Q?) and 20 permutation tests for computing significance. Important
metabolites for sample group separation were determined based on the peak predictive performance of
OPLS-DA models using increasingly stringent VIP score thresholds (using the formulation defined as
Vip4prea by Galindo-Prieto, Eriksson, and Trygg [29]) of metabolite features, as suggested by Anderson
and Bro [30]. For SAM tests, significantly different metabolites between WT and Slc7al1/*“ samples
were carried out using the “samr” R package (version 3.0) with 100 permutation tests (nperms=100)

[31].
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Enrichment plots for metabolite clusters were generated using the Metaboanalyst web server [32] via
over-representation analysis, using all identified metabolites in the dataset as background (excluding
non-specific metabolites such as total hexoses). Agglomerative hierarchical clustering linkages were
determined according to the Ward algorithm applied to Euclidean distances (maximum cluster distance
of 4) for Slc7al1**/** and WT unlabelled metabolomics data. Robinson-Fould metrics were computed
using the ETE3 Python library [33] (ete3 version 3.1.3); these metrics estimate the conservation between

two clustering dendrograms based on the proportion of shared linkages between metabolites.

3.4.15. Statistics

Unless otherwise mentioned, all data are shown as a mean + standard error of the mean (SEM). Statistical
analyses were conducted using Prism (GraphPad, La Jolla, CA). A two-tailed Student’s t-test was used
to determine statistical significance between WT vs. Slc7allsut/sut. The statistical significance of
primary MuSCs experiments with 3 different conditions (WT, Slc7allsut/sut, and Slc7allsut/sut +
2ME) was determined using one-way ANOVA with Tukey post hoc tests. P-values < 0.05 were

considered statistically significant.
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3.5 Results

3.5.1. xCT Controls GSH Levels and Redox in Proliferating Muscle Cells

Our first objective was to determine how xCT-mediated cystine import influences cellular GSH
metabolism in proliferating MuSCs. To this end, we utilized primary muscle cells isolated from
Slc7al1%""t mice and WT controls. Slc7al1%"s* mice have a recessive mutation in the Slc7all gene,
resulting in the truncation of the xCT protein at the C terminus [34,35]. Slc7all*"s*t MuSCs were
cultured in media supplemented with B-mercaptoethanol (2ME) to support cell viability during
proliferation [16]. 2ME was removed 24 hours before experimental analyses to allow analyses of the
impact of xCT deficiency on metabolism, given that 2ME reduces extracellular cystine to cysteine, which
can be transported into cells via Na (+)-dependent amino acid transporters, thereby masking the impact
of XCT on cellular functions. We first measured cystine uptake levels to validate our cell model and
approach. As expected, cystine uptake was lower (52%) in Slc7all*¥*"* MuSCs than in WT (Figure
3.1A). A similar decrease of cystine uptake was observed in WT MuSCs treated with the xCT inhibitor,
erastin (10uM) (Figure 3.1A). In line with impaired cystine uptake, HPLC analyses revealed lower
intracellular levels of GSH, GSH:GSSG, and total GSH, but higher GSSG in Slc7al 1% MuSCs
compared to WT MuSCs (Figure 3.1B). However, treating Slc7al1%*t MuSCs with 2ME effectively
increased GSH, GSH:GSSG, and total GSH to levels higher than those in WT MuSCs (Figure 3.1B).
Furthermore, immunoblotting analysis revealed that Slc7a11"¥*"t MuSCs have a trend for decreased
protein glutathionylation levels compared to WT (Figure 3.1C). These findings indicate that the xCT
mutation impairs cystine influx and intracellular glutathione redox.

To evaluate the impact of XCT deficiency on mechanisms of GSH biosynthesis we measured the protein
levels of key enzymes involved in this process. Immunoblotting analyses demonstrated similar levels of

glutamate-cysteine ligase catalytic subunit (GCL-c) in both groups, but lower levels of the regulatory
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glutamate-cysteine ligase modifier subunit (GCL-m) in Slc7al1°*¥*“ MuSCs compared to WT (Figure
3.1D) [36]. Interestingly, protein levels of GSH synthetase (GSS), which catalyzes the last step of GSH
biosynthesis by adding glycine, were higher in Slc7al1"¥*** MuSCs (Figure 3.1D), in a failed attempt to
compensate for decreased cyst(e)ine availability for GSH biosynthesis. These findings are consistent
with the idea that the decrease in intracellular GSH in Slc7al1%*¥s"* MuSCs results from impaired GSH
synthesis due to lower GCL-m protein levels and limited cysteine availability.

To assess if the perturbed cellular GSH redox influenced the susceptibility of Slc7al1*¥*"t MuSCs to
oxidative stress, we quantified H.O. production. H2O: production was higher in Slc7al1*s“t MuSCs
than in WT across different mitochondrial respiratory states (Figure 3.1E). Despite increased H20-
production, there were similar protein levels of GSH peroxidase 1 (GPX1), GSH peroxidase 4 (GPX4),
and NRF2 between WT and Slc7al1%*"* MuSCs (Figure 3.1F and G, Supplementary Figure 3.1A).
These findings suggest that the increase in H20- levels was not attributable to lower protein levels of

GSH-dependent antioxidant enzymes; instead, it may result from limited GSH availability.
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Figure 3.1. xCT Controls GSH Levels and Redox in Proliferating Muscle Cells

(A) Rate of cystine uptake measured using the fluorescent probe fluorescein O, O’-diacrylate in WT,
Slc7al1%'¥s% and WT + erastin MuSCs. (B) Reduced glutathione (GSH), oxidized glutathione (GSSG),
GSH:GSSG ratio, and total glutathione (GSH + (2 x GSSG)) measured by HPLC in WT, Slc7al1ssut,
and Slc7all**s't + 2ME. (C-D) Immunoblots of WT and Slc7all1®V®* MuSCs against (C) post-
translational glutathionylation, and (D) GSH synthesis enzymes, glutamate-cysteine ligase (GCL)
catalytic (GCL-c) and modifier (GCL-m) subunits, and GSH synthetase (GSS). (E) Mitochondrial H>O»
emissions in digitonin permeabilized WT and Slc7al1%"¥s* MuSCs. (F-G) Immunoblots of WT and
Slc7al 13" MuSCs against (F) GPX1, and (G) GPX4. Comparisons between groups were determined
using a one-way ANOVA with post hoc Tukey HSD test, n = 5-6 (A-B); two-tailed Student’s t-test, n =
5-6 (C-G). Results are presented as mean = SEM, *p < 0.05, **p <0.01, ***p <0.001, ****p <0.0001.
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3.5.2. Impaired cellular bioenergetics accompanied by fragmented mitochondrial
structure in Slc7a11°*"s"* MuSCs

Given that cellular GSH redox is known to be important in maintaining mitochondrial energy
homeostasis, we performed Seahorse XF analyses to assess mitochondrial respiration and glycolytic flux
in WT and Slc7al1%Vs* MuSCs [37,38]. Slc7al1%'¥** MuSCs displayed overall lower oxidative capacity
with a 42 % decrease in resting, a 33% decrease in leak, and a 50% decrease in maximal oxygen
consumption rates (OCR) compared to WT MuSCs (Figure 3.2A and B). Quantification of extracellular
acidification rates (ECAR), a proxy measure of glycolysis, revealed that Slc7al1¥s*t MuSCs display a
trend for a decrease in resting and maximal ECAR rates compared to WT MuSCs (Figure 3.2C and D).
When forcing the cells to use glycolysis by inhibiting OXPHOS, the Slc7al1%"¥*"t MuSCs exhibited an
impaired ability to upregulate glycolysis (Supplementary Figure 3.2A and B). However, when using
the Mookerjee method [39] to evaluate absolute ATP levels from glycolysis and OXPHOS under
different metabolic states, it was clear that Slc7al1%"¥*" MuSCs were more dependent on glycolytic than
OXPHOS for ATP production. Specifically, there was a higher proportion of ATP derived from glycolysis
in Slc7al1%"¥*** MuSCs during resting and maximal respiration (Figure 3.2E and F). In line with these
findings, glucose uptake was higher in Slc7al 1" than in WT MuSCs, further confirming the greater
dependence on glycolysis in xCT-deficient cells (Figure 3.2G).

To determine whether the diminished OXPHOS capacity observed in Slc7a11s* MuSCs resulted from
decreased mitochondrial content, we measured citrate synthase activity and the protein levels of key
OXPHOS proteins. Findings showed that citrate synthase activity and protein levels of OXPHOS
complexes I, I, and IV were lower in Slc7all*"** compared to WT MuSCs (Figure 3.2H,
Supplementary Figure 3.2C), indicative of decreased mitochondrial content in Slc7al1%"V*"t compared

to WT MuSCs.
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GSH redox and oxidative stress are critical in regulating mitochondrial dynamics [40]. Specifically, high
GSSG levels promote mitochondrial hyperfusion [40,41], and oxidative stress is associated with
increased fission [42]. Given our observations of elevated GSSG levels and H>O> emissions in
Slc7al 13" MuSCs, we were curious as to whether the XCT deficiency would cause hyperfusion,
increased fission, or no change in the mitochondrial network. Quantitative analysis of TOMM?20-stained
MusSCs revealed that the mitochondrial network was more fragmented in Slc7al11%*/s" MuSCs compared
to WT MuSCs, as indicated by the lower total branch length per mitochondrion and lower number of
branches per mitochondrion (Figure 3.21, J, and K). The fragmented mitochondrial reticulum observed
in Slc7al1%"¥s* MuSCs was not attributed to differences in protein levels of the large GTPase proteins
that maintain mitochondrial fusion and fission, including optic atrophy 1 (OPA1), mitofusins 1 and 2
(MFN1/2). Moreover, dynamin-related protein-1 (DRP1) protein levels were comparable between
Slc7al13'¥s* MuSCs and WT (Supplementary Figure 3.2D). As GSH redox also plays a role in
determining MFN1/2 oligomerization which drives mitochondrial fusion by regulating disulfide
modifications in the mitochondrial membrane [41,43], we then performed immunoblots under non-
reducing conditions to preserve disulfide bonds and found that Slc7al1%¥s" MuSCs had less MFN1/2
oligomers (between 160 and 250 kDa, Supplementary Figure 3.2E) compared to WT MuSCs, but
displayed higher DRP1 oligomerization than WT MuSCs (Supplementary Figure 3.2F). In summary,
xCT deficiency results in a fragmented mitochondrial network in MuSCs associated with lower MFN1/2
oligomers and higher DRP1 oligomerization, which may contribute to impaired mitochondrial oxidative

capacity.
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Figure 3.2. Impaired cellular bioenergetics accompanied by fragmented mitochondrial structure
in Slc7a11s"%s** MuSCs

(A-B) Oxygen consumption rates (OCR) and (C-D) extracellular acidification rates (ECAR) measured
in primary WT and Slc7al1*¥*t MuSCs. The contributions of OXPHOS and glycolysis to ATP
production were calculated following the Mookerjee et al., 2017 method for (E) Basal and (F) Maximal
bioenergetic capacities in WT and Slc7al1%¥" MuSCs. (G) Glucose uptake quantified using 2-NBDG
in WT and Slc7al1%"¥" primary MuSCs. (H) Citrate synthase enzyme activity in WT and Slc7al1su/s«
MuSCs. (I) Immunofluorescence staining of TOMM20 (green) and DAPI (blue), scale bar = 10 pm.
Thresholded TOMM20 signals are shown in white. (J-K) Quantitative morphometric analyses of
TOMM20-staining examining (J) total branch length per mitochondria (um), and (K) number of
branches per mitochondria. Each data point represents a region of interest (ROI) containing 2 to 3
mitochondria. 2 ROI were imaged and analyzed for each sample, n = 4. The statistical significance of
the differences between groups was determined using a two-tailed Student’s t-test, n = 4 (A-F, J-K); n=
6 (G-H). Results are presented as mean + SEM, *p < 0.05, **p <0.01, ***p <0.001, ****p <0.0001.
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3.5.3. Metabolomic Profiling Analysis Reveals Distinct Phenotypes Including
Differences in Branched Chain Amino Acids, Cysteine, Methionine, and Proline in
Slc7al113""s"* MuSCs

To elucidate the specific metabolic pathways impacted by impaired xCT function, we analyzed the global
metabolite profiles in WT and Slc7al1%*/*"* MuSCs under steady-state conditions using ion-pairing (LC-
MS). We applied three different feature selection methods to the 107 detected metabolites to characterize
the metabolic phenotypes (Welch’s t-test p<0.05; OPLS-DA; and SAM), which consistently identified
27 metabolites that differed in abundance between Slc7al1*"*"tand WT MuSCs (Figure 3.3A, B, Table
3.1, and Supplementary Figure 3.3A, B and C). Slc7al1%"¥"* MuSCs had lower levels of GSH, 4,5-
dihydroorotate, uracil, dihydrouracil, and orotic acid, but higher levels of several amino acids compared
to WT MuSCs, including proline, methionine, glycine, glutamine, and branched-chain amino acids
(BCAAs, valine, leucine, and isoleucine) (Figure 3. 3A and Table 3.1). Hierarchical clustering showed
well-distinguished metabolic clusters between Slc7all®¥** and WT MuSCs, with a normalized
Robinson-Foulds (RF) distance of 0.914 (where RF=1 no common clustering in dendrograms, see
Experimental Procedures) [44]. The 27 identified metabolites differing in abundance were dispersed
across several clusters in the WT samples (clusters 1, 2, and 3), but largely showed related behavior and
grouped in a single cluster (cluster 3) in Slc7al11%"¥s®* MuSCs. While clusters 6 and 7 in WT samples are

largely consistent with Slc7allsuvs«

clusters 5 and 6, differences in the clustering of many other
metabolites further indicate an overall metabolic reprogramming (Supplementary Figure 3.3D).
Metabolite set enrichment analyses of the 27 differing metabolites further highlighted major differences

between Slc7al suvsut

and WT MuSCs in the metabolism of BCAAs, pyrimidines, cysteine, methionine,
and GSH (Figure 3.3C). BCAAs are catabolized by branched-chain amino acid transaminases (BCATs),

which exist in two isoforms: the cytosolic and redox-sensitive BCAT 1, and mitochondrial BCAT2, which

is the predominant isoform in skeletal muscle [45,46]. The increased abundance of valine, leucine, and
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isoleucine (Figure 3.3D) could be related to decreased BCAA catabolism, as protein levels of branched-
chain amino acid transaminase 2 (BCAT2), was lower in Slc7alls'¥s* MuSCs (Figure 3.3E). As
anticipated, metabolites involved in endogenous cysteine biosynthesis, such as serine and methionine,
were more abundant in Slc7all**¥*t MuSCs (Figure 3.3F). Importantly, key metabolites related to
proline biosynthesis and urea cycle (glutamine, ornithine, and proline) were also among the most

elevated metabolites in Slc7al1*V*" MuSCs compared to WT (Figure 3.3G).
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Figure 3.3. Metabolomic Profiling Analysis Reveals Distinct Phenotypes Including Differences in
Branched Chain Amino Acids, Cysteine, Methionine, and Proline in Slc7a115""s"t MuSCs

(A) Volcano plot of metabolite profiles. (B) Metabolites differing in abundance between WT and
Slc7al 1'% MuSCs were determined by Welch’s t-test, OPLS-DA, and SAM. (C) KEGG metabolite set
enrichment analysis (top 10, p-value < 0.30) of metabolic pathways altered in Slc7al1%*¥*"t MuSCs. (D)
Abundance of branched-chain amino acid metabolites valine, leucine, and isoleucine (relative to WT)
(E) Immunoblot of branched-chain amino acid transaminase 2 (BCAT2) in WT and Slc7a11%¥** MuSCs.
(F-G) Abundance of serine, methionine, GSH (reduced), glutamine, ornithine, citrulline, and proline
(relative to WT). Comparisons between groups were determined using a two-tailed Student’s t-test, n =
6 (D-G). Results are presented as mean = SEM, *p < 0.05, **p < 0.01.
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t-test

Metabolite WT Slc7al1sw¥sut | Jog2 FC SAM OPLS-DA
p-value

Citrulline 14922 33139 1.05198 0.00020 0.02486 1.60270
Tryptophan 55109 94749 0.72614 0.00102 0.02486 1.71256
Ornithine 13565 25924 0.83596 0.00134 0.02486 1.39675
Phenylalanine 30191 48760 0.52096 0.00139 0.02486 1.72568
Leucine 19273 31582 0.52991 0.00151 0.02486 1.73038
Proline 349393 | 769361 0.88983 0.00173 0.02486 1.66877
Isoleucine 16476 26944 0.52684 0.00210 0.02486 1.65313
Tyrosine 17564 27135 0.54251 0.00263 0.02486 1.64029
Ethyl pyruvate | 53655 85704 0.79305 0.00293 0.02486 1.58940
Glycine 17762 30089 0.74111 0.00390 0.02486 1.61603
4,5- 86398 37895 -1.33959 | 0.00425 0.02486 1.63022
dihydroorotate

Uridine 30710 50472 0.87892 0.00444 0.02486 1.54333
Valine 8513 14383 0.63449 0.00444 0.02486 1.60971
Threonine 144251 | 240015 0.68138 0.00487 0.02486 1.54312
Methionine 158338 | 263288 0.80749 0.00632 0.02486 1.55373
Histidine 41111 71955 0.72868 0.00691 0.02486 1.56655
Histamine 12046 19978 0.77063 0.00919 0.02486 1.56147
Glutamine 330381 | 511514 0.55201 0.00945 0.03072 1.47808
Dihydrouracil 31715 12634 -1.28365 | 0.01022 0.02486 1.68672
Asparagine 48528 68521 0.38894 0.01325 0.03947 1.46708
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Lysine 7731 13708 0.63061 0.01340 0.03397 1.17329
Orotic acid 35192 20464 -0.71437 | 0.01510 0.03408 1.27957
Serine 111068 158695 0.41710 0.02090 0.04093 1.36111
Uracil 65576 37279 -0.80083 | 0.02378 0.03072 1.43802
Malonic acid 14312 20449 0.47252 0.03366 0.04492 1.28729
2-Acetamido-2- | 5053 7244 0.61275 0.04414 0.04255 1.25646
Deoxy-D-

Glucopyranose

Glutathione 169737 | 96518 -0.67949 | 0.04648 0.03743 1.26352
(reduced)

Table 3.1. List of significantly different metabolites between WT and Slc7a115*¥s"t MuSCs.
Rows in grey indicate a higher abundance of metabolite in WT compared to Slc7al1%*¥*** MuSCs.
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3.5.4. xCT Deficiency Upregulates Glucose Uptake and Promotes Cellular de novo
Serine Synthesis

Given the evidence of greater reliance on glycolysis for ATP production in Slc7a11%'¥*** MuSCs, we next
performed stable isotope tracing analysis (SITA) of [U-'3C]-glucose to elucidate alterations in flux
through specific metabolic pathways. After testing various incubation times following standard practices,
a 12-hour incubation with *C-labelled glucose proved optimal for most metabolic pathways of interest
(Supplementary Figure 3.4A) [47]. The integration of '3C into the glycolytic metabolites 3-
phosphoglycerate (3PG) and 2-phosphoglycerate (2PG) was similar between Slc7al1%'¥s"t and WT
MuSCs (Figure 3.4A, B and C). Glucose-derived pyruvate is the major end-product of glycolysis, which
can subsequently be converted to acetyl-CoA by pyruvate dehydrogenase (PDH) to enter the TCA cycle
or can contribute to TCA cycle anaplerosis via pyruvate carboxylase (PC) production of oxaloacetate.
The Slc7al 1S MuSCs displayed elevated amounts of pyruvate m+3 and lactate m+3 compared to WT
(Figures 3.4D and E) indicating that pyruvate accumulates instead of entering the TCA cycle. Indeed,
the calculated citrate m+2 / pyruvate m+3 and citrate m+3 / pyruvate m+3 ratios, proxy measures for
PDH- and PC-dependent labelling respectively [48], were lower in the Slc7al1%¥"* MuSCs (Figures
3.4F and G). Moreover, Slc7al1%"¥"* MuSCs had a lower carbon labelling to TCA cycle metabolites
(Figure 3.4H and Supplementary Figure 3.4B), further supporting the conclusion that there is an
impaired utilization of glucose-derived carbons in the TCA cycle by Slc7al 1"V“ MuSCs.

Glucose also serves as a precursor for de novo serine synthesis by converting glycolysis-derived 3PG to
3-phosphohydroxypyruvate in a reaction catalyzed by phosphoglycerate dehydrogenase (PHGDH) [49].
De novo serine synthesis is upregulated during times of amino acid starvation, as serine is a major donor
to the carbon pool for one-carbon (1C) metabolism, linking the folate and methionine cycles with the
transsulfuration pathway to support amino acid metabolism, redox homeostasis, nucleotide biosynthesis,

and methylation reactions [50]. Serine 1C metabolism also plays a key role in GSH biosynthesis via
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endogenous cysteine and glycine biosynthesis [51] (Figure 3.4I). Thus, we hypothesized that the
Slc7al 1% MuSCs would have an increased reliance on glycolytic metabolism to support de novo
synthesis of serine as a compensatory mechanism to restore GSH redox. Consistent with our hypothesis,
Slc7al 1" MuSCs had higher serine m+3 levels (from glycolysis-derived 3PG) compared to WT [52],
indicating an increased serine biosynthesis from glycolysis (Figure 3.4J). Moreover, protein levels of
key enzymes involved in de novo serine synthesis (PSAT1 and PSPH) were higher in Slc7al1su/s«
MuSCs compared to WT MuSCs (Figure 3.4K). Notably, WT and Slc7al 15*/*** MuSCs had similar m+2
labelling to glycine, suggesting that glucose-derived serine is preferentially shunted towards the
transsulfuration pathway for cysteine biosynthesis (Supplementary Figure 3.4C). Indeed, while
expression of cystathionine B-synthase (CBS), which catalyzes the conversion of serine and
homocysteine to cystathionine, was comparable between genotypes, the protein level of cystathionine y-
lyase (CTH), which converts cystathionine to cysteine, was higher in the Slc7al1*** MuSCs (Figure
3.4L). The levels of GSH m+2 (derived from glycine m+2 or glutamate m+2 incorporation), and GSH
m+4 (derived from the incorporation of both glycine m+2 and glutamate m+2) were lower in
Slc7al 1"t MuSCs (Figure 3.4M). Conversely, the level of GSH m+3 (derived from cysteine m+3
incorporation) was not different between genotypes, suggesting that transsulfuration pathway activity in
Slc7al 1" MuSCs resulted in GSH biosynthesis (Figure 3.4M). Lastly, we measured protein levels of
activating transcription factor 4 (ATF4), a key regulator of serine biosynthesis and cellular response to
amino acid starvation [53]. In line with upregulated serine biosynthesis and transsulfuration pathway

activity, immunoblots showed increased ATF4 in Slc7al1%"¥"* MuSCs (Supplementary Figure 3.4D).
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Figure 3.4. xCT Deficiency Upregulates Glucose Uptake and Promotes Cellular de novo Serine
Synthesis

(A) Stable isotope tracing diagram for [U-'3C]-Glucose through glycolysis and TCA cycle via pyruvate
dehydrogenase (PDH, green) and pyruvate carboxylase (PC, purple). Labelled metabolites are coloured
orange (higher in Slc7a11%*¥s" MuSCs), blue (lower in Slc7al1°***t MuSCs), and black (similar between
Slc7al1%¥s"t and WT MuSCs). (B-E) [U-'>C]-Glucose labelling (12 hrs) of labelled glycolytic
intermediate metabolites 3-phosphoglycerate, labelled 2-phosphoglycerate, pyruvate m+3, and lactate
m+3, in WT and Slc7al1%¥s"* MuSCs. (F-G) Citrate m+2 / pyruvate m+3 and citrate m+3 / pyruvate
m+3 ratios of [U-'C]-glucose labelling (12 hrs) as proxies of PDH and PC, respectively. (H) Relative
proportion of labelled TCA cycle intermediates (citrate, a-ketoglutarate, succinate, fumarate, and malate)
derived from [U-!*C]-glucose precursor. (I) [U-'>C]-glucose labelling through the de novo serine
synthesis pathway, and cysteine biosynthesis via the transsulfuration pathway. Enzymes and labelled
metabolites are coloured orange (higher in Slc7al1"s* MuSCs), blue (lower in Slc7al1%*¥s"t MuSCs),
and black (similar between Slc7a11*"*"tand WT MuSCs). (J) [U-'*C]-glucose labelling (12 hrs) of serine
m+2 (from gluconeogenesis) and serine m+3 (from glycolysis) expressed as percentage of total
respective metabolite levels. (K-L) Immunoblot of (K) de novo serine synthesis (PHGDH, PSAT1, and
PSPH), and (L) de novo cysteine synthesis (CBS and CTH) enzymes. (M) [U-'*C]-glucose labelling (12
hrs) of GSH m+2 (from [U-'3C]-glucose-derived glycine or glutamate), GSH m+3 (from [U-1*C]-
glucose-derived cysteine), and GSH m+4 (from [U-'3C]-glucose derived glycine and glutamate). The
statistical significance of the differences between groups was determined using a two-tailed Student’s t-
test, n = 6. Results are presented as mean + SEM, *p < 0.05, **p <0.01, ***p <0.001, ****p <0.0001.
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3.5.5. Increased Proline Biosynthesis in the Absence of Functional xCT

Proline was among the most significantly increased metabolites in Slc7al1%*** MuSCs compared to WT.
Proline biosynthesis involves the intermediate, pyrroline-5-carboxylate (P5C), which is produced from
glutamate by P5C synthase (P5CS) and subsequently converted to proline by P5C reductase (PYCR)[54]
(Figure 3.5A). While the '*C-labelled glucose labelling to TCA cycle related metabolites, aKG and
glutamate were lower in Slc7al1**¥* MuSCs (Figure 3.5B and C), increased levels of proline were
revealed by the metabolomic profiling and the stable isotope approaches (Figure 3.5SD and Figure
3.3G). These results suggest an increased relative efflux of carbons from the TCA cycle toward proline
biosynthesis via the glutamate-P5C-proline axis in Slc7al1%"¥*" MuSCs. This is further supported by
higher protein levels of P5CS and higher levels of urea cycle intermediates including ornithine and
citrulline (Figure 3.5E and Figure 3.3G). However, the protein levels of enzymes involved in the last
step of proline biosynthesis, pyrroline-5-carboxylate reductases 1 and 2 (PYCR1 and PYCR?2), were
comparable between both genotypes (Figure 3.5E). Levels of proline dehydrogenase (PRODH) and
pyrroline-5-carboxylate dehydrogenase (PSCDH), which are enzymes responsible for the degradation of
proline and P5C, respectively, were comparable between the two groups (Figure 3.5F).

Proline and glutamine metabolism are closely interconnected through glutamate and its derivative P5C
[55]. Therefore, we immunoblotted for various enzymes that mediate the interconversion of glutamine
and glutamate such as glutamine synthase (GS) and glutaminase (GLS) [56]. The levels of GS, which
catalyzes glutamine biosynthesis from glutamate, were lower in Slc7al1%"*" MuSCs (Figure 3.5G).
There were similar GLS1 and GLS2 protein levels in WT and Slc7al1""*"t MuSCs (Figure 3.5G),
supporting the conclusion that glutamine degradation into glutamate was comparable between groups.
Thus, glutamine accumulation in Slc7al1"¥st MuSCs, does not appear to be related to impaired

glutaminolysis. Glutamate can also be converted to a-ketoglutarate (a-KG) to enter the TCA cycle in a
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reaction catalyzed by glutamate dehydrogenase (GLUDI) [56]. Despite lower '*C-labelled flux of
metabolites into the TCA cycle in Slc7al1%*""*MuSCs, GLUDI protein levels were not different between
groups (Figure 3.5G). Altogether, these findings are consistent with the conclusion that glutamate in
xCT-deficient MuSCs primarily serves as a precursor for proline biosynthesis rather than an anaplerotic

substrate for the TCA cycle.
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Figure 3.5. Increased Proline Biosynthesis in the Absence of Functional xCT

(A) Diagram showing glutamate oxidative and reductive metabolism. Enzymes and labelled metabolites
are colored orange (higher in Slc7al1%*/s"* MuSCs), blue (lower in Slc7al1%¥s"* MuSCs), and black
(similar between Slc7all1%*¥s't and WT MuSCs). (B-D) [U-'3C]-glucose labelling (12 hrs) of o-
ketoglutarate, glutamate, and proline. (E-G) Immunoblots of (E) proline synthesis (P5CS, PYCRI, and
PYCR?2), (F) proline catabolism (PRODH and PSCDH), and (G) glutamate synthesis (GS, GLS1, GLS2,
and GLUDI) enzymes. The statistical significance of the differences between groups was determined
using a two-tailed Student’s t-test, n = 6. Results are presented as mean = SEM, *p < 0.05.
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3.6. Discussion

In response to impaired nutrient uptake, cells attempt to compensate and adapt, sometimes effectively,
and other times inadequately, leading to cellular dysfunction. Here we have examined the impact of
impairments in the plasma membrane amino transporter xCT, which is responsible for cellular cystine
uptake and glutamate efflux. We previously showed that xCT deficiency in vivo in mice disrupts muscle
GSH redox but enhances their MuSC activation and myogenic differentiation following cardiotoxin-
induced muscle injury [16]. Here, using metabolomic, bioenergetic, imaging, and molecular approaches
in vitro we demonstrate that XCT deficiency or chemical inhibition leads to impaired cystine import,
resulting in disrupted GSH redox balance. This perturbed GSH redox is associated with compromised
mitochondrial structure and function, characterized by mitochondrial fragmentation and a greater
reliance on glycolytic metabolism to produce ATP. Extensive metabolomic analyses then revealed that
xCT deficiency induces broad metabolic reprogramming as evidenced by upregulated de novo cysteine
and serine synthesis, and elevated proline biosynthesis. Despite the metabolic reprogramming elicited
by xCT dysfunction, redox dysfunction persists and is accompanied by impairments in cellular energetics
and mitochondrial dynamics.

It is well recognized that cellular levels of cysteine can be derived from GSH degradation, protein
catabolism, and methionine metabolism; however, dietary cystine uptake remains the primary source of
cellular cysteine [57]. In plasma, approximately 65% of cysteine is bound to proteins via S-
cysteinylation, 30% circulates as cystine, and only 5% exists as free reduced cysteine [58]. While
reduced cysteine enters cells through non-specific transporters such as ASCTs and EAATSs, cystine, the
predominant form in circulation, is exclusively imported via the cystine/glutamate antiporter xCT
[59,60]. Our findings of decreased intracellular levels of cysteine and GSH in Slc7al1%"¥s* MuSCs

further highlight the importance of xCT in regulating cysteine and GSH metabolism. Beyond serving as
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a rate-limiting precursor for GSH synthesis, cysteine plays a central role in metabolism through its
degradation, generating H>S and other organic intermediates that contribute to carbon metabolism and
serve as substrates for the TCA cycle [58]. The importance of H>S in muscle metabolism was recently
highlighted by Sprenger et al. [61]. Additionally, cysteine can be catabolized via cysteine dioxygenase,
further influencing cellular metabolic pathways [62]. Cysteine plays another metabolic role through GSH
redox, influencing mitochondrial remodeling in response to variable bioenergetic needs [37]. Moreover,
mitochondrial cysteine is essential for preserving mitochondrial integrity by supporting the synthesis of
ETC proteins and iron-sulfur clusters as reported in non-small cell lung cancer [63]. Thus, the overall
aim of this work was to examine the impact of impaired or inhibited xCT activity on metabolic pathways,
cellular bioenergetics, and mitochondrial morphology in MuSCs.

When mitochondrial health is disrupted, cells can initiate a stress response to promote recovery. To buffer
cellular metabolism, dysfunctional mitochondria induce a reparative pathway that shifts energy
metabolism to glycolysis in an ATF4-dependent manner [38]. We found that Slc7al1%*"*““MuSCs display
lower bioenergetic flux overall, but a higher proportional glucose uptake and a greater reliance on
glycolytic metabolism to produce ATP. In addition to greater reliance on glycolysis, higher ATF4 protein
levels in Slc7al1%"¥s"* MuSCs are consistent with previous findings in mitochondrial myopathy mouse
models where ATF4-mediated response shifts cellular oxidative metabolism to favor glycolysis [64].
These findings suggest that xCT deficiency in MuSCs leads to an adaptive metabolic response, causing
increased reliance on glycolysis and other metabolic alterations that are discussed in subsequent sections.
To support cell resilience, mitochondrial morphology can change in response to various cellular stressors
including oxidative stress, nutrient deprivation, and hypoxia [65]. Cellular mitochondrial networks
continuously undergo remodeling to regulate metabolism and coordinate complex signaling pathways

involved in cell pluripotency, proliferation, differentiation, and senescence [66—69]. For example,
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mitochondrial hyperfusion can occur as an acute stress response to preserve mitochondrial oxidative
capacities and protect against apoptosis [70]. However, when stress conditions are prolonged or exceed
the intracellular antioxidant capacities, mitochondrial fission is triggered to eliminate damaged
mitochondria and to maintain mitochondrial homeostasis [66,71,72]. Mitochondrial redox and more
specifically, GSH redox, are key regulators of mitochondrial dynamics, and multiple proteins that
interact with fusion/fission proteins such as CDKS5, Parkin, PKA/AKAP1, and ROMOI1 contain redox-
sensitive residues [37,73]. While we initially hypothesized that the high GSSG observed in Slc7al15/sut
MuSCs would promote mitochondrial hyperfusion and MFN1/2 oligomerization, mitochondria in
Slc7al1%¥s"t MuSCs were more fragmented with an upregulation of DRPI oligomerization. These
findings align with observations in C2C12 myoblasts, where H-0:-induced oxidative stress triggers
DRP1-mediated mitochondrial fragmentation, leading to a loss of mitochondrial membrane potential and
decreased cellular respiration [74]. Others found that DRP1-mediated fission is tightly regulated by
redox signaling, where oxidative stress induces oxidation of the Cys®** residue in DRP1, initiating DRP1
GTPase oligomerization and activity [75,76]. Hong et al. showed that DRP1-mediated mitochondrial
fission is essential for MuSC activation, supporting the quiescence-to-proliferation transition [77].
Conversely, excessive mitochondrial fission is associated with cellular senescence [74,78—81]. Thus,
xCT deficiency and subsequent disruption of GSH redox in MuSCs induce mitochondrial fragmentation
at least in part by promoting DRP1 redox-driven oligomerization.

XCT has been extensively studied in the brain due to the role of glutamate as a key excitatory
neurotransmitter [82,83]. Glutamate is also a crucial metabolite in muscle as it participates in numerous
metabolic pathways [84]. In Slc7a115*"*"* MuSCs, we observed altered amino acid metabolism, including
a pronounced enrichment in BCAA metabolism. These findings are consistent with observations in

cancer cells, which adapt their amino acid metabolism to regulate intracellular glutamate levels by
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suppressing its biosynthesis or enhancing its utilization [85]. BCAAs are oxidized in skeletal muscle by
BCATs, converting them into branched-chain a-keto acids through the reversible transfer of an amino
group to a-KG, resulting in glutamate production [86]. Our findings revealed that Slc7a11%¥s** MuSCs
suppress glutamate biosynthesis from BCAAs, as evidenced by lower protein levels of BCAT2. Another
potential source of glutamate is through GLS, which catalyzes glutamine degradation into glutamate
[87]; however, we did not observe any changes in GLS protein in Slc7al1**“* MuSCs. Thus, our findings
are consistent with the conclusion that glutamine degradation is not a factor here, though it is important
to note that protein levels alone do not reflect the enzymatic activity of those proteins. However, our
metabolomics data did reveal an accumulation of glutamine in Slc7al1%*¥*"t MuSCs, consistent with
lower glutamine catabolism. In line with our findings, Muir ef al. showed that extracellular cystine and
xCT expression are critical for facilitating glutamine metabolism in cancer cells [85]. It is also important
to note that protein levels of GS were lower in Slc7al1*¥*" MuSCs, which may prevent glutamine
accumulation, a phenomenon also observed in C2C12 cells [88].

Beyond its well-established role in supporting cellular redox via the xCT-GSH axis, XCT is increasingly
recognized for its crucial role in adapting to the altered metabolic demands of proliferating cancer cells.
Specifically, high xCT activity in cancer cell lines can promote glucose dependency and glutamine
utilization to support rapid growth and survival under nutrient-stress conditions [89-93].
Therapeutically, erastin-mediated xCT inhibition mitigates tumor cell proliferation by inducing
ferroptosis, an iron-dependent mechanism of cell death that is driven by lipid peroxidation [94]. Despite
extensive literature highlighting the importance of xCT in cancer cell survival and metabolism, its role
in controlling metabolic pathways in muscle cells remains largely unexplored [95]. Interestingly, we
observed distinct metabolic clustering between WT and Slc7al1%*Vs"t MuSCs, with xCT deficiency

driving metabolites to converge to a specialized metabolic cluster. Similar metabolic convergences have
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been observed in mutant SOD1 ALS mice with hypermetabolism, reflecting decreased metabolic
flexibility as an adaptive mechanism to cellular stress [96]. Our findings highlight the critical role of
xCT in reshaping amino acid metabolism and driving metabolic reprogramming in MuSCs.

As a reparative metabolic response to mitochondrial stress, cells upregulate glycolysis, directing
glucose-derived carbons into de novo serine biosynthesis. This process fuels one-carbon metabolism
including the folate and methionine cycles, thereby supporting de novo cysteine biosynthesis via reverse
transsulfuration [51]. Our findings showed increased de novo serine biosynthesis in Slc7al1%"/** MuSCs
as evidenced by higher m+3 serine labelling and higher protein levels of PSAT1 and PSPH. Additionally,
we found that Slc7all**¥*"t MuSCs actively used the transsulfuration pathway to produce cysteine
endogenously, as indicated by higher CTH protein levels and comparable m+3 GSH labelling between
groups. These observations align with results in tumor cells cultured in cystine-depleted media, where
cysteine deprivation resulted in increased CBS and CTH protein levels in an ATF4-dependent manner
to sustain cell proliferation and GSH biosynthesis [97]. It is well known that enhanced flux through the
transsulfuration pathway produces hydrogen sulfide (H2S), which, at low concentrations, can promote
mitochondrial biogenesis and enhance mitochondrial bioenergetics in a sulfide quinone reductase
(SQR)-dependent manner [98,99]. However, at high concentrations, H>S can inhibit complex IV,
decrease cell proliferation, and shift metabolism towards reductive carboxylation, further linking redox
stress to mitochondrial dysfunction [100,101]. Nonetheless, the work of Sprenger ef al. very recently
showed the importance of ergothionine in the control of muscle mitochondrial metabolism and exercise
performance through the activation of the H>S-producing enzyme 3-mercaptopyruvate sulfurtransferase
(MPST) [61]. MPST produces pyruvate and H>S in mitochondria to support mitochondrial respiration
[98,102]. Therefore, increased reliance on the transsulfuration pathway for de novo cysteine synthesis

may also contribute to impaired mitochondrial respiration in Slc7al1%"¥s** MuSCs.
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Glutamate, the most abundant intracellular amino acid, can serve as a key precursor for TCA cycle
anaplerosis through a-KG. Additionally, glutamate can support proline biosynthesis via its conversion
to PSC [103]. Our findings of lower mitochondrial respiration and impaired glycolytic flux into the TCA
cycle in Slc7al1%"¥s"t MuSCs suggest that glutamate is not being oxidized through the TCA cycle but
instead redirected toward reductive proline biosynthesis. Indeed, we found higher proline abundance and
increased protein levels of PSCS in Slc7al1%¥s"* MuSCs. Our findings are consistent with increased
glutamate flux toward proline biosynthesis observed in neurons treated with the psychostimulant
methamphetamine, where proline biosynthesis serves as a protective mechanism to mitigate glutamate
accumulation [104]. However, this is an energetically costly process with glycolysis serving as the
primary energy source for this process [105,106]. In this context, proline biosynthesis provides an
essential supply of NAD* crucial for sustaining efficient glycolysis, a key hallmark of the reparative
metabolic response to mitochondrial stress [107,108]. Thus, proline biosynthesis may offer a
bioenergetic advantage for Slc7al1%¥** MuSCs, supporting their metabolic dependence on glycolysis to
maintain intracellular glutamate homeostasis.

The proline cycle (i.e., the interconversion of proline and P5C) plays a key role in maintaining cellular
redox homeostasis. We found that Slc7al1%"¥s** MuSCs favor proline synthesis over degradation by
increasing P5CS protein levels, while PRODH protein levels remain comparable between groups. This
observation is consistent with the fact that proline catabolism, catalyzed by PRODH, generates ROS by
transferring electrons to FAD and converting oxygen into superoxide, while proline biosynthesis is a
reductive process that mitigates ROS production and promotes cell survival by preventing apoptosis
[109,110]. When cells are exposed to nutrient deprivation or oxidizing agents, PSCS is upregulated and
diffusely localized within mitochondria, where it forms oligomerized filament-like structures [109].

Through proline cycle and the mitochondrially localized PSCS, mitochondria can be hubs for competing
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metabolic pathways such as OXPHOS and reductive proline biosynthesis [107]. Ryu ef al. demonstrated
that P5CS, along with mitochondrial fusion/fission, regulate the balance between OXPHOS and
reductive proline biosynthesis by creating distinct mitochondrial subpopulations: one enriched in ATP
synthase for OXPHOS, and another enriched in P5CS which prioritizes reductive biosynthesis by
suppressing TCA cycle activity and glutamate oxidation [111]. Similarly, our findings of enhanced
P5CS-mediated proline biosynthesis accompanied by increased DRP1 oligomerization in Slc7al1suVs®
MuSCs suggest that Slc7all*'¥*"* MuSCs may employ proline reductive biosynthesis to suppress
oxidative metabolism and counteract elevated H>Oz levels. Altogether, proline metabolism emerges as a
crucial adaptive mechanism in xCT-deficient cells, enabling MuSCs to balance between oxidative and
reductive pathways.

In conclusion, our research demonstrates that xCT-mediated cystine import regulates GSH redox and
promotes de novo serine, cysteine, and proline synthesis in proliferating muscle cells. In many muscular
dystrophies and metabolic diseases, MuSC health is compromised due to disrupted redox and metabolic
homeostasis [112—116]. Therefore, a deeper understanding of the metabolic role of XxCT in muscle cells
provides valuable insights into the crosstalk between cellular redox regulation and metabolic
homeostasis. Our findings not only enhance our understanding of the fundamental mechanisms
governing XCT function but also highlight cyst(e)ine metabolism as a therapeutic target to restore
disrupted redox balance and metabolic homeostasis often associated with muscle-related diseases and

pathologies.
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3.8. Supplementary Figures
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Supplementary Figure 3.1.

(A) Immunoblot of NRF2 in WT and Slc7al15"¥s" MuSCs. The statistical significance of the differences
between groups was determined using a two-tailed Student’s t-test, n = 5-6. Results are presented as
mean + SEM.
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Supplementary Figure 3.2.

(A-B) Extracellular acidification rates (ECAR) were measured in primary WT and Slc7al1%"¥*"t MuSCs
during a glycolytic stress test. (C-D) Immunoblots of (C) mitochondrial OXPHOS complexes, and (D)
mitochondrial dynamics proteins in WT and Slc7al1%¥st MuSCs. (E-F) Immunoblots of (E) MFN1/2
oligomerization, and (F) DRP1 oligomerization in primary WT and Slc7al1%¥s* MuSCs. The statistical
significance of the differences between groups was determined using a two-tailed Student’s t-test, n = 4-
6. Results are presented as mean + SEM, *p < 0.05, **p <0.01.
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Supplementary Figure 3.3.

(A) Variable influence on projection (VIP) scores for metabolite features in OPLS-DA classification of
WT and Slc7al1%¥s" samples, metabolites with VIP scores > 0.75 are shown. (B) Q? scores of OPLS-
DA models constructed using metabolite feature subsets defined by minimum VIP score thresholds.
Vertical lines indicate VIP threshold determined by peak predictive performance (Q?) in subset models
before sustained decrease. (C) SAM plot of WT and Slc7al1%¥s"t groups. (D) Hierarchical clustering of
WT and Slc7al1%Vs* metabolomics data. Dendrogram leafs and linkages are colored according to the
assigned cluster (Euclidean distance threshold t = 4).
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Supplementary Figure 3.4.

(A) Kinetic time-course of [U-'>C]-glucose labeling of relevant metabolites for 5 min, 30 min, 1 hr, 2
hrs, 6 hrs, 12 hrs, and 24 hrs in Slc7al1%¥** primary MuSCs, n = 1, expressed as labelled isotopologue
percentage or percentage of labelled carbon units within metabolites. (B) [U-'*C]-glucose labelling (12
hrs) of TCA cycle intermediates (citrate, succinate, and fumarate) expressed as a percentage of labelled
carbon units within metabolites derived from '3C precursor in WT and Slc7al1%*¥s* MuSCs. (C) [U-
13C]-glucose labelling (12 hrs) of glycine m+2, expressed as labelled percentage of total glycine levels.
(D) Immunoblot of ATF4 in WT and Slc7a11%"/s" MuSCs.
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CHAPTER 4: GENERAL DISCUSSION

Muscle-related diseases like dystrophies, diabetes, and sarcopenia are a global health concern that
imposes a significant financial burden on healthcare systems worldwide [1-3]. Thanks to the remarkable
progress made in understanding the causes of these diseases over the last 20 years, improved preventive
interventions and treatments have emerged. Despite this advancement, many fundamental aspects of
their etiology remain underexplored. Research has identified disrupted redox and metabolic homeostasis
as a common characteristic among these diseases. My doctoral research aimed to investigate the
implications of the cystine/glutamate antiporter, xCT, in regulating the redox state and metabolism of
skeletal muscle.

It is well-known that the regenerative capacity of skeletal muscle lies in the activity of MuSCs [4].
Interestingly, the functions of MuSCs and their neighbouring cells can be immensely influenced by
oxidative stress, rendering skeletal muscle regeneration a redox-dependent process. For instance, high
ROS levels, resulting from sustained NF-xB activity, have been shown to impair myogenic
differentiation [5]. Conversely, excessive concentrations of antioxidants such as NAC and GSHee have
been associated with impaired differentiation caused by reductive stress [6]. Based on these findings and
considering the importance of XCT in regulating GSH levels and metabolism, we focused our research,
presented in Chapter 2, on the roles of XCT in myogenesis. One of the major findings of this study was
the dependence of MuSCs isolated from xCT-mutant mice, Slc7all1"¥** on the reducing agent 2-
mercaptoethanol (2ME) to survive and proliferate in culture. In contrast, the process of differentiation in
Slc7al1%*¥s"t MuSCs was not dependent on any reducing agent. The importance of xCT in proliferating
MuSCs is significant, as this confirms and extends previous findings showing that cell replication
processes require high levels of GSH to maintain cellular redox and protect DNA from oxidative damage

[7,8]. Additionally, it is well recognized that MuSCs have increased requirements for amino acid uptake
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during proliferation to support anabolic pathways essential for cellular growth [9]. However, the
metabolic role of XCT in MuSCs is poorly understood. In Chapter 3, my research examined how impaired
xCT-mediated cystine uptake controls mitochondrial and metabolic remodeling in proliferating MuSCs.
GSH is abundant in skeletal muscle and essential for maintaining tissue integrity and health [10].
Specifically, it has been demonstrated that depleted levels of GSH can cause cell cycle arrest by
inhibiting the G1/S transition [11,12]. These findings are consistent with our results that indicate a
defective proliferation in Slc7all*"“*** MuSCs (Chapter 2), which can be attributable to lower
intracellular availability of cysteine and subsequent decreased GSH levels. Not only proliferation but
various phases of the myogenic program can be regulated by redox-dependent mechanisms in which
GSH redox plays an instrumental role [13]. For instance, during differentiation, GSH undergoes an
oxidative shift in which GSSG triggers several differentiation-related pathways [14,15]. Consistent with
this notion, several reports have indicated the crucial role of mtROS in stimulating the initial steps of
myogenic differentiation [16-21]. All these findings align with our observations of elevated GSSG and
decreased GSH: GSSG ratio in Slc7all®¥*t MuSCs, which exhibit enhanced in vitro and in vivo
differentiation (Chapter 2). Moreover, several studies have documented that GSH levels decrease in
skeletal muscle with aging [22,23]. Decreased cysteine availability is a primary cause of GSH depletion
observed in muscles of older adults, where muscle cells exhibit increased oxidative stress, inflammation,
and apoptosis [24,25]. Benjamin et al. have reported that disrupted GSH redox contributes to the age-
induced deregulation of MuSCs leading to the loss of muscle regenerative capacity [26]. All these
findings highlight the central role of cysteine availability and GSH in maintaining skeletal muscle
function and regenerative potential, not only in aging but also in other physiological and pathological
settings where cellular redox is disrupted. This raises an important question: can supplements aimed at

increasing GSH levels benefit skeletal muscle health and regeneration and support adaptation to
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stressors? Given the conflicting findings on the efficacy of GSH-boosting supplements in skeletal
muscle, this remains an open and complex issue.

To explore this further, we will highlight findings from several studies that have investigated the impact
of GSH-boosting supplements on skeletal muscle homeostasis in various contexts, including aging,
muscular dystrophy, and exercise. Supplementing older adults with dietary NAC has shown positive
effects on skeletal muscle, such as improved GSH levels, decreased oxidative stress, and increased
strength[27,28]. It has also been demonstrated that NAC when supplemented with glycine, improves
exercise capacity and muscle strength in the elderly [29]. NAC injections have been reported to mitigate
fibrosis and promote muscle recovery after injury in rats [30]. Similarly, treating mice with s-allyl
cysteine, another cysteine derivative, has been reported to reduce atrophy and proteolysis following
muscle denervation [31]. In mdx mice, NAC treatment has been shown to improve muscle function and
mitigate inflammation and oxidative stress [32]. The impact of NAC supplements on exercise
performance and post-exercise muscle recovery has been extensively studied. For instance, oral NAC
supplements have been shown to elevate resistance to fatigue in athletes engaging in prolonged
endurance exercise. Long-term NAC supplementation has been reported to enhance exercise
performance and redox homeostasis but not in individuals with sufficient levels of GSH [33].
Conversely, several reports have revealed that the excessive use of these exogenous antioxidants may
have negative effects on skeletal muscle by blunting the physiological role of ROS in many cellular
signaling pathways. For example, prolonged consumption of antioxidants at high doses has been shown
to prevent exercise training-mediated health benefits in muscles such as hypertrophy, mitochondrial
biogenesis, and increased insulin sensitivity [34,35]. Moreover, many studies have questioned the notion
that dietary NAC has any benefit on tissue levels of GSH [30], and several studies support the idea that

NAC is metabolized in the liver and has little impact on other tissues [36,37]. Based on these findings
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and the central role of xCT in cysteine and GSH metabolism, future research should focus on exploring
the implications of xCT in maintaining skeletal muscle homeostasis, particularly in physiological and
pathological contexts such as aging, muscular dystrophies, and exercise-induced adaptations.

Given the conflicting outcomes reported for GSH-boosting supplementation in the context of exercise
adaptation, we were interested in investigating how xCT deficiency impacts skeletal muscle metabolic
response to endurance exercise. In response to physiological stressors, such as low-intensity running,
skeletal muscle metabolically adapts by increasing mitochondrial metabolism and biogenesis [38,39].
Our results in permeabilized muscle fibers showed that these metabolic adaptations only occurred in WT
mice. Instead, permeabilized muscle fibers from Slc7all1"¥*"t mice displayed impaired mitochondrial
metabolism and content in response to a five-week treadmill training protocol (Chapter 2). In line with
our findings, Sod2" mice have been shown to exhibit impaired mitochondrial adaptations in response
to exercise training due to elevated ROS and consequent disrupted cellular redox [40]. Therefore, we
hypothesized that xCT deficiency drives mitochondrial maladaptation in response to exercise training
through disrupted GSH metabolism. Surprisingly, we found that GSH levels remain unchanged across
all experimental groups in basal and exercise conditions (Chapter 2). Flockart ef al. have demonstrated
that excessive exercise training leads to mitochondrial impairments in healthy subjects [41]. These
impaired mitochondrial adaptations can be interpreted as a compensatory partial shutdown of
mitochondrial metabolism to control ROS emission and maintain cellular redox homeostasis. In support
of our previous observations of lower mitochondrial metabolism, complex I catalytic activity was lower
in skeletal muscle mitochondria isolated from exercised Slc7al1%¥s* mice compared to exercised WT
controls (Chapter 2). Notably, it has been shown that the inhibition of complex I by the anti-diabetic drug
metformin results in improved skeletal muscle sensitivity to insulin [42,43], a phenotype also observed

in Slc7al1*"*"* mice. The low catalytic activity of complex I can lead to a decline in the levels of NAD",
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a substrate of the mitochondrial deacetylase Sirtuin3 that regulates the balance between cytosolic
glycolysis and mitochondrial oxidative pathways [44,45]. In addition to higher insulin-stimulated
glucose disposal, Slc7al1%"¥s't mice displayed an increased LDH activity upon exercise training,
indicating a higher glycolytic capacity (Chapter 2). These results are consistent with the conclusion that
xCT-mutant mice rely on glycolytic metabolism to produce sufficient ATP, compensating for the
impaired mitochondrial response to exercise training. Furthermore, by upregulating their glycolytic
metabolism, xCT-deficient mice may be capable of maintaining skeletal muscle GSH levels by
channeling glucose toward endogenous cysteine biosynthesis through the transsulfuration pathway.
While our study only assessed the role of XCT in regulating skeletal muscle metabolism in response to
endurance exercise, future research should focus on the physiological consequences of XCT deficiency
in the context of other metabolic challenges, such as a high-fat diet and nutrient deprivation.

To further dissect the impact of xCT deficiency on cellular energy metabolism at the myogenic cell level,
we examined the bioenergetic profiles of cultured primary muscle cells isolated from Slc7al1%"** mice
and WT controls. Although high-resolution respirometry determinations showed no bioenergetic
differences between xCT-mutant and WT permeabilized muscle fibers in baseline conditions (non-
exercised) (Chapter 2), this was not the case in cultured primary muscle cells. Continuous real-time
measurement of resting oxygen consumption rates revealed that Slc7al1"Y** myoblasts exhibited lower
cellular respiration during proliferation compared to WT, which was reversed during differentiation
(Chapter 2). This bioenergetic difference between the ex vivo samples and cultured cells can be due to
several factors related to the variable experimental settings. Permeabilized myofibers preserve, to a
certain extent, the native intracellular environment, including mitochondrial morphology and cellular
structure. In contrast, cultured primary muscle cells are dissociated from their in vivo environment,

allowing a better manipulation of the experimental conditions [46]. During high-resolution respirometry
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determinations, saturating concentrations of various substrates were sequentially provided to myofibers
to assess mitochondrial respiratory capacity [47], whereas cultured primary muscle cells were
maintained in culture medium containing 5 mM glucose, where substrate availability is not always
saturating. Additionally, in culture conditions, the ambient O percentage (21 %) is considerably higher
than the physiological levels of O, , which may also contribute to the observed differences in the
bioenergetic profiles [48,49].

Building on our findings that XCT is essential for MuSCs proliferation, we sought to further investigate
in Chapter 3 the metabolic and mitochondrial remodeling mediated by xCT deficiency. Extracellular flux
bioenergetic profiling revealed lower oxidative and glycolytic capacities in Slc7al1%¥s"t MuSCs with
higher proportional reliance on glycolysis than oxidative phosphorylation for ATP supply (Chapter 3).
Such bioenergetic impairments may be driven by disrupted cellular redox in xCT-deficient MuSCs,
attempting to control levels of ROS generation by shifting their metabolism toward glycolytic pathways
[50]. In line with these observations, multiple reports have shown that elevated levels of H20»
downregulate TCA cycle activity by modulating redox-sensitive enzymes such as isocitrate
dehydrogenase and a-ketoglutarate dehydrogenase [51,52]. Others have found that PDK activity can be
controlled through the reversible oxidation of cysteine residues in response to high levels of H>O»
[53,54]. In addition to redox stress, the limited intracellular availability of cysteine resulting from xCT
deficiency can contribute to bioenergetic impairment. Specifically, research has demonstrated that
cysteine can regulate cellular respiration in ovarian and lung adenocarcinoma cancer cells by serving as
an essential component for Fe-S clusters synthesis[55,56]. Therefore, it is conceivable that decreases in
ETC activity observed in xCT-deficient MuSCs are partly due to low cysteine availability and defective

Fe-S clusters production.
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Due to the intimate link between mitochondrial function and structure, we were also interested in
investigating the effect of xCT deficiency on mitochondrial morphology and dynamics (Chapter 3). In
contrast with previous reports showing that the addition of GSSG to HeLa cells promotes mitochondrial
fusion and elongation in a dose-dependent manner [57], proliferating Slc7al1%"¥** MuSCs exhibited a
fragmented mitochondrial reticulum (Chapter 3). These distinct findings may be attributed to differences
in experimental conditions, as the prior outcomes were collected from an in vitro mitochondrial fusion
assay using isolated mitochondria [57], while our observations were made in intact proliferating MuSCs.
However, consistent with the decreased GSH: GSSG ratio in Slc7a11%"¥"* MuSCs (Chapter 3), previous
studies have shown that C2C12 cells initiate mitochondrial fragmentation once exposed to high levels
of H>O» that exceed their antioxidant capacities [58]. In line with findings from the latter mitochondrial
morphology studies, our results demonstrated a higher oligomerization of DRP1 in Slc7al1%"*** MuSCs
(Chapter 3). Oxidative stress can induce DRP1 oligomerization through the reversible sulfenylation at
cysteine residue 644 (Cys®**) and can also modulate its activity via the phosphorylation of serine residues
616 and 637 (Ser®!® and Ser®”) [59-61]. Additionally, studies have proposed that the redox sensitivity
of DRP1 is a crucial mediator of skeletal muscle mitochondrial remodeling in response to aerobic
exercise training (treadmill walking and cycling) [62,63]. Recently, Pokhrel ef al. have shown that
oxidative stress causes conformational changes to Fisl and exposes its cysteine residue 41 (Cys*!) to
form disulfide-bond homodimers, upregulating DRP1 recruitment to mitochondria and inducing
excessive mitochondrial fission [64]. All these findings further confirm that cellular redox is a key
regulator of the mitochondrial dynamic machinery [65].

Taken together, the impaired mitochondrial respiration, fragmented mitochondrial reticulum, and
elevated ROS emission observed in Slc7al1""*"*MuSCs (Chapter 3), are all hallmarks of mitochondrial

dysfunction [66]. However, these xCT-deficiency mediated mitochondrial alterations may reflect
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elements of a tightly regulated but incomplete adaptive response to redox and metabolic stress [67],
which will be discussed later. Importantly, considering the importance of mitochondria in a wide range
of cellular and organismal functions, it is not surprising that mitochondrial dysfunction is associated with
many diseases such as human inherited disorders, obesity, cancer, neurogenerative disorders, and
cardiomyopathies [68]. Thus, these findings, along with our observations, highlight the relevance of
further elucidating xCT roles in linking redox regulation to mitochondrial homeostasis and susceptibility
to diseases in skeletal muscle.

Next, we sought to explore how the absence of functional xCT influences cellular metabolic pathways.
Interestingly, our targeted metabolomic analyses demonstrated that Slc7a11%""*" and WT MuSCs have
distinct metabolic profiles (Chapter 3). Enrichment analysis of differential metabolites identified BCAA
metabolism as one of the most altered pathways between groups (Chapter 3). BCAAs have a significant
metabolic role in skeletal muscle as they can be used either for protein synthesis or transported into
mitochondria for catabolism [69]. Metabolite profiling revealed that Slc7a11°*¥*"t MuSCs have a higher
abundance of BCAAs (valine, leucine, and isoleucine) than WT cells. This accumulation of BCAAs in
Slc7al 13" MuSCs results from impaired catabolism, rather than increased uptake, as evidenced by
lower expression levels of mitochondrial BCAT2 (Chapter 3). Elevated levels of H>O; and low GSH
redox observed in Slc7al1"*** MuSCs could modulate BCAT?2 activity as the protein has two redox-
sensitive cysteine residues 315 and 318 (Cys’’ and Cys*'®) [70]. While catalyzing BCAA
transamination, BCAT2 produces BCKAs along with glutamate [71]. Interestingly, the upregulated
levels of BCAT2 in liver cancer cells are reported to protect the cells from ferroptotic cell death,
increasing intracellular glutamate release, and promoting cystine import via XCT for GSH synthesis [72].
These findings may explain the downregulation of BCAA catabolism in Slc7al1%*¥*" MuSCs, which

helps prevent excessive intracellular accumulation of glutamate due to defective xCT transport activity.

207



Additionally, BCAA catabolism can produce anaplerotic substrates that fuel the TCA cycle. Defects in
enzymes responsible for catalyzing these catabolic pathways can cause anaplerotic stress, which is
commonly associated with compromised mitochondrial metabolism [73—-76]. Dysfunctional and
incomplete BCAA metabolism have also been observed in various skeletal muscle-related metabolic
diseases such as type 2 diabetes and obesity [77—79]. In these disease conditions, toxic metabolites
derived from impaired BCAA metabolism can interfere with mitochondrial metabolism and disrupt
insulin signaling through the hyperactivation of mTORC1 [73,77,80-83].

A variety of intrinsic and extrinsic stressors can influence mitochondrial metabolism, leading to drastic
changes in oxidative pathways and cellular redox [84]. These alterations are not necessarily always
associated with disease and can have cytoprotective purposes. Therefore, many metabolic characteristics
observed in Slc7al1%**" MuSCs may be part of the adaptive mitochondrial program, referred to as the
mitochondrial integrated stress response (mtISR) [85]. During mtISR, mitochondria communicate with
the nucleus through complex signaling pathways to induce a reparative transcriptomic and proteomic
response. ATF4, which was upregulated in Slc7al1%s" MuSCs, is known to be a key regulator of mtISR
(Chapter 3) [86]. While other ATFs can also be involved in regulating the transcriptional program of
mtISR, ATF4 is the primary transcriptional effector of mtISR in proliferating cells [§7-90]. To promote
cellular recovery and survival, mtISR induces metabolic and redox alterations. Our findings of
upregulated glucose uptake and flux toward serine biosynthesis and subsequent GSH synthesis through
the transsulfuration pathway in Slc7all*'¥s"t MuSCs can be part of xCT deficiency-induced stress
response (Chapter 3). Interestingly, in many muscle and heart mitochondrial disease models, mtISR-
driven pathways play a central role in regulating redox homeostasis as the carbon units of glucose-
derived serine have been shown to integrate rapidly into GSH biosynthesis [91]. However, others have

reported that serine supplementation cannot replace serine biosynthesis induced by mtISR. This may be
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attributed to the fact that the spatial localization of serine biosynthesis, possibly occurring on
mitochondria, plays a crucial role during mitochondrial stress [92]. Extensive research in transgenic
mouse models of mitochondrial stress has demonstrated that mtISR can systemically modulate
metabolism by secreting “mitokines” such as fibroblast growth factor 21 (FGF21) and growth
differentiation factor 15 (GDF15) [93]. For example, it has been demonstrated that FGF21 increases
glucose uptake and lipid metabolism in the liver and white adipose tissue in mouse models of
mitochondrial myopathy [94,95]. Additionally, it has been found that FGF21 can exert an autocrine effect
in chronic stress, where it is needed to promote de novo synthesis of serine and cysteine [96]. The second
secreted factor, GDF15, has been shown to have anti-inflammatory properties and the capacity to
influence physiological appetite through the central nervous system [97]. Varghese ef al. have found that
a cysteine-deprived diet in a CTH knockout mouse model leads to rapid weight loss associated with
stress response activation and GDF15 and FGF21 secretion [98]. However, mtISR is not always a healthy
cellular adaptation; its prolonged activation can be detrimental to cells, causing cellular death and
compromised organismal health [99—101]. In line with this idea, Khan ef a/. have shown that chronic
induction of mtISR contributes to the progression of mitochondrial myopathy that can be reversed by
rapamycin-induced inhibition of mTORCI, an upstream regulator of mtISR in muscle [102]. More
recently, Bond et al. have demonstrated in a muscle-specific polymerase y mutant mouse model that
mtISR activation causes muscle degeneration accompanied by a perturbed folate cycle, along with
FGF21 and GDF15-mediated fat reduction [103]. Interestingly, Haakonsen ef a/. found that mutations in
the large E3 ligase complex, which inhibits mtISR, can contribute to the onset of neurodegenerative
diseases such as ataxia and dementia [104]. Yet, how mtISR is activated and deactivated at the right time
and place remains poorly elucidated. Further studies are required to explore molecular mechanisms that

drive protective and maladaptive effects of mtISR on metabolism and to discover new mitokines. While
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mtISR has been extensively studied in mouse models of mitochondrial stress, further translational
research is required to elucidate its mechanistic and therapeutic relevance in the context of human
diseases. Moreover, although significant progress has been made in understanding the implications of
mitochondrial dynamics, biogenesis, and mitophagy in muscle regeneration, the role of mtISR in
myogenesis is still underexplored. Thus, our in vitro xCT-deficient muscle cells can serve as a valuable
model to further investigate the role of mtISR in regulating muscle cell differentiation. Specifically, it
would be interesting to examine how the modulation of mtISR activity influences the transcriptomic
program, as well as the mitochondrial and metabolic remodeling across different phases of the myogenic
process.

Proline is another amino acid that was significantly increased in Slc7al1%¥s** MuSCs, as indicated by
targeted metabolomic and '*C-labeled glucose tracing analyses (Chapter 3). In addition to its essential
role in protein structure and function, proline is pivotal in maintaining cellular redox balance, as its
degradation is associated with ROS production while its biosynthesis from glutamate is reductive, and
associated with NAD" regeneration [105]. The protein expression levels of the mitochondrial protein
P5CS, which catalyzes the first step of proline biosynthesis from glutamate, were higher in Slc7al1"/s*
MuSCs (Chapter 3). Similar to what Jones et al. concluded based on their work in neuronal cells exposed
to methamphetamine [106], Slc7al1%"¥*" MuSCs may upregulate proline biosynthesis to control the
intracellular excess of glutamate resulting from impaired xCT-mediated glutamate efflux. Proline
biosynthesis can provide a significant bioenergetic advantage by supporting glycolysis in Slc7al1sWsut
MuSCs, a phenomenon commonly reported in cancer cell metabolism as well [107—109]. The reduction
of glutamate to proline helps maintain high ratios of NAD": NADH, supporting continuous glycolytic
activity and preventing the inhibition of the glycolytic enzyme GAPDH by elevated levels of NADH

[110]. Similarly, lactate production and its subsequent release from muscle allow glycolysis to continue

210



by regenerating NAD™ [111]. Importantly, one remarkable aspect of mitochondrial versatility lies in their
metabolic heterogeneity, manifested by the ability of different mitochondria within the same cell to host
distinct metabolic pathways with opposing biochemical and redox demands. For example, mitochondria
can host highly oxidative pathways such as OXPHOS, alongside reductive biosynthetic processes such
as proline biosynthesis [112]. Thus, our observations of upregulated proline biosynthesis in xCT-
deficient muscle cells suggest that these cells can serve as a useful tool to investigate cellular
mitochondrial heterogeneity further.

Despite providing novel insights into the role of XCT in regulating skeletal muscle redox and metabolism,
our studies included several limitations. In Chapter 3, our bioinformatics analysis relied on available
C2C12 transcriptomic datasets to assess Slc7all gene expression throughout differentiation. Our results
may not fully reflect the in vivo environment, as C2C12 cells are a transformed cell line. Additionally,
results may be subject to a certain variability, caused by the different experimental conditions across the
studies from which these datasets were collected. Furthermore, in Chapters 2 and 3, MuSCs were
cultured under standard ambient oxygen levels (21%), which are higher than physiological levels (1-
11%), and this may have influenced experimental outcomes, particularly given the redox-sensitive nature
of our cell model. Future research could utilize more physiological oxygen levels to better model the in
vivo environment of skeletal muscle. While our in vivo studies utilized whole-body xCT mutant mice, a
MuSC-specific xCT knockout model would help minimize the potential confounding effects from other
tissues of the body, which are also likely impacted by the mutation. Muscle-specific xCT knockout could
be achieved by crossing floxed Slc7all” mice with tamoxifen-inducible Pax7-specific CreER mice,
enabling xCT deletion after tamoxifen injection [113,114]. Additionally, the muscle-specific xCT
knockout model could determine how xCT loss in muscle modulates whole-body metabolism. Lastly,

assessing the expression levels of key transcription factors during myogenesis at discrete time points (4,
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7, and 21 DPI) in Chapter 2 may have missed important transient changes occurring between selected
intervals or beyond 21 days, overlooking regulatory myogenic events.

Building on the findings of the present study, future work could involve the use of an additional tracer
such as '*C-labeled glutamine. Incorporating glutamine tracer analyses alongside our 'C-labeled
glucose tracing analyses would offer a more comprehensive view of xCT-driven metabolomic
reprogramming, focusing on glutamine-glutamate flux, TCA cycle anaplerosis, and proline biosynthesis.
As previously mentioned, xCT-deficient MuSCs offer a valuable model for enhancing our understanding
of the mtISR implications in myogenesis, using pharmacological inducers and suppressors of mtISR.
Moreover, to complement the in vitro findings on the crucial role of XCT in MuSC proliferation, future
in vivo work could further study xCT implications by challenging the muscle stem cell pool through
repeated CTX-induced injuries. Additionally, age-induced muscle loss is often linked to disrupted
cellular redox and impaired MuSCs function. Therefore, investigating skeletal muscle regeneration in
aged xCT-deficient mice (18-24 months old) could provide valuable insights into the role of redox
regulation in age-related disrupted myogenesis. These studies could be further supported by functional
assessments of muscle force production and gait analysis. While our studies in Chapter 2 used endurance
exercise as a metabolic stressor, future experiments could assess the impact of XCT loss on skeletal
muscle responses to other metabolic stressors, such as resistance training, nutrient deprivation, and high-
fat diets. Lastly, exploring the metabolic role of XCT in the soleus muscle, which is more oxidative than
the TA, could offer additional insights into its role in skeletal muscle mitochondrial metabolism.
Conclusion

In conclusion, research conducted during my doctoral studies showed that XxCT is a key regulator of
skeletal muscle homeostasis by controlling cellular redox and metabolism. We discovered that xCT has

opposing myogenic roles; while it is essential for normal levels of muscle cell proliferation, its deficiency
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enhances the differentiation process. We also revealed that during proliferation xCT deficiency drives a
remarkable amount of metabolic remodeling, which appears to be an important part of a cell stress
response. More research is required to better comprehend the full implications of xCT in regulating
skeletal muscle health, paving the way for novel interventions to improve cellular redox and metabolism,

often dysregulated in myopathies.
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