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ABSTRACT 

Developing biomimetic 3D constructs to study neuronal networks and screen therapeutic agents 

in vitro is critical to address the limitations of conventional 2D cultures used in pre-clinical studies. 

Since substrate stiffness and culture dimensionality influence behaviour of neurons in vitro, using 

rigid 2D substrates limits translational potential and physiological accuracy. To improve 

physiological relevance of in vitro neuronal cultures, 3D constructs are engineered to recapitulate 

the material properties of the cerebral matrix which neuronal networks depend upon in vivo. Of 

particular importance is mimicking the low Young’s modulus of the extracellular matrix in the 

brain, while providing regions for neuronal adhesion to promote viability and growth. To this end, 

a 3D microsphere-based strategy was investigated, where multiple microspheres collectively 

acting as a scaffold with high interconnected porosity were used to provide adhesive, 3D growth 

area. Specifically, agarose—a natural polysaccharide—was used to fabricate soft microspheres 

which are subsequently functionalized with the bio-inspired and adhesive polymer, polydopamine. 

Microfluidic technology yielded an agarose microsphere population of highly monodisperse 

diameters. Successful functionalization of the microspheres with polydopamine was verified 

through identification of the characteristic Raman spectra of polydopamine. Measured through 

atomic force nanoindentations in water, the Young’s modulus of the agarose microsphere 

measured 4.9 ± 0.6 kPa –106 times lower than conventional culture-ware. The Young’s modulus 

was found to increase to 26.8 ± 17.9 kPa after functionalization with polydopamine, where the 

large standard deviation was attributed to the nano- mechanical and -topographical non- 

homogeneity of the resulting surface due to polydopamine aggregation Microsphere stiffness 

followed the same trend while also increasing as a function of indentation depth. Functionalization 

of microspheres with polydopamine was also shown to significantly increase material surface 

adhesion compared to poly-D-lysine and laminin functionalized glass microspheres (a recently 

reported microsphere-based model). Finally, the microspheres were shown to provide embryonic 

cerebral neurons with 3D growth area while facilitating neural adhesion and neurite development. 

This work provides a 3D, soft and adhesive in vitro model for neuronal culture with improved 

biomimetics over current microsphere-based protocols, and ultimately rigid 2D culture-ware.  

Keywords: 3D neuronal culture, agarose, biomimetics, microspheres, polydopamine 
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1 MOTIVATION, OBJECTIVES, AND HYPOTHESES 

1.1 CONTEXT 

athology and treatment of disease have evolved immensely in recent decades. Researchers 

continue to uncover disease mechanisms and develop pharmacological solutions to provide 

quality healthcare. However, an area of medicine that continues to present challenge is the etiology 

and pharmaceutical options for neurological disease [1]–[3]. This challenge can be largely due to 

the brain’s intricacy, attributed to its complex connectome [4], [5] that has yet to be completely 

elucidated [6]. In addition, challenges associated with pharmaceutical development 

(pharmacokinetics, dosage, effective testing) limit clinical translation. Consequently, effective 

pharmacological intervention for those suffering from neurological diseases—particularly 

neurodegenerative diseases such as Alzheimer’s, Parkinson’s, and Multiple Sclerosis—presents 

an unmet clinical need. Currently, many neurological diseases are not curable; therefore, it is 

imperative that the available therapies are effective in supressing the life-altering symptoms 

associated with these diseases.   

In Canada, neurological diseases, disorders and injuries are among the leading causes of disability 

[7], [8], with an estimated 3.6 million Canadians living with a neurological condition [9]. As the 

population grows and ages, prevalence of neurological diseases—which comprise a large part of 

the aforementioned statistic—is expected to increase. Unfortunately, most neurological diseases 

are associated with symptoms worsening with age, which speaks to the severity of the problem. A 

study conducted by Gaskin et al evaluated the burden of neurological conditions in Canada. 

Among the study’s conclusions, authors state: 

 “a coordinated approach to etiologic research and treatment is required to 

reduce the associated burden of the disease”. 

In other words, to improve the state of neurological disease, a synchronized effort toward a 

complete understanding of the pathology and effective treatments and therapies will ultimately 

improve this burden.  

P 
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In pursuit of answers, researchers in the biomedical sciences community have worked to further 

unravel the complex molecular cascades and triggers involved in neurological diseases [10]–[12]. 

Although progression in this realm of research has been significant, clinical translation of target 

therapies based on the pre-clinical findings remains challenging [13]–[16]. For example, the FDA 

has only approved six drugs to medically treat Alzheimer’s disease, which act only to control 

symptoms with varying effectiveness [17]. Currently, no drugs are proven to significantly alter or 

slow the progression of the disease.  

The likely culprits responsible for limited clinical translational of these therapies are the preclinical 

screening models used as the read-out for putative therapeutic efficacy. These approaches are 

comprised mainly of two-dimensional (2D) cell culture methods and animal models. Although 

these approaches have provided platforms to elucidate disease mechanisms and evaluate 

neurotherapeutics, neither adequately mimics the key properties the in vivo environment for 

physiological accuracy. This limits our ability to study neurological disease for effective 

pharmacological intervention. Returning to the remark from Gaskin et al cited above, a 

coordinated approach is indeed the solution required to advance this field and improve the quality 

of life for those suffering with these incurable diseases. With an engineering take on their 

conclusion, collaboration between biomedical science and material engineering fields has emerged 

as a promising multidisciplinary approach to potentially improve the preclinical testing platforms 

used to evaluate therapies for these diseases [18]–[21].  

1.2 MOTIVATION 

o enhance the standard 2D cell culture techniques and reduce dependency on animal models 

to study and evaluate neuro-therapeutics, the field has turned to biomaterials for application 

in neuronal cell cultures. More specifically, three-dimensional (3D) in vitro modeling using 

biomaterials has begun to fill the gap that currently exists between 2D cell cultures and animal 

models. In doing so, biomaterials science has provided a key to generate a wide variety of scaffolds 

to improve the physiological relevance and breadth of conventional in vitro techniques, moving 

toward improved pre-clinical outcomes [22], [23]. Previous work in the space has shown 

microsphere-based geometry provides excellent 3D scaffolding for neuronal networks with 

multiple advantages over other 3D-scaffolding designs [20], [24], [25]. However, many of these 

T 



 

3 

 

works employ stiff microspheres to construct the scaffold, which reduce physiological relevance 

of the model. In the few works that employ softer polymeric microspheres, a high polydispersity 

is observed, limiting ability to control culture growth area. Additionally, steps to functionalize the 

surface of the microspheres/scaffold tend to employ covalent chemical conjugation or physical 

adsorption which involve multistep processes in addition to plasma or chemical treatments [26]. 

These processes can be cytotoxic, material-specific, and lengthy.  

The present work aims to contribute to this research space by improving 3D microsphere-based 

models for neuronal culture through utilization of soft microspheres functionalized with a single-

step, bio-inspired strategy. In particular, the model is designed to mimic the Young’s modulus of 

the neural extracellular matrix (ECM) through the use of agarose as the microsphere material, 

while adhesive properties for neuronal attachment and growth are provided through 

functionalization of the microsphere with polydopamine (PDA). Additionally, the microsphere 

fabrication method will capitalize on precise microfluidic technology to achieve monodisperse 

microsphere population for the construct. Atomic Force Microscopy (AFM) and Raman 

Spectroscopy are used to quantify the nanomechanical properties and chemical composition of the 

3D construct, respectively, while neuronal adhesion and growth are assessed via confocal 

microscopy after culture with embryonic cerebral neurons. 

1.3 OBJECTIVES 

The main objectives of this work are as follows:  

1. Assess agarose microsphere fabrication using microfluidic technology and compare 

method to established protocols including bulk emulsion or use of commercially 

manufactured microspheres 

2. Evaluate successful PDA functionalization on 2D substates and assess bioaffinity 

(adhesion and growth) of neurons to PDA by comparing to the current gold standard 

(substrate functionalization with poly-D-lysine and laminin)  

3. Translate the PDA functionalization strategy to 3D constructs consisting of agarose and 

glass microspheres  

4. Quantify physiochemical and nanomechanical properties of PDA-functionalized agarose 

and glass microspheres and compare to physiological values and established methods  
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5. Validate the suitability of the proposed agarose-based constructs for 3D cultures through 

culture with embryonic cerebral neurons and compare them to established methods (i.e., 

glass microspheres functionalized with poly-D-lysine and laminin) 

1.4 HYPOTHESES 

The hypotheses of this work are:  

1. The microfluidic microsphere fabrication approach will produce microspheres of 

comparable geometry to established methods and commercially manufactured 

microspheres 

2. Agarose polysaccharide at low concentration in microsphere form, will possess a Young’s 

modulus close to that of the neuronal ECM (1-2 kPa) 

3. PDA will enable functionalization of the agarose microspheres and improve cell-surface 

interaction 

4. PDA-functionalized agarose microspheres will serve as effective scaffolding for neuronal 

network growth in vitro  
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2 LITERATURE REVIEW 

2.1 3D CELL CULTURE SYSTEMS FOR NEUROLOGICAL APPLICATIONS 

he field is now at a stage where it is well known that cellular behaviours in 3D culture 

conditions mimic the native cell behaviour more closely, compared to conventional 2D 

cultures. For neurons, the additional dimension has been shown to impact neuronal 

electrophysiology, growth, and survival in vitro [18], [24], [27], which speaks to the necessity of 

3D in vitro models when evaluating pharmaceutical potential for neurological disease therapies. 

Aside from the 3D nature of the human brain, there are other important properties of the neuro-

environment in vivo that are essential to recapitulate in vitro for a physiologically relevant model. 

Figure 2.1 depicts the main differences between 2D and 3D cell cultures, outlining some of the 

important physiological features that control and guide cellular behaviour.  

 
 

Figure 2.1 | Comparison between a cell cultured on a 2D substrate and cell cultured in a 3D matrix/scaffold. Adapted 

from [28].  

On a planar surface, soluble gradients are absent, regions for cell adhesion are restricted to the x-

y plane, forcing the direction of cellular polarity, which hinders growth in 3D. Additionally, 2D 

substrates are often accompanied by physiologically dissimilar stiffness and elastic moduli in the 

gigapascal (GPa) range. Conversely, 3D scaffolds and matrices provide soluble gradients, adhesive 

regions in all three directions and are commonly fabricated using softer viscoelastic materials with 

lower elastic moduli for a better recapitulation of brain tissue. However, almost no synthetic 

biomaterial inherently possesses these biochemical cues and mechanically optimal 
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microenvironments. As a result, biomaterial scaffolds are further manipulated and engineered 

beyond their three dimensionality to provide neuronal networks with topographical, mechanical, 

and chemical cues to mimic elements of native brain tissues. These engineered properties include 

the elastic modulus, stiffness, viscoelasticity, porosity, chemical stability, 

biocompatibility/cytotoxicity, and more. By modulating and optimizing these properties, 3D in 

vitro models can be tailored to mimic specific locations, pathways, or processes in the body. For 

example, engineering from a chemical approach, Wang et al designed and fabricated a 

biodegradable and biocompatible biomaterial scaffold synthesized from polypeptides containing 

neuron stimulate (glutamic acid) for nerve regeneration [29]. The peptides were shown to improve 

biocompatibility and neurite outgrowth, as well as guide anisotropic growth of the neurites within 

the 3D scaffold [29]. Focusing on a more mechanical- and structural-based engineering approach, 

a study by Tang-Schomer et al [30], capitalizes on the combination of both stiff and soft materials 

for cell adhesion and neurite outgrowth, respectively. Authors reported that the composite 

scaffolds exhibited viscoelastic behaviour similar to that of rat brain tissue with strains less than 

20%, and compressive moduli ranging between 17-100 kPa [30].  

Regardless of the engineering approach to fabricate biomaterials for neuronal tissue engineering, 

most materials seek to mimic the same cell support structure found in native tissues—the ECM. 

In most soft tissue engineering applications, a significant portion of the target areas of interest are 

occupied by the ECM, a 3D macromolecular structure which support cell networks both physically 

and chemically. As such, recapitulating the properties of the ECM is paramount to improve success 

of 3D in vitro models. Indeed, studies have shown that biomaterials with composition and structure 

similar to the native ECM result in cell growth [31], [32], differentiation [33], and behaviour [32] 

comparable to that in vivo. This suggests precise recapitulation of native ECM features are required 

for translational potential of in vitro models to address clinical need [34]. However, although this 

information is known, successfully mimicking all aspects of the ECM in a single in vitro 

environment has proven to be challenging [34].  

2.1.1 MIMICKING THE NEURAL EXTRACELLULAR MATRIX 

In the central nervous system, a notable portion (20-30%) of neural tissue is comprised of the 

ECM, which, like in many other tissues in the body, supports cellular networks and plays a major 

role in regulating tissue function [32], [35]. Surrounding the ECM and making up most of the 
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remaining percentage of the neural tissue, are dense networks of neurons and glial cells which rely 

on the ECM to function. Although the ECM accounts for less volume in the brain compared to the 

cellular network, a slight change in ECM properties—whether chemical, mechanical or 

biological—can result in significant behavioural and morphological changes in the cells, impacting 

overall function of the neuronal network [36]. For example, alterations and deficits in ECM 

structure and function have been associated with neuropathologies including Alzheimer’s [37], 

traumatic brain injury [38], and epilepsy [39]. Unsurprisingly, cellular response to 

synthetic/engineered ECM substitutes in vitro is no different. Indeed, in search for biomaterial 

scaffolds to mimic the native ECM and support neuronal networks in vitro, studies have shown 

slight changes in biomaterial elasticity, composition, porosity and topography, among others, can 

have significant effects on cell-matrix adhesion, network electrophysiology, and long-term culture 

viability [20], [29], [32]. Ideally, the 3D scaffolds should function as biomimetic entities of the 

ECM so that the neuronal networks mimic in vivo behaviours through interactions at the cell-

scaffold interface. Since the ECM is a macromolecular structure with complex tissue mechanics 

and molecular pathways, there are many factors to consider when recapitulating the structure in 

vitro. From a materials engineering standpoint, material stiffness and adhesive properties at the 

cell-material interface are two features imperative to for recapitulation of the neuronal ECM. 

Although not the only material properties important to be considered for in vitro models, substrate 

stiffness is a parameter shown to heavily influence behaviour of neuronal cultures, while cell 

adhesion is imperative for a viable culture. As such, these properties are used as measurable and 

quantities to assess material biomimetics in this work.  

2.1.2 MECHANICAL CUES – SUBSTATE STIFFNESS 

Of primary interest in numerous studies aimed at recapitulating the ECM in vitro is the influence 

of mechanical cues on neuronal network behaviour, since neurons are known to be 

mechanosensitive [40]–[42]. Of these mechanical properties, stiffness of a substate has shown to 

influence neuronal networks significantly [40]. Due to the high concentration of 

glycosaminoglycans, proteoglycans, and glycoproteins in neural ECM and its lack of fibrillar 

proteins, such as collagen and fibronectin, the elastic modulus of brain tissue is significantly lower 

than other tissues [43]. For instance, the elastic modulus of white matter (outer layer consisting of 

cell bodies, dendrites, unmyelinated axons, and ECM) and grey matter (consisting of primarily 
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myelinated axons and ECM) ranges between 1-2 kPa and from ~90-230 kPa in the spinal chord 

[44]. Figure 2.2 illustrates the elastic moduli of various tissues compared to agarose and glass 

culture-ware, clearly showing the difference between elasticity of materials currently used for in 

vitro cell culture (glass or plastic dishes) and physiological brain tissue. 

 

Figure 2.2 | Rough range of elastic modulus of physiological tissues compared to cell culture glassware. Glass and 

plastic cell culture-ware has comparable elastic moduli to bone (E ≥ 109 Pa), muscle and liver tissues are in an 

intermediate range (E ≥ 104 Pa), brain and lung tissue have the lowest elastic modulus (E ≤1-2 kPa), as a 

biomaterial reference, a 2.5% agarose gel (relatively stiff and high concentration) is approximately 35 kPa [43].  

Investigating the impact of substrate stiffness on neural behaviour, Tanaka et al [45], explored 

how the elasticity of polyacrylamide gel substrates effects neuritogenesis (process in which 

neurites form to eventually develop into axons and dendrites) in hippocampal neurons cultured in 

vitro. The softest substrates had elastic moduli of 1700 Pa and 2.2kPa (physiological brain tissue 

stiffness <1-2 kPa), and the stiffest gels had elastic moduli between 3.2-3.8 kPa. Figure 2.3 shows 

fluorescent images, highlighting the effect of increased substrate stiffness on neurogenesis and 

neurite elongation after 20 hours in culture. Statistically significant differences were found 

between the number of neurons developed after 26 hours in culture on the soft (1700 Pa) gel and 

the stiff (3.2 kPa) gels used to culture the neurons. Although neurons were cultured on 2D 

substrates, the study provides clear insight on the importance of finely tuned scaffold stiffness 

when progressing with 3D culture. 
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Figure 2.3 | Effect of substrate 

stiffness on neural development  

A) and B): Immunofluorescent 

images of hippocampal neurons 

on (A) soft and (B) stiff 

substrates after 20 hours in 

culture. Red: β-III tubulin, 

Green: F-actin [45] .  

2.1.3 CELL ADHESION 

In an in vivo environment, the ECM plays the role of providing anchorage points for neurons 

during maturation and growth. When attempting to culture neurons outside of the body, providing 

these anchorage points on engineered biomaterials is of critical importance [46]. Indeed, adhesion 

of cells to the culture substrate or scaffold is imperative for a successful in vitro model. True for 

many cell types, once seeded on a surface, whether in 2D or 3D, the cells will need to adhere 

within the first few hours for a viable culture. For successful cell adhesion during those first few 

critical hours in culture, biomaterials are commonly functionalized with adhesive molecules 

derived from, or similar to those found in, the ECM—poly-D-lysine (PDL) and laminin being the 

most widely used for neuronal culture (see Section 2.4.1 and 2.4.2).  

2.2 MICROSPHERE-BASED 3D SCAFFOLDS  

o date, many methods have been used to fabricate 3D scaffolds for neuronal culture to mimic 

the ECM. Each fabrication technique, like anything else, comes with its own set of 

advantages and disadvantages, and although the field is broadening and improving the biomimetics 

of the 3D scaffolds, there is currently no gold standard in 3D for neuronal cell culture [47]. A brief 

overview of various 3D scaffold fabrication techniques is outlined in Table A.2 of Appendix A.  

Although not exhaustive, the brief overview of current techniques in Appendix A helps visualize 

the multiple scaffold fabrication methods that have been developed to improve our ability to study 

neuronal networks in 3D in vitro environments. However, interestingly, many of these techniques 

rely on stochastic methods which typically result in uncontrolled parameters, including pore size, 

 T 
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interconnectivity, growth area, and structure [48]. This can ultimately limit translational potential 

of these scaffolds since it is known these parameters need to be precisely tuned and be 

reproduceable with high throughput for preclinical use. This observation along with publications 

by Frega, Tedesco et al [20], [24] guided the context and inspired the methods of this work. The 

following sections close in on the microsphere-based model—a scaffold-based strategy that does 

not succumb to fabrication method-induced stochastics. Specifically, the scaffold’s origin, the 

microsphere fabrication methods and its use in 3D neuronal culture is discussed.  

2.2.1 ORIGIN 

Microspheres are spherical particles with diameters in the micrometer range (1 µm-1000 µm) that 

are manufactured from natural or synthetic materials using a variety of techniques. To date, the 

majority of work involving microspheres in the biomedical engineering field is targeted toward 

drug delivery and cell encapsulation for in vivo therapy and tissue regeneration [49]–[52]. For 

these applications, microspheres act as vehicles that control release and site-specific delivery of 

therapeutic agents both in vivo and in vitro via injection, implantation, or embedment in 

scaffolding [53], [54]. However, microspheres have proven themselves multifaceted due to their 

increasing use as 3D scaffolding for in vitro cell culture [20], [24], [25], [55]–[57]. 

Prior to their use for 3D in vitro scaffolding, microsphere-based scaffolds first emerged in 

orthopedics for purpose in vivo. In the late 90’s and early 2000’s the microsphere-based scaffold—

also termed colloid model—was coined in the orthopedic community by C.T Laurencin and his 

research team to overcome a persisting limitation involving insufficient mechanical properties in 

synthetic 3D scaffolding for use as bone graft substitutes [58], [59]. Using the well-established 

emulsion solvent evaporation technique, the group fabricated gel and sintered poly(lactic-co-

glycolic acid) (PLGA) microspheres and bound them together to produce an ‘inverse’ of the 

scaffolds that were currently being used for bone grafts. By simply creating an inverse, or negative 

of the scaffolds accepted at the time, the authors improved structural integrity of the scaffold for a 

mechanically comparable bone graft alternative. In both initial publications outlining the novel 

method, [58], [59], the PLGA microspheres were formed using emulsion in polyvinyl alcohol and 

stirring. In [58], 3D scaffold was established by fusing the microspheres together using three 

different approaches: sintered method, solvent cast method and gel method. In successive 

publications, the authors maintained work with the sintered and gel methods [59]. Briefly, 
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fabricating the 3D sintered matrix involved heating the PLAGA microspheres above glass 

transition temperature allowing polymer chains to intertwine and connect with adjacent 

microspheres to establish a rigid matrix (Figure 2.4). The gel method involved the addition of 

sodium chloride and hyaluronic acid followed by air-drying, freeze-drying, rehydrating with salt-

leaching and freeze-drying. 

 

Figure 2.4 | Electron micrographs of the sintered poly(lactide-co-glycolide) microspheres (425-590 µm ) after 

heating above glass transition temperature (62°C ) for (A) 24 hr and (B) 72 hr. (C) microsphere bonds are pulled 

apart after 72 hr heating to visualize polymeric entanglement between neighbouring microspheres [59] 

The Laurencin group published another paper a few years after their pioneering discovery 

reporting human osteoblast adhesion and proliferation in 3D throughout the microsphere system 

[60]. Over the next decade, researchers in the orthopedic community used the microspheric 

scaffolding approach for various osteo and osteochondral tissue engineering efforts [61]–[66], 

which ultimately broadened for use in several other tissue and regenerative engineering 

applications, including skin regeneration [67], cardiovascular tissue engineering [68], and many 

others [69], [70].  

2.2.2 FABRICATION METHODS 

Microsphere fabrication for biomedical application is a large and extremely active area of research, 

with the majority of the efforts targeted toward drug delivery and cell encapsulation for in vivo 

therapy and tissue regeneration [49]–[52]. As a result, researchers have been quite successful with 

the engineering of the size, surface, mechanical, and chemical properties of these microspheres. In 

this thesis, the fabrication of the microspheres is not the main area of research, therefore, a 

collaboration was made with a laboratory (Godin Laboratory; Department of Physics, University 

of Ottawa) specializing in the fabrication of microspheres. Consequently, fabrication methods of 

the microspheres are not elaborated on extensively. However, to acquaint the reader with the 
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fabrication methods, a brief overview of the main methods currently used for cell culture and 

regenerative medicine is provided below, including the method used in this thesis. For additional 

information on this topic, the reader is directed to [71], [72]. 

Techniques used to fabricate polymeric microspheres for biomedical application most commonly 

capitalize on emulsion. For solid homogeneous microspheres, single emulsions are used, and to 

fabricate a microcapsule an addition emulsion is required. For 3D microspheric scaffolds, only a 

single emulsion is needed. A single emulsion occurs by mixing two immiscible solvents, which, 

as shown below in Figure 2.5A-C, can be done using various methods. Rather than mixing two 

solvents in bulk (Figure 2.5A), the polymer solution can be added in a dropwise fashion to the 

emulsification phase to control microsphere diameter and reduce diameter variance, as shown in 

Figure 2.5B  [20], [73]. To further narrow the microsphere diameter range produced, additional 

devices can be used to control parameters at the extrusion outlet, such as air flowmeters to control 

coaxial [55], [74] or ambient pressures [20] (Figure 2.5B).  

Manually mixing or dropwise addition to form microspheres via emulsion is simple and works 

relatively well, as evidenced by the works mentioned in the previous paragraph. However, these 

methods can yield low numbers of microspheres with large deviations from a mean diameter 

(further discussed in Section 2.2.3.3). Consequently, these methods would not provide the high 

throughput, tight tolerances, and batch to batch reproducibility required for translational potential 

important in pre-clinical studies. As a result, microfluidic technologies have been applied to the 

pre-clinical research space as an alternative to bulk and manual emulsion. The microfluidic devices 

employed for cell culture and in vivo therapeutics are designed using flow-focusing nozzles 

equipped with a perpendicular flow of oil, creating a T-junction, resulting the formation 

microspheres due to the Rayleigh-Plateau instability phenomenon. The continuous oil phase 

compresses the dispersed aqueous polymeric phase into a thin flow column that breaks apart into 

monodisperse droplets—or microspheres [75], [76].  

In a recent publication by Kanda et al [77], a flow focusing microfluidic device was used to 

encapsulate heart explant-derived cells in a nanoporous gel microsphere of agarose and ECM 

proteins (fibronectin and fibrinogen) for intramyocardial injection to stimulate endogenous repair 

in damaged heart tissue. The flow focusing and emulsion with an oil phase within the microfluidic 

device is depicted in Figure 2.5CI. Since the microsphere matrix was predominately composed of 
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agarose, the inlet and outlet of the microfluidic device were maintained at a temperature of ~37 ºC 

and ~4 ºC, respectively, creating a temperature gradient along the device to prevent premature 

agarose gelation at the inlet, and ensure gelation prior to the microsphere’s arrival at the device 

outlet where the microspheres are collected on ice (Figure 2.5CII). Alongside the studies findings 

related to cardiac repair and regeneration, the microsphere fabrication technique using 

microfluidics was compared against the manual vortex mixing approach (bulk emulsion) for the 

application. Diameter of microspheres formed with the microfluidic platform proved to be more 

monodisperse with only 5% variation from the mean, and varying flow pressure ratios within the 

microfluidic device allowed precise control of the microsphere diameter enabling fabrication of 

small and large size microspheres in addition to batch-to-batch reproducibility [77]. AFM was also 

performed to evaluate microsphere stiffness and revealed no significant differences between 

microspheres formed using the two methods. Ultimately, the microspheres fabricated using the 

precisely engineered microfluidic technology were superior to the microspheres formed using the 

manual mixing approach for this study’s application. The research group responsible for 

fabrication of the microspheres using the microfluidics in [77], is the same research group that is 

involved in the microsphere fabrication in this thesis.   

In addition to these innovative fabrication methods, commercially available microspheres exist for 

similar application (food processing, pharmaceutical, biomedical). Therefore, in lieu of fabricating 

polymeric microspheres using the manual or microfluidic methods previously described, 

researchers have also have reported success using commercially available microspheres in 

biomedical application, including in vitro use as 3D scaffolding for neuronal networks [24], [56], 

[57]. However, it should be noted that the commercially available microspheres are most 

commonly fabricated from hard plastics, ceramics, or glass—materials that have been established 

to provide physiologically irrelevant environments for in vitro cell cultures (high stiffness).  
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Figure 2.5 | Polymeric microsphere fabrication methods  

(A) Emulsion of an aqueous polymer phase with an immiscible solution (e.g.: oil) resulting in polymeric 

microspheres when mixed. Resulting microspheres can be isolated via centrifugation and washing to 

remove oil; (B) Fabrication of polymeric microspheres via emulsion where polymeric solution is added in a 

dropwise fashion to a continuously stirred emulsification phase (coagulation bath), followed by 

centrifugation and washing to isolate microspheres; (CII) Microfluidic device nozzle area depicting the 

aqueous polymeric phase + cells (dispersed phase) and the two perpendicular oil flows (continuous phase) 

creating a T-junction, resulting the formation microspheres [77]; (CII) top view Schemata of microfluidic 

chip (scale bar: 800 µm). Magnified panel (scale bar: 400µm) highlight key areas on the microfluidic chip. 

The inlet and the outlet were maintained at a temperature of ~37ºC and ~4ºC, respectively [77].  

2.2.3 3D MICROSPHERIC SCAFFOLDS FOR NEURONAL CULTURES 

The following sections outline the advantages of the 3D microsphere scaffold, specifically for 

neuronal culture, highlighting its advantageous structural properties in addition to its use to date 

in the field. The use of the model in the field to date has been segregated into two sections based 

on stiffness of the microspheres used.   

2.2.3.1 ADVANTAGES FOR 3D NEURONAL CULTURES 

A main advantage of the microspheric scaffold is its precisely tunable growth area and predictable 

volume of interstitial space, with both parameters governed by microsphere diameter. The model 

also permits unrestricted gas exchange with the ambient environment in addition to uniform 

diffusion of nutrients and additives throughout the culture. These characteristics—inherent for the 

microspheric model—are commonly encountered obstacles for the other 3D scaffolding designs. 

The widely used continuous matrix 3D hydrogels or spheroid models have shown to result in 

necrotic regions at the center of the cultures due to poor gas exchange and nutrient delivery, and 
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metabolic waste buildup during incubation [78], [79]. This is particularly seen in 3D cultures over 

a few hundred microns in size, since as the culture becomes larger, efficient gaseous exchange 

becomes hindered. As the microsphere model becomes larger, it can also be subject to the same 

issue, but due to the high interconnectivity provided by the microsphere interstitial space, this 

would occur at a much lower rate than a continuous hydrogel, thus permitting the 3D culture to 

become quite large before encountering any gas exchange issues. Since uniform diffusion of 

additives and nutrients in an in vitro model becomes increasingly important in the context of 

disease models for therapeutic screening. For pharmacological agents to be evaluated effectively, 

it is imperative the therapy be delivered to the entirety of the cellular network and not discrete 

regions. The ability to increase the 3D culture size without diffusion/gas exchange issues would 

also allow the addition of microsphere layers in the z-direction to further model physiology of the 

brain, including structures such as the blood brain barrier, further improving the model’s overall 

mimetics. For these reasons and among others, the microsphere-based scaffold provides a 

structurally ideal 3D construct to study neuronal networks and screen therapies in vitro. 

2.2.3.2 RIGID MICROSPHERES: STATE-OF-THE-ART, ADVANTAGES AND LIMITATIONS 

To our knowledge, the first study to interface microspheres with neurons in vitro for the purpose 

of replicating in vivo physiology was in 2005 by Baksh et al [80]. In this work, authors did not use 

the microspheres to construct a 3D scaffold, but rather used the microspheres (silica, SiO2) coated 

with synthetic fluid lipid bilayer membranes to model the neurexin-neuroligin signaling pathway 

(neurexin expressed by the neuron, and neuroligin expressed by the non-neuronal cell). This 

publication provided the field with evidence of successful functionalization of silica microspheres 

and interaction with neurons in vitro. Contributing authors S. Pautot and E.Y Isacoff in [80] 

continued work with functionalization of silica microspheres, expanding the application to using 

the microspheres as supports in 3D neuronal network growth [56]. In particular, 45 µm-diameter 

silica microspheres were functionalized with poly-L-lysine (PLL) and interfaced with rat 

hippocampal neurons; over a 4-day period, the microspheres with neurons and glia cells adhered 

to the surface were assembled into 3D hexagonal (close packed) arrays [56]. Authors reported 

neuronal process growth crossing to and from adjacent microspheres within the scaffolds 

interstitial space after 3-week culture period (Figure 2.6A). Authors mentioned that the 

microspheric structure became woven together as a result of the multiple neural processes 

extending from cell bodies creating a stable structure. Additionally, it was reported that the neuron 
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health remained consistent regardless of the location within the assembly (Figure 2.6A)—which 

as mentioned previously, is likely due to unrestricted gas exchange throughout the culture (a 

common obstacle for 3D scaffolds with a continuous matrix). In [56], Pautot et al also determined 

the optimal microsphere diameter (~45 µm) for neuronal culture viability and growth, with a 

seeding density of 75,000 cells/cm2, or 5 cells/microsphere, which laid the foundation for 

succeeding publications in the field, including [24], [25], [57], as well as in this work.  

Frega et al [24] improved upon the microsphere model reported in [56] by coupling PDL and 

laminin-functionalized glass microspheres, to a microelectrode array (MEA). Authors reported an 

interconnected and functional 3D network of hippocampal neurons grown on, and within the 

interstitial space of the functionalized microspheres after 3-4 weeks in vitro. Further, spontaneous 

bursting activity of the network and its response to electrical stimulus was recorded, highlighting 

stark differences between 3D cultures and 2D controls [24]. Evidenced by immunofluorescent 

imaging, network connectivity was observed in z-stacks over 200 µm in height, where some cell 

bodies adhered to the glass microsphere surface, and others remained encapsulated within the 

interstitial space  between microspheres [24]. From an electrophysiological standpoint, the group’s 

work demonstrated that the neuronal network formed within the 3D microspheric scaffold resulted 

in higher percentage of random spiking, and higher network burst duration when compared to 

electrophysiological behaviour of a neuronal network cultured on a 2D substrate. The results 

provided insight on the significant differences in neuronal network electrophysiology between 2D 

and 3D cultures while also demonstrating successful use of the 3D functionalized glass 

microsphere scaffold coupled to a MEA for 3D in vitro modeling of the CNS.  

Demonstrating the potential use of microspheric scaffolds in vivo, Park et al [25] reported that the 

use of growth factor-loaded heparin/poly-L-lysine nanoparticles adhered to the surface of PLGA 

microspheres enabled neuronal adhesion, stimulation and growth for potential implantation to 

repair damaged nerves (Figure 2.6C). Rather than the commercially available silica microspheres, 

the PLGA microspheres were fabricated using solvent evaporation in an oil-in-water emulsion. 

Since the authors utilized PLGA, as the base microsphere material, the PLGA will degrade over 

time such that the space initially occupied by the microsphere will be replaced by regenerated 

tissues [25]. Although the PLGA microspheres present favorable characteristics for application in 

vivo, a biodegradable scaffold for neuronal culture is not feasible since neuronal cultures require a 
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supporting matrix for culture periods ranging from 2-weeks to a few months. Should long term 

(multiple months) in vitro culture be required, use of a degradable microsphere material can be 

considered, ensuring degradation rate of the material agrees with ECM deposition rate by neurons.  

 

Figure 2.6 | Microsphere based approaches for 3D cell culture  

(A) Primary hippocampal neurons cultured on 3D (450 x 450 x 388 µm) assembly of 45 µm silica microspheres 

functionalized with PLL. Neural processes are visualized at various heights in the scaffold using confocal 

microscopy and staining with neuron-specific antibody to α-tubulin (green) and glial-specific antibody to GFAP 

(red) after 3-week culture [56]; (B-C) Fluorescent images of propidium iodide stained PC12 cells adhered to PLGA 

pretreated with polyethyleneimine and coated with growth factor loaded heparin/PLL nanoparticles. Micrographs 

show cell adhesion on microsphere surfaces and proliferation in scaffold between 3 days (left) and 5 days (right) in 

culture. [25] 

Although the microsphere model possesses many advantages over other models and has 

demonstrated potential for both in vitro and in vivo neuro applications, it also faces certain 

limitations which present opportunity for improvement. In the majority of studies to date which 

employ the microspheric model for culturing 3D neuronal networks [24], [25], [81], the 

microspheres are fabricated from materials such as borosilicate glass or plastic, resulting in a 

model with high stiffness. Of note, the Young’s Moduli of these materials measure over six orders 

of magnitude larger than the physiological value of brain tissue [43]. As mentioned in Section 

2.1.2, substrate stiffness is an important property that influences the behaviour of cells, and as a 

result, these rigid microspheres limit the physiological accuracy and translational potential of the 

microspheric 3D model.   
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2.2.3.3 SOFT MICROSPHERES: STATE-OF-THE-ART, ADVANTAGES AND LIMITATIONS 

To improve the physiological relevance of the microspheric scaffolds, researchers in the space 

have fabricated microspheres using softer biomaterials to better mimic the stiffness of brain tissue. 

By using softer microspheres to construct the model, the desirable scaffold structure and geometry 

which enable uniform diffusion of nutrients and gas exchange in the culture is preserved while the 

stiffness of the scaffold is dramatically reduced. Authors from the previously mentioned paper 

[24], reporting 3D neuronal network growth and physiologically similar electrophysiology on PDL 

and laminin-functionalized glass microspheres, have improved (reduced) their scaffold stiffness 

by replacing the functionalized glass microspheres with soft 1-2% chitosan microspheres coated 

with PDL and laminin [20]. The chitosan microspheres were fabricated using a commercially 

available pressurized extrusion device (Nisco Encapsulation Unit Var J30). Microspheres were 

collected in a bath of gelling solution (H2Odd 40%, ethanol 60% and NaOH 2% w/v) continuously 

stirred at 200 rpm and interfaced with hippocampal neurons for up to 25 days. Immunofluorescent 

and transmission electron microscopy revealed well interconnected 3D networks of neurons, with 

dense networks of axons and dendrites on the profiles of the chitosan microspheres with smaller 

dendrites penetrating the microspheres [20]. Similar to their preceding publication [24], Tedesco 

et al also coupled the chitosan microsphere scaffold to MEAs and found similar 

electrophysiological network patterns to those observed with neuronal networks cultured on glass 

microspheres in [24]. Although similar patterns were observed, there was an increase of random 

network spikes with the 3D chitosan microsphere cultures compared to 3D glass microsphere 

networks, with the networks cultured on the 1% chitosan microspheres showing more synchronous 

bursts than on the 2% chitosan microspheres, indicating formation of dense network and high 

degree of connectivity. Additionally, a lower number of active electrodes were found with the 

chitosan microsphere scaffolds, which could be due to higher bio affinity of chitosan than the 

microsphere surface.  

In terms of the scaffold characterization, authors encountered difficulties when evaluating the 

stiffness of the 1% chitosan microspheres using AFM, they were in fact unable to reliably 

determine the stiffness of the 1% chitosan microsphere, and thus approximated the microsphere’s 

elastic modulus through extrapolation of stiffness measurements from 2% chitosan microspheres. 

Although the 1% chitosan microsphere was noted by authors to have concentration comparable to 

the stiffness of brain tissue (Young’s modulus measuring ~15-24 kPa), when developing 
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biomimetic platforms to study neurological disease and potential therapies, it is imperative that 

biomaterial characterization to assess physiological relevance is carried out with accuracy. This 

extrapolation presents error and possibly discredits the reliability of the reported values. 

Similar to Tedesco et al [20], Skop et al fabricated multifunctional chitosan microsphere 

scaffolding to improve neural precursor cell transplantation for traumatic brain injury repair [55]—

again, demonstrating the use of the microsphere scaffold for both in vitro and in vivo neuro-

application. Authors fabricated 3% chitosan microspheres using by extruding the chitosan solution 

through a syringe equipped with either a 23-gauge needle charged with 25kV of current or a 30-

gauge needle subject to coaxial air pressure, and into a basic coagulation bath (2.5 M sodium 

hydroxide-methanol-water; 30:20:50 v/v). Both the applied coaxial air pressure and the electric 

current were effective at reducing the size of the microspheres. Fibronectin was then adsorbed to 

the surface of the microspheres. Surface chemistry was further enhanced by covalently linking 

heparin to the surface of the microspheres for the purpose of immobilizing fibroblast growth 

factor-2. Radial glial cells (RG3.6 cell line) were then seeded onto the microspheres. Results 

showed cells adhered to the surface of the microspheres after 18 hours, and excellent proliferation 

and survival after 10 days in culture. Further, authors demonstrated the transplantation of the 

microspheres with RG3.6 cells adhered to their surface into a neocortical lesion cavity via a 

syringe, 7 days post cortical impact (simulating impact causing TBI). 3-days post transplantation, 

RG3.6 cells were identified within the neocortical lesion cavity, with some cells still adhered to 

the microspheres, and some cells far from the microspheres in adjacent tissue. This work highlights 

the adaptability of the soft microspheres for use beyond in vitro application, specifically, their 

ability to serve as transplantable vehicles, and the microspheres ability to be functionalized with 

multiple biomolecules. It should be noted however, that in this work, the microsphere stiffness was 

not determined.  

Evidenced by the work by Tedesco et al, and Skop et al, the soft microspheric scaffold for 3D 

neuronal culture is a push in the right direction in terms of improving physiological relevance of 

the model while preserving the desirable structure/geometry of the original design. However, there 

is much more to be explored in this research space. This includes evaluating the efficacy of other 

biomaterials to fabricate the soft microspheres in addition to alternative or additional 

functionalization options. Also, the methods through which the mechanical properties of the 
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microspheres are evaluated can be improved since the microsphere reported to possess the most 

similar to elastic modulus of neuronal ECM was determined through extrapolation [20]. Finally, 

from the literature, it was observed that the studies which have chosen softer materials to fabricate 

the microspheres have used methods which generate relatively large variance in microsphere 

diameter. For example, in [20], Tedesco et al report microsphere diameters ranging from 40-90 

µm, with an average of 66 ± 20 µm, for 1% chitosan, while for 2% chitosan microsphere diameters 

ranged from 40-160 µm, with an average of 100 ± 40 µm (Figure 2.7A-B). Similarly, work by 

Skop et al [55] reported a large range of 3% chitosan microsphere diameters ranging from 30-100 

µm using the electrospraying fabrication method (Figure 2.7C). These variances are relatively 

large in comparison to the small variances in microsphere diameter achieved through commercial 

suppliers due to the tight manufacturing tolerances, or with fabrication using precisely designed 

microfluidic technology. As such these large variances in microsphere diameter in the literature to 

date present space for improvement in the microsphere models for neuronal culture.   

 

Figure 2.7 | Microsphere diameter histograms. Microsphere size distribution for (A) 1% chitosan microspheres and 

(B) 20% chitosan microspheres fabricated via dropwise emulsion [20]; (C) Microsphere size distribution for 3% 

chitosan microspheres fabricated via electrospraying 

2.3 AGAROSE: A VERSATILE BIOMATERIAL 

s mentioned in Section 2.1.1, 3D scaffolds for neuronal culture aim to mimic the natural 

properties of the neural ECM. Since the emergence of 3D scaffolds for in vitro studies, many 

synthetic, natural, and composite biomaterials have been investigated to mimic the neural ECM. 

Table A.1 in Appendix A outlines some biomaterials used as 3D scaffolding for neuronal culture, 

highlighting their advantages and the types of scaffolds they have been used in.  

Of the biomaterials reviewed in literature, the natural polysaccharide agarose was chosen as the 

microsphere material in this work. This choice was motivated by the fact that agarose offers 

A 
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properties that are attractive for its use in 3D cultures, including thermal hysteresis, low and easily 

tuned stiffness, and inherent biocompatibility. Additionally, agarose microspheres were previously 

shown to be successfully fabricated using microfluidic technology [77]. However, the main 

limitation of agarose for neuronal culture is that it does not readily offer moieties for cell 

adhesion—a deficiency that has restricted use in its native form. The following sections outline 

the chemistry and mechanical properties of the agarose polysaccharide, highlighting in detail its 

advantages and disadvantages for use as a material in 3D neuronal cell culture.  

2.3.1 CHEMICAL STRUCTURE AND GELATION MECHANISM 

Agarose is a natural, high molecular weight, linear polysaccharide purified from the cell walls of 

agar or agar-bearing red marine algae. The polymer is composed of a repeating agarobiose 

disaccharide unit, (D-galactose and 3,6-anhydro-L-galactopyranose) connected in an alternating 

fashion by α-(1→3) and ß-(1→4) glycosidic bonds. Figure 2.8 shows the chemical structure of the 

repeating agarobiose unit in agarose. 

 

Figure 2.8 | Chemical structure of repeating agarobiose unit in agarose 

In the biomedical field, agarose is commonly used in hydrogel form. One of the challenges with 

the use of hydrogels for biomaterial applications is gelation behaviour. To achieve a durable 

hydrogel with bio-functionalities, chemical crosslinking is commonly used. However, crosslinking 

agents are generally cytotoxic and thus reduce biocompatibility of the resulting material [82], [83]. 

Since agarose is a thermo-reversible, self-gelling polymer  as a result of hydrogen bonding, and 

electrostatic interaction, crosslinking agents are not needed for gelation [84]. These gels are 

sometimes referred to as ‘physical gels’, where polymeric entanglement defines the porous 

network [85].  

An important gelation property of agarose is the thermal hysteresis the hydrogel exhibits in its sol-

gel transition, causing agarose hydrogels melt and gel at different temperatures [86]. Agarose is 

soluble in water or neutral buffer at ~90 °C; when cooled, gelation is initiated via crosslinking of 
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the polymer chains with hydrogen bonds to form double helices. The resulting gel is composed of 

aggregated double helices. Due to thermal hysteresis, the thermo-reversible hydrogel must be 

heated to 90 °C to re-enter its sol and sol-gel state. This gelation behaviour is depicted in Figure 

2.9. Natural agarose melting and gelling temperatures are around 40 °C and 90 °C, respectively, 

but engineered hydroxyethylated agarose can reduce the gelling temperature to room temperature. 

This synthetic, ultra-low gelling temperature agarose is used in biomedical research enabling 

mixing with cells and ease of biomaterial fabrication, both at room temperature.  

 

Figure 2.9 | Agarose gelation mechanism. Agarose is dissolved in solution at 90°C and enters its gelation state via 

hydrogen bonding of polymer chains when cooling is initiated. An agarose hydrogel exhibits a final molecular 

structure of aggregated double helices when completely gelled. Due to thermal hysteresis, the thermo-reversible 

hydrogel is heated to 90 °C to re-enter its sol and sol-gel states.  

The phenomenon of thermal hysteresis in agarose gelation becomes an important property when 

interfacing this polymer with cells. For application in in vitro cell culture, the hydrogel will need 

to experience and withstand physiological temperature (37 °C) to mimic the in vivo environment. 

As a result of thermal hysteresis, once gelled, agarose can be heated to physiological temperature 

without melting or loss of structural integrity.  

2.3.2 MECHANICAL PROPERTIES 

The agarose polysaccharide is commonly used in hydrogel form for biomedical applications and 

therefore adopts viscoelastic and concentration dependent mechanical properties [87], [88]. Like 

other natural polymers in their hydrogel form, increasing the concentration of agarose in the 

hydrogel is associated with a higher stiffness since the polymer chains are more densely entangled. 

We also know that this stiffness can be further increased through use of crosslinking agents which 
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provide additional crosslinking within the polymer structure. As previously mentioned, agarose 

does not require the use of a crosslinking agent to gel, however the stiffness of an agarose hydrogel 

can be increased by introducing covalent bonding using a crosslinker instead of increasing the 

agarose concentration. In this section, only the Young’s (elastic) moduli of agarose hydrogels 

reported in literature determined using AFM will be considered since the elastic modulus of the 

agarose at the nanoscale is of interest.   

The majority of work reporting the Young’s modulus of agarose hydrogels seem to comply with 

one another, with only minimal variance and/or discrepancies. Data from literature on this property 

is summarized in Table 2.1 for agarose concentrations from 1-3% (i.e., 1-3 g / 100 ml).  

Table 2.1 | Agarose hydrogel Young’s (elastic) moduli 

Agarose 

Concentration 

(%) 

Young’s Moduli ± error 
Indentation 

depth 

Tip Geometry and cantilever 

stiffness 
Reference 

1 3.5 ± 0.7 kPa (mean) 400-1000 nm 
Tip-less, equipped with 5.3µm 

melamine bead, k=0.1 N/m 
[88] 

1.5 5.6 ± 0.9 kPa (mean) 400-1000 nm 
Tip-less, equipped with 5.3µm 

melamine bead, k=0.1 N/m 
[88] 

1.5 9.8 ± 1.5 kPa 100 nm Pyramidal (k=0.06N/m) [89] 

2.0 10.6 ± 2.7 kPa (mean) 400-1000 nm 
Tip-less, equipped with 5.3µm 

melamine bead, k=0.1 N/m 
[88] 

2.0 9.3 ± 2.3 kPa (1 Hz dynamic)  600 nm Polystyrene spherical (k=0.32) [90] 

2.5 22 kPa 300 nm Pyramidal (k=0.06N/m) [91] 

3.0 20.9 ± 4.9 kPa 600 nm Pyramidal (k=0.1 N/m) [92] 

3.0 17.5 ± 3.0 kPa 600 nm Spherical (k=0.32N/m) [92] 

 

Since neurons are mechanosensitive, an agarose hydrogel used for scaffolding is required to be 

similar to the mechanical properties of the ECM in order to elicit natural cell behaviour within the 

3D culture. Young’s moduli reported in Table 2.1 are evidently closer to the moduli of brain tissue, 

which ranges from a few hundred pascals [93] to a few kilopascals [44], in comparison to the 

conventional tissue culture substrates, glass and plastic. Although the elastic moduli of these 

agarose hydrogels in these concentrations, are slightly higher stiffness than physiological brain 
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tissue, they still provide significant improvement upon glass and plastic substates. Additionally, 

given the nature of hydrogels there is a minimum concentration required for the hydrogel to 

maintain its ‘gel’ form such that it can be manipulated and handled during fabrication, cell seeding, 

media changes etc. This requirement makes it difficult for hydrogels—like agarose—to be used at 

low concentrations that perfectly match the physiological range of brain tissue elasticity.  

2.3.3 AGAROSE FOR NEURONAL CELL CULTURE 

The physiochemical features and inherent biocompatibility of the agarose hydrogel elect its use in 

a many of tissue engineering and regenerative medicine applications. For readers interested in 

exploring these applications, see recent review by Zarrintaj et al [94]. Among the widespread use 

in the field, the agarose hydrogel has been used for neurological applications due to the 

aforementioned properties and its tunable elastic modulus which can be manipulated to mimic that 

of native brain tissue. 

For example, Yoo et al used an agarose hydrogel at a concentration of 0.7%, coupled to nylon 

micromesh, functionalized with either PDL or a polyelectrolyte multilayer [95]. E18 rat 

hippocampal neurons were seeded on the nylon micromeshes and mixed within the agarose 

hydrogel. The agarose/cell suspension and micromeshes were layered to create 3D scaffolding. 

Results showed excellent cell viability at 9 days in vitro (DIV) on both PDL and polyelectrolyte 

functionalized micromeshes in addition to neuronal growth within the agarose hydrogel. Authors 

mentioned that the neurons tended to cluster within the agarose, forming thick fibre bundles as a 

result of the gel not being functionalized for adhesion. This demonstrates that an agarose hydrogel 

without functionalization would not provide a suitable for long term neuronal cultures due to 

excessive clustering and clumping of cells. It should be noted that authors did not confirm the 

mechanical properties of the scaffold.  

Also capitalizing on the physiochemical characteristics of agarose, Struzyna et al [21] fabricated 

1% agarose microcolumns (OD = 398µm; ID = 198 µm; L = 6-20 mm) and filled them with an 

‘ECM cocktail’ composed of various collagens, laminins, esters, and other bonding/crosslinking 

agents. The 3D microconduits were fabricated for use in vitro to study the nigrostriatal pathway 

which is damaged in the pathophysiology of Parkinson’s and in vivo to potentially reconstruct 

damaged pathway. Dopaminergic, striatal or hESCs neurons were aggregated (~3,200 cells per 

aggregate) and inserted into one (unidirectional) or both (bidirectional) ends of the microcolumns. 
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Evidenced by immunofluorescent staining, authors identified axonal outgrowth from aggregates 

extended 6 mm at 9 DIV and 9 mm by 28 DIV. Additionally, cyclic voltammetry revealed 

dopamine release in the aggregate and at the distal end of the microcolumn after 24 DIV [21]. 

However, similar to Yoo et al [95], the mechanical properties of the resulting 3D biomaterial were 

not investigated.  

Conversely, Cao et al [96] did measure the mechanical properties—namely the stiffness—of their 

agarose-based scaffold for 3D neuronal culture by using rheological methods. 1% agarose was 

blended with 0-3% chitosan to promote neural adhesion to the 3D scaffold. Their results showed 

scaffold stiffness similar to stiffness of brain tissues, measuring on the order of 100 Pa, in addition 

to neural adhesion to the scaffold with chitosan concentrations between 0.66-1.5%. In addition to 

these three studies, there are many other studies which have reported successful results with 

agarose as a base material in a 3D scaffold for neuronal culture [97]–[100]. 

2.3.3.1 LIMITATIONS AND OUTLOOK FOR 3D NEURONAL CULTURE 

As demonstrated through studies mentioned above, agarose alone is unfortunately unable to 

facilitate neuronal adhesion and growth since it is essentially electrostatically neural. Although the 

agarose polysaccharide contains charged groups of pyruvate and sulfate (giving it a slight negative 

charge), the molecular biology grade, low melting temperature agarose has very low 

electroendosmosis values (below 0.12) meaning the number of sulfate and pyruvate residues 

present on the agarose is almost negligible. This results in a polysaccharide virtually neutral in 

charge. In neuronal cell culture, the commonly used surface functionalization to enable neuronal 

adhesion and growth on a glass or plastic substrates, such as poly-lysines and proteins), require a 

negatively charged surface to bind to. Therefore, the widely used functionalization methods for 

plastic and glass culture-ware cannot be used with agarose as the underlying substrate. To 

overcome this limitation, agarose is commonly blended and crosslinked with other polymers, such 

as chitosan [96], alginate [100], or collagen [19], [52], where the agarose serves as the mechanical 

tuner and the additional polymer provides binding sites or adhesive properties for cell retention 

However, with blended hydrogels, the surface of the resulting material will still have neutral 

regions of agarose that cells will not adhere to, and as previously mentioned, chemical crosslinking 

agents can be cytotoxic and thus reduce biocompatibility of the material.  
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While many studies have established agarose as an excellent scaffold material once blended or 

crosslinked with other bioactive materials [97]–[99], to our knowledge, the implementation of a 

material-independent surface coating to functionalize the entire surface of the agarose 

polysaccharide for use as a 3D scaffold in neuronal culture has yet to be investigated. Since agarose 

is inherently inert, completely covering its surface with a thin, and continuous bioactive polymeric 

coating would provide an ideal interface for cell adhesion and growth while preserving the desired 

mechanical properties provided by the agarose. This approach would be advantageous for cell 

attachment and growth since the entire surface area of the agarose would become functionalized 

rather than only discrete regions, while mitigating the need for cytotoxic crosslinking agents.  

2.4 SURFACE FUNCTIONALIZATION OF SYNTHETIC (BIO)MATERIALS 

urface modification is used to improve how a material interacts with its environment, without 

majorly altering its bulk properties. These modifications can be chemical, topographical, or 

biological in nature, altering a surface’s chemical composition, appearance, reactivity, and more. 

By modifying the surface of a material, we can protect a material from its environment, like coating 

steel with zinc (i.e. galvanized steel) to prevent rusting. However, in the context of biomaterials, 

most materials are not often designed to be shielded from their environment—in fact, it is 

commonly the exact opposite. Depending on the biomedical application, surface modifications are 

used to achieve a surface that is biomimetic in its chemistry, topography, and mechanical 

properties for seamless integration with the environment. In the case of biomedical applications, 

the environment we are working with is the cell-laden human physiology. By using and designing 

materials that interface well with the body, or in vitro biological environments, the resident cells 

will not flag the material as a foreign; this prevents molecular cascades which lead to cell death 

and ultimately, necrotic cultures or tissues. When designing and fabricating 3D biomaterials for 

use in neuronal culture, it is therefore important to carefully engineer the surface of the material to 

promote cell attachment and growth for an overall viable culture long term.  

Specific to in vitro neuronal cultures used for pre-clinical studies, multiple surface modifications 

exist to optimize cell attachment, neurite growth and culture longevity. Among them, some 

modification techniques employ the use topographical cues, biomolecule immobilization or 

adsorption and surface patterning. Some of the most commonly used surface modifications for 
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neuronal culture on conventional culture-ware is immobilization of the biomolecules, PDL and 

laminin [101]–[103]. For this reason, PDL (Section 2.4.1) and laminin (Section 2.4.2) 

functionalization on glass is used as a study control, while the functionalization of interest, namely 

the bio-inspired polymer PDA (Section 2.4.3) is evaluated for its ability to functionalize 

physiologically inert glass and agarose substates for 3D neuronal culture.  

2.4.1 POLY-D-LYSINE 

PDL is a positively charged amino acid polymer used extensively in both 2D and 3D neuronal cell 

culture [101]–[103]. Serving as a non-specific attachment factor, PDL enhances the electrostatic 

interaction between the negatively charged ions of the cell membrane and the culture substrate, 

promoting cell adhesion, and thus culture viability. Coating of a culture substrate with PDL is the 

most common initial preparation step prior to neuronal culture. To functionalize a surface with 

PDL, PDL is added to the substrate and incubated overnight at room temperature, followed by 

washing and in some cases, addition of another cell adhesion molecule. Due to its extensive use in 

the field for decades [104], PDL is used in the present study as a control with a basement membrane 

protein (laminin) coating on top of it.  

2.4.2 LAMININ 

Laminin is a protein found in the basement membrane of the central nervous system ECM. The 

basement membrane is an amorphous layer at the interface of the central nervous system and the 

circulatory system. Similar to fibronectin, laminins provide mechanical stability for cells while 

also regulating their differentiation, survival and motility [105]. Laminin has multiple domains in 

which binding can occur, which ultimately promotes cell adhesion. For these reasons, laminin 

commonly serves as an additional functionalization step after overnight incubation with PDL 

(Section 2.4.1) in neuronal cell culture. After PDL functionalization, culture substrate is immersed 

in laminin solution for two hours, followed by a wash with a neutral buffer. Due to the extensive 

use of this cell adhesion protein for in vitro neuronal studies, laminin from Engelbreth-Holm-

Swarm murine sarcoma basement membrane is used in conjunction with PDL as a control in the 

present work. 
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2.4.3  POLYDOPAMINE 

PDA is a polymer inspired by the composition of adhesive proteins of sessile mussels that enable 

them to adhere to rocks in the ocean for long periods of time, taking on even the strongest of storms 

(Figure 2.10A) [106]. After the Mytilus edulis foot protein 5 (Mefp-5) was found to play a critical 

role in the mussel’s adhesive abilities, synthesizing mimetic materials to capitalize on nature’s 

creation for applications that benefit from adhesive surfaces was attempted. First reported in 2007 

[107], Lee et al identified the amino acid composition at the adhesive interface of the mussel to be 

rich in 3,4-dihydroxy-L-phenylalanine (DOPA) and lysine amino acids, which sparked the 

hypothesis that a molecule combining both catechol (DOPA) and amine (lysine) groups would 

facilitate adhesion on any surface—organic or inorganic. This led to the identification of dopamine 

as a possible candidate since it contained both catechol and amine functionalities [107]. Authors 

show self-polymerization of dopamine HCl in solution buffered to a typical marine pH (Figure 

2.10B) resulted in spontaneous deposition of PDA onto a wide range of organic and inorganic 

surfaces. Prior to this discovery, coating organic surfaces with polymers was not a simple, single-

step task. PDA film thickness was found to be a function of immersion time, depositing a 

homogeneous layer on the nanometer scale, increasing to 50 nm after 24 hours (Figure 2.10C).  

Since first reported [107], the uses and applications for PDA functionalized surfaces expanded in 

many directions, ranging from use in energy and environmental industries to use in the biomedical 

field [108]. The reason PDA quickly became an attractive functionalization method is due to its 

simplicity and versatility; PDA is unique in the sense that it is one of the only single-step, material-

independent functionalization schemes. However, despite its successful synthesis, and extensive 

use, the exact mechanism in which PDA is polymerized, and the factors that influence it, are still 

widespread research questions and topics of scientific debate [109]. Although the polymerization 

and structure are still being investigated, PDA has nonetheless become widely used in the 

biomedical industry because of its adhesive, antibacterial, and biocompatible properties [110]–

[113]. 
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Figure 2.10 | First report of 

mussel-inspired PDA 

functionalization (A) Photograph 

of a mussel attached to 

commercial PTFE; (B) A 

schematic illustration of thin film 

deposition of polydopamine by 

dip-coating an object in an alkaline 

dopamine solution; (C) Thickness 

evolution of polydopamine coating 

on Si as measured by AFM of 

patterned surfaces. Image and 

caption adapted from [107]. 

2.4.3.1 POLYDOPAMINE IN NEURONAL CULTURE  

Although PDA coatings have made their way into the biomedical industry, their application in 

neuronal cell culture is relatively recent—especially in comparison to the widespread use of PDL 

and laminin for over four decades [104], [114]. Neuronal networks cultured in vitro are notoriously 

high maintenance and picky about the substate functionalization scheme used, which is why many 

2D studies continue to use PDL and laminin coatings. However, now that neuronal culture has 

evolved and is beginning to employ soft 3D materials as scaffolds instead of the conventional 2D 

glass and plastic cell culture substates, the material functionalization schemes also need to be 

broadened to promote neuronal attachment and growth on any material. As such, PDA is an 

attractive candidate to functionalize substrates or scaffolds for neural culture due to its ability to 

functionalize any surface in a single step. Additionally, since it is rich in catechol and amine 

groups, it provides numerous secondary reaction sites for attachment of biomolecules (like PDL 

and laminin) after it polymerizes [107]. The PDA functionalization scheme is therefore 

advantageous over other biomolecule immobilization methods including covalent chemical 

conjugation and physical adsorption which can involve multistep processes or functionalization 

steps requiring plasma or chemical treatments [26]. In fact, the PDA functionalization scheme has 

been shown to immobilize serum proteins fundamental for cell adhesion, while also eliciting serum 

independent effects on cell behaviour, likely induced through surface properties of PDA [115].  



 

30 

 

The PDA surface functionalization was first introduced into neuronal cell culture as an 

intermediate immobilization step to enable addition of biomolecules essential for neuronal network 

survival on a substrate. However, since then, PDA has shown to promote neuronal attachment and 

growth even when used alone [26], [116], [117], suggesting PDAs efficiency as a single 

functionalization step without the need for additional biomolecule functionalization. PDA has also 

been shown to improve culture longevity in 3D in vitro models and increase adhesion within the 

culture [118]. Furthermore, PDA has been used successfully to functionalize neuron-electrode 

interfaces, such as MEAs used for in vitro electrophysiological recordings of 2D and 3D neural 

cultures without reducing the electrical properties of the electrodes [111], [119], [120]. Since the 

native electrophysiological signature of neuronal networks has distinguishable patterns, an 

electrophysiological readout from a microelectrode array can inform any biophysical effects on 

the neuronal culture due to a PDA surface functionalization scheme. This baseline would be 

important to establish before assessing neuronal response to therapeutic additives.  

In literature to date, PDA used as a functionalization in neuronal culture (either as an 

immobilization step or as a single functionalization step) is prepared at a concentration of 2mg/ml 

in tris buffered saline (TBS) at alkaline pH 8.5. Self-polymerization of the dopamine occurs 

immediately after dopamine hydrocholoride is added to TBS. The scaffold or culture substrate is 

therefore immediately submerged in the PDA solution where the PDA spontaneously deposits on 

the surface of the scaffold or substrate. The scaffold or substate is left to rest in the PDA solution 

for a static deposition or placed on a shaker for a dynamic deposition. Dynamic depositions have 

been associated with higher numbers of PDA aggregates on a surface increasing in height with 

longer deposition time [110]. Both static and dynamic depositions are carried out at room 

temperature for different lengths of time which change depending on the application. The longer 

the deposition, the thicker the resulting polymeric film (Figure 2.10C), and larger the number (and 

larger the size) of polymeric aggregates [110], [115].  

2.5 BIOMATERIAL CHARACTERIZATION 

nce a biomaterial has been successfully fabricated, it is imperative that the chemical, 

mechanical and physical properties of the resulting material are characterized. This is to 
O 
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ensure the material meets the design requirements, and to establish the reproducibility of the 

material and fabrication process. In the present work, AFM and Raman spectroscopy are used.  

2.5.1 ATOMIC FORCE MICROSCOPY 

By using AFM for characterization, non-invasive nanoscale measurements can be made on 

biomaterials, providing information on the nanomechanics (e.g: Young’s moduli) and adhesion 

which are important for comparison to physiological values. Indeed, these physical and mechanical 

measurements have become standard practice in evaluating the success of a biomaterial, as it is 

now well-established that nano-structured features and mechanical properties greatly influence 

biological response [45], [121], [122]. Additionally, the AFM technique can be carried out in 

aqueous environments, and therefore allows the user to accurately replicate physiological and 

culture conditions during measurements. Ensuring measurements can be taken in a physiologically 

relevant environment is essential for accurate characterization of a biomaterial. This is especially 

relevant for polymers as it is well established that polymer stiffness and geometry can change 

dramatically when characterized in ambient conditions in comparison to an aqueous buffer [123], 

[124]. AFM has also been extensively used in the field due to its ability to measure soft materials 

without damage which previously limited mechanical testing on biomaterials. For these reasons, 

AFM is used in the present study to analyze microsphere stiffness and the Young’s modulus in an 

aqueous environment to assess mechanical mimetics of physiological brain tissue. The background 

and working principles of AFM is elaborated on in Appendix B for non-familiar readers. 

2.5.2 RAMAN SPECTROSCOPY 

To characterize the chemical composition of the surface of the material, Raman spectroscopy is 

used. As a sensitive, non-invasive, non-destructive, and label-free analytical method, Raman 

spectroscopy allows us to easily identify chemical and molecular fingerprints. Most importantly, 

the method can also be carried out in an aqueous environment. In this work, Raman is used to 

confirm deposition of the PDA functionalization on culture substrates (planar and microspheric 

glass and agarose). Additionally, we aim to identify any differences in the molecular composition 

of the PDA functionalization deposited on agarose compared to on glass and 2D surface compared 

to 3D microspheres. The background and working principles of Raman is elaborated on in 

Appendix B for non-familiar readers.  
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3 MATERIALS AND METHODS 

3.1 2D SUBSTRATE PREPARATION 

3.1.1 GLASS FUNCTIONALIZED WITH POLYDOPAMINE  

2 mg/ml PDA solution was prepared by polymerizing dopamine hydrochloride (Millipore Sigma; 

H8502) in 10 mM TBS (Millipore Sigma; T6664) according to previously published protocols 

[107], [111]. The solution was then immediately added to the substate to be functionalized:  

3.1.1.1 FOR MATERIAL CHARACTERIZATION (RAMAN AND AFM) 

The prepared 2 mg/ml PDA solution was added to 50 mm petri dishes containing No. 1, 24 mm 

square glass coverslips. The dishes were placed on a shaker for 2 hours at room temperature at 

medium speed to generate a film of PDA on the surface of the glass. After 2 hours, PDA solution 

was aspirated, and the coverslips were washed vigorously 4 times with 1X-phosphate buffered 

saline (PBS; Corning; 21-040-CV). The unfunctionalized side of the coverslips was immobilized 

to the bottom of a 100 mm parafilm-lined petri dish (3 coverslips per dish), and 20 ml of 1X-PBS 

was subsequently added to the petri dish.  

3.1.1.2 FOR CELL CULTURE 

The prepared 2 mg/ml PDA solution was sterile filtered and immediately added to a glass-bottom 

96-well plate (MatTek; P96G-1.5-F) in sextuplet. The 96-well plate was placed on a shaker for 2 

hours at room temperature on medium speed to generate a film of PDA on the surface of the glass. 

After 2 hours, the PDA solution was aspirated, and the glass-bottom wells were washed vigorously 

4 times with 1X-PBS. To prevent drying, 1X-PBS was left in functionalized wells until cells were 

ready to be seeded.  

3.1.2 AGAROSE GEL (FOR MATERIAL CHARACTERIZATION: RAMAN AND AFM) 

A 1.5% agarose stock solution was prepared in a 15 ml conical tube by adding sterile, ultra-low 

gelling temperature agarose (Millipore Sigma; A2576) to pre-warmed 1X-PBS. The resulting 

solution was heated to ~95 °C in a microwave for 10 seconds, followed by brief vortex mixing; 

these two steps were repeated until the agarose was completely dissolved (~2 minutes). 10 ml of 
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agarose solution was then deposited into a 100 mm petri dish and placed at 4 °C to gel. 20 ml of 

1X-PBS was added to the dish after gelation to prevent dehydration of the hydrogel.  

3.1.3 GLASS FUNCTIONALIZED WITH POLY-D-LYSINE AND LAMININ (FOR CELL CULTURE) 

Under sterile conditions, 0.1 mg/ml PDL (Millipore Sigma; P6407) solution was added to a glass 

bottom 96-well plate (Mattek; P96G-1.5-F) in sextuplet and incubated overnight at room 

temperature. PDL is aspirated and wells were washed once with 1X-PBS. 20 µg/ml laminin 

(Millipore Sigma; L2020) solution is added on top of the PDL functionalization and left for 2 hours 

at room temperature. Laminin solution is aspirated, and wells were washed a final time in 1X-PBS. 

To prevent drying, 1X-PBS was added to wells until cells are ready to be seeded.   

3.2 MICROSPHERE PREPARATION 

3.2.1 GLASS MICROSPHERE STERILIZATION 

Commercially available soda-lime glass (SLG) microspheres in the 42-47 µm diameter range 

(Cospheric; SLGMS-2.5 42-47) were added into a 1.5 ml microcentrifuge tube and sterilized in 

70% ethanol for 2 hours under cyclical rotation every 20 minutes. Microspheres were washed with 

1X-PBS 3 times and kept in 1X-PBS until the subsequent functionalization step.  

3.2.2 AGAROSE MICROSPHERE FABRICATION – SINGLE EMULSION IN OIL PHASE 

The following procedure is illustrated in Figure 3.1. The 1.5% agarose solution was prepared as 

described in Section 3.1.2, and agarose microspheres were fabricated according to a previously 

established protocol [125]. In brief, without allowing the 1.5% agarose solution to cool to room 

temperature (gelling temperature), 150 µL of agarose solution was added to a glass insert (VWR; 

46610-702 0.15 ml 5 mm CS100) and placed in a 2 ml glass vial. Mineral oil (Sigma; M5904-500) 

containing 1.5% nonionic surfactant (Span 80; Sigma; s6760-250) was added to a separate 2 ml 

glass vial. In the microfluidic device (prepared by N.Soucy as described in [77], [126]),  the oil 

phase was run perpendicular to the aqueous (agarose) phase, and a temperature control system was 

used to generate a temperature gradient along the microfluidic device. The temperature was 

controlled with a heating block and cooling block at the device inlet and outlet, respectively. The 

heating block was maintained at 40 °C to prevent gelation of agarose at inlet, and the cooling block 

was used to maintain the serpentine channel at 4 °C to gel agarose microspheres after emulsion. 
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Inlet pressure of the aqueous (agarose) and oil phases were adjusted to achieve an average 

microsphere diameter of 48 µm. Agarose microspheres were collected in a 1.5 ml microcentrifuge 

tube and centrifuged for 3 minutes at 0.3 G, and oil in the supernatant was aspirated; this step was 

repeated until no oil remained in the sample. Sample was transferred to a fresh vial and kept at 

4°C until further processing.  

 

Figure 3.1 | Agarose microsphere fabrication steps. Step 3 is done by N. Soucy in the Godin Laboratory. 

Microfluidic chip schematic by N. Soucy [126]. 

 

3.2.3 POLYDOPAMINE FUNCTIONALIZATION ON GLASS AND AGAROSE MICROSPHERES 

The following procedure is illustrated in Figure 3.2. Two (2) mg/ml PDA solution was prepared 

as previously described in Section 3.1.1. Agarose and sterilized glass microspheres were immersed 

in the freshly prepared (and sterile filtered if microspheres are intended for cell culture) PDA 

solution and placed on a shaker plate for 2 hours, to generate a film of PDA on the microspheres. 
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After the 2-hour deposition, microsphere-PDA suspensions were centrifuged to pellet the 

microspheres. The supernatant was then aspirated, and the microspheres were resuspended in 1X-

PBS and mixed vigorously. This washing step was repeated 4 times.  

 

Figure 3.2 | Functionalizing glass and agarose microspheres with PDA 

 

3.2.4 POLY-D-LYSINE AND LAMININ FUNCTIONALIZATION ON GLASS MICROSPHERES 

Sterilized glass microspheres were functionalized with PDL (Millipore Sigma; P6407) and laminin 

(Millipore Sigma; L2020). Under sterile conditions, microspheres were immersed in a 0.1 mg/ml 

PDL solution overnight at room temperature. Microspheres were then washed in 1X-PBS and 

immersed in 20 µg/ml laminin solution for 2 hours at room temperature, followed by a final wash 

in 1X-PBS. The microspheres were held in 1X-PBS until further processing. PDL and laminin 

functionalized glass microspheres served as the experimental control in cell culture as a result of 

their previously reported success [24], [56].  



 

36 

 

3.2.4.1 MICROSPHERE IMMOBILIZATION FOR MATERIAL CHARACTERIZATION (RAMAN AND AFM) 

Prior to Raman and AFM procedures, all microspheres were immobilized on PDA-functionalized 

coverslips. Briefly, No. 1-24 mm square glass coverslips were immersed in a solution of 2 mg/ml 

dopamine hydrochloride in 25 mM TBS (pH=8.5) for 2 hours at room temperature (static 

deposition) to create a thin adhesive film. Coverslips were then washed vigorously with sterile 

water 4 times and immobilized to the bottom of a 100 mm parafilm-lined petri dish (3 coverslips 

per dish, unfunctionalized side down). Microspheres suspended in PBS were deposited onto the 

surface of the PDA-functionalized coverslips and left overnight to adhere to the substrate. The 

following day, 20 ml of PBS was added to the petri dish, and material characterization procedures 

(Raman imaging and AFM nanoindentations) were performed. 

3.3 MATERIAL CHARACTERIZATION 

3.3.1 MICROSPHERE SIZE DISTRIBUTION 

To evaluate the size distribution of microsphere population, 20 microspheres per experiment were 

imaged with a spinning-disk (Quorum Technologies) inverted confocal microscope (Leica 

DMI6000B) equipped with an sCMOS camera, using infrared light source for differential 

interference contrast (DIC) images, or by using the video camera capabilities on the Alpha300 

RSA system (WITec; Germany). 20 microspheres per experiment (n=4) were measured using 

ImageJ software (NIH). 

3.3.2 RAMAN SPECTROSCOPY 

Raman spectra of sample surfaces were acquired using the Raman module of the Alpha300 RSA 

system (WITec). Spectra were collected through a 20X water immersion objective (0.5 NA, water; 

Zeiss) with excitation by a 785 nm laser (130.1 mW measured at the objective, integration time = 

4 seconds). During measurements, samples were immersed in 1X-PBS to replicate culture and 

physiological conditions. For 2D samples, single spectra were acquired in 7 random locations on 

each sample surface. On microspheres, single spectra were acquired from the surface of 10 

different microspheres in each sample. Baseline subtraction was performed on each spectrum using 

OriginPro software (Origin Labs Corp., USA). After processing, the PDA Raman fingerprint, 
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characterized by two broad peaks (consistently used in literature to confirm the presence of PDA 

[110], [127]) at ~1370 cm-1 and ~1570 cm-1 were identified.   

3.3.3 ATOMIC FORCE MICROSCOPY – NANOINDENTATION 

To quantify sample stiffness and adhesion, AFM was used. Nanoindentations of samples immersed 

in 1X-PBS were performed using the AFM module on an Alpha300 RSA system (WITec; 

Germany). MLCT-BIO probes, cantilever E and F (Bruker; USA) were used for all measurements. 

The MLCT-BIO, cantilevers E and F are characterized by a tetrahedral tip and a triangular silicon 

nitride cantilever with a reflective gold coating (see Appendix C for specifications). All AFM 

probes used were calibrated prior to use to determine the cantilever spring constant and sensitivity 

(Section 3.3.3.1).  

3.3.3.1 PROBE CALIBRATION 

Spring Constant 

The spring constant of the AFM probe cantilever was determined experimentally using the thermal 

noise method and Sader Method tool [128]. Three user inputs were required for the Sader tool, 

including cantilever model (for geometry), cantilever resonance frequency (in air) and quality 

factor (in air). Resonant frequency of the cantilever was determined through an automated 

frequency sweep performed more than 1 cm away from sample surface by the WITec Control 

Software (WITec, Germany); amplitude-frequency graph was subsequently extracted and 

processed in OriginPro software. Specifically, a baseline subtraction was performed, followed by 

non-linear Gaussian curve fitting to determine the full width half maximum (FWHM) frequency 

(Figure 3.3B). Quality factor was subsequently determined using the following equation: 

 𝑄 =
𝑓0

∆𝑓
 Eq 1 

where 𝑓0 is the resonant frequency, and ∆𝑓 is the FWHM. Using the Sader tool, the MLCT 

(Bruker) probe model was selected, resonance frequency and quality factor were specified, and the 

experimental spring constant was calculated.  

Sensitivity 

The sensitivity was determined experimentally. The AFM probes were approached and retracted 

from a silicon sample and their resulting voltage-distance curve extracted. The inverse of the slope 

of the approach portion of the curve after tip-surface contact was calculated: 
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 𝑆 =
𝑑

𝑉𝑝
 Eq 2 

where S, is the sensitivity, d, is the indentation distance, and VP, is the measured voltage from the 

photodiode. Graphically, the sensitivity can be represented as shown in Figure 3.3A.  

 

Figure 3.3 | Probe calibration. (A) Inverse of the slope (1/m) of the linear region of the approach portion of a 

nanoindentation curve will yield the tip sensitivity. Sensitivity is used in the process to convert vertical deflection, 

measured in volts by the AFM photodiode, to a force in nanonewtons; (B) Amplitude-Frequency graph acquired 

after frequency sweep >1cm from sample surface and fit with Gaussian function to determine FWHM. 

 

3.3.3.2 NANOINDENTATIONS 

2D substrates 

2D samples were subjected to indentation at a rate of 0.5 µm s-1 in 10 random locations on the 

surface area of samples in triplicate, per experiment (n=3). Indentation data was processed using 

OriginPro to obtain sample stiffness, adhesion and Young’s Modulus.  

Microspheres 

Microspheres were subjected to indentation at a rate of 0.5 µm s-1 performed at the microspheres 

approximate center of mass. 15 microspheres per condition, per experiment (n=3) were subject to 

indentation. Indentation data was processed using OriginPro to obtain sample stiffness, adhesion, 

and Young’s Modulus.   
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3.3.3.3 CURVE CONVERSION 

The output curve after a nanoindentation is expressed with voltage, V, on the y-axis (Figure 3.4). 

Using properties of the AFM probe, this voltage was converted into force—the unit of measure 

required to assess material stiffness, elasticity, and adhesion. To convert the voltage to force, the 

following equation was used:  

 𝐹 = 𝑆 ∙ 𝑘 ∙ 𝑉𝑝 Eq 3 

where F[nN], represents the applied force, S [nm/V], represents the tip sensitivity, k [nN/nm], 

represents the cantilever spring constant, and Vp [V] represents the measured voltage from the 

photodiode throughout the indentation.  

 

 

Figure 3.4 | Force-distance curve [129] 

3.3.3.4 MATERIAL PROPERTY CALCULATION 

Stiffness 

Sample stiffness was calculated as a function of indentation depth in 300 nm increments from the 

approach portion of the force-indentation curves after conversion. Each curve was fit with a linear 

regression within each 300 nm increment, up to 900 nm to determine the slope of each segment. 

The slope represents sample stiffness at each indentation depth (Figure 3.4). One-way ANOVA 

and post-hoc Tukey test was performed in to determine statistical significance between conditions. 
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Young’s Modulus 

The Young’s Modulus of the samples was estimated by fitting converted force-indentation curves 

with the Hertz model adapted for a tetrahedral indenter (also known as Sneddon extended model 

[130]) for the first 300 nm of indentation. The model is described by, 

 𝐹 =
𝐸

1 − 𝜈2
∙

tan 𝛼

√2
𝛿2 Eq 4 

where F is the force applied to the sample, E, the Young’s modulus, α, is the face angle of the tip 

used, δ, is the indentation depth, and ν, is the Poisson ratio of the sample. A custom function was 

created in Origin Pro software to reflect the parameters of the Hertz model for an MLCT-bio tip 

(α=35°) and agarose (ν=0.5). All force-indentation (F-δ) curves were subsequently fit until 

convergence for the Young’s Modulus, E. One-way ANOVA and post-hoc Tukey test was 

performed to determine statistical significance between conditions. 

Adhesion 

Sample adhesion was determined by identification of the minimum value in the retraction portion 

of force-indentation curves after conversion. One-way ANOVA and post-hoc Tukey test was 

performed to determine statistical significance between conditions. 

3.4 NEURONAL CELL CULTURE AND IMAGING 

3.4.1 ISOLATION OF PRIMARY NEURONS 

Pregnant female (E18) CD-1 mice (Charles River) were euthanized by cervical dislocation. Placing 

the mouse supine, a 3-inch incision was made in the ventral area through the epidermis and dermis, 

exposing the embryonic sacs. Embryo sacs were removed and placed in hanks balanced salt 

solution (HBSS; Corning; 21-021-CV). Embryos were removed from their sacs and cervical 

dislocation was performed. Using curved forceps, the two most superficial meninges layers (dura, 

and arachnoid mater) were removed exposing the cerebral cortex, allowing its removal. Next, the 

two hemispheres of the cerebral cortex were unraveled, and the striatum was removed. The cortex 

was removed from the remaining meninge (pia matter) and placed in 15 ml conical tube on ice 

containing HBSS. The suspension was centrifuged at 200 G for 5 minutes. Under sterile 

conditions, supernatant was aspirated, and cell pellet was resuspended in 5 ml of NeurobasalTM 

medium (ThermoFisher; 21103049) supplemented with 2% B-27TM Supplement (ThermoFisher; 



 

41 

 

17504044), 1% GlutaMAX (ThermoFisher; 35050061), 1% 100 Uml-1 penicillin streptomycin—

this media formulation is abbreviated ‘complete growth media’ (CGM). Cell suspension was 

counted using a hemocytometer at 20X magnification to determine cell concentration, with dead 

cells identified by trypan blue staining. Cell suspension was finally diluted to the desired 

concentration of 400,000 cells/ml in CGM.  

3.4.2 THAWING CRYOPRESERVED NEURONS 

One vial of embryonic cortical neurons isolated from an E14-15 CD-1 mouse (QBM Cell Science, 

Ottawa, ON; M-Cx-400 (CD-1)) was removed from liquid nitrogen and placed in a water bath at 

37 °C for 2.5 minutes. The entire 1 ml volume contained in the vial was gently transferred to a 15 

ml centrifuge tube using a 1 ml pipette with the tip cut to reduce shear on cells. Using a serological 

pipette, 9 ml pre-warmed CGM with 10% fetal bovine serum (FBS; ThermoFisher, 2614007), was 

added to the 15 ml tube in a drop-wise fashion while rotating the tube by hand to prevent osmotic 

shock. The final concentration of the cell suspension was 400,000 cells/ml. 

3.4.3 MICROSPHERE SEEDING FOR NEURONAL CELL CULTURE  

Functionalized microsphere suspensions were mixed. For each condition 40 µl of microsphere 

suspension was collected and added to wells of a glass bottom 96-well plate (Mattek; P96G-1.5-

F) to achieve a uniform layer with regions of multiple layers of microspheres. Microspheres were 

assessed under 20X magnification after each addition to ensure complete well coverage. Excess 

1X-PBS was aspirated immediately prior to cell seeding. 

3.4.4 CELL SEEDING AND INCUBATION 

200 µl of cell suspension was added on top of a microsphere monolayer or on 2D substates, at a 

concentration of 80,000 cells/well. Non-functionalized wells and microspheres were used as a 

control to ensure growth was not occurring on the un-functionalized surfaces. The 96-well plate 

was then placed in a humidified incubator at 37 °C and 5% CO2. Three quarters of CGM was 

removed from the wells 7 days after plating and replaced with fresh, prewarmed CGM; the plate 

was subsequently returned to humidified incubator at 37 °C with 5% CO2. Three quarters of CGM 

was changed every 3-4 days thereafter until fixation.  
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If the neurons plated were previously cryopreserved, the first media change was carried out 4 hours 

after plating to remove any traces of dimethyl sulfoxide (DMSO). Three quarters of the CGM with 

10% FBS was removed from each well and replaced with fresh, prewarmed CGM, without FBS. 

Plate was returned to humidified incubator at 37 °C with 5% CO2. Three quarters of CGM was 

changed every 3-4 days thereafter until fixation.  

3.4.5 IMMUNOFLUORESCENCE IMAGING 

3.4.5.1 SAMPLE PREPARATION (STAINING) 

All CGM was removed from the wells and washed once with 1X-PBS. Cells were fixed in Lana’s 

fixative (4% paraformaldehyde with 7% picric acid) for 20 minutes at room temperature, followed 

by 3 washes with 1X-PBS. To visualize the β-III microtubules formed during culture, fixed 

cultures were exposed to the antibody TUJ-1 (neuron-specific class III beta-tubulin), diluted 1:10 

in 1X-PBS+0.3% Triton-X at 4 °C overnight. Cells were washed once with 1X-PBS and exposed 

to the secondary antibody, donkey/goat anti-mouse IgG conjugated with Alexa Fluor 594 

(ThermoFisher, A-11032) or Alexa 488 (ThermoFisher, A11001) diluted 1:400 in 1X-PBS+0.3% 

Triton-X for 35 minutes at 37 °C. Cells were then washed with 1X-PBS. Finally, cell nuclei were 

stained with 4’, 6-Diamidino-2Phenylindole, Dihydrochloride (DAPI; ThermoFisher, D1306) 

diluted 1:50 in 1X-PBS for 20 minutes at 4 °C and then washed with 1X-PBS.  

3.4.5.2 IMAGE ACQUISITION FOR 2D SUBSTRATES 

Multichannel images of cortical neurons cultured on functionalized planar substates were acquired 

using an inverted epiluorescence microscope (Axio Observer D1; Zeiss) equipped with a AxioCam 

MRm CCD camera. The Zen Blue 2.3 software was configured to activate two excitation 

wavelengths: DAPI/Blue (460 nm), and Alexa 488/Green (525 nm). Images were acquired in 3 

different locations in 3 wells for each condition using a 20X objective (0.80 NA, Air, Plan-Apo; 

Zeiss) to confirm cell adhesion and growth of β-III microtubule networks on culture substrates. 

Quantification of nuclei number and growth area of microtubule networks on each substrate were 

achieved using background subtraction, thresholding, and particle analysis functions in ImageJ.  

One-way ANOVA and post-hoc Tukey test was performed in OriginPro to determine statistical 

significance between conditions.  
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3.4.5.3 IMAGE ACQUISITION FOR MICROSPHERES 

Multichannel z-stack images of cortical neurons cultured on functionalized microspheres were 

acquired using a spinning-disk (Quorum Technologies) inverted confocal microscope (Leica 

DMI6000B) equipped with an sCMOS camera. Metamorph software (Molecular Devices, LLC) 

was configured to activate an sCMOS noise filter, two excitation wavelengths: confocal Cy3/Red 

(605 nm), confocal DAPI/Blue (460 nm), and an infrared light source for DIC images. Z-stack 

images were acquired in 3 different locations of 3 wells for each condition. A 20X objective (0.7 

NA, Air, HC Plan APO; Zeiss) was used to assess connectivity of βIII microtubule networks within 

the microspheres and 40X oil immersion objective (1.3 NA, Oil, PL APO; Zeiss) was used to 

evaluate adhesion of neuronal cell bodies and accompanying microtubules to the surface of the 

microsphere surface area. Additionally, a laser scanning confocal microscope (Zeiss; LSM-800) 

was used to obtain high-resolution images with a smaller field of view to highlight regions of 

interest using 20X objective (0.8 NA, Air, Plan-Apo; Zeiss). For presentation, images were focus 

stacked, followed by a background subtraction using ImageJ. Z-stacks were 3D rendered using 

ImageJ Volume Viewer to visualize the neuronal networks in 3D. 

3.5 METHODS SUMMARY AND CONDITION RATIONALE 

For clarity,  

 

Table 3.1 outlines the methods carried out for each condition evaluated. The rationale for using 

each method for each condition is as follows:  

• Nanoindentation for Stiffness and Young’s Modulus: Only carried out on soft samples 

(agarose) since glass is incompressible. 2D agarose sample measured to assess if any 

differences in the nanomechanical properties arise after agarose is run through microfluidic 

device to form microspheres.  

• Nanoindentation for Adhesion: Carried out on all microspheres with and without 

functionalization to assess tip-surface interaction strength. 

• Raman: Carried out on all PDA functionalized samples to ensure successful PDA-

functionalization. 

• 2D cell culture: Carried out only on functionalized glass substrates since only bioaffinity 

of neurons to PDA in comparison to PDL and laminin is to be assessed.  

• 3D cell culture: Carried out on all functionalized microsphere conditions to validate 

potential of the proposed 3D strategy. 
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Table 3.1 | Method summary and rationale 

  2D SUBSTRATES MICROSPHERES 

Base Material →  Glass Agarose Agarose Glass 

Functionalization →  PDL+Laminin PDA None None PDA PDL+Laminin PDA 

NANOINDENTATION 

 

(AFM) 

Stiffness   
   

  

Young’s Modulus   
   

  

Adhesion    
    

RAMAN PDA spectra  
 

  
 

 
 

2D CULTURE WITH 

EMBRYONIC 

CEREBRAL NEURONS 

Neural adhesion, 

growth, culture 

viability 
  

     

3D CULTURE WITH 

EMBRYONIC 

CEREBRAL NEURONS 

Neural adhesion, 

growth, culture 

viability 
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4 RESULTS 

4.1 MATERIAL CHARACTERIZATION 

4.1.1 MICROSPHERE SIZE DISTRIBUTION 

The microfluidic fabrication method yielded a highly monodisperse distribution of spherical 

agarose microspheres. The average microsphere diameter was 48 ± 1 µm. The histogram in Figure 

4.1A shows the distribution of microsphere diameter: data were collected from a total number of 

80 microspheres, during 4 independent experiments with 20 microspheres each (n=4). Figure 4.1B-

E display agarose microspheres with (C-E) and without (B) PDA functionalization.  

 

 

Figure 4.1 | Agarose microsphere diameter and PDA functionalization; (A) Size distribution; (B) As-fabricated 

agarose microspheres, scale bar: 30 µm; (C) PDA-functionalized agarose microspheres (2-hour deposition), scale 

bar: 30 µm; (D-E) PDA-functionalized agarose microspheres (18-hour deposition), with DAPI stained nuclei 

adhered to surface, scale bar: 25 µm. 

4.1.2 POLYDOPAMINE FUNCTIONALIZATION  

The presence of PDA on 2D glass substrates as well as on glass and agarose microspheres was 

confirmed by Raman spectroscopy. Figure 4.2A shows representative Raman spectra of PDA-

functionalized agarose and glass microspheres, along PDA-functionalized 2D glass substrates and 

glass and agarose controls. Figure 4.2B and C show brightfield images of PDA-functionalized 

agarose microspheres, and PDA-functionalized glass microspheres, respectively. The PDA Raman 
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fingerprint, characterized by peaks at ~1380 and 1570 cm-1 due to catechol stretching and 

deformation, respectively, [110], [131], were visible in all spectra, thus confirming the successful 

deposition of PDA on the surface of all samples. 

 

 

Figure 4.2 | Raman spectra of PDA identified on agarose and glass microspheres and 2D glass substrates; (A) 

Representative Raman spectrum (normalized 0-1) of PDA-functionalized glass (green), agarose microspheres (blue) 

and 2D glass substrates (yellow) and glass only (light grey) and agarose only (dark grey) controls; (B) Brightfield 

image of PDA-agarose microspheres (2 hour deposition), scale bar: 30 µm; (C) Brightfield image of PDA-Glass 

microspheres (2 hour deposition), scale bar: 30 µm; Spectra offset for clarity 

 

4.1.3 NANOMECHANICAL PROPERTIES 

4.1.3.1 STIFFNESS 

The stiffness of soft samples was determined through AFM nanoindentation measurements in an 

aqueous environment. The slope of the approach portion of the force-indentation curve after 

contact represents the stiffness of the microspheres. Mean stiffness is reported as a function of 
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indentation depth in increments 300 nm. Figure 4.3A shows mean stiffness of samples at 0-300, 

300-600, and 600-900 nm indentation depth. Figure 4.3B shows mean force-indentation curves 

(bold lines) from data used to determine stiffness, along with their standard deviations (shaded 

regions delimited by fine lines). For clarity, means and respective standard deviations are presented 

in Table 4.1. Results show increase in stiffness in all conditions with respect to indentation depth. 

PDA-functionalized microspheres possessed the highest stiffnesses in all indentation increments, 

followed by unfunctionalized agarose deposited as a 2D substrate; unfunctionalized agarose 

microspheres were shown to have the lowest stiffness. Stiffness of the unfunctionalized agarose 

microsphere and the PDA-functionalized agarose microsphere were found to be significantly 

different in the 600-900 nm indentation depth increment (One-way ANOVA; *p < 

0.05).Considerable standard deviation between measurements existed in the PDA-functionalized 

agarose microsphere condition, whereas nanoindentation on agarose microspheres and 2D agarose 

substrates were found to have much narrower data distribution associated with the mean force-

indentation curves (Figure 4.3B), and thus stiffnesses (Figure 4.3A).  

 

Table 4.1 | Sample stiffness as a function of indentation depth measured through AFM nanoindentation 

STIFFNESS ( × 10-3 N/m ) 

 
 

0 – 300 nm 
 

300 – 600 nm 
 

600 – 900 nm 

PDA-Agarose Microspheres 4.8 ± 3.3 8.5 ± 4.8 11.1 ± 5.5 

Agarose Microspheres 0.8 ± 0.2 1.8 ± 0.5 2.8 ± 0.5 

2D Agarose 2.5 ± 0.5 6.7 ± 1.1 9.8 ± 1.0 

Mean ± standard deviation 

 



 

48 

 

 

Figure 4.3 | Sample stiffness as a function of indentation depth in 300 nm increments (A) Mean sample stiffness ± 

standard deviation. Indentation depth increments aligned with x-axis in B [One-way ANOVA test; *: p<0.05]; (B) 

Average (bold line) force-indentation curve (normalized to zero at contact point) for each condition ± standard 

deviations (shaded region delimited by fine lines) 

 

4.1.3.2 YOUNG’S MODULUS 

Young’s modulus of soft samples was quantified by fitting the first 300 nm of force-indentation 

curves obtained through nanoindentations to the Hertz model adapted for a tetrahedral indenter. 

An indenter face angle of 35° and a Poisson ratio of 0.5 were used to reflect geometry of the 

MCLT-Bio tetrahedral indenter and material properties of agarose, respectively. Expectantly, the 



 

49 

 

trend observed between conditions for the Young’s modulus followed that of the stiffness; PDA-

functionalized microspheres possessed the highest modulus of 26.8 ± 17.9 kPa, followed by 2D 

agarose with a modulus of 13.4 ± 2.9 kPa, then agarose microspheres with a modulus of 4.9 ± 0.6 

kPa (Figure 4.4A). Means were not found to be significantly different at the 0.05 level (One-way 

ANOVA). However, similar to calculated stiffnesses, considerable standard deviation between 

measurements existed in the PDA-functionalized agarose microsphere condition. Fitting of 

representative force-indentation curves with the Hertz model is shown in Figure 4.4B for each 

condition.  

 

 

Figure 4.4 | Young's Modulus estimated by fitting to Hertz Model measured in kilopascal (kPa) (A) Mean Young’s 

Modulus ± standard deviation. (B) Force-indentation curve fitting with Hertz model from 0-300 nm indentation 

depth 

 



 

50 

 

4.1.3.3 SURFACE ADHESION 

The tip-sample adhesion strength on all functionalized samples was determined through analysis 

of the retraction portion of the nanoindentation curves obtained using AFM. Minimum value prior 

to tip snap-off was determined for each sample condition and their means were compared. Results 

showed the force required to detach the AFM tip from PDA-functionalized microspheres was the 

largest, with the PDA-functionalized glass microspheres requiring a larger force for detachment 

than PDA-functionalized agarose microspheres; mean adhesion forces were 5.1 ± 2.8 nN and 2.1 

± 0.9 nN, respectively. PDL and laminin-functionalized glass microspheres followed, with a mean 

adhesion force of 1.6 ± 0.6 nN, while agarose microspheres without any functionalization required 

the lowest force for tip detachment, with a mean adhesion force of 0.3 ± 0.05 nN. Means were 

found to be statistically different between PDA-functionalized glass microspheres and 

unfunctionalized agarose microspheres at the 0.05 level (One-way ANOVA, *p < 0.05). Similar 

to stiffness measurements, large standard deviation was associated with PDA-functionalized 

samples.  

 

Figure 4.5 | Surface adhesion comparison between glass and agarose microspheres with PDA or PDL and laminin 

functionalization. Error expressed as a standard deviation [One-way ANOVA test; *: p < 0.05].  
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4.2 2D POLYDOPAMINE-FUNCTIONALIZED SUBSTRATES 

As a fundamental prerequisite prior to 3D neuronal culture, the response of neurons to the PDA 

was assessed. A standard 2D culture model was adopted for this purpose, where embryonic 

cerebral neurons were seeded directly onto the surface of PDA-functionalized glass substrates and 

cultured for 14 days. Figure 4.6 shows representative immunofluorescent images of neurons 

cultured on glass only (negative control), PDA-functionalized glass, and PDL and laminin-

functionalized glass (positive control). Morphological development of the neuronal networks on 

PDA was similar to the PDL and laminin functionalization (current gold standard in neuronal 

cultures), however, higher density networks were achieved with PDL and laminin due to increased 

number of neuronal cell bodies adhered to the substrate after seeding. As expected, neurons 

cultured on glass with no functionalization formed clusters with minimal neuronal processes 

(neurites) developed after 14 days.  

 

Figure 4.6 | Immunofluorescent images of 2D neuronal networks at 14 DIV on glass (top row), PDA functionalized 

glass (middle row), and PDL and laminin-functionalized glass (bottom row). βIII-tubulin (red), DAPI (blue); Scale 

bars: 40 µm. 
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Quantitative analysis was performed on βIII-tubulin and nucleic fluorescence to assess neuronal 

adhesion and neurite growth on PDA-functionalized substrates compared the standard methods 

(PDL and laminin functionalization). Results show a larger neurite growth area on PDA-

functionalized substrates compared to substates functionalized with PDL and laminin. The mean 

neurite growth area normalized to number of nuclei was calculated to be 405.4 ± 28.4 µm2 and 

302.6 ± 19.1 µm2 on PDA-functionalized, and PDL and laminin-functionalized substrates, 

respectively (Figure 4.7A). The difference between conditions was found to be statistically 

significant (t-test; *: p<0.05). Conversely, PDL and laminin substates were found to have a higher 

cell retention/neural adhesion, with ~15 ± 4 nuclei adhered to the substate per 104 µm2 compared 

to ~8 ± 2 nuclei adhered to the PDA-functionalized substates per 104 µm2 (Figure 4.7B). This 

difference was also found to be statistically significant (t-test; *: p<0.05).  

 

Figure 4.7 | Neurite outgrowth and neuronal adhesion at 14 DIV on 2D substates functionalized with PDA or PDL 

and laminin; error bars: standard deviation; [t-test, *: p<0.05, equal variance not assumed (Welch Correction)]; (A) 

Neurite growth area normalized to number of nuclei; (B) Neuronal adhesion evaluated by number of nuclei adhered 

to substrate per 104 µm2  

4.3 POLYDOPAMINE FUNCTIONALIZED MICROSPHERES 

4.3.1 CONFOCAL MAX PROJECTIONS 

The 3D neuronal networks cultured on functionalized microspheres were fixed and immunolabeled 

for tubulin markers after 14 DIV. Figure 4.8 shows DIC and fluorescent (βIII-tubulin) images in 

addition to the resulting composite image for visualization of neural processes on the 

microspheres.  
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DIC images revealed non-homogenous glass microsphere monolayers resulting in unoccupied 

regions in the culture wells (Figure 4.8B-C). Both glass and agarose microspheres showed regions 

in wells where additional layers of microspheres were deposited, creating multi-layer regions 

within the culture. This provided neuronal networks with additional growth area in the z-direction. 

Although this occurred with both microsphere types, it can be seen more clearly in the agarose 

microsphere images where the microspheres in the second layer have a visually darker perimeter 

attributed to their different focal plane (Figure 4.9A, column 1). 

Fluorescent images of neuronal networks show different neurite localization on glass microspheres 

(Figure 4.8B-C) compared to agarose microspheres (Figure 4.8A, Figure 4.9). For both PDA and 

PDL and laminin functionalization on glass microspheres, neuronal projections are shown to wrap 

around the top portion of each sphere, where interconnected networks are not clearly defined 

within the monolayer. The composite and fluorescent images in Figure 4.8B-C show neurite 

growth confined to each microsphere separately, but with multiple neurites distinguishable on each 

glass microsphere. Conversely, neuronal networks cultured on PDA-functionalized agarose 

microspheres show complex, interconnected networks within the microsphere monolayer, 

however, neuronal projection over the top of the microspheres is not as frequent within the network 

compared to networks cultured on glass microspheres (Figure 4.8A; Figure 4.9). It was also 

observed that neuronal growth on glass microspheres, regardless of functionalization, was sparse, 

and lacking complex connections across the culture (Figure 4.8B-C) in comparison to the wide 

stretching neuronal networks formed within the PDA-functionalized agarose microspheres (Figure 

4.8A; Figure 4.9). Figure 4.9C magnifies a region of interest (delimited by the red dashed line in 

Figure 4.9 A and B). The magnified region of interest shows high-density cell adhesion and neurite 

growth within multi-layers of microspheres—this region of interest is further discussed in Section 

4.3.2 using 3D rendering of z-stack confocal images.  
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Figure 4.8 | Maximum projected immunofluorescent confocal images of 3D neuronal networks at 14 DIV cultured 

on functionalized microspheres and immunolabeled for βIII-tubulin (green/red); (Row A) PDA-functionalized 

agarose microspheres; (Row B) PDA-functionalized glass microspheres; (Row C) PDL and laminin-functionalized 

glass microspheres; βIII-tubulin on surface of microspheres (green); βIII-tubulin on planar substate/bottom of well 

(red); Column 1: DIC image; Column 2: βIII-tubulin fluorescent image; Column 3: Composite image (column 3); 

Scale bars: 50 µm 
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Figure 4.9 | Maximum projected immunofluorescent confocal images of 3D neuronal networks at 14 DIV cultured 

on PDA-functionalized agarose microspheres; (A) DIC image. Scale bar: 50 µm; (B) Fluorescent image 

immunolabeled for βIII-tubulin (green); Scale bar: 50 µm; (C) Red boxed region of interest identified in A and B; 

Scale bar: 30 µm 
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4.3.2 3D RENDERING 

Z-stack confocal images of neuronal networks after 14 DIV were 3D rendered to visualize network 

growth in 3D. Due to optical clarity, only networks on PDA-functionalized agarose microspheres 

were able to be 3D rendered using Volumetric Viewer plugin on ImageJ. Both volumetric 

reconstruction and orthogonal views of a representative 3D network on PDA-functionalized 

agarose microspheres and its regions of interest is shown in Figure 4.10-Figure 4.12, providing a 

comprehensive view of the network. A wide field of view (658.10 × 658.10 µm) of the network is 

achieved through a 20X objective of a spinning disk confocal microscope (Figure 4.10), 

highlighting the level of interconnectivity of the network. The orthogonal view of the x-z and y-z 

axis in Figure 4.10C show the βIII-tubulin marker occupying space in the third dimension provided 

by the microspheres.  

 

 

Figure 4.10 | Volume Viewer 3D rendering of neuronal networks on PDA functionalized agarose microspheres after 

14 DIV labeled for βIII-tubulin; (A) Volumetric representation (x,y = 658.10 µm, z =24.60 µm); blue square 

delimits agarose microsphere aggregation; (B) Maximum projection of z-stack (x-y plane); scale bar: 50 µm; (C) x-

z, and y-z orthogonal view of 3D volume (x,y = 658.10 µm, z = 24.60 µm) 
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To further investigate the neurites within the multi-layered aggregation of microspheres (delimited 

by blue square in Figure 4.10A), the region was imaged under additional magnification as shown 

in Figure 4.11. The orthogonal views of the x-z and y-z axis in Figure 4.11B-C show the neuronal 

processes extending over 91 µm into z-axis indicating neurite growth on the surface of the 

functionalized agarose microspheres in the third dimension. The orthogonal view in the x-z plane 

also suggests neurite extension past 91 µm since the network remains dense at this height. The 

areas on the top left- and right-hand corners of the x-z plane are not fluorescent as there is not a 

second layer of microspheres to allow neurons to adhere and grow in those regions.  

 

 

Figure 4.11 | Volumetric representation of PDA-functionalized agarose microsphere aggregation (region of interest 

delimited by blue square in Figure 4.10) at increased magnification (A) 3D view (x,y = 324.83 µm, z =91.29 µm); 

(B-C) x-z, and y-z orthogonal view of 3D volume (x,y = 324.83 µm, z =91.29 µm); (C) Maximum projection of z-

stack (x-y plane) 
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As shown in Figure 4.12, imaging the βIII-tubulin marker through excitation of the fluorophore 

with the laser scanning confocal microscope resulted in high resolution of neurite development on 

the surface of the microspheres. The higher resolution indirectly provided an outline of the 

microspheres acting as scaffolding for growth. The non-fluorescent areas within the network, 

outlining the geometry of the PDA-functionalized agarose microspheres were found to measure 

considerably smaller in diameter than the target diameter during microfluidic fabrication. The 

average diameter of the 10 clearly measurable microspheres in Figure 4.12 is ~33.90 µm, which 

is almost 15 µm smaller than the mean calculated in Section 4.1.1. Considering the small standard 

deviation in microsphere diameter achieved with the microfluidic fabrication approach, the 

decrease in measured diameter here can be attributed to neuronal processes covering the top 

surface of the microspheres at multiple heights in the z-stack.    

 

 

Figure 4.12 | Volumetric representation of PDA-functionalized agarose microsphere aggregation (region of interest 

delimited by orange square in Figure 4.11) using laser scanning confocal microscope (A) 3D view (x,y = 319.45 µm, 

z =11.25 µm); (B) x-z, and y-z orthogonal view of 3D volume (x,y = 319.45 µm, z =11.25 µm); (C) Maximum 

projection of z-stack (x-y plane), scale bar: 30 µm 
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5 DISCUSSION 

n the following sections, the use of PDA-functionalized agarose microspheres for 3D neuronal 

cultures is discussed, and compared to existing literature to highlight contribution of this work 

to the research field. Microsphere fabrication using microfluidics and the PDA-functionalization 

scheme is reviewed, while effective recapitulation of the soft and adhesive properties of the 

neuronal ECM in the model is assessed. Specifically, agarose microsphere fabrication 

reproducibility, PDA performance, microsphere adhesion, stiffness and Young’s modulus is 

elaborated on. Finally, evaluation of the model after 14-day culture with embryonic cerebral 

neurons is discussed. Additionally, methodological limitations are addressed throughout.  

5.1 MICROSPHERES 

he microfluidic fabrication method coupled with the easily manipulated agarose 

polysaccharide provided a high-throughput, and facile pipeline to fabricate soft microspheres 

with precise geometry. Additionally, the significant improvements this material and 

microfabrication method provide to currently used materials and methods vouch for their use in 

future microsphere-based in vitro models. The following sections discuss the use of agarose and 

directly compare the microfluidic based approach to published techniques used for microsphere 

fabrication in 3D neuronal culture.   

5.1.1 AGAROSE 

In this work, the use of agarose microspheres was explored to support neuronal network growth in 

3D. The agarose polysaccharide was chosen for the microsphere material due to its low stiffness, 

inherent biocompatibility (lack of adverse immune reactions) and previous use in microfluidic-

based microsphere fabrication [77]. Furthermore, considering the end use in physiological 

conditions (aqueous and 37 °C), the thermal hysteretic behaviour of the agarose polysaccharide 

was ideal to ensure the construct remained robust in culture medium throughout the duration of 

the cell culture. As expected, agarose was easily prepared at the desired concentration of 1.5% for 

use in the microfluidic device and no adverse cellular reactions were observed during culture with 

neurons. Additionally, the agarose microspheres were shown to be robust, with no morphological 
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changes over several months at 4 °C, or 14 days (cell culture period) at 37°C. Indeed, agarose has 

been described as having no in vitro or in vivo basis for degradation [132] and has shown no 

swelling or shrinkage post microfluidic processing when suspended in PBS or culture medium 

[133]. The oil phase used for the emulsion at the microfluidic nozzle was also successfully washed 

away and no residual oil was left on the microsphere surfaces. Overall, the material was simple to 

manipulate, low cost and behaved as expected throughout the methods of this work.  

5.1.2 COMPARISON WITH PUBLISHED TECHNIQUES: SOFT MICROSPHERES 

The monodisperse population of microspheres and consistent geometry achieved using the 

microfluidic fabrication method is a considerable improvement for microsphere-based 3D 

scaffolding in neuronal culture. The fabrication method not only allowed employment of a soft 

polymer to fabricate the microspheres, but also provided high throughput while maintaining 

precise geometries. Comparing the mean microsphere diameter and associated standard deviation 

achieved in this work to distributions highlighted in the literature review (Section 2.2.3.3; Figure 

2.7), the microfluidic method was shown to reduce both the difference between minimum and 

maximum diameters, and the standard deviation associated with the mean. For instance, the 

percent deviation from the mean microsphere diameter is only 2% in this work, where deviations 

reported in [20] range between 30-40% and 6% in [134]. A quantitative comparison between 

studies in literature and this work is presented in Table 5.1, highlighting the microsphere materials 

and method used, mean, minimum and maximum diameters obtained, and associated error.  

Table 5.1 | Microsphere dispersity: comparison with literature  

Material Method Mean ± STDEV (%DEV)  Min – Max Diameter Ref 

1% chitosan 
Bulk Emulsion 

(dropwise addition) 

66 ± 20 µm (30%) 40 – 90 µm 

 

 

[20] 

2% chitosan 100 ± 40 µm (40%) 40 -160 µm  

3% chitosan 
Electrospray extrusion into 

ionic solution 
Not reported 30-100 µm [55] 

PHBV Bulk, double emulsion  205.2 ± 12.3 µm (6%) Not reported [134] 

1.5% agarose 
Emulsion within flow 

focusing microfluidic device 
48 ± 1 µm (2%) 42-54 µm 

This 

work 

STDEV: standard deviation; Ref: reference 
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The improvement this work provides over currently published work is likely attributed to the 

precise microfluidic technology; however, the simplicity and predictability of the agarose polymer 

presumably played a role in the consistent nature of the method.  

5.1.3 COMPARISON WITH PUBLISHED TECHNIQUES: STIFF, MANUFACTURED MICROSPHERES 

The soft agarose microspheres used in this work also provided critical improvements over studies 

using rigid glass or plastic microspheres sourced from commercial suppliers to interface with 

neuronal cultures in vitro [24], [56], [57]. For instance, the commercially available glass 

microspheres used in this study as a control were observed to have geometrical and size 

irregularities within the microsphere populations, with quantities falling outside the manufacturers 

specified range of deviation (specified range: 42-47 µm).  Figure 5.1 shows optical images of glass 

microspheres taken while carrying out Raman spectroscopic measurements, where geometrical 

and size irregularities are clear and are indicated by red and yellow arrows, respectively. When 

quantified, the microsphere diameter irregularities were found to reach up to 13 µm outside the 

manufacturer’s specified range. Figure 5.1B identifies a 28.4 µm diameter microsphere (yellow 

arrow), and Figure 5.1C identifies 35.2 µm (top yellow arrow) and 31.7 µm (bottom yellow arrow) 

diameter microspheres. To note, the measured maximum and minimum microsphere diameter 

differed by ~19 µm in the glass microsphere population, and only 12 µm in the agarose 

microsphere population fabricated using the microfluidic technology for this work (Figure 3.1). 

Although the agarose microspheres did have slight deviations, and were not perfectly spherical in 

geometry, blatant irregularities were not observed, as they were with the commercially 

manufactured microspheres (Figure 5.1A-C). In this context, the microfluidic approach resulted in 

a more precise microsphere diameter, compared to the commercially available glass microspheres.  

 

Figure 5.1 | (A-C) Size and geometrical inconsistencies in commercially manufactured glass microsphere 

population; Red arrow: geometrical inconsistency; Yellow arow: outside diameter range specified by manufacturer. 
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Taken together, the ability of the microfluidic approach to produce soft polymeric microspheres 

with high-throughput and improved batch to batch reproducibility in comparison to commercially 

manufactured microspheres bring a promising avenue for microsphere-based scaffolding for in 

vitro use. Of note, the high-throughput and small batch-to-batch variation provide an attractive 

foundation for potential clinical translation in the future.   

5.1.4 MICROSPHERE-BASED 3D CULTURES: PRACTICAL LIMITATION 

Prior to obtaining immunofluorescent results shown in Section 4.3, multiple experiments were 

completed where prepared 3D cultures contained multiple layers of microspheres and required 

seeding multiple layers of cells. At 14 DIV, fluorescent imaging of the neuronal cultures showed 

low β-III tubulin and DAPI expression (data not shown). It was determined that the microsphere 

seeding method was resulting in a non uniform microsphere distribution (i.e. regions of 

multilayered microspheres) within the culture wells which did not correlate to the theoretical 

surface area expected for cell seeding. Prior to seeding microspheres in culture wells, calculations 

were performed such that the volume of microspheres collected using a pipette would yield a 

calculated number of microspheres within the microwells. The close packing of equal spheres 

lattice packing strategy was considered for this purpose, where the volume occupied by the 

microspheres within the volume collected by the pipette is described by: 

 𝑉𝑠𝑝ℎ𝑒𝑟𝑒 𝑜𝑐𝑐𝑢𝑝𝑎𝑛𝑐𝑦 = 𝑉𝑎𝑠𝑝𝑖𝑟𝑎𝑡𝑒𝑑(𝜋/3√2) Eq 5 

Considering the total surface area provided by culture wells, the exact volume of microspheres 

required for a hexagonally close packed system was determined. Theoretically, the mathematics 

agreed—practically, the method was challenging to execute. Figure 5.2 illustrates the challenges 

experienced for each microsphere type, with Figure 5.2A showing how microspheres would need 

to be aspirated for theoretical calculations to be valid experimentally. With glass microspheres, the 

theoretical seeding scheme was challenging due to the microsphere density compared to the culture 

medium. When aspirating the microspheres, they would inherently collect at the bottom of the 

aspirated volume (Figure 5.2B), resulting in a smaller volume/number of microspheres collected 

than theoretically calculated. Conversely, agarose microspheres were less dense, requiring 

additional time to settle within the aspirated volume. This resulted in a reduced packing density 

within the volume and thus a lower number of microspheres within the collected volume than 

theoretically calculated (Figure 5.2C). An additional challenge with the agarose microspheres was 
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their translucence, requiring DIC microscopy to see them. Fortunately, the PDA functionalization 

created a dark coating around the surface of the spheres making them visible after polymerization 

of PDA on their surface.    

 

Figure 5.2 | Microsphere seeding practical limitations (A) Theoretical close packing of spheres within volume 

collected by pipette. Note: Close packing of sphere not perfectly depicted in schematic. (B) Experimental reality of 

glass microspheres in specified volume collected by pipette. (C) Experimental reality of agarose microspheres in 

specified volume collected by pipette  

It was for these reasons that the originally designed multi-layer microsphere construct was reduced 

to a single monolayer of microspheres—this allowed evaluation of the culture growth at a 

fundamental level, while ensuring neuronal seeding density remained accurate. During 

microsphere seeding, brightfield microscopy was used to ensure a uniformly seeded layer of 

microspheres prior to the addition of neurons to their surface area. This resulted in a more accurate 

cell seeding density on the surface area provided by the microspheres. Although a monolayer was 

sought, discrete regions with multi-layer microsphere conglomeration existed within the culture 

wells. In this way, regions of single layer microsphere depositions allowed evaluation of network 

connectivity, while multi-layer regions allowed examination of neuronal network growth into the 

3D space.  

5.2 POLYDOPAMINE FUNCTIONALIZATION  

he PDA-functionalization scheme was found to be optimal for the purpose of this work due 

to its adhesive, and substrate-independent properties. The following sections elaborate on the 

deposition homogeneity, the effect of polymerization time on resulting substrates for neuronal 
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culture, and PDAs effectiveness as a single functionalization. Finally, the limitations of the 

functionalization scheme for pre-clinical models are addressed.  

5.2.1 POLYDOPAMINE DEPOSITION: FULL SURFACE COVERAGE 

From brightfield and DIC images, PDA-functionalized microspheres (agarose and glass) were 

shown to have an apparent dark pigment and rough surface morphology (Figure 4.1C-E), while 

unmodified microspheres had a smooth surface (Figure 4.1B). This difference was more clearly 

represented on agarose microspheres. To further confirm PDA-deposition, Raman spectroscopy 

was used. Not only was PDA deposition confirmed but results also show  complete coverage on 

all surfaces, evidenced by the characteristic PDA peaks in all acquired spectra regardless of sample 

location. Qualitatively, no appreciable differences were identified between PDA deposition on the 

microsphere compared to on a 2D substrate, nor between PDA deposition on the agarose 

microsphere compared to the glass microsphere. This speaks to the material independent nature of 

the PDA-functionalization. However, local band intensity variations were present between 

samples, which, as suggested in [110], is an indicator of PDA aggregation. The hypothesis that 

these varying intensities is an indicator of PDA aggregation can be preliminarily confirmed 

through identification of PDA aggregates in brightfield images Figure 4.2B-C.   

5.2.2 POLYMERIZATION TIME 

To functionalize the surface of all substrates (2D and microspheres), a 2-hour dynamic 

polymerization protocol was used. However, in the optimization phase, an overnight (18-hour) 

dynamic polymerization scheme was assessed. Figure 4.1C, and Figure 4.1D-E show agarose 

microspheres functionalized with a 2-hour, and 18-hour dynamic deposition, respectively. 

Qualitatively, the 18-hour deposition resulted in an increased number of larger PDA aggregates on 

the surface of the microsphere. This phenomenon was previously reported by our research group 

[115] and is associated with longer deposition times.  The 2-hour deposition time was assessed 

after evaluating the structure-function relationships between PDA film, aggregates, and neurons. 

As expected, the shorter deposition time resulted in fewer, and smaller aggregates. The effect of 

polymerization time for neuronal culture is discussed in further detail in Section 5.4.  
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5.2.3 USE AS A SINGLE FUNCTIONALIZATION 

In literature, the PDA functionalization has been used as an intermediate immobilization scheme 

due to its catechol and amine groups that provide secondary reaction sites for biomolecules like 

PDL and laminin [107]. However, studies have since shown the ability of the adhesive polymer to 

promote neuronal attachment and growth even when used alone [26], [116], [117]. This evidence 

supported the use and effectiveness of PDA as a single functionalization step without the need for 

additional biomolecule immobilization. As such, functionalization with PDL and laminin (gold 

standard in conventional neuronal cultures) was not carried out after PDA deposition to solely 

focus on the role of PDA in the application. In reference to the results obtained with 2D cultures, 

neuronal adhesion and network growth was evident on substrates functionalized with PDA alone. 

In fact, improved neurite outgrowth was demonstrated on surfaces functionalized with PDA 

compared to those functionalized with PDL and laminin. While confirming previous evidence that 

the PDA could be used as a bio-effective functionalization approach, PDA also showed 

improvement over the current gold standard protocol. This ultimately simplified the method and 

reduced the time required for functionalization of the microspheres. In future work, the addition 

of PDL and laminin to the PDA functionalization protocol could be evaluated to potentially further 

improve results obtained in this work.  

Furthermore, since PDA has been used successfully to functionalize neuron-electrode interfaces 

for in vitro electrophysiological recordings [111], [120], this model can be seamlessly coupled to 

MEAs. The functionalization scheme would remain consistent on both the MEA and microspheres, 

while limiting the risk of affecting the electrophysiological signature of neurons. Importantly, the 

PDA coating has shown effectiveness as a functionalization without reducing the electrical 

properties of the electrodes, which is important for accurate electrophysiological recordings [119]. 

In the case where an MEA would be used to record electrophysiological behaviour of the network, 

the methods can remain as outlined in Section 3, with only replacement of the glass-bottom plate 

with a MEA multi-well plate.  

Moreover, should the microsphere material need to be replaced with another material (e.g. to 

modulate the mechanical properties of the construct), the PDA functionalization scheme can 

remain unchanged because of its substrate-independency.   
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5.2.4 LIMITATION AND PRE-CLINICAL APPLICATION 

While there are multiple advantages to the PDA-functionalization, one limitation is the fact that 

the exact mechanism in which PDA is polymerized, and the specific factors that precisely control 

it, are still open research questions [109]. In this context, although the PDA deposition can be 

confirmed, the structure-function relationships and mechanisms through which PDA polymerizes 

and deposits on the surface of the microspheres is not entirely known. To date, investigation into 

the chemical mechanisms that result in PDA films and aggregates have largely been limited to 

deposition on 2D substrates [107], [109], [115]. These studies have shown static vs. dynamic 

deposition schemes can vastly affect antibacterial properties, film thickness, and aggregate 

morphology of the polymer coating [115], [135]. As such, the mechanisms and manner in which 

PDA deposits on the surface of the microsphere vs. 2D substrates could very well be different—

specifically when using a dynamic deposition scheme. The rolling action of the microspheres 

through the PDA solution could potentially produce local turbidity within the PDA solution, 

influencing the number, size and physiochemical properties of PDA aggregates produced. This is 

hypothesized since the way PDA deposits on surfaces using different dynamic schemes (e.g. 

rotation vs. shaking), along with time and speed has been previously shown to affect these features. 

Unfortunately, investigation into the differences between dynamic deposition of PDA on a round 

surface vs. a flat substrate has—as far as the author of this thesis is aware—yet to be explored. 

Although work has been published on the topic of PDA-based colloids [136], no publication has 

investigated influence of substrate size and geometry on PDA film and aggregate polymerization.  

Implementation of this type of functionalization for pre-clinical studies therefore presents 

challenge, due to the areas of uncertainty and batch-to-batch surface variation. However, with 

further optimization of PDA deposition on spherical substrates, the potential inconsistencies can 

be ruled out, while the complex chemical mechanisms involved in PDA polymerization are 

simultaneously unravelled by chemists around the globe.  

5.3 MATERIAL PROPERTIES 

easuring the physical and mechanical properties of biomaterials interfacing with cells is an 

imperative step in the evaluation of an in vitro model. This allows direct assessment of the 

degree of recapitulation of the in vivo physiology. In this work, the physical and mechanical 
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properties of the fabricated materials were found to play a significant role in regulating neuronal 

adhesion and neurite growth in 3D. The following sections discuss material stiffness and Young’s 

modulus for soft samples, and adhesion on all functionalized samples. 

5.3.1 STIFFNESS: AGAROSE MICROSPHERE VS. 2D SUBSTRATE 

Results showed a significant increase in stiffness and Young’s modulus of 1.5% agarose when 

measured as a homogenous 2D substrate compared to its microsphere form with a diameter of ~48 

µm. Although stiffness is both a material and structure dependent property, the difference seen in 

stiffness should theoretically not exist for these two substrates at the nanoscale. Since the AFM 

probe can almost be considered infinitesimally small (nominal tip radius = 20 nm) in comparison 

to the dimensions of both the 2D agarose sample and the microspheres, the geometrical differences 

between the macroscale 2D sample and microscale spherical sample would not influence the 

nanoscale measurement. Considering the small deviations associated with the nanoindentation 

measurements for these sample conditions, the difference in stiffness is likely attributed to a 

parameter associated with the sample fabrication method.  

A possible explanation for this divergence is the fabrication method-specific mechanisms involved 

in agarose gelation. Within the microfluidic device, a temperature gradient exists along the base 

of the setup, where the inlet and outlet of the chip were maintained at temperatures of ~37 ºC and 

~4 ºC, respectively. This is to prevent premature agarose gelation at the inlet and ensure gelation 

prior to the microsphere’s arrival at the device outlet. As a result of this controlled gradient, the 

formation of the polymers double helices during the initial gelation state, and/or the aggregation 

of double helices during the final gel state of the agarose could differ from the gelation behaviour 

during processing of the 2D substrate. In the microfluidic device, the agarose microsphere 

experiences this temperature gradient within a few seconds due to the high throughput, however 

with the agarose deposited manually for 2D substrates, the cooling rate for gelation is much slower. 

To gel the 2D substates, dishes are also brought to 4 ºC, however the time from deposition (between 

90 ºC and room temperature) to 4 ºC occurs over ~1-2 minutes—this is relatively long in 

comparison to temperature gradient the microsphere experiences within the microfluidic device. 

With this considered and referencing the effect of cooling rate on agarose gelation [137], the fast 

cooling rate of the microsphere should induce tighter double helices aggregation resulting in an 

overall smaller pore size and ultimately a stiffer material. Since the results show the agarose 
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microsphere has a lower stiffness than the 2D agarose substrates, the cooling rate is likely not root 

cause of the discrepancy.  

Alternatively, this discrepancy could arise from variability in location of nanoindentation 

measurements on the surface of the microsphere. Due to the spherical geometry of the 

microspheres, for the force applied by AFM tip to be evenly distributed, the indentation needs to 

be perfectly executed above the sphere’s center of mass. Since the AFM tip is manually 

manipulated, and the center of the sphere is obstructed by the probes cantilever, executing this 

measurement perfectly is difficult. Indeed, since the size of the AFM tip is relatively small 

compared to the microsphere size, a tolerance is acceptable for this location relative to the exact 

sphere center. However, since the contact mechanics in this work are carried out considering a 

uniformly distributed applied load across a flat surface, a measurement made outside an acceptable 

margin from the sphere’s center could result in considerable discrepancy. In this case, the curvature 

of the microsphere would influence nanomechanics of the indentation.  

5.3.2 STIFFENING: RESULT OF PDA-FUNCTIONALIZATION 

Consistent with previous studies, [138], [139], results presented in this work showed microsphere 

stiffening after dynamic, 2-hour PDA deposition on their surface. Correspondingly, the percent 

difference in stiffness between PDA-functionalized, and non-modified agarose microspheres 

decreased as the indentation depth increased; the same comparison between PDA-functionalized 

microspheres and 2D agarose substrates also followed this trend. Interestingly, comparison of 

measurements between agarose microspheres and 2D agarose substrates (both not functionalized) 

showed the opposite trend, where the percent differences increased as a function of indentation 

depth. This confirms PDA influences overall substrate stiffness. Additionally, since the pore size 

of 1.5% agarose ranges from ~70-150 nm [140], the PDA can polymerize within exposed pores 

and potentially a few hundred nanometers into the agarose microsphere. Indeed, the results suggest 

that the PDA solution could be diffusing into the microsphere pores, resulting in stiffening of the 

microspheres outer layer. Notably, the influence of PDA on the substrate stiffness is the most 

considerable in the first 300 nm of indentation, and therefore suggests limited diffusion of the PDA 

solution beyond this depth.   
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5.3.2.1 HIGH STANDARD DEVIATIONS ASSOCIATED WITH PDA-FUNCTIONALIZATION 

Nanoindentation measurements on PDA-functionalized agarose microspheres showed 

significantly higher standard deviation between measurements than on unmodified surfaces 

(Figure 4.3). The most likely explanation for the deviation is the non-homogeneous PDA 

functionalization layer.. Since PDA is known to produce both a homogenous film and variously 

sized aggregates during polymerization, the resulting surface of the agarose microsphere was 

topographically and nanomechanically non-homogenous. A schematic depicting the resulting 

topography of the PDA on the surface of a nano-porous agarose microsphere is shown in Figure 

5.2. Additionally, since the PDA is polymerized onto the microspheres while they roll through the 

solution, the PDA thickness can vary across the surface area of the microsphere [115], thicker 

regions or locations of PDA aggregation on the microsphere surface would result in local stiffening 

of the substrate and therefore a steeper force-indentation curve.    

 

Figure 5.3 | Agarose microsphere functionalization schematic; (A) Unmodified agarose microsphere highlighting 

~70-150 nm pores exposed on surface; (B) PDA-functionalized agarose microsphere, highlighting PDA 

polymerization as a film and as aggregates; scale bars = 30 µm 
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To note, nano-topographical changes due to agarose nanopores exposed on the surface of the 

microsphere were not likely contributors to the deviation since nanoindentation measurements 

carried out on unmodified agarose microspheres did not show the same result. This suggested the 

variation in measurements on PDA-functionalized agarose microspheres was attributed to the PDA 

functionalization only.  

Another potential contributor to the deviation in measurements could be due to the noise-inducing 

combination of the adhesive PDA film and the aqueous measurement medium. Since 

measurements were performed in an aqueous medium, the noise introduced into the system from 

motion of the AFM probe is amplified. Therefore, since PDA has shown to significantly increase 

surface adhesion, the deflection of the cantilever prior to detachment will be considerably larger 

than with the non-PDA-functionalized samples. Correspondingly, the noise introduced into the 

system through the aqueous medium as a result of the cantilever oscillation would be cause for 

increased deviation in measurements.    

5.3.3 YOUNG’S MODULUS 

To determine the Young’s modulus, the first 300 nm of the force-indentation curves was 

considered since the Hertz/Sneddon extended model is only valid for shallow indentations. This 

way, the substrate being indented will not influence contact mechanics and the indentation can be 

characterized by the geometry of the indenter. Figure 4.4B shows the Hertz model adapted for a 

tetrahedral indenter (Sneddon extended model) converging well with nanoindentation data for each 

sample, suggesting a accurate estimation of the Young’s modulus with respect to the parameters 

used. 

5.3.3.1 2D AGAROSE SUBSTRATE AND MICROSPHERES 

Similar to the stiffness, the discrepancies between the 2D agarose substrate and agarose 

microsphere are also seen in the Young’s modulus. As such, they will not be reiterated in this 

section. Instead, results will be discussed and compared with Young’s moduli in literature for 1.5% 

agarose substrates, and microspheres (of different materials) used in microsphere-based 3D 

neuronal culture.  

Table 5.2 compares the Young’s modulus of 1.5% agarose found in this work to values from 

published work. Unfortunately, in literature to date, the Young’s modulus of a 1.5% agarose 
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microsphere measured using AFM has—to the knowledge of the author of this thesis—yet to be 

published. The results found in this work are therefore compared to the Young’s moduli of flat 

1.5% agarose substrates determined through AFM nanoindentation. Based on these comparisons, 

the Young’s modulus quantified in this work falls within a reasonable margin of published data, 

suggesting relatively accurate AFM measurements. Of note, the Young’s modulus estimated for 

the agarose microsphere in this work differs from values found in [88] by only 14%, which is of 

particular importance since it indicates the curved microsphere geometry is likely not a major 

contributor of error to nanoindentation measurements.   

Table 5.2 | Young’s modulus of 1.5% agarose: comparison with literature 

Substrate E ± STDEV Indentation 

Depth 

Contact Mechanics 

Model 

AFM Probe 

Information 
Ref 

Flat 5.6 ± 0.9 kPa (mean) 400 nm Hertz 

Tip-less, equipped 

with 5.3µm 

melamine bead, 

k=0.1 N/m 

[88] 

Flat 9.8 ± 1.5 kPa 100 nm 

Sneddon extended 

(Hertz for pyramidal 

indenter)   Pyramidal (k=0.06 

N/m) 
[89] 

Flat 13.3 ± 5.2 kPa 300 nm 

Sneddon extended 

(Hertz for pyramidal 

indenter)   
Pyramidal (k=0.03 

N/m) 

This 

work 

~ 48 µm 

sphere 
4.9 ± 0.6 kPa 300 nm 

Sneddon extended 

(Hertz for pyramidal 

indenter)   
Pyramidal (k=0.03 

N/m) 

This 

work 

E: Young’s modulus; STDEV: standard deviation; Ref: reference 

 

Table 5.3 compares Young’s moduli of microspheres in this work, to another study reporting the 

use of microspheres to interface with neuronal networks in vitro. The Young’s modulus of the 

PDA-functionalized agarose microsphere falls within the same range as reported by Tedesco et al 

[20], for 2% chitosan microspheres, while the unmodified agarose microsphere falls closer to the 

modulus calculated for the 1% chitosan microsphere. To quantify the Young’s modulus of the 1% 

chitosan microsphere however, Tedesco et al [20] extrapolated based on normalization to the 2% 

chitosan microsphere Young’s moduli and followed with a statement indicating the 1% chitosan 

microsphere Young’s modulus is within the range of the Young’s modulus of brain tissue (0.7 – 1 
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kPa). Although this could potentially be a valid method of deriving the Young’s modulus based 

on the authors methods, it should be noted that after review of literature for the Young’s modulus 

of chitosan at this concentration, no other study was found to report an Young’s modulus as low 

as 0.8-1.4 kPa [141]–[143]. Interestingly, the method to fabricate the chitosan in [20] was said to 

be based on methods reported by He et al [144], where He et al report chitosan Young’s moduli 

on the order of MPa. Additionally, in [20], Tedesco et al failed to report any standard deviations 

for the Young’s moduli, leading us to believe there could have been significant errors associated 

with these values. 

Table 5.3 | Young’s Modulus of microspheres for in vitro neuronal cultures   

Material Ø ± stdev E ± stdev 
Contact 

Mechanics model 

AFM Probe 

Information 
Reference 

1% chitosan 66 ± 20 µm 0.8 – 1.4 kPa *+ Hertz 
Tipless probe 

 (k = 0.03 N/m) 
[20] 

2% chitosan 100 ± 40 µm 15 – 25 kPa + 

Sneddon (Hertz 

for conical 

indenter) 

Conical 

 (k = 0.03 N/m) 
[20] 

1.5% agarose  48 ± 1 µm 4.9 ± 0.6 kPa 

Sneddon extended 

(Hertz for 

pyramidal 

indenter) 

Pyramidal 

(k=0.03 N/m) 
This work 

1.5% agarose w/ 

2mg/ml PDA 

functionalization 

48 ± 1 µm 26.8 ± 17.9 kPa 

Sneddon extended 

(Hertz for 

pyramidal 

indenter) 

Pyramidal 

(k=0.03 N/m) 
This work 

E = Young’s modulus; Ø = microsphere diameter; stdev = standard deviation 

*: Inferred based on extrapolation 
+ : stev not reported 

 

With regard to Young’s moduli found in this work for agarose microspheres, there is still room for 

improvement since the values we report fall short of the physiological target range. As previously 

mentioned in the literature review, the mechanical properties the agarose can be tuned using its 

concentration (Section 2.3.2). To lower the Young’s modulus of an agarose hydrogel, its 

concentration needs to be reduced. Although seemingly simple, with the agarose microsphere, this 

becomes a challenge two-fold in origin; first, due to limitations of the microfluidic device and 

second, due to the nature of molecular-grade agarose. Unfortunately, when using the microfluidic 
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platform, creating microspheres lower than 1.5% in concentration, resulted in microsphere 

diameters with high polydispersity. Additionally, with ultra-low gelling temperature molecular 

biology grade agarose (used in this work), gelation at concentrations lower than 1.5% is not 

guaranteed by the manufacturer and thus limits further reduction of the Young’s modulus of the 

microspheres. Through numerous tests at different concentrations (0.75%, 1%, 1.5%, 2%), it was 

found that 1.5% agarose provided both a monodisperse sample while avoiding clumping within 

the microfluidic device. Consequently, to further lower the Young’s modulus, the microfluidic 

device could be modified, or an alternative synthetic agarose could be sought out.   

5.3.3.2 PDA-FUNCTIONALIZED AGAROSE MICROSPHERE 

As with stiffness, an increase in the agarose microsphere Young’s modulus occurred after 

functionalization with PDA. To lower the degree of stiffening caused by the PDA 

functionalization, the PDA polymerization time can be decreased to reduce the thickness of the 

resulting coating and lower the number and size of PDA aggregates on the microsphere surface. 

By reducing the amount of PDA on the surface of the microsphere, the stiffening induced by PDA 

would be lowered, thus improving the overall Young’s modulus. However, prior to reducing 

polymerization time, the cellular response to the functionalization should be assessed on a 2D 

substate to confirm network viability.  

5.3.3.3 LIMITATIONS OF THE HERTZ (EXTENDED SNEDDON) MODEL 

The adapted Hertz model (Sneddon extended model [130]) used to quantify the Young’s modulus 

from nanoindentation AFM data has multiple limitations; all of which require the Young’s 

modulus quantity to be taken generally. To start, the Hertz model does not consider surface 

interaction forces, i.e., forces between atoms and molecules of the tip and the material. Since the 

PDA surface functionalization is incredibly adhesive, not taking the adhesive forces into account 

can dramatically influence the Young’s modulus estimation. Additionally, the Hertz model is 

highly dependent on determination of the contact point of the force-indentation curve. Determining 

the contact point on the force-indentation curve of a soft polymer is not straight forward since the 

contact point is characterized by only a gradual increase in force associated with increased 

indentation. As such, potential inconsistencies related to identification of this location on the force-

indentation curves can arise.  
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5.3.3.4 GENERAL MISCONCEPTION IN LITERATURE 

It should also be noted that within the field, there seems to be a disconnect that should bridge the 

biological nature of the work, with material property characterization. For instance, some 

published works report stiffness in units of pascals [93], where stiffness is indeed a force per unit 

length, not per unit area, and defined as resistance to elastic deformation. Although stiffness and 

Young’s modulus can be proportional, they are different properties. Cases such as this, where the 

Young’s modulus and stiffnesses of biomaterials are used interchangeably, make progression and 

literature benchmarks with regard to biomimetic in vitro modeling increasingly difficult. 

Additionally, almost every published work that uses AFM as a method to determine mechanical 

properties of a polymer for in vitro cell culture reports only the Young’s modulus. It was for this 

reason the nanoindentation data was fitted for Young’s modulus in this work; since only the 

Young’s modulus is consistently reported in literature, it was required for comparison with 

previously published data. This is quite interesting, since when using AFM, only sample stiffness 

can be calculated directly from the acquired measurement—not the Young’s modulus. To acquire 

this property, fitting models are required, and within the field, the model adopted for this purpose 

(ex: Hertz, JKR, DMT) is not generally consistent. Additionally, as mentioned in Section 5.3.3.3, 

considerable limitations are associated with all fitting models used for quantification of the 

Young’s modulus.  

5.3.4 ADHESION 

Sample adhesion was assessed through quantification of maximum force required for tip-sample 

detachment during retraction portion of nanoindentation measurements. Adhesion was quantified 

on all samples with functionalization, thus including PDA-functionalized and PDL and laminin 

functionalized glass microsphere samples. Results obtained were expected, where microspheres 

with PDA functionalization possessed the highest sample adhesion, requiring the greatest forces 

for tip-sample detachment, followed by the glass microsphere functionalized with PDL and 

laminin. Since PDA engages in noncovalent interactions, such as hydrogen bonding and 

electrostatic interactions, the functionalization increased interfacial adhesion on the surface of the 

microspheres. As seen with quantification of stiffness and Young’s modulus, adhesion on PDA-

functionalized substrates was also associated with larger standard deviations in comparison to the 

other functionalization types. However, as previously stated, the non-homogeneous topography of 
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the PDA is a likely culprit for deviation in measurements due to variously sized aggregates 

scattered on the surface of the microsphere. Indeed, it has been demonstrated in literature that PDA 

film and aggregates are characterized by significantly different adhesion forces [115]. 

Additionally, the noise introduced into the system as a result of the combination of aqueous 

measurement medium and the increased adhesion between the AFM tip and PDA (previously 

explained in Section 5.3.2.1) likely contributed to the increased standard deviation as well.  

Important for continued use of the PDA functionalization in this research space is the increased 

adhesive forces it elicits on both glass and agarose microspheres compared to the current gold 

standard functionalization for neuronal culture, PDL and laminin. Together with the substate-

independent nature of PDA, the improved adhesion observed with this functionalization scheme, 

allow expansion of the next generation of biomaterials for neuronal culture.   

5.3.5 THE AFM TECHNIQUE AND CANTILEVER CALIBRATION 

The AFM technique relies heavily on the probe’s tip and cantilever for accurate and reliable 

measurements. As such, it was imperative the tip sensitivity and cantilever spring constant were 

obtained prior to AFM measurements. The sensitivity of the AFM tip is a measure of how the 

photodiode responds to deflection of the cantilever, which is a property of the optical alignment of 

each AFM system and is easily obtained. The spring constant however is a property of the AFM 

cantilever and more difficult to obtain. Prior to beginning this work, no cantilever spring constant 

calibration technique was established for the AFM in our lab. Therefore,  a protocol was developed 

during this work to do so using the Sader online tool and thermal noise methods [128] (Section 

3.3.3.1). Carrying out this protocol, calculated values for cantilever spring constants were tending 

toward the lower end of values reported by the manufacturer. Although the measurements using 

the Sader and thermal noise method should be accurate within 4%, [145], there is a potential that 

the calibration method needs optimizing for the equipment in our lab. In the case an 

operating/protocol error existed, the nanomechanical data obtained would show the materials were 

stiffer and less adhesive than results presented in this work, since the spring constants favoured 

the lower end of the manufacturer’s tolerances. If this is the case, the reported Young’s moduli 

would be further reduced and thus report a softer model, while the PDA functionalization could 

be more adhesive than reported. Both outcomes would only result in an improvement of the model 

towards the ideal physiological nano-mechanics.  
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It should be highlighted, that quantification and processing of nanomechanical measurements on 

soft polymers in an aqueous environment is not yet standardized within the field. Currently, no 

comprehensive model exists to account for all relevant variables that contribute to the overall 

nanomechanical properties of a material, including porosity/water content, curved geometry, 

homogeneity of porous matrix, and pore size. Further investigation into a model that includes all 

these variables in would be an invaluable contribution to the field to ensure soft polymers can be 

reliably tested. 

5.4 NEURONAL NETWORKS ON 2D POLYDOPAMINE FUNCTIONALIZED SUBSTRATES 

s a preliminary assessment of the bioaffinity of neuronal networks to PDA, neurons were 

cultured for 14 days on 2D substrates functionalized with PDA. As briefly mentioned in 

Section 5.2.2, an 18-hour dynamic polymerization deposition method was first adopted. Results 

showed PDA polymerization time had a direct effect on its ability to serve as a functionalization 

for neuronal cultures (data not shown). Although neuronal adhesion was achieved on substrates 

functionalized with an 18-hour scheme, neurite outgrowth was absent. Since longer polymerization 

time is associated with large aggregate formation, and aggregates are known to be stiffer and less 

adhesive than the PDA film [115], substates that underwent 18-hour deposition presented surfaces 

with increased stiffness and reduced adhesive forces that likely prevented neurite projection. These 

local increases in substrate stiffness and reduced adhesion due to increased number and size of 

PDA aggregates strayed from the soft ECM matrix these substrates were in pursuit of 

recapitulating. By reducing polymerization time by 16 hours, the number of aggregates decreased 

significantly, and neurons produced highly interconnected networks. When compared to the 

current gold standard, the PDA functionalization (2-hour, dynamic scheme) promoted neurite 

growth after 14 DIV. In fact, neurite projection from nuclei was found to cover 34% more culture 

surface area per neuron on PDA-functionalized substrates compared to PDL and laminin gold 

standard functionalization protocol. Interestingly, although the PDA-functionalized substrates 

improved neurite development, higher number of nuclei were found to adhere to the PDL and 

laminin functionalized substrates. Considering this result alone, it would be expected for the PDL 

and laminin functionalized substrate to present superior neurite growth, largely influenced by the 

biophysical effects of high cell density. Interestingly, neurite outgrowth was partial to the PDA, 

regardless of the higher cell retention on PDL and laminin substrates. This could suggest the role 
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of PDA at the molecular level as a catalyst to promote neurite growth. The lower rate of cell body 

adhesion to the PDA substrate was not an expected result considering the strong adhesive nature 

of polymer and the available binding sites it provides through catechol and amine groups. In 

addition to the reasons outlined in Section 5.2.3, the positive neuronal response to PDA-

functionalized substrates vouched for the use of PDA alone in the attempt to maximize neurite 

outgrowth and, in turn, the creation of a complex network when translating the functionalization 

scheme to 3D. 

5.5 NEURONAL NETWORKS ON POLYDOPAMINE FUNCTIONALIZED MICROSPHERES 

verall, results showed improved neuronal network growth on PDA-functionalized agarose 

microspheres, compared to its glass microsphere counterpart and the previously reported 

PDL and laminin glass microsphere model [24]. Note that discussion of 3D neuronal network 

growth on microspheres is partially discussed in the results section (Section 4.3) since direct 

references to fluorescent images are mentioned. In general, PDA-functionalized agarose 

microspheres elicited unified growth across the entire culture surface while facilitating functional 

connections between neurites on microspheres at mid-hemisphere height. Conversely, 

functionalized glass microspheres were found to serve as regions for growth in discrete areas of 

the culture wells, with projections extending across the top hemisphere of microspheres and 

showing a lower degree of network connectivity. Additionally, differences were observed between 

neuronal networks cultured on functionalized 2D substrates and the microsphere analogue.  

5.5.1 SUBSTRATE-MEDIATED NEURONAL NETWORK FORMATION 

From qualitative observation, the neurites projecting on the surface, and within the interstitial 

space of PDA-functionalized agarose microspheres (Figure 4.9) were thicker than neurites 

observed on 2D PDA-functionalized substrates (Figure 4.6B). This suggests dense bundles of 

multiple neurites surrounding each microsphere. Interestingly, dense bundles of neurites were not 

observed on PDA-functionalized glass microspheres (Figure 4.8B), instead, singular neurites 

projected around and over top of each microsphere as separate entities. Since the difference 

between these models lies in the substrate stiffness, and Young’s modulus, it can be speculated 

that the soft microsphere played an important role in regulating neurite development. Further, in 

analyzing the 3D architecture of the glass and agarose microsphere-based cultures, the enhanced 
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dendritic development observed in agarose microsphere-based cultures showed higher network 

complexity and thus increased network connections, also leading us to believe that microsphere 

stiffness is the main driver involved in determination of an overall biomimetic in vitro neuronal 

culture. In future work, a functional readout of this nanomechanical material property-induced 

difference using a MEA would provide insight on this inference.  

While microscale arborizations within the network were clearly visible with confocal microscopy, 

previous studies have shown that nanoscale extensions can penetrate the surface of hydrogel 

microspheres resulting in the formation of a compact and well-structured neuronal network [20]. 

Indeed, the nano-porosity provided by the agarose microsphere surface could have enabled 

neurites to extend into these surface inhomogeneities for improved adherence to the surface of the 

microsphere. This is probable considering the network stability and interconnectivity was 

enhanced on functionalized agarose microspheres in comparison to networks cultured on 

functionalized glass microspheres—which inherently do not provide nanopores to act as anchors 

for neurite extensions. In this context, it should also be noted that in cultures on glass microspheres, 

neurites were shown to traverse across the tops of each microsphere; this was not observed within 

cultures on agarose microspheres. Considering hydrogel nanopores, the neurites could have 

preferentially grown onto the top portions of glass microspheres since no nanopores for neurite 

anchorage were provided on their surface; below the mid-hemisphere height of the microsphere, 

neurites could have succumbed to gravity if no anchorage points were available for neurite 

ingrowth.  

5.5.2 MICROSPHERE MODEL LIMITATION: IMMUNOFLUORESCENT STAINING 

Through execution of cell culture methods, a limitation of microsphere model was identified at the 

at the microscopy stage, which stemmed from the staining procedure used to label nuclei and 

neurites. Since the microsphere model is gravity driven, and the weight of the microspheres is 

extremely small in comparison to the force required to draw the solution in the culture well up into 

a pipette, the risk of destroying the network the neurons created during culture was high. As such, 

washing steps that are commonly relatively vigorous for removal of excess stain to reduce 

background fluorescence, needed to be done very delicately. This resulted in residual staining 

solution within the microwells. This was identified as the cause for considerable background noise 

and fluorescent cell debris in the 3D culture images. For comparison, the 2D culture images shown 
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in Figure 4.6 have minimal background noise. To improve the 3D culture robustness, the sintering 

method used in [58] (see Section 2.2.1) can be evaluated for use, where the microsphere collection 

would be heated above its glass transition temperature to thermally fuse the microspheres together. 

Although ideal to improve robustness of the scaffolding for immunofluorescent staining steps, 

fusing the microspheres would result in difficulties in uniform cell seeding within the culture and 

complicate the PDA functionalization steps.  

Granted, since the ultimate goal for the microsphere model is to be utilized as a pre-clinical tool, 

electrophysiological recordings on MEAs will be the preeminent readout of neuronal behaviour. 

As shown in previous studies, the microsphere model can be successfully coupled to MEAs [20], 

[24], thus mitigating the use of immunofluorescence to assess network viability. Consequently, 

once the model has been sufficiently optimized, staining steps would not be required.  

5.5.3 GLASS MICROSPHERE LIMITATION: OPTICAL CLARITY 

3D Volume Viewer (ImageJ) renderings were not possible on networks cultured on glass 

microspheres due to optical clarity. As a result of increased diffraction events caused by glass 

microspheres during fluorescent image acquisition, visualization of the β-III tubulin marker was 

more difficult within neuronal networks cultured on glass microsphere constructs than on agarose 

microsphere constructs. This limited use of 3D rendering software to visualize neuronal network 

growth within 3D glass microsphere models. The hypothesis that diffraction events are increased 

due to the glass microspheres is probable considering Frega & Tedesco et al did not show 

volumetric renderings in their initial paper that reported the use of PDL and laminin functionalized 

glass microspheres as 3D scaffolding for neuronal networks [24], suggesting authors encountered 

similar difficulties. Interestingly, in the groups following paper [20] where glass microspheres 

were replaced with chitosan microspheres functionalized with the same adhesive proteins, 

volumetric renderings were shown for networks grown on chitosan microspheres, but again, not 

the glass microspheres which were used as the study control. Of note, other studies that used glass 

microspheres and showed immunofluorescent images in 3D only showed maximum projections, 

without full volume views of neuronal networks. This can be deceiving since growth at the bottom 

of the wells on the flat functionalized substrate could be dominating fluorescence in the image. 

Therefore, there is a potential that using glass microspheres for 3D scaffolds could hinder the 

evaluation of neural processes in a 3D fashion after the culture period. As such, soft microspheres 
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such as chitosan or agarose provides an advantage regarding both improved mechanical properties 

and reduced diffraction events during imaging.  
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6 CONCLUSION AND FUTURE DIRECTION 

his work provides proof of concept that PDA-functionalized agarose microspheres assembled 

in unison can serve as 3D growth area for neuronal networks in vitro. The adhesive, versatile 

and robust nature of the PDA functionalization proved exceptionally useful in this work, by adding 

functional motifs on agarose—a polymer widely classified as ‘inert’. With the biocompatible and 

adhesive properties PDA possesses, the ideal mechanical properties of agarose hydrogel were able 

to be capitalized on to better mimic neuronal ECM in vitro. Together, this biomaterial-based 

approach was not only shown to stimulate a positive neuronal response in 3D, but also improves 

the physiological relevance of the microsphere-based model for in vitro cultures. Additionally, the 

use of microfluidic technology to fabricate the agarose microspheres provided high-throughput 

and consistency, with considerable improvements upon existing fabrication methods. Moving 

forward, improvement upon the methodological approach to microsphere seeding for cell culture 

is required to ensure the neuronal seeding density conforms with growth area provided by 

microspheres. Additionally, the degree to which the PDA polymerization time can be reduced such 

that the Young’s modulus of the microsphere is lowered, while adhesive properties of the PDA-

functionalization are maintained will require further investigation. A study investigating this 

parameter should include various time points between 1-2 hours. Furthermore, addition of PDL 

and laminin to the surface of the PDA-functionalized microsphere can be evaluated to assess any 

potential improvements to the model. Finally, coupling the 3D construct to a MEA to evaluate 

electrophysiological behaviour of neuronal networks in culture would provide valuable insight into 

potential bioactive features of the construct.  

As stated in the first page of this thesis on the topic of improving the state of neurological disease 

and disorders:  

“a coordinated approach to etiologic research and treatment is required to 

reduce the associated burden of the disease”. 

This statement was found to be undoubtably true while carrying out this thesis work. Ensuring all 

aspects—biological, chemical, bio-mechanical, or clinical—are accounted for within an in vitro 

model is a difficult task, yet imperative to move toward improved pre-clinical models. Evidenced 

by the literature reviewed and the contribution this work provides to the research space, the field 
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is indeed moving toward improved biomimetic models for pre-clinical studies. Continued work in 

this direction will minimize the gap between cell culture, and animal models and ultimately 

improve therapeutic options for neurological disease and disorder. 
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APPENDIX A: 3D NEURONAL CULTURE 

A.1 BIOMATERIALS FOR NEURONAL CELL CULTURE 

Table A.1 | Biomaterials used as scaffolding for 3D neuronal cell culture 

Material Description Advantageous Characteristics Scaffold Types Used in Publications 

Agarose 

Naturally occurring, neutral, 

thermo-reversible polysaccharide 

 

- Thermoreversible with hysteric properties 

(ideal for cell culture conditions)  

- Soluble in water 

- Biocompatible and non-toxic 

- Tunable mechanical properties 

- Hydrogel 

- 3D printed  

- Electrospun 

[19], [95], 

[96], [98], 

[99] 

Alginate 
Naturally occurring anionic 

polymer 

- Biocompatible 

- Hydrophilic  

- Biodegradable under physiological pH 

- Hydrogel 

- Beads for drug delivery 
[100], [146] 

Chitosan 

A cationic polymer, and the N-

deacetylated derivative of chitin, 

which is abundant in nature 

- Biocompatible and non-toxic 

- Hydrophilic 

- Biodegradable 

- Hydrogel 

- Microspheric (gravity driven) 

- Porous scaffolds (freeze-dried) 

[20], [96], 

[147], [148] 

Collagen Type I  
Fibrillar protein found in the ECM 

of most tissues 

-Naturally occurring  

- Regenerative capabilities 

- Expensive 

- Does not require functionalization  

- Hydrogel 

- Porous (freeze dried)  

- Electrospun 

- Used as functionalization on 

surface of scaffolds 

[21], [53], 

[149]–[152] 

Hyaluronic Acid 

(or hyaluronan) 

Unsulfated glycosaminoglycan 

abundant in ECM of most tissues 

- Naturally occurring 

- Ideal viscoelastic properties 

- Electrospun  

- Porous (freeze dried)  

- 3D printed hydrogel 

[153]–[155] 

Matrigel 

ECM protein mixture derived from 

extracts of from Engelbreth-Holm-

Swarm mouse tumors.  

- Resembles the basement membrane of in 

vivo ECM 

- Hydrogel  

- Used as functionalization on 

surface of scaffolds 

[156], [157] 

Methylcellulose 
A methyl ester of cellulose 

containing 27-32% methoxy groups 

- Biocompatible/non-toxic 

- Sol-gel transition around body temp 

- Soluble in water 

- Tunable mechanical properties 

- Hydrogel 

- 3D printed hydrogel 

[98], [158], 

[159] 
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Polycaprolactone 

(PCL) 

Biodegradable, semicrystalline, 

linear polyester with low melting 

and glass transition temperatures 

- Slow degradation 

- PCL fibers can be fabricated without a 

crosslinking process 

- 3D printed porous scaffold 

- Fibrous  

     - Electrospun 

     - Microfluidics 

[160]–[162] 

Polydimethylsiloxane 

(PDMS) 

 

Silicon elastomer used extensively 

in microfluidics 

 

- Non-toxic 

- Young’s Modulus 0.4-4 MPa 

- High optical transparency (ideal for 

assessing cells via microscopy) 

- Hydrogel 

- Micropatterned lattice 
[27] 

*Note that most references listed use the material in conjunction with other materials (some listed here, some not) for composite scaffolds  
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A.2 3D SCAFFOLD FABRICATION METHODS USED IN NEURONAL CULTURE 

Table A.2 | Current methods used for 3D neuronal cell culture 

Technique Description Advantages Disadvantages Publications 

Bioprinting 

Layer-by-layer additive manufacturing. The fabrication 

technique combines 3D printing and bioinks (composed of 

polymers, cells, crosslinking agents, growth factors, etc.)  

- High throughput 

- Consistent  

- High resolution 

- Intricate geometry 

- High upfront costs 

- High shear force on 

cells during fabrication 

[97], [163], 

[164] 

Electrospinning 

and 

Electrospraying 

Electrically charged jet of polymer solution is released from 

a syringe pump in a spiral formation due to the electrostatic 

force from high-voltage power source resisting surface 

tension on the collector. Solvent evaporates and polymer 

solidifies creating a scaffold of nanofibers.  

- Fibers promote neurite 

outgrowth 

- Nanoscale features 

- Precise control of fiber diameter 

- Structurally similar to ECM 

- Use of toxic solvents 

- Insufficient cell 

infiltration 

- Inhomogeneous cell 

distribution 

[153], [165], 

[166] 

Hydrogels 

Network of polymer swollen in water. A cell suspension is 

mixed with the polymer solution when in its liquid phase 

(commonly at 4°C) and then encapsulates the cells within 

the polymer matrix when gelled at 37°C  

- Easily fabricated 

- Continuous matrix 

- Structurally similar to ECM 

 

 

- Non-uniform diffusion 

of additives 

- Difficult O2 and CO2 

exchange throughout 

culture 

- Slightly more difficult 

optical imaging 

[18], [21], 

[95], [151] 

Microsphere 

sintering or 

gravity driven 

chamber 

Monodisperse emulsions (using microfluidics) or bulk 

emulsification (vortex mixing or stirring) is used to fabricate 

polymeric microspheres. Microspheres can also be obtained 

commercially. Microspheres are functionalized and added to 

a small chamber where they naturally form a close-packed 

scaffold. Microsphere scaffold can be heated above the 

material’s glass transition temperature allowing polymer 

chains to intertwine and connect with adjacent microspheres 

for a rigid matrix 

- Uniform diffusion of additives 

- Efficient Difficult O2 and CO2 

exchange throughout culture 

- Predictable and tunable growth 

area 

- Many commercially available 

microspheres 

- Can use microspheres as drug  

- Structurally dissimilar 

to ECM 

- Requires a pre-seeding 

of cells on spheres prior 

3D build.  

[20], [24], 

[25], [55]–

[57] 

Freeze-drying 

Polymer dissolved in a solvent then frozen (below triple 

point) and lyophilized under high vacuum. Ice crystals are 

evaporated (under low pressure ice sublimates from solid 

phase to gas phase) to create voids. 

- Highly porous 

- Water can be used as the 

solvent instead of toxic materials 

(ie. more biocompatible)  

- Can be combined with other 

methods (ex; gas foaming)  

- Initial essential 

equipment is expensive 

- Long processing time 

[147], [148], 

[167]–[169] 
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APPENDIX B: BIOMATERIAL CHARACTERIZATION 

B.1 ATOMIC FORCE MICROSCOPY 

Discovered in 1985 through the combination of scanning tunneling microscope and stylus 

profilometer principles [170], atomic force microscopy (AFM) has become a widely used 

technique for material characterization in a variety of applications. Falling into the scanning probe 

microscopy (SPM) category, AFM permits 3D imaging of sample structure or topography with 

simultaneous extraction of mechanical properties by capitalizing on the basic principles of material 

interactions occurring at the atomic level. The technique enables image acquisition ranging from 

a few atoms in size, to measure crystallographic structure of a material, to a few hundred 

micrometers in size to evaluate a material’ topography and mechanical properties. With its 

versatility and angstrom level resolution, AFM has found application in many fields, including the 

biomedical engineering field for biomaterial development.  

B.1.1 WORKING PRINCIPLE AND THE FORCE-DISTANCE CURVE 

Unlike the classic optical or electron microscopes which use glass or magnetic lenses to image a 

sample, SPM microscopes—like the AFM—employ a cantilevered tip (probe) which interacts 

directly, or indirectly with a sample surface. In the present work, direct interaction (contact AFM) 

is used and will therefore be the method elaborated on. Specifically, single indentation 

measurements will be discussed.  

To obtain information about a sample in contact mode, the user can either perform single 

indentations on the sample surface or image scans of larger regions of the sample. Both methods 

provide the user with important information on the stiffness and adhesion of the sample, with the 

latter providing information on the sample topography. From here, only the single indentation 

method will be discussed. To perform an indentation, the AFM apparatus first approaches the 

probe to the sample surface. When the probe becomes close enough to the sample, interatomic 

repulsion and attractive forces existing at the tip-sample interface will result in deflections of the 

cantilever. To track the dynamics of the cantilever, a laser is directed on the backside of the 

cantilever which reflects onto a photodiode (Figure B.1A). Prior to approaching a sample surface, 
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the laser is positioned such that it is centered and focused on the cantilever beam and centered on 

the photodiode quadrant. Therefore, any deflections of the cantilever caused by the tip-sample 

interaction will cause the laser to be reflected to a new location on the photodiode. The system 

registers these changes and uses this information to construct force distance curves (Figure B.1B). 

The deflection of the cantilever can be approximated using Hooke’s Law, where deflections are 

proportional to the force between the tip and the sample surface [171]. Since the probe’s cantilever 

is of known stiffness, the interaction dynamics within the force-distance curve can be further 

analyzed. By systematically unravelling this interaction, and capitalizing on the known properties 

cantilever being used, sample stiffness, elasticity, adhesion, and more can be determined.  

 

 

Figure B.1 | AFM working principle (A) Schematic [172] and (B) Force distance curve 
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B.2 RAMAN SPECTROSCOPY 

Raman spectroscopy is a non-invasive, non-destructive, and label-free analytical method by which 

the chemical/molecular fingerprint of a material can be determined by capturing the inelastic (now 

termed Raman) scattering of light. Initially hypothesized by Adolf Smekal in 1923 [173], and first 

observed by C.V Raman in 1928 [174], the current use of Raman spectroscopy ranges from 

geological [175] to biomedical [176] application.  

B.2.1 WORKING PRINCIPLE 

When incident light from a high intensity laser light source interacts with a molecule in a sample, 

the molecules of that sample can enter a virtual energy state. Most of the incident light is absorbed 

or transmitted thorough the sample, however, a portion of the light is scattered. This scattered light 

can be detected using spectroscopy, revealing important information about a sample based how 

the light is scattered. If the scattered light has a frequency equal to the incident light frequency, 

the scattered light is referred to as Rayleigh scattering (𝑣𝑜 = 𝑣; Figure B.2B). Conversely, if the 

scattered light has a frequency different from the incident light, Raman scattering is observed 

(𝑣𝑜 ≠ 𝑣; Figure B.2B). Raman scattering can be divided into two types: Stokes, and Anti-Stokes 

scattering (Figure B.2C). Stokes scattering describes the instances where an incident photon has 

greater energy than the scattered photon (energy transferred to molecule from incident photon), 

while Anti-Stokes scattering describes the instances where the incident photon has lower energy 

than the scattered photon (energy is transferred from the molecule to the incident photon) [176]. 

Raman scattering is the scattered light that material scientists and engineers are interested in since 

it provides information about a material’s chemical make-up. Each material has a characteristic 

Raman spectrum which is sometimes referred to as a materials Raman fingerprint. These spectra 

make it easy to identify a material or confirm its presence.  
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Figure B.2 | Raman spectroscopy working principle 

(A) Raman spectroscopy energy path; (B) Scattering of light from molecule in a virtual energy state. If 𝑣𝑜 = 𝑣, 

Rayleigh scattering observed, if 𝑣𝑜 ≠ 𝑣, Raman scattering is observed [172]. (C) Graphical depiction of molecule 

energy after interaction with a high intensity incident light source (laser). If molecule returns to its initial ground 

state, the energy emitted is equal to the energy of incident photon from the laser (equal vibrational frequency), 

resulting in Rayleigh scattering of the light. When a molecule releases a different quantity of energy compared to the 

incident photon, the molecule will fall back to a different vibrational/energy level resulting in Raman scattering 

(Graph adapted from: [176]). 
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APPENDIX C: MLCT-BIO PROBE SPECIFICATIONS 

 

Figure C.1 | MLCT-BIO probe schematic and specifications for cantilever F; (A&B) Tip schematic. (C) tip 

specifications (D&E) cantilever schematic. (F) cantilever specifications. Figure prepared using images and tables 

courtesy of Bruker AFM Probes product information website [177].   

 


