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Abstract 

 

Most adult mammals are highly sensitive to reduced oxygen availability; however, some species 

have evolved to live in hypoxic environments. Naked mole-rats (NMRs, Heterocephalus glaber) 

are among the most hypoxia-tolerant mammals and rapidly reduce whole animal oxygen 

consumption (>80% in 3% O2) during hypoxia, presumably by downregulating numerous cellular 

functions across multiple tissues. Mitochondria are cellular oxygen sensors, major consumers of 

oxygen, and regulators of numerous cellular signalling pathways, and thus likely play key roles in 

cellular responses to hypoxia. However, little is known about the specific mechanisms and 

pathways that mitochondria regulate in NMRs, nor about how these roles vary between tissues 

with divergent metabolic demands in hypoxia. Of particular interest are mechanisms that regulate 

mitochondrial oxidative phosphorylation (OXPHOS) function, and reactive oxygen species (ROS) 

and Ca2+ homeostasis, since ATP deficits, and ROS and Ca2+ dysregulation are central to 

hypoxic/ischemic cell death in hypoxia-intolerant mammalian cells. Therefore, the goal of my 

thesis is to uncover mechanisms via which mitochondria regulate OXPHOS, ROS, and Ca2+, and 

the impact of these mechanisms on hypoxia/ischemia tolerance in NMR interscapular brown 

adipose tissue (iBAT), brain, and skeletal muscle. These tissues were chosen because 1) 

thermoregulation is a major energy drain in small rodents and decreased thermoregulation is a 

common strategy to save energy during hypometabolism in such species, 2) maintenance of brain 

function is both energetically expensive but also obligatory in all animals, and 3) NMRs remain 

physically active in hypoxia, and therefore require the maintenance of skeletal muscle function. 

Based on the divergent energy demands and sensitivity to hypoxia of these tissues, we expected to 

find highly divergent tissue-specific regulation at the mitochondrial level. Using multiple 

approaches, including high-resolution respirometry, optical fluorescence measurements, western 
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blot, qPCR, and transmission electron microscopy, our integrated findings revealed numerous 

novel responses in each of these tissues that help to explain the remarkable tolerance to 

hypoxic/ischemic stress in NMRs. Specifically: 

1) In hypoxia, iBAT mitochondria significantly suppress respiration (by 45-70%) and 

rate of Ca2+ uptake. These functional changes were accompanied by rapid 

reductions in the expression of OXPHOS and UCP1 proteins, which was likely 

mediated by mitochondrial membrane remodeling, including the activation of 

mitochondrial fission and inhibition of apoptosis. 

2) NMR brain mitochondria have a very high capacity to buffer Ca2+. Elevated 

mitochondrial Ca2+ suppresses the O2 consumption rate without compromising 

membrane integrity in NMRs but not in mice. The mechanism underlying this 

enhanced capacity likely involves the occurrence of larger and more interconnected 

mitochondrial networks in NMR brain. As a result, NMR brain is better able to 

regulate redox state, minimize excitotoxity (i.e., glutamate, Ca2+), and retain 

OXPHOS function under in vitro ischemia than mouse brain. 

3) Skeletal muscle mitochondria exhibit a mild decrease in OXPHOS function but 

reduce mitochondrial superoxide (O2
·−) emission in acute and chronic hypoxia, 

which may support continuous exercise in intermittent hypoxic burrow systems in 

nature. 

 

Overall, these results suggested that NMR mitochondria play key roles in maintaining essential 

functions (e.g., brain function, physical activity), and also suppressing non-essential functions (e.g., 

thermogenesis) in a tissue-specific fashion to minimize the O2 consumption and hypoxia-induced 

cell damage.  
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Framework and Highlights 

 

This thesis contains a General Introduction (Chapter 1) discussing mitochondrial function and 

the role of mitochondria in responding to acute hypoxia. Therein, I also introduce NMRs as an 

emerging model of hypoxia/ischemia tolerance, whose ability to adapt to hypoxia may be due in 

part to their capacity to modify mitochondrial function in response to hypoxic stress in a tissue-

specific fashion. I then explore this framework in three tissues which have distinct functional 

requirements in hypoxia, and in which I expected to find divergent changes in mitochondrial 

function and control of cellular pathways. Specifically: 

Thermoregulation is a major energy drain in small rodents and non-shivering 

thermogenesis, mediated by brown fat mitochondria, may be decreased to save energy in hypoxia 

in small rodents. NMRs reduce body temperature (Tb) to ambient temperature (Ta) in hypoxia; 

therefore, in Chapter 2, I explore how NMR brown fat mitochondria are regulated in hypoxia in 

vitro and in vivo. I discovered that OXPHOS function is carefully reduced and that there is a rapid 

and robust downregulation of key thermogenic and metabolic proteins that are associated with 

mitochondrial membrane dynamics in hypoxic brown fat tissue. As a result, brown fat energy 

demands decrease and non-shivering thermogenesis ceases in hypoxia, providing key energy 

savings during hypoxia.  

Like thermogenesis in brown fat, brain function is a major energy drain in small rodents; 

however, unlike thermoregulation, brain function is obligatory and must be maintained during 

hypoxia. It is already known that OXPHOS is downregulated in NMR brain mitochondria during 

hypoxia and so in Chapter 3, I evaluate neuroprotective mechanisms that support brain function 

in hypoxic NMRs. Specifically, I explore how the unique ultrastructure of NMR brain 

mitochondria supports a remarkably high Ca2+ buffering capacity relative to hypoxia-intolerant 
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mouse brain, which enables the maintenance of respiratory function and prevents cell death in 

hypoxic NMR brain. Building upon this and previous work in hypoxic NMR brain, I then confirm 

in Chapter 4 that NMR brain mitochondria are very tolerant to in vitro ischemia compared to 

mouse brain mitochondria, and thereby develop a new in vitro model in which to study how 

mitochondria contribute to hypoxia/ischemia tolerance in NMR brain. 

Unlike brown fat and brain, skeletal muscle is relatively hypoxia-tolerant and regularly 

experiences periods of metabolic hypoxia during exercise. In adapting to environmental hypoxia, 

muscle is often deprioritized relative to O2-sensitive tissues such as brain. However, NMRs remain 

active during prolonged periods of environmental hypoxia, suggesting that skeletal muscle 

function is sustained. Therefore, in Chapter 5, I explore how muscle mitochondria function 

changes with acute and prolonged hypoxia, to better understand the capacity of skeletal muscle to 

sustain exercise during acute and chronic hypoxia exposures in NMRs. Surprisingly, I find that 

skeletal muscle mitochondrial metabolism and mitochondrial function are barely impacted by 

hypoxia exposure, which would support sustained exercise in hypoxia but at the expense of 

maintaining high O2 consumption by skeletal muscle in hypoxia.  

Finally, in Chapter 6, I provide a systemic evaluation of the interplay between 

mitochondrial function across tissues in NMRs, and of their impact on hypoxia-tolerance in this 

fascinating species.   



 1 

1 General introduction to hypoxia and hypoxia-tolerant animals 

1.1 Hypoxia and pathologies related to low-O2 stress 

Hypoxia is a condition of reduced O2 availability, at either the tissue or environmental level. 

Within tissues, hypoxia is usually defined as a state in which there is not enough O2 to maintain 

cellular energy homeostasis. Such an imbalance may arise due to insufficient O2 availability or 

supply, or excessive O2 consumption, and tissue/cellular hypoxia is a common component of 

numerous diseases and pathologies (Hoppeler & Vogt, 2001; Peers et al., 2009; Thornton et al., 

2017). Environmental hypoxia is usually defined relative to O2 availability at sea level. As such, 

any environment in which O2 availability is below ~ 21% may be considered hypoxic. There are 

many such hypoxic environments, including high-altitude niches (Lui et al., 2015), and densely 

populated or sealed underground burrows (Roper et al., 2001; Shams et al., 2005). Depending on 

the physiological or environmental cause, hypoxia can vary in duration from acute to chronic, or 

occur intermittently, while the intensity of hypoxia can be mild to severe.  

Although there have been many studies of the impact of hypoxia on physiology, there is 

often confusion regarding the use of the terms “hypoxia” and “normoxia”, due to the range of 

oxygenation at various steps along the O2 transport cascade and the species-specific definition of 

what constitutes hypoxia to a given animal. For example, the O2 level in “healthy” human tissues 

varies, e.g., from 1.1% in skin (superficial region) to 13.2% in arterial blood, and averages about 

5%O2 (Carreau et al., 2011). Thus, ex vivo experiments using cells or tissues in standard laboratory 

conditions near sea level (wherein ambient O2 approaches 21%) are quite hyperoxic relative to the 

in vivo milieu. Furthermore, beyond O2 gradients in a healthy animals and various environments, 

Therefore, for the purposes of my thesis, I define hypoxia as a level of ambient O2 that is not 
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sufficient to meet an organisms' metabolic demands, and for which physiological responses or 

adaptations are required.  

Most widely studied laboratory animal models are intolerant of hypoxia, including mice 

(Mus musculus), rats (Rattus rattus), and most other adult mammals. However, several species, 

such as diving birds and mammals, experience acute hypoxia in their day to day lives (Allen & 

Vazquez-Medina, 2019; Bryan & Jones, 1980; Butler & Stephenson, 1988), while species that live 

at high altitude or in underground burrows may experience chronic or intermittent hypoxia 

(Dawson et al., 2018; Ivy et al., 2020; Lauren, 1995; Logan et al., 2020; Storz et al., 2019), 

respectively. Indeed, O2 is naturally limited in many environments, such as at high altitude, in deep 

ocean habitats, and in subterranean tunnels (Semenza, 2007a). Species that live in these 

environments usually exhibit a remarkable suite of adaptations to hypoxia. For example, many 

specialists that exercise in hypoxic conditions are capable of increasing O2 storage capacity in 

blood (Cabanac et al., 1999; Snyder, 1983), muscle (O'Brien et al., 1992; Polasek & Davis, 2001), 

and lungs (Lenfant et al., 1970; Tenney & Remmers, 1963; Widmer et al., 1997). However, 

increasing O2 transport alone is not sufficient to sustain activity in prolonged hypoxia and often 

requires significant periods of rest to reset O2 stores after intense exercise with limited O2. Thus, 

species that experience longer-term or more regular but intermittent hypoxia often achieve a state 

of hypometabolism, which is perhaps the most critical strategy for coping with hypoxia 

(Hochachka, 2000). This concept is that animals reduce their O2 consumptions and restrict hypoxic 

cell damages through a hypometabolic state, which requires careful coordination among probably 

all organs. 

When considering the impact of hypoxia on physiology, it is important to consider the 

varying needs of different organs for O2 and their sensitivity to periods of hypoxia. In this thesis, 
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I focus upon the impacts of hypoxia on three major tissues with very different O2 demands and 

sensitivities to hypoxia: BAT, which requires large amounts of O2 to support non-shivering 

thermogenesis to maintain Tb in small mammals (Foster & Frydman, 1978; Orava et al., 2011), 

brain, which is almost exclusively dependent on ATP generated through mitochondrial OXPHOS 

(Siesjö, 1978), and is thus highly sensitive to O2 availability (Thornton et al., 2017), and skeletal 

muscle, which regularly experiences exercise-induced and localized hypoxia and is thus relatively 

hypoxia-tolerant (Sahlin et al., 1987). This thesis examines mitochondrial adaptations to acute 

hypoxia in each of these organs. 

 

1.2 Cellular oxygen sensing 

Hypoxia can induce molecular changes to cellular components such as proteins within 

minutes and induce transcriptional change within a few hours (Dang & Myers, 2015; Semenza, 

2011a). However, there is currently no clear consensus regarding the central underlying cellular 

mechanisms of oxygen sensing that initiate these responses. It can be argued that systemic hypoxia 

sensing occurs primarily via central and peripheral chemoreceptors, membrane-bound potassium 

channels, and sensors located in arterial mitochondria (Lahiri et al., 1995; Prabhakar & Overholt, 

2000).  

Cellular and genetic sensors of O2 levels are stimulated both acutely and chronically by a 

change in O2 availability. These sensors have been broadly studied and include a large number of 

molecules that enhance O2 uptake and delivery (Bruick, 2003; Giaccia et al., 2004), and/or play 

important roles in mitochondria-related responses to hypoxia (Dang & Myers, 2015; Semenza, 

2011a). For example, hypoxia inducible transcription factor-1 (HIF-1) senses hypoxia in the cell 

through a process that involves suppression of HIF-prolyl hydroxylase activity, which leads to the 

accumulation of HIF-1α (Kallio et al., 1997). As a result, when O2 decreases, HIF-α binds to HIF-
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β to form a HIF complex that regulates hypoxia-related gene expression (Semenza, 2001). Other 

mechanisms, such as O2-sensitive ion channels control a variety of cellular functions during 

hypoxia (Shimoda & Polak, 2011). It is likely that numerous components of most cells and some 

organelles are O2-sensitive and thus that myriad systems and pathways can detect and respond to 

hypoxia. One of the most prominent detectors of O2 are mitochondria, which are the primary hub 

of aerobic energy production. 

1.3 Mitochondrial function in hypoxia 

Mitochondria are major consumers of O2 in the cell, wherein molecular O2 is the final 

acceptor of electrons delivered by NADH and flavoproteins in the process of mitochondrial ATP 

production (Fuhrmann & Brune, 2017; Lenaz & Genova, 2010). Thus, mitochondrial energetics 

are tightly coordinated with O2 availability. In addition to ATP production, hypoxia alters 

mitochondrial ROS and Ca2+ management, and mitochondrial membrane dynamics (Silverman, 

1993; Waypa & Schumacker, 2010), while severe hypoxia may trigger mitochondrial-dependent 

apoptosis cell death (Wang & Youle, 2009).  

Science's fascination with mitochondria spans more than 130 years. Mitochondria were first 

documented as bioblasts in 1890 (Altmann, 1890); in 1898, they were named mitochondria (Benda, 

1898). Gradually, mitochondrial genetic inheritance (Payne, 1909), energy metabolism (Chance 

& Williams, 1955; Kingsbury, 1912), fission and fusion (Lewis & Lewis, 1915), Ca2+ uptake 

(Carafoli et al., 1966), and mitophagy (selective autophagy of mitochondria) (Kissova et al., 2004; 

Lemasters, 2005) were discovered. Along the way, it has become abundantly clear that 

mitochondrial function is central to many key processes within a cell. 
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1.3.1. Mitochondrial energetics. In mammals, up to 98% of O2 consumption is related to 

OXPHOS, a process that occurs in the respiratory chain of mitochondria in the inner mitochondrial 

membrane (IMM) (Bennett et al., 2022; Silver & Erecinska, 1998). This respiratory chain is 

composed of five multi-subunit complexes, which are complex I (NADH–ubiquinone 

oxidoreductase), complex II (succinate dehydrogenase), complex III (ubiquinol–cytochrome c 

oxidoreductase), complex IV (cytochrome c oxidase) and complex V (ATP synthase), all of which 

are located in IMM invaginations termed ‘cristae’ (Zick et al., 2009). Coupled with electron 

transport function of respiratory complexes, the proton motive force (PMF) is a main component 

of mitochondrial membrane potential (Δψm) and drives ATP synthesis. Electron transport 

pathways along respiratory complexes have been well studied (Guo et al., 2018; Letts & Sazanov, 

2017); the state of electron transport is regulated by multiple mechanisms that are associated with 

cell fate, including activities and abundance of respiratory enzymes, cofactor levels (e.g. 

NAD+/NADH, Ca2+), and the most critical variable: O2 availability (Bennett et al., 2022). 

Mitochondria can enhance OXPHOS capacity at higher O2 concentrations, whereas 

hypoxia depresses mitochondrial respiratory function and even reduces mitochondrial density in 

hypoxia-tolerant cells (Campian et al., 2004; Chiu et al., 2019; Zhang et al., 2008). For example, 

the function of OXPHOS components may be reduced under hypoxia, including reductions of 

citrate synthase (CS) activity and mitochondrial complex I content (Baracca et al., 2010; Baracca 

et al., 2007). In other cases, hypoxic cells adaptatively reduce O2-expensive processes of 

phosphorylation to improve efficiency (Semenza, 2007b). In most adult mammals, it is apparent 

that mitochondrial ATP production may not satisfy cellular ATP consumption when the O2 level 

is reduced below a certain level, i.e., in hypoxia/ischemia, which can lead to the failure of ATP-
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dependent ion gradients, membrane potential depolarization, and consequential cell death 

(Knickerbocker & Lutz, 2001). 

 

1.3.2. Mitochondrial redox regulation. Beyond regulation of energy production, 

mitochondria play key roles in the modulation of several second messenger systems, including 

ROS homeostasis. The term ROS refers to variety of molecules and free radicals, primary O2
•−, 

which is the precursor of most cellular ROS, including hydroxyl radicals (HO•), and hydrogen 

peroxide (H2O2) (Zorov et al., 2014). Mitochondrial ROS production was demonstrated for the 

first time in 1971 (Loschen et al., 1971), and mitochondria are now recognized as containing many 

of the major cellular sites of ROS production within complexes I, II, and III (Boveris & Chance, 

1973; Mazat et al., 2020). The occurrence of complex I-produced ROS was initially debated under 

physiological conditions (Grivennikova & Vinogradov, 2006); however, numerous studies 

reported that defects of complex I are associated with mitochondrial disorders and serve as major 

sources of mitochondrial ROS generation (Abramov et al., 2007; Kushnareva et al., 2002; 

Maklashina et al., 2002; Perry et al., 1982; Smeitink et al., 2001). Complex II is not considered a 

major source for the production of ROS in resting conditions, partially because succinate in tissues 

is too low (~ µM) to produce significant amounts of ROS (Raha & Robinson, 2001). However, 

under hypoxia/ischemia, the tissue succinate level rises as much as 10-fold, which triggers reverse 

electron transport from complex II to complex I and results in substantial ROS production (Benzi 

et al., 1982; Chouchani et al., 2014; Wiesner et al., 1988). ROS production from complex III is 

complicated due to electron transport from complex I and II (Liu et al., 2010; Liu et al., 2002; 

Malinska et al., 2010; Muller et al., 2008).   
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Physiologically, ROS balance is well maintained and ROS are important cellular signals that 

initiate and/or participate in diverse cellular events through downstream signalling pathways 

and/or mitochondrial dynamics (Droge, 2002). Within the mitochondrial matrix, O2
•− could be 

enzymatically converted to H2O2 by superoxide dismutase (SOD) (Palma et al., 2020). H2O2 can 

be reduced to water by peroxiredoxin (Prx) and glutathione peroxidase (Gpx). Both Prx and Gpx 

can transfer their redox state to thioredoxins and glutathione respectively, and then recycled back 

to a reduced cycle through utilizing electrons from NADPH coupled with mitochondrial 

respiration (Rhee et al., 2005). Mitochondria-independent ROS regulation, including antioxidants 

(vitamins C and E), and catalase, also play important roles in maintaining cellular homeostasis and 

preventing oxidative stress, but are beyond the scope of this thesis (Z. Liu et al., 2018; Salvi et al., 

2007). 

On the other hand, defects in ROS management can result in oxidant-induced cell damage, 

cell death, and even whole organ failure (Kozlov et al., 2011). For example, excessive O2
•− and 

H2O2 may undergo Fenton chemistry with iron (Fe2+) to form HO•, which causes cellular damage 

due to its highly reactive (Wardman & Candeias, 1996). Thus, mitochondrial ROS are important 

redox signaling molecules in both healthy physiological and pathophysiological processes 

(Andreyev et al., 2005; Finkel, 2012; Hamanaka & Chandel, 2010). Mitochondrial ROS are often 

central to hypoxic signalling cascades, including post-transcriptional and epigenetic regulators, 

kinases, and Ca2+ signals, among others. ROS also play a key role in regulating hypoxia-inducible 

factor (HIF) (Kietzmann & Gorlach, 2005; Pan et al., 2007). Many other transcription factors are 

ROS targets, including nuclear factor kappa B (NF-κB) and nuclear factor erythroid-2-related 

factor-2 (Nrf2), etc. (Kohlgruber et al., 2017). The direct or indirect ROS-dependent regulation of 

kinases is complex and may include post translational modifications (PTMs). For example, protein 
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kinase C (PKC) activity is enhanced by tyrosine kinase Lck phosphorylation due to H2O2 (a 

member of the ROS family) (Konishi et al., 2001). ROS production and cytosolic Ca2+ homeostasis 

are also closely linked, which may affect ER-Ca2+ stress (Ramming et al., 2014), and 

mitochondrial-dependent apoptosis (Ferri & Kroemer, 2001). Together, regulation of various 

cellular targets by ROS is clearly crucial for adaptation to hypoxic environments, but also for the 

progression of hypoxia-linked diseases and pathologies like ischemia, inflammation, and cancer. 

 

1.3.3. Mitochondrial Ca2+ handling. Coupling of mitochondrial matrix and cytosolic Ca2+ 

concentrations [Ca2+] is critical to the regulation of OXPHOS and cellular signalling activities 

(Gellerich et al., 2010). Hypoxic conditions may cause decreased ER [Ca2+] and increased 

mitochondrial and cytosolic [Ca2+] (Chipurupalli et al., 2019; Mekahli et al., 2011). One of the 

primary mitochondrial means of buffering Ca2+ influx is via uptake of Ca2+ into the matrix of 

mitochondria through the mitochondrial calcium uniporter (MCU) complex (Lim et al., 2021). 

Hypoxic Ca2+ overload within the cytosol results in large-scale Ca2+ uptake into the mitochondria 

but this buffering capacity is finite and excessive Ca2+ accumulation within the mitochondrial 

matrix disturbs respiratory complex activity and disrupts mitochondrial membranes (Joza et al., 

2001; Kroemer et al., 2007; Lim et al., 2021; Polster & Fiskum, 2004). These impacts also result 

in ROS overproduction. Importantly, it has become increasingly clear that hypoxic Ca2+ overload 

is critical to the opening of the mitochondrial permeability transition pore (mPTP) (Bernardi & 

Petronilli, 1996; Gunter et al., 1994; Kinnally et al., 2011; Zoratti & Szabo, 1995), which typically 

results from mitochondrial damage and subsequently induces cell death via mitochondria-

mediated apoptotic pathways (Khaspekov et al., 1999; Matsumoto et al., 1999). Thus, 

mitochondrial Ca2+ regulation is clearly important for cell survival under hypoxic stress. 
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1.3.4. Mitochondrial dynamics. Along those lines, hypoxia alters mitochondrial fusion, 

fission, and mitophagy, which are referred to collectively as mitochondrial quality control or 

mitochondrial (membrane) dynamics (Eisner et al., 2018; Galluzzi et al., 2012). Mitochondria are 

highly dynamic organelles that are constantly undergoing fission and fusion, to maintain their size, 

shape, and cellular location (Pekkurnaz & Wang, 2022; Pickles et al., 2018). Although it is still 

under investigation, mitochondrial fusion could allow communication of mitochondrial matrix 

component (i.e., mitochondrial DNA (mtDNA) and proteins) and enhancement of OXPHOS 

capacity (Mishra & Chan, 2016; Pickles et al., 2018). In normoxia, mitochondria produce ATP 

through OXPHOS in tubular networks (Friedman & Nunnari, 2014). During hypoxia, single 

mitochondrion appear due to fission, and even trigger mitophagy through selective autophagy 

pathways, all to help maintain mitochondrial integrity, Ca2+ buffering, and ROS concentration, as 

well as to reduce OXPHOS activity (Fuhrmann & Brune, 2017; Giacomello et al., 2020; Tilokani 

et al., 2018; S. Wang et al., 2022). For example, hypoxic fusion of mitochondria and enhanced 

network formation promotes protective effects and is associated with cell survival and proliferation 

(Archacka et al., 2021; Rambold et al., 2011). Interestingly, hypoxia-induced mitochondrial fission 

will trigger cell death in some cell types (Ong et al., 2010; Zhang et al., 2018), but could be a 

strategy of survival during hypoxia in others (Han et al., 2019; Parra et al., 2017). 

Overall, mitochondrial function is tightly coupled to the dynamics of mitochondrial 

networks through complicated processes. Additionally, mitochondrial dynamics are regulated by 

not only cellular metabolism (which may be supressed during hypoxia), but also as downstream 

targets for cellular responses and adaptations that are associated with cellular signalling 

messengers and events, such as ROS-induced transcriptional processing and Ca2+ signalling. Thus, 
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mitochondrial function and dynamics interact extensively with hypoxic conditions via various 

pathways. 

 

1.4 The impact of hypoxia on BAT 

Hypoxia can trigger adipose tissue dysfunction, including ROS (Zhang et al., 2011) and 

Ca2+ stress (Al-Anazi et al., 2018), and adipocyte death (Ye, 2009). Adipose tissue indirectly 

regulates systemic metabolism and plays critical roles in the development of metabolic diseases, 

such as ischemic stroke (Haley et al., 2017) and obesity (Cinti, 2006). When body fat content 

exceeds > 20% of body mass, adipose tissue hypoxia may occur and induce mitochondrial 

oxidative stress, inflammatory responses, and adipocyte death in adipose tissue (Ye, 2009; Zhang 

et al., 2011).  

Beyond pathological effects of hypoxia, adipose tissue, and particularly BAT, is essential 

for non-shivering thermogenesis and cold acclimation-recruited norepinephrine-regulated 

thermogenesis in mammals, which involves oxidation of lipid and glucose fuels in mitochondria 

(Cannon & Nedergaard, 2004). BAT uses large amounts of O2 for non-shivering thermogenesis to 

maintain Tb in mammals, and particularly small mammals (Foster & Frydman, 1978), and is 

therefore an O2- and energetically-expensive process. For example, blood perfusion to BAT 

doubles in human during cold acclimation (Orava et al., 2011) and this tissue combusts large 

amounts of lipids and glucose (Cannon & Nedergaard, 2004), in addition, BAT is responsible for 

more than half of total non-shivering thermogenesis in rats acclimated to the cold (Foster & 

Frydman, 1978).  

In hypoxia, most small animals reduce Tb to suppress metabolic demand and provide 

energy savings (Frappell et al., 1992; Tattersall et al., 2002). This can be achieved in many ways. 
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First, behavioural selection of lower temperatures may support reduced Tb in hypoxia and has been 

reported in hypoxic mice and rats to reduce Tb (Gordon & Fogelson, 1991). Other physiological 

responses, such as facilitating heat loss and the transfer of core body heat to the periphery, occurs 

in other rodents (Mortola & Feher, 1998; Tattersall & Milsom, 2003).  

 BAT is responsible for non-shivering thermogenesis through its thermogenic uncoupling 

protein1 (UCP1), and plays an important role in maintaining Tb, particularly in small heterothermic 

and homeothermic animals (Cannon & Nedergaard, 2004). In hypoxia or other hypometabolic 

conditions, many small mammals reduce Tb by suppressing non-shivering thermogenesis to 

preserve O2 availability (Madden & Morrison, 2005; Mortola et al., 1999; Mortola & Naso, 1997; 

Tattersall & Milsom, 2009). For example, changes in the amount of BAT and the total 

mitochondrial content within BAT contribute to maintaining Tb in ground squirrels during 

hibernation and cold acclimation (Ballinger & Andrews, 2018; Barger et al., 2006; Milner et al., 

1989). Similarly, a handful of studies report that acute hypoxia may interfere with BAT function 

(Martinez et al., 2010; Martinez et al., 2008); however, no studies have explored how BAT 

mitochondria contributes to Tb reduction in mammals experiencing acute or intermittent hypoxia. 

The mechanisms via which non-shivering thermogenesis is regulated in hypoxia are 

complex and under active investigation. For example, in mice, several studies have demonstrated 

that hypoxia stimulates the expression and secretion of adipokines, enhances glucose uptake and 

elevates glycolysis in adipose tissue, and reduces BAT thermogenic capacity (Basse et al., 2017; 

Trayhurn & Alomar, 2015; Trayhurn et al., 2008). Furthermore, deletion of HIF2α, a transcription 

factor that senses O2, may result in adipose tissue dysfunction, including insulin resistance, and 

dysfunction of mitochondrial UCP1 expression, resulting in a reduced thermogenic response to 
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cold exposure (Garcia-Martin et al., 2016). Conversely, mechanisms of BAT regulation have 

received minimal attention in hypoxia-tolerant species and have not been explored in NMRs. 

 

1.5 The impact of hypoxia on brain  

Like adipose tissue, brain has a high metabolic demand and requires significant O2 to 

function; however, brain is also particularly sensitive to hypoxia and most mammalian brains are 

rapidly and severely damaged when O2 is limited for even a very short duration. Specifically, most 

adult mammals suffer brain damage and dysfunction after just a few minutes of hypoxia, resulting 

from reductions of ATP availability due to the impairment of aerobic metabolism, and the resulting 

inability to sustain ATP-dependent processes, such as ion pumping to generate neuronal membrane 

potential (Katsura et al., 1994). As neuronal membrane ion gradients run down, brain cells exhibit 

excitotoxicity, which is triggered initially by glutamate accumulation and involves Ca2+ and ROS 

imbalances (Lai et al., 2014). Downstream of this, hypoxia activates a wide range of cell death 

pathways, including autophagy, apoptosis, and necrosis, all of which are implicated in neuronal 

loss, which drives deficits in physical function during and following hypoxic or ischemic 

challenges to brain (Perez-Pinzon et al., 2012; Sekerdag et al., 2018; Thornton et al., 2017; Zarruk 

et al., 2018). Thus, although the severity, type, exposure duration, and frequency of hypoxia may 

vary, it is well-established that hypoxia is a critical factor in many neurological pathologies and 

diseases in hypoxia-intolerant mammals (Burtscher et al., 2021).  

For example, hypoxia is a critical component of ischemic stroke, which accounts for larger 

than 80% of stroke cases (Virani et al., 2020). Ischemic stroke is associated with 

reduction/prevention of cerebral arterial blood flow due to clotting or obstruction in blood vessels, 

which reduces O2 delivery to the affected area, resulting in hypoxia-ischemia brain damage. 
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Ischemic stroke is one of the leading causes of disability and is associated with long-term poor 

functional and clinical outcomes, such as lost function of memory and learning, and speech 

problems (Ferdinand & Roffe, 2016; Powers, 2020). Similarly, physical functions, such as motor 

speed and precision, may be negatively affected at altitude (hypobaric hypoxia) compared to sea 

level performance (Hornbein et al., 1989). Moreover, acute and chronic hypoxia can impair 

cognitive functions, including attention, and learning and memory in rodents and humans (Deguil 

et al., 2016; Turner et al., 2015; X. Wang et al., 2022). Additionally, cerebral hypoxia is a 

contributing factor to the detrimental impacts of many neurodegenerative diseases, including 

Alzheimer’s disease and Parkinson’s disease (Peers et al., 2009). For example, hypoxia arising 

from cardiovascular and respiratory disorders is associated with Alzheimer’s disease through 

vessel damage (Kalback et al., 2004; Skoog & Gustafson, 2006). Similarly, exacerbation of 

respiratory failure is associated with subnormal sensitivity to hypoxia in Parkinson’s disease 

patients (Onodera et al., 2000). 

On the other hand, hypoxia-tolerant mammals can survive periods of hypoxic exposure 

without apparent brain damage and may employ multiple approaches to protect brain from low O2 

stress. For example, arctic ground squirrels decrease ventilation during hypoxia (7% O2) (Ma et 

al., 2009), but their brain remains well oxygenated with no evidence of cellular stress, neuronal 

pathology, or oxidative modification during hypoxia (around 10% O2) (Ma et al., 2005). Indeed, 

this tolerance extends beyond hypoxia to cerebral ischemia from asphyxia and cardiac arrest (Dave 

et al., 2006). The mechanisms underlying this tolerance are complex, and include OXPHOS-

independent energy supply (Larson et al., 2014), which remains under investigation. Similarly, 

Brandt’s voles do not have significant learning deficits or neuronal loss (Li et al., 2021) or 

apoptotic cell damage (X. J. Li et al., 2022) following hypoxic stress (5-10% O2 for 6-48 h). On 
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the other hand, hypoxia acclimation significantly changes (either enhances or reduces) their 

antioxidant responses on the molecular level, and these changes vary across tissues (e.g., brain, 

liver, and kidney) (Shi et al., 2022). 13-lined ground squirrels can tolerant 4.5% O2 more than 1 h 

(D'Alecy et al., 1990), partially due to a higher antioxidative capacity through sulfide:quinone 

oxidoreductase (SQOR) activity in brain (also in liver and heart) (Marutani et al., 2021). Thus, 

studies of adaptive mechanisms that mitigate the deleterious impact of hypoxia on the brains of 

hypoxia-tolerant species indicate that there are many potential neuroprotective mechanisms that 

can ameliorate the deleterious effects of environmental or systemic hypoxia in brain. Clearly 

studying these mechanisms in different hypoxia-tolerant species may be fruitful in advancing our 

understanding of how to protect mammal brain against low O2 stress. 

 

1.6 The impact of hypoxia on skeletal muscle  

Skeletal muscle is the largest organ in the body for supporting physical activity (Pedersen, 

2013). During exercise, skeletal muscle is a major O2 consumer in the body. For example, blood 

flow to exercising muscle increases > 30-fold (Bangsbo & Hellsten, 1998), and O2 uptake can 

reach up to 350 mL min-1 kg-1 in active muscle (Bangsbo, 2000). As a result, skeletal muscle often 

experiences localized and acute hypoxia when exercising because O2 supply cannot be sustained 

to match the metabolic demands of contracting muscle beyond a certain intensity of physical 

activity (Joyner & Casey, 2015). This exercise-induced local hypoxia is compounded when 

superimposed on hypoxia in animals that live and/or exercise in hypoxic environments (Hoppeler 

et al., 2003; Lundby et al., 2009). Indeed, beyond exercise, hypoxia in skeletal muscle may arise 

due to life in high altitude conditions or pathologies incorporating hypoxia (e.g., diseases of the 

cardio-respiratory system associated with reduced arterial O2 saturation (Chaillou, 2018)). In either 
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case, and because of regular exposure to hypoxia in a normal physiological context when 

exercising, skeletal muscle is relatively tolerant to hypoxic conditions. However, although skeletal 

muscle experiences hypoxia regularly and is somewhat hypoxia-tolerant relative to other tissues, 

it may still exhibit damage during low O2 stress. For example, ROS formation can lead to oxidative 

damage in hypoxic skeletal muscle during and after exercise (Bailey et al., 2004; Kerksick & Zuhl, 

2015; Steinbacher & Eckl, 2015). This ROS imbalance is primarily due to low levels O2 

availability (Richardson et al., 1995), and related changes in redox state (Clanton, 2007; Sahlin et 

al., 1987).  

The impact of hypoxia on skeletal muscle has been extensively investigated, including 

effects on the structure, metabolism, and function of skeletal muscle (Breen et al., 2008; Shortt et 

al., 2013; Slot et al., 2016). A general conclusion is that muscle composition and function 

following training in acute hypoxia, when not too severe, are similar but not identical to in 

normoxia (Bailey et al., 2000; Hoppeler & Vogt, 2001; Melissa et al., 1997). However, changes in 

muscle composition and function following hypoxic exposure depend on the training conditions 

and the fitness of the individuals, and often occur with repeated or prolonged exposure. For 

instance, hypoxic training (hypobaric hypoxia corresponding to an altitude of 2,300 m  for 4 weeks; 

3–4 training sessions of 30 min per day) significantly improves time to fatigue, and increases CS 

activity and myoglobin concentration (Terrados et al., 1990). Similarly, training under moderate 

normobaric hypoxic conditions (13.5% O2, 8 weeks; 3 training sessions of 30 min per day) 

significantly enhances muscle CS activity when compared to training under normoxic conditions 

(Melissa et al., 1997). However, hypoxic training may not significantly change skeletal muscle 

structure and function beyond changes induced by normoxic training (Lundby et al., 2009). For 

example, some studies suggest that there is no difference in myoglobin concentration, muscle fiber 
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composition, capillarity, or CS activity following hypoxia training (hypobaric hypoxia 

corresponding to an altitude of 2,500 m for 8 weeks, 1 training sessions of 15 min every two days) 

(Masuda et al., 2001).  

Chronic hypoxia may induce various adaptive responses in skeletal muscle, including 

enhanced enzyme activity and function (Jackson et al., 1987; Reynafarje, 1962). On the other hand, 

several studies suggest that decreases in fiber size and muscle atrophy might be a direct 

consequence of chronic hypoxia exposure (Hoppeler et al., 1990; Kayser, 1992; MacDougall et al., 

1991). At the cellular level (in C2C12 skeletal muscle cells), in vitro hypoxia may promote muscle 

differentiation and hypertrophy by increasing the expression of related proteins (e.g., myogenin, 

mammalian target of rapamycin (mTOR), and ribosomal protein S6 kinase beta-1) (Sakushima et 

al., 2020). Additionally, hypoxic training may increase mitochondrial density (Vogt et al., 2001), 

and improve mitochondrial coupling between energy utilization and production sites, but may not 

alter mitochondrial function (Ponsot et al., 2006). Increases in mitochondrial density and 

respiratory efficiency might result in increased mitochondrial enzyme activity in some cases, and 

physiologically provide a tighter integration between ATP demand, supply, and antioxidative 

capacity under hypoxia (i.e., exercise-induced muscle hypoxia). In hypoxia-tolerant mammals, 

chronic or lifelong exposure to hypoxia may impact skeletal muscle. For example, deer mice 

(Peromyscus maniculatus) skeletal muscle has a unique phenotype that contributes to their 

hypoxia-tolerance, e.g., enhanced mitochondrial respiratory capacity and O2 affinity (Dawson & 

Scott, 2022; Nikel et al., 2018).  

In addition, skeletal muscle is the source of shivering thermogenesis, which is the most 

effective way of heat production in cold conditions (Stocks et al., 2004). Unfortunately, very few 

studies have examined hypoxia-mediated changes in shivering thermogenesis, although a recent 
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study in humans suggested that the combination of cold and hypoxia expedited the onset of 

shivering, possibly due to a faster cooling rate in hypometabolic conditions (Arnold et al., 2021). 

In summary, environmental hypoxia and training in hypoxia likely enhances muscle function 

and therefore hypoxia tolerance, but the impact of such training is highly variable depending on 

the duration of training and hypoxia, the depth of hypoxia exposure, and the muscle and species 

under study. Broadly, the cellular and molecular changes underlying these effects warrants further 

study and these putative adaptations have received particularly minimal attention in hypoxia-

tolerant species that experience chronic or intermittent hypoxia in nature. 

 

1.7 Adaptations supporting hypoxia-tolerance in NMRs  

In addition to those discussed above, there are numerous species that have received 

considerable study as model organisms of hypoxia-tolerance. Perhaps one of the most well-studied 

hypoxia-tolerant small mammal model organisms are NMRs, which are the primary subject of my 

thesis. NMRs are among the most hypoxia-tolerant mammals identified. Notably, the O2 

concentration in NMR burrows has not been well-characterized, however, it is reasonable to 

speculate that variable hypoxia should be exist due to large numbers of individuals respiring in a 

confined area (Buffenstein et al., 2022; Holtze et al., 2018; Šumbera et al., 2006). Nonetheless, in 

a laboratory setting NMRs can tolerate minutes of anoxia (Park et al., 2017), hours at 3% O2 

(Pamenter et al., 2018), and weeks at 8-10% O2 (Chung et al., 2016). Moreover, NMRs can 

maintain physical activity and consciousness in anoxia for 100 s, and then recover within 4-6 min, 

whereas mice die from the same treatment (Hartung & Cottrell, 1987; Ilacqua et al., 2017).  

In support of this tolerance, NMRs have a low resting metabolic rate (O'Connor et al., 

2002), and like many other hypoxia-tolerant animals (Frappell et al., 1992), they drastically supress 
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O2 consumption as a key defense strategy to cope with hypoxia. For example, during acute hypoxia 

(4 h, 3% O2), the whole animal metabolic rate of NMRs is depressed >85% (Pamenter et al., 2018). 

On the other hand, NMRs maintain basic physiological functions during hypoxia, including 

physical activity such as movement and work (e.g., digging) within their environment, albeit at a 

reduced level. This ability is partially supported by a high O2 affinity for hemoglobin (Johansen et 

al., 1976), but there is also considerable emerging evidence that NMRs employ tissue-specific 

responses to adapt to hypoxia and prioritize the function of some tissues over others (and even 

some regions within a given tissue) when O2 is limited (Pamenter, 2022). 

 

1.7.1. Thermoregulatory adaptations to hypoxia in NMRs There were two reported 

mechanisms of maintaining Tb in NMRs, ectothermic mechanisms of huddling (S. Yahav & R. 

Buffenstein, 1991) and endothermic heat‐generating mechanisms using BAT (Daly et al., 1997) 

for non‐shivering thermogenesis (Hislop & Buffenstein, 1994). Recently, shivering and BAT-

dependent non-shivering thermogenesis were proposed to  contribute to the maintenance of Tb at 

low Ta  (20°C) in NMRs (Oiwa et al., 2020). NMRs are mammals with relatively low Tb and basal 

metabolic rate relative to other small mammals (e.g., mouse and rat) that live in an environment 

with relatively variable Ta (< 25 °C to > 45 °C) (Holtze et al., 2018). Under hypoxia conditions, 

NMRs reduce Tb to near ambient levels (Ilacqua et al., 2017; Kirby et al., 2018; Pamenter et al., 

2019a), and this change is not due to mechanisms of evaporative cooling or vasodilation 

(Vandewint et al., 2019). Thus, it is highly possible that NMR may suppress non‐shivering 

thermogenesis to reduce Tb in hypoxia. Indeed, we recently noticed that  rapidly turn off non-

shivering thermogenesis in brown fat tissue within 1 h of 7% O2 exposure (Sebaa & Harper, 2020). 

However, the underlying mechanisms are unclear. 
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1.7.2. Adaptation to hypoxia in NMR brain Consistent with whole animal O2 

consumption repression, NMR brain mitochondrial respiratory capacity also exhibits an equal 

depression in vitro (Pamenter et al., 2018). Also in brain, Na+/K+ ATPase activity is regionally 

regulated, and overall activity is reduced during in vivo acute hypoxia ((3% O2 for 4 h; (Farhat et 

al., 2021) and see Chapter 3). Notably, ATP concentration in NMR brain does not change during 

acute hypoxia, indicating that a new energetic balance is achieved, but creatine phosphate is > 2-

fold higher (Pamenter et al., 2019a), which suggests that there may be other sources of ATP 

production aside from mitochondrial OXPHOS. Recently, next-generation sequencing indicated 

that in vivo acute hypoxia (7% O2 for 4 h) coordinates anaerobic glycolytic fuel sources and 

induces anaerobic glycolysis in NMR brain, while also suppressing energy expensive processes, 

such as de novo protein translation and cellular proliferation (Hadj-Moussa et al., 2021b). Several 

additional pathways may help conserve O2 and ATP in hypoxic NMR brain, such as reducing 

protein biosynthesis regulated by the Akt/mTOR pathway (Al-Attar et al., 2020), suppressing 

ATP-dependent heat shock proteins (Nguyen et al., 2019), modifications of glycolysis and immune 

function via the peptidylarginine deiminase (PAD) family (Pamenter et al., 2019b), and 

microRNA-mediated changes to various metabolic pathways (Hadj-Moussa et al., 2021b).  

 Importantly, there is no evidence of brain damage in NMR brain during acute or chronic 

hypoxia exposure. For example, hypoxic NMR brain exhibits minimal changes in DNA, RNA, 

and protein oxidation, but instead upregulates antioxidant capacity (Hadj-Moussa et al., 2022). In 

hypoxic NMR brain, HIF1α-induced downstream proteins involved in neuroprotection, cell-cycle 

arrest, and the promotion of antiapoptotic functions are widely upregulated (Hawkins et al., 2019). 
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Finally, hypoxia-mediated alterations in Akt/mTOR pathway may also inhibit hypoxia-induced 

apoptosis in NMR brain (Al-Attar et al., 2020).  

Importantly, whereas key cellular messaging systems are deleteriously deranged by 

hypoxia/ischemia in hypoxia-intolerant mouse brain (see above), these systems are largely kept in 

homeostasis in NMR brain. For example, in vitro hypoxia or ischemia do not induce any changes 

in neuronal nitric oxide (NO) (Wang et al., 2020) or ROS in NMR brain (Eaton et al., 2022). NO 

is a form of reactive nitrogen species that can induce excessive nitrosative stress in 

hypoxic/ischemic brain (Ridnour et al., 2004), and, in conjunction with other ROS, results in 

hypoxic oxidative stress (Lubos et al., 2008). In addition, NMR neurons maintain synaptic 

transmission under severe in vitro hypoxia and even recover from 30 min anoxia (Larson & Park, 

2009), 

Similarly, Ca2+, which is a key cellular second messenger but also triggers hyperexcitability, 

hypoxic/ischemic NO bursts (Peeters-Scholte et al., 2002), and increased ROS (Gorlach et al., 

2015) in the brain of hypoxia-intolerant species, is better maintained in NMR brain. For example, 

less Ca2+ influx occurs in NMR brain neurons than mouse neurons during in vitro hypoxia 

(Peterson et al., 2012a). The mechanisms of how hypoxic NMR brain restrict elevation of cytosolic 

[Ca2+] is largely unclear, but is perhaps partially due to relatively high expression of neonatal N-

methyl-D-aspartate receptor (NMDAR) GluN2D subunits (Peterson et al., 2012b), a glutamate 

receptor which permits lower rates of glutamate-induced Ca2+ influx (Dingledine et al., 1999).  

 

1.7.3. Adaptations to hypoxia in NMR skeletal muscle  reduce but do not cease physical 

activity (including time spent active and movement velocity) when acutely exposed to hypoxia 

(Ilacqua et al., 2017). This means that likely reduce O2 consumption by suppressing physical 
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activity, but how the energetic balance of skeletal muscle is impacted by hypoxia in remains 

unclear. A key mechanism for modulating cellular energetics is the AMP-activated protein kinase 

(AMPK) pathway, which is a regulator that regulates energy production through glucose uptake 

and fat oxidation when glycogen levels are low (Long & Zierath, 2006). It is notable that AMPK 

function is inhibited in hypoxic NMR muscle (Hadj-Moussa et al., 2021a). In addition, the 

Akt/mTOR pathway is suppressed in hypoxic muscle (Al-Attar et al., 2020), which would support 

energy preservation. Indeed, glucose and ATP concentration re not reduced but creatine phosphate 

accumulates in hypoxic skeletal muscle (Pamenter et al., 2019a). Together, it is reasonable to 

speculate that hypoxic NMR skeletal muscle might suppress glucose uptake from blood to preserve 

O2 consumption, and instead use other sources of energy, such as anaerobic metabolism, to 

maintain physical activities. This warrants further study.  

Beyond functional regulation of muscle activity in hypoxia, it is also notable that oxidative 

damage is a common consequence of hypoxia in muscle. However, minimal oxidative stress 

damage occurs in hypoxic NMR muscle (Hadj-Moussa et al., 2022). In addition, H2O2 

consumption rates are around two-fold greater in NMR skeletal muscle than mouse (Munro et al., 

2019). These findings suggest that NMR skeletal muscle may be regulated in some fashion in 

hypoxia. As major O2 consumers and ROS generators, mitochondria and how mitochondrial 

functions are changed in hypoxic NMR skeletal muscle warrants further study. 

 

1.8 Study hypothesis and significance 

The main objective of this thesis is to explore mitochondria-related mechanisms of 

hypoxia-tolerance in NMR brown adipose, brain, and muscle tissues. As discussed in the previous 

sections, various tissues may have divergent responses to hypoxia due to their physiological 
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functions, while mitochondria have tissue-specific variations of energy metabolism (Kappler et al., 

2019), mtDNA density (Herbers et al., 2019), enzyme activity (Karahalil et al., 2002), ROS 

production (Panov et al., 2007), Ca2+ management (Patron et al., 2019), and responses to stresses 

(Holmstrom et al., 2012; Pacheu-Grau et al., 2018).  

 

1.8.1. BAT. Recently, functional BAT was reported in NMRs, which contributes to the 

maintenance of Tb (Oiwa et al., 2020). The primary regulator of non-shivering thermogenesis in 

BAT is UCP1, which induces a proton leak to generate heat (Bertholet & Kirichok, 2022). Thus, 

we became interested in how BAT mitochondria are involved in this hypoxia-induced heat 

reduction. We hypothesized that the respiratory function of NMR BAT would be downregulated 

in hypoxia. We further hypothesized that this downregulation would be mediated by changes in 

mitochondrial membrane dynamics that initiate hypoxic responses and regulate UCP1 and 

respiration chain protein expression or function. We predicted that 1) hypoxic mitochondria 

should have active fission and/or mitophagy, which in turn would 2) suppress mitochondrial 

respiration due to functional protein degradation but 3) increase mitochondrial oxidative stress due 

membrane damage. 

 

1.8.2. Brain. Suppression of in vitro mitochondrial function during hypoxia occurs in NMR 

brain (Pamenter et al., 2018), which was proposed to be a mechanism of conserving O2 and 

reducing energy demands to tolerate hypoxia. Like BAT, no study has assessed how NMR brain 

mitochondrial dynamics change in hypoxia, or what regulates mitochondrial metabolic 

suppression in hypoxic NMR brain. We hypothesized that NMR brain mitochondria may have 

different membrane dynamics relative to a hypoxia-intolerance rodent, i.e., mouse. We predicted 
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that 1) hypoxic NMR brain mitochondria will have no or reduced damage during in vivo hypoxia, 

and 2) improved Ca2+ management relative to mouse brain under the same conditions. As a result, 

3) NMR brain mitochondria may have better resistance to ischemia stress than mouse. 

 

1.8.3. Muscle. NMRs reduce O2 consumption and physical activity in hypoxia but stay 

somewhat active and can recover activity within one hour (Houlahan et al., 2018; Ilacqua et al., 

2017; Pamenter et al., 2019a). Thus, we hypothesized that NMR skeletal muscle mitochondrial 

respiratory function should exhibit minimal changes during acute hypoxia. We predicted that 

skeletal muscle mitochondria will 1) not alter OXPHOS capacity to support sustained activity 

under hypoxia and reoxygenation but will instead 2) regulate ROS production to prevent or reduce 

oxidative stress damage. In addition, we predicted that 3) NMR skeletal muscle mitochondria will 

maintain a stable respiratory capacity under chronic hypoxia (Buffenstein et al., 2022). 

 

To test my hypotheses, I examined mitochondrial respiratory function between normoxic 

and hypoxic conditions, including O2 consumption capacity, and H2O2 emission (an indirect 

method of assessing net O2
·− production, which provides insight into mitochondrial electron 

transport regulation). In addition, I evaluated mitochondrial Ca2+ uptake capacity, and how extra-

mitochondrial Ca2+ affects Δψm and OXPHOS function. In addition, I studied adaptive changes in 

mitochondrial dynamics in acute hypoxia in vivo. Specifically, I evaluated mitochondrial 

membrane dynamic protein changes and morphological changes in normoxic and hypoxic 

mitochondria.  

These assessments were performed across brown adipose, brain, and muscle tissues. 

Multiple methods were applied according to the specific responses of each tissue, and the extent 
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and durations of hypoxia (O2 availability) was chosen to reveal responses specific to each tissue 

and species. Overall, we did not report ground-breaking mechanisms in every tissue, however, we 

provided a comprehensive picture of hypoxia-tolerant strategies at the mitochondrial level among 

multiple tissues in NMRs. Notably, whereas some of the mechanisms we describe are like those 

reported in other animals (e.g., mitochondrial respiration suppression), others are reported for the 

first time in any species in this thesis, (e.g., very rapid changes of UCP1 density in BAT, unique 

means of mitochondrial Ca2+ management in brain, and the first report of mitochondrial nanotunnel 

systems in the brain of any species). In addition, we include a case study of hypoxia/ischemia brain 

damage in NMRs in vitro, which supports the hypothesis that mechanisms that are neuroprotective 

against natural environmental hypoxia also confer protection against clinically relevant ischemic 

stresses in this species.     
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2 NMR intrascapular BAT function in hypoxia: heat production, mitochondrial 

dynamics, and mitochondrial respiration 
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2.1 Introduction 

The primary mechanism of cold-induced thermogenesis in small mammals is UCP1-mediated 

mitochondrial uncoupling in BAT (i.e., non-shivering thermogenesis). There is no agreement on 

the exact mechanisms of action of UCP1 function (Nedergaard & Cannon, 2018); however, the 

net outcome of UCP1 activity corresponds to proton transport (Nedergaard et al., 2001). This 

means that protons that were pumped out of the mitochondria matrix by the electron transport 

chain (ETC) can re-enter mitochondria, and mitochondrial respiration (O2 consumption and 

electron transport) can therefore proceed uncoupled from and ATP-synthesis (Argyropoulos & 

Harper, 2002; Nedergaard et al., 2001). As a result, the Δψm is dissipated and the resulting futile 

cycle of proton pumping to regenerate this gradient results in increased heat generation due to the 

innate inefficiency of this biological process, which produces heat as a waste biproduct. In 

inactivated adipose tissue, UCP1 is inhibited by a purine nucleotide di- or triphosphate on the 

cytoplasmic side (Nicholls, 1976), and typically, GDP is applied to isolated mitochondria to inhibit 

UCP1 in experimental conditions (Nedergaard & Cannon, 2018). Mechanisms of UCP1 activation 

and its control still remain to be clarified, but may include an increased ADP/ATP ratio (Xie et al., 

2017), and/or fatty acids (Shabalina et al., 2004). 

Cold-induced thermogenesis is among the most energy-intensive processes in small 

mammals, e.g. around 60% of total cardiac output is directed to BAT depots in cold-acclimated 

rats (Foster & Frydman, 1978). NMRs expend considerable energy to thermoregulate outside of 

their thermoneutral zone and several studies have reported their ability to maintain Tb well above 

Ta in a range of temperatures (Tb -Ta differential ranging from 0.0 to >13.0°C in animals exposed 

to Tas ranging from 37-10°C)  (Buffenstein & Yahav, 1991; Daly et al., 1997; Mcnab, 1966; 
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Withers & Jarvis, 1980; Shlomo Yahav & Rochelle Buffenstein, 1991). In addition, huddled 

NMRs consumed less O2 than individuals to maintain the same Tb (Withers & Jarvis, 1980).  

Mammals, including humans, employ thermoregulatory strategies to reduce Tb and 

facilitate reduced metabolic demand in hypoxia (Frappell et al., 1992; Kottke et al., 1948; Mortola, 

1993; Steiner & Branco, 2002). For example, animals may move to colder environments in 

hypoxia to gain antipyretic energy savings, decrease their Tb set point, and/or shut off thermogenic 

behaviours such as shivering and non-shivering thermogenesis as described in previous chapter 

(Ballinger & Andrews, 2018; Gordon & Fogelson, 1991; Milner et al., 1989; Mortola & Feher, 

1998; Tattersall & Milsom, 2003). Intriguingly, earlier studies in our lab demonstrated that NMRs 

also reduce their Tb in hypoxia. Specifically, NMRs significantly reduce Tb during hypoxia 

independent to Ta (Ilacqua et al., 2017; Kirby et al., 2018), and the extent of Tb reduction is 

negatively related to environmental O2 from 9-3% (Pamenter et al., 2019a). However, NMRs 

prefer a warmer environment, even if in hypoxia and at the expense of potential energy savings. 

For example, they choose warmer (38°C) but not colder (20°C) chambers during a hypoxic episode 

(Kirby et al., 2018). Importantly, hypoxic NMRs significantly reduce time spent active, movement 

speed, and huddling behaviours in hypoxia, although these changes are minor or absent in grouped 

animals (Houlahan et al., 2018). In addition, inhibiting radiative and evaporative cooling strategies 

does not alter the hypoxic change in Tb (Vandewint et al., 2019). Therefore, NMRs do not employ 

behavioural or vascular strategies in support heat loss in hypoxia.  

Although a previous study suggested that NMRs are poikilothermic, more recent work has 

demonstrated that NMRs express functional BAT and are more accurately labelled as heterotherms 

(Oiwa et al., 2020). Recently, it was demonstrated that acute hypoxia (1 h of 7% O2 exposure) 

diminishes interscapular thermogenesis in NMRs (SF. 2.1), via a mechanism by which 
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thermogenic and metabolic proteins in iBAT may be downregulated during hypoxia (Sebaa & 

Harper, 2020). Specifically, hypoxic (1 h of 7% O2 exposure) NMRs decrease iBAT thermogenesis 

at temperatures near or below thermoneutrality, mediated by a significant reduction in iBAT levels 

of UCP1 and OXPHOS proteins (Sebaa & Harper, 2020).  

Based on these studies, we posited that hypoxic NMR iBAT mitochondria might 

selectively suppress functional O2 consumption and the proteins related to non-shivering 

thermogenesis and mitochondrial respiratory function (i.e., UCP1 and OXPHOS proteins) through 

unknown mechanisms. We suspected that the ubiquitin-proteasome system (UPS) might lead to 

the rapid degradation of thermogenic proteins, however, no directly evidence was found (Sebaa & 

Harper, 2020). Another mechanism that had not been tested is mitophagy, a type of mitochondrial 

dynamic that is involved in the regulation of BAT mitochondrial homeostasis in mouse, and which 

impacts BAT heat production, mitochondrial O2 consumption, ROS flux, and Ca2+ management 

(Kazak et al., 2017; Ko et al., 2021; Lu et al., 2018; Moore et al., 2022).   

Due to the significant reductions of thermogenesis in hypoxic NMRs, we hypothesized 

that iBAT mitochondrial function would be changed in hypoxia and predicted that O2 consumption 

and also mitochondrial functions including ROS homeostasis and Ca2+ management, may also be 

altered. We also hypothesized that mitochondrial dynamics participate in the reductions of 

thermogenic proteins. To test these hypotheses, we assessed mitochondrial respiration, H2O2 

emission, and Ca2+ buffering in vitro and also measured changes protein expression and 

mitochondrial morphology following in vivo hypoxia using western blots and transmission 

electron microscopy (TEM), respectively.  
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2.2 Methods 

2.2.1 Ethics approval 

NMRs were group-housed in interconnected multi-cage systems at 30°C and 21% O2 in 50% 

humidity with a 12L:12D light cycle. Animals were fed fresh tubers, vegetables, and fruit, and 

Pronutro cereal supplement ad libitum. Animals were not fasted prior to experimental trials. All 

experimental procedures were approved by the University of Ottawa Animal Care Committee in 

accordance with the Animals for Research Act and by the Canadian Council on Animal Care. Non-

breeding (subordinate) NMRs do not undergo sexual development or express sexual hormones and 

thus we did not take sex into consideration when evaluating our results (Holmes et al., 2009).  

2.2.2 In vivo acute hypoxia treatments  

Subordinate NMRs (adult, 1-2 years old) were exposed to one of four treatment conditions: 

normoxia (21% O2, balance N2), acute hypoxia (4 h, 5%; or 1 h, 3 h, or 4 h in 7% O2, balance N2), 

or hypoxia followed by reoxygenation (4 h in 7% O2 followed by 21% O2, balance N2). Animals 

were not provided with food during the hypoxic treatment periods. 

2.2.3 Collection and analysis of thermographic data  

FLIR thermal images were captured directly to radiometric video files using an infrared 

thermal imaging camera (Make: FLIR, Model: SC 660, Teledyne FLIR, LLC, Wilsonville, OR, 

USA) connected to a computerized acquisition program (Thermacam Researcher Pro v 2.9, 

Teledyne FLIR). Images were captured every 10 s throughout the experimental period. Image 

analysis was as described previously (Greenberg et al., 2012; McCafferty et al., 2013). Briefly, 

emissivity was assumed to be 0.96, air temperature and reflected environment temperatures were 

set to 20, 30, or 36 °C, as appropriate, relative humidity set to 50%, the object distance set to 0.35 m, 

and the transmittance of the Germanium IR window set to 0.95 (determined empirically). Image 
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analysis was conducted by a blinded researcher using images taken every fifth minute during the 

experimental period, and by drawing regions of interest over the interscapular and hind back 

regions. Average temperatures across the entire drawing regions of interest were extracted and 

quantified. Data were corrected using the Thermimage package V3.0 in R. Body temperature 

measurements. Body temperature was measured using a handheld RFID reader that scanned 

individual naked mole-rats instrumented with subcutaneous RFID microchips (Destron Fearing, 

Dallas, TX) every 10 min, with microchip implantation and validation described previously (Kirby 

et al., 2018). 

2.2.4 Tissue collection for molecular biology assessments 

Immediately following treatment, animals were sacrificed by cervical dislocation followed 

by immediate decapitation. iBAT was rapidly dissected on ice and snap-frozen and stored at 

−80 °C until it was used for the western blot, qPCR, and enzymes activity analysis. 

2.2.5 iBAT Mitochondrial isolation  

Whole experiment was performance at 4°C or on ice. Isolated mitochondria were used 

immediately for assessment of respiration and Ca2+ titration; and aliquots were frozen at −80°C 

for subsequent enzyme assays. 

iBAT (~200 mg) was rapidly dissected on ice following cervical dislocation and decapitation, 

minced using scissors and then gently homogenized using a glass mortar with a Teflon pestle (10 

strokes) in 2 ml homogenization buffer (250 mM sucrose, 1 mM EGTA, 10 mM HEPES, 1mg/ml 

BSA, pH 7.4) (McFarlane et al., 2017). Homogenization was then centrifuged for 10 min at 5,000 

g. Top fat layer was discarded followed by resuspended pellet in ice-cold homogenization buffer 

and centrifuged for 5 min at 600 g. Supernatant was transferred to a clean, ice-cold tube, and then 
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centrifuged at 5,000 g for 5 min. Discard clear supernatant and the mitochondria were resuspended 

in ice-cold Tris solution (~200 µl, KCl 105 mM, Tris-HCl 50 mM, pH 7.1). 

2.2.6 Isolated iBAT mitochondrial respiration and H2O2 emission 

Rates of O2 consumption and H2O2 emission were monitored simultaneously using an 

Oroboros O2k (Oroboros, Innsbruck, Austria) equipped with a fluorescence detection module 

mounted with the appropriate excitation and emission filters for the fluorescent probe Amplex 

UltraRed (AUR), as described previously (Cheng, Munro, et al., 2021). Briefly, AUR (10 µM), 

SOD (10 IU/ml), and horseradish peroxidase (2 IU/ml) were added to 2 ml respiration medium 

containing (in mM): KCl 120, HEPES 20, KH2PO4 20, MgCl2 2.5, EGTA 1, and BSA 0.045; pH 

7.2, followed by isolated mitochondria (~20 µg protein/ml, biuret method), and held at 32°C. An 

O2 range of 200 µM to 80 µM in the air-saturated medium was maintained during the whole 

measurement (Makrecka-Kuka et al., 2015). 

Baseline values for O2 consumption and H2O2 production were measured following 

addition of mitochondria to chambers without effectors. Substrate-uncoupler-inhibitor titration 

(SUIT) protocols were sequentially performed as indicated below. 

SUIT1 evaluated mitochondrial respiration through the pyruvate dehydrogenase complex 

pathway, and outer-mitochondrial membrane integrity. The following components were added 

sequentially: pyruvate/malate to induce UCP1-dependent respiration by carbohydrates from 

complex I, GDP to block UCP1-dependent respiration, ADP to induce OXPHOS respiration from 

complex I, cytochrome c to assess outer-mitochondrial membrane damage. 

SUIT2 evaluated mitochondrial respiration through the fatty acid oxidation pathway and 

complexes I–II maximal capacity. The following components were added 

sequentially: octanoylcarnitine/malate induce UCP1-dependent reparation by fatty acid, GDP to 
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block UCP1-dependent respiration, ADP to induce OXPHOS respiration, pyruvate and glutamate  

to induce maximal OXPHOS respiration from complex I, succinate to induce maximal OXPHOS 

respiration from complexes I&II, CCCP to induce maximal electron transport capacity from 

complexes I&II. 

SUIT3 evaluated mitochondrial respiration through the succinate dehydrogenase complex 

pathway and complex IV maximal capacity. The following components were added sequentially: 

succinate to induce UCP1-dependent respiration by carbohydrates from complex II, GDP to block 

UCP1-induced respiration, rotenone to block complex I, ADP to induce OXPHOS respiration from 

complex II, antimycin A followed by ascorbate/TMPD to induce maximal complex IV capacity.  

Table 2.1 Substrates for mitochondrial SUIT protocols  

Substrates Abbreviation Working concentration  

Malate M 2 mM 

Pyruvate P 5 mM 

Succinate S 10 mM 

Octanoylcarnitine Oct 0.5 mM 

Ascorbate  ASC 2 mM 

TMPD  TMPD 0.5 mM 

Cytochrome c  CytC 10 µM 

ADP D 1 mM 

GDP G 1 mM 

CCCP U/CCCP 0.5 or1 µM steps to max responses 

Antimycin A  AA 2.5 µM 

Rotenone R 0.5 µM 

Saturating concentrations were determined in pilot experiments (data not shown). Preparation of 

all substrates were as per (Fontana-Ayoub et al., 2016). 

In other experiments, rates of fluorescent product (resorufin) formation were converted to 

micromoles of H2O2 based on a three-point standard curve conducted with isolated mitochondria 

alone and by direct addition of 0.1 µM H2O2 twice to the chamber. 
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2.2.7 Ca2+ uptake experiment 

Ca2+ uptake by isolated iBAT mitochondria (~20 µg protein/ml, biuret method) was 

estimated with the Ca2+ sensitive Calcium green 5-N fluorescent dye using an Oroboros and 

methods modified from (Spinazzi et al., 2019) at physiological temperatures (32°C). Ca2+ titrations 

were measured in an EGTA free medium (in mM: KCl 120, HEPES 20, KH2PO4 20, MgCl2 2.5, 

NaCl 5, and BSA 0.03, 1 µM Calcium green 5-N; pH 7.2). Substrates combinations including 10 

mM glutamate, 5 mM pyruvate, 5 mM malate, 1 mM GDP, 1 mM ADP, and individual 

experiments were performed using different substrate combinations (including 

glutamate/pyruvate/malate/GDP/ADP (UCP1-independent), glutamate/pyruvate/malate, 

glutamate/pyruvate/malate/ADP (UCP1-dependent), glutamate/pyruvate/malate/GDP (membrane 

potential dependent)). Following 5-10 mins equilibration, mitochondria were exposed to 

Ca2+ titrations (20 µM per bolus, with 5 mins following the first injection and 2 min following 

each subsequent injection), and fluorescence reductions represented mitochondrial Ca2+ uptake. 

mPTP opening was detected as a fluorescence increase and the overall titrated Ca2+ represented as 

maximal Ca2+ resistance capacity. Ca2+ uptake rates were calculated within first 5 mins of 

fluorescence reducing using “One phase decay-equation” in GraphPad Prism 9 (GraphPad Prism, 

La Jolla, CA, USA). 

2.2.8 Na+/K+-ATPase activity measurement  

Frozen tissue was weighed (~50 mg) and homogenized on ice with a sonicator in a 4:1 

SEI:SEID buffer (SEI: 250 mM sucrose, 10 mM EDTA, 42 mM imidazole, pH 7.3; SEID: 100 mL 

SEI + 0.5 g sodium deoxycholate). Homogenates were then centrifuged at 10,000x g for 5 min at 

4oC, top fat layer was discarded, and the resulting supernatant was directly used in the assay.  
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Na+/K+-ATPase activity was measured using commercial Na+/K+-ATPase activity assay kit 

(Elabscience, Cat # E-BC-K539-M), ATPase activity was expressed as nmol Pi mg-1
protein min-1 

where protein content was quantified by performing a Biuret test. 

2.2.9 CS enzyme analysis 

CS enzyme activity was measured using a method modified from (Farhat et al., 2020). 

Briefly, 50 mg of tissue was weighed and homogenized on ice in 1 ml of extraction solution (20 

mM Tris-HCl, 1 mM EDTA, and 0.1% (v/v) Triton X-100, pH 7.2). Homogenates were then 

centrifuged at 4°C at 10,000g for 10 min, top fat layer was discarded, and the supernatant was 

immediately used to assay CS activity. The CS activity was measured in assay buffer (50 mM Tris-

HCl, 0.5 mM oxaloacetate, 0.1 mM acetyl CoA, 0.2 mM 5,5′-dithiobis-(2-nitrobenzoic acid) 

(DTNB), pH 8.1) as the increase in the slope of the absorbance at 412 nm during 5 min (Alp et al., 

1976), and was determined at 32°C using a Spectra Max Plus384 Absorbance Microplate Reader 

(Molecular Devices, Sunnyvale, CA). Concentrations used in the assay were saturating and not 

inhibitory, as determined from preliminary experiments. Substrate-free controls were run 

simultaneously to determine background activity. Enzyme activity was normalized to total soluble 

protein, which was quantified with a Biuret test. 

2.2.10 qPCR for mitochondrial DNA quantification 

Tissues were homogenized using a glass tissue grinder (PYREX, CAT# 77241) at 50 mg 

wet weight/ml in lysis Solution (25 mM NaOH, 0.2 mM EDTA), then incubated at 95°C for 30 

min, followed by centrifugation at 10,000 rpm for 5 min at 4°C. Top fat layer was discarded, and 

the supernatant was then collected and mixed with an equal volume of 40 mM Tris-HCl (Truett et 

al., 2000). DNA concentrations ere quantified using a NanoDrop Spectrophotometer (ND-1000, 

Thermofisher Scientific, Napean, ON, CAN). The relative mtDNA/nDNA ratios were measured 
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by qPCR using a Rotor-Gene Q (Qiagen Inc., Montreal, QC, CAN), with a reaction medium 

containing 5 μl qPCR SYBR Green Mix (A600A; Promega, Madison, WI, USA), 0.1 μM primer 

(Primers are listed in Table 7.1), 2 μl DNA (optimal dilutions were determined previously), and 

H2O; total volume 10 μl). The copy number of mtDNA was calculated using the following formula 

(Quiros et al., 2017): 

a) ∆Ct = Ct (nDNA gene) – Ct (mtDNA gene)  

b) Copies of mtDNA = 2 × 2∆∆Ct  

c) Relative mtDNA content = mtDNA treatment/mtDNA normoxic 

 

Table 2.2 List of primers for mtDNA quantification. 

Species Target Sequence (5’ to 3’) 

NMR 

16S mitochondrial 

ribosomal RNA 

GTACCGCAAGGGAAAGATGAAAG 

TAGCTCGTTTGGTTTCGGGGTT 

beta 2-

microglobulin 

GCCAAACTACTTGAACTGCTATG 

GTCCAGTCCTTGCTGAAAGA 

 

2.2.11 Western blot 

iBAT tissue was homogenized by sonication (20 times, 1s/time) at 100 mg/ml (W/V) in 

radio-Immunoprecipitation Assay (RIPA) buffer with protease inhibitors and phosphatase 

inhibitors. The homogenate was spun at 12,000g for 10 min at 4 °C. The supernatant was kept for 

protein concentration measurements using the Biuret assay and followed by SDS-PAGE. First, 

10–50 μg of protein was loaded per lane onto a 12 or15% SDS-polyacrylamide gel, which in turn 

was run for 1–1.5 h at 130 V. The separated proteins were then transferred to a nitrocellulose 

membrane for 1 hr at 100 V. Successful transfer was determined by Ponceau S staining. 

Membranes were then incubated with 5% bovine serum albumin for 60 min to block non-specific 
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binding sites. Levels of specific proteins were determined using the antibodies listed in Table 7.2. 

Quantification was performed using ImageJ software (V1.53j, NIH, Bethesda, MD). 
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Table 2.3 List of antibodies. 

Target Vendor Cat # 

AIF Abcam ab32516 

BAX Santa Cruz SC-526 

Bcl2 Santa Cruz sc-492 

BNIP3 Abclonal A19593 

Caspase-3 Abclonal A0214 

Drp1 Abclonal A2586 

Drp1-S616 Abclonal AP0849 

Drp1-S637 CST 4867 

Fis1 Abclonal A19666 

LC3B Abclonal A19665 

MFF Abclonal A4874 

MFN1 Abclonal A9880 

NIX Abclonal A6283 

MFN2 Abclonal A19678 

OPA1 Abclonal A9833 

OXPHOS rodent cocktail Abcam ab110413 

p53 CST 2524 

p62 Abclonal A11483 

Parkin Abclonal A0968 

Pink1 Abclonal A7131 

RAB7A Abclonal A12784 

TBC1D15 Abclonal A10593 

TOM20 Abclonal A19403 

ubiquitin Abcam ab7780 

UCP1 Sigma U6382 

UCP3 Abcam ab3477 

Rabbit IgG (secondary) Thermofisher 31458 

Mouse IgG (secondary) Thermofisher A16017 

Polyclonal antibodies were diluted at 1 µg/ml in 3-5% BSA, 

monoclonal antibodies were diluted at 0.5 µg/ml in 3-5% BSA, 

Secondary antibodies were diluted at 0.1 µg/ml in 3-5% BSA. 
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2.2.12 TEM 

Immediately following in vivo treatments (section 2.2.2), animals were anesthetized with 

ketamine (200 mg/kg) + xylazine (10 mg/kg) and then rapidly returned to their treatment condition 

until they had lost consciousness, to minimize reoxygenation of hypoxic animals. Animals were 

then perfusion-fixed via cardiac puncture using 2% formaldehyde and 2.5% glutaraldehyde. 

Following fixation, iBAT was dissected and further fixed overnight at 4°C in 2.5% glutaraldehyde 

in 0.15 M sodium cacodylate buffer, pH 7.4, and washed three times with washing buffer. Samples 

were post-fixed with 1% aqueous OsO4 + 1.5% aqueous potassium ferrocyanide for 2 h and 

washed three times with washing buffer. Specimens were dehydrated in a graded ethanol-dH2O 

from 30%, 50%, 70%, 80%, 90%, to 100% ethanol. The samples were infiltrated with a graded 

Epon-ethanol series (1:1, 3:1), embedded in 100% Epon and then polymerized in an oven at 60°C 

for 48 h. Ultra-thin sections (90–100 nm thick) were prepared from the polymerized blocks with a 

Diatome diamond knife using a Leica Microsystems EM UC7 ultramicrotome (Leica Biosystems, 

Buffalo Grove, IL, USA), transferred onto 200-mesh copper grids, and stained with 4% uranyl 

acetate for 6 min and Reynold’s lead for 5 min. The TEM grids were imaged by a FEI Tecnai 

G2 Spirit 120 kV TEM equipped with a Gatan Ultrascan 4000 CCD Camera Model 895. The 

proprietary Digital Micrograph 16-bit images (DM3) were converted to unsigned 8-bit TIFF 

images. Image analysis was performed blinded and using ImageJ (NIH) on micrographs obtained 

at 9000X (9k) or 19,000X (19k) magnifications. Metrics quantified included (i) total mitochondrial 

area normalized to cytoplasm area (%) from 9k micrographs, (ii) maximal length (mm) of 

individual mitochondria average from 19k micrograph, as well as (iii) average cristae number 

(1/mm2) and total length (mm/mm2) normalized to mitochondrial area from 19k micrographs. All 

metrics were quantified manually from scaled micrographs, using tools of Polygon and Freehand 

https://www.nature.com/articles/s41467-021-27170-2#ref-CR2
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Selections (mitochondrial and cytoplasmic area; cristae length) or Straight Line (mitochondrial 

max length), followed by the Measure function. We would like to thank Drs. S. Kelly Sears and 

Jeannie Mui from the Facility for Electron Microscopy Research at McGill University for TEM 

services and Dr. Ryan Russell, University of Ottawa, for expert advice on electron micrograph 

analyses. 

2.2.13 IHC 

Immediately following in vivo treatments (section 2.2.2), iBAT was dissected, cleaned to 

remove any white adipose, muscle or connective tissues, and then fixed in 10% formalin overnight. 

iBAT was then ethanol dehydrated and stored in 70% ethanol prior to paraffin embedding. 

Embedded tissue was sectioned to the largest surface area. IHC staining was performed on 5 µm 

sections using the Leica Bond™ system using a modification of protocol F that eliminates the post 

primary step when using rabbit antibodies on rodent tissue. Sections were pretreated using sodium 

citrate buffer (pH 6.0, epitope retrieval solution 1) for 20 min. The sections were then incubated 

using a 1:1000 dilution of rabbit UCP-1 for 30 min at room temperature and detected using an 

HRP conjugated compact polymer system. Slides were then stained using DAB as the chromogen, 

counterstained with hematoxylin, mounted and cover slipped. 

After staining, Mirax Viewer Image software (version 1.6) was used to analyze the sections 

in a ZEISS-MIRAX Midi Slide scanning system (Zeiss Microimaging, Oberkochen, Germany, 

and 3DTech, Budapest, Hungary) and digital images were acquired at 20x magnification. Images 

were extracted using Aperio ImageScope software (version 12.3.3; Leica Biosystems), and were 

then processed using Zeiss software ZEN 3.2 (Zen Lite; Carl Zeiss Canada Ltd, Toronto, Canada). 

For lipid droplet analysis of hematoxylin and eosin (H&E)-stained sections, regions of 

interests were carefully selected in each image using the rectangular selective tool bar in the ZEN 
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3.2 software, making sure to avoid blood vessels and edges of the tissue. All the regions of interests 

were converted to a TIFF format. Then, images were analyzed using FIJI (ImageJ version 1.53j; 

NIH) by a blinded researcher. The range thresholding applied across all replicate images in all 

conditions was 200–255 and the range of lipid droplet area analyzed was between 1 and 1000 µm². 

The scale of each image processed was calibrated by adding a scale according to the regions of 

interest analyzed. Finally, the total lipid droplet area of each image was measured, and a percent 

lipid area was calculated using FIJI (Parlee et al., 2014). 

For UCP-1 cell count analysis, DAB-stained images were converted into TIFF format and 

then analyzed using FIJI by a blinded reviewer. For each replicate, two sections of 2000 × 2000 

pixels were randomly taken and analyzed by manual counting of DAB-positive cells. This count 

was then divided by the total number of cells in each section to obtain the percentage of UCP-1-

positive cells. 

2.2.14 Statistical analysis  

All statistical analyses were performed using GraphPad Prism 9 (GraphPad Prism, La Jolla, 

CA, USA). Data were analyzed using two-tailed t-tests (Fig. 2.3C); unpaired multiple t-tests with 

two-stage step-up calculations (SF 2.5); multiple t tests followed by Welch t-test (Fig. 2.3A&B); 

one-way ANOVA with Dunnett multiple comparison (Fig. 2.5&2.6, SF 2.4), or Tukey (Fig. 2.7-

2.9) post-tests; two-way ANOVAs followed by with a Sidak (Fig. 2.1, 2.2, Table 2.1), Dunnett 

(Fig. 2.4), or Tukey (SF 2.1-2.3) multiple comparisons tests. Significance was determined with a 

level of p < 0.05 unless otherwise indicated in results, and all data are expressed as the mean ± 

SEM. 
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2.3 Results 

O2 consumption and H2O2 efflux are suppressed in hypoxic iBAT mitochondria. Interscapular 

heat production is rapidly suppressed during acute hypoxia in NMRs, suggesting that BAT 

mitochondrial function is altered in hypoxia (Ikeda & Yamada, 2020). Therefore, we tested 

mitochondrial respiration and ROS production following in vivo hypoxia (5% O2, 4 h). We found 

that iBAT mitochondria significantly reduced O2 consumption (F1, 8 = 34.72, p = 0.0004, Fig. 2.1A; 

F1, 8 = 17.80, p = 0.0029, Fig. 2.1B; F1, 8 = 31.11, p = 0.0005, Fig. 2.1C) and H2O2 efflux (F1, 8 = 

16.38, p = 0.0037, Fig. 2.1D; F1, 8 = 13.97, p = 0.0029, Fig. 2.1E; F1, 8 = 48.80, p = 0.0001, Fig. 

2.1F) (Fig. 2.1 & Table 2.1). Furthermore, UPC-1 induced (without GDP) and ADP-induced (with 

GDP and ADP) O2 consumption were both suppressed ~ 45%-65% (Fig. 2.1A-C). Mitochondrial 

H2O2 efflux was reduced ~ 45% (Fig. 2.1D-F), but the increase in succinate-induced (without GDP) 

H2O2 efflux was lesser (~20%, p = 0.8207). Conversely, electron leak (H2O2 efflux/O2 

consumption) changed variably depending on mitochondrial electron transport pathways (Fig. 

2.1G-I). Specifically, a significant increase occurred when GDP was applied during pyruvate- 

(~85%, from 1.08 ± 0.09 to 2.01 ± 0.33, p = 0.009, Fig. 2.1G), and octanoylcarnitine- (~ 65%, 

from 0.98 ± 0.15 to 1.62 ± 0.15, p < 0.0001, Fig. 2.1H) fuelled respiration. However, leakage (with 

GDP) was significantly lower during succinate-induced respiration (~27%, from 3.12 ± 0.27 to 

2.28 ± 0.31, p = 0.0091, Fig. 2.1I), but then increased following the addition of rotenone (complex 

I inhibitor, by ~ 120%, from 0.61 ± 0.27 to 1.34 ± 0.22, p = 0.0283, Fig. 2.1I).  

 

ETC reprograming in acute iBAT mitochondria. Mitochondrial ATP generation is driven by the 

ETC (Sokolova et al., 2019). Thus, we analysed the relative changes between OXPHOS function 

and ETC capacity. We found that O2 consumption with each substrate was significantly reduced 



 42 

when normalized to either complex I-II electron transport (F1, 8 = 66.75, p < 0.0001, Fig. 2.2A) or 

complex IV capacity (F1, 8 = 14.55, p = 0.0051, Fig. 2.2B). Although both leak and OXPHOS 

respiration were reduced (Fig. 2.1A-F & Table 2.4), respiratory control ratios (RCRs, calculated 

as the quotient of OXPHOS capacity to leak respiration (with the UCP inhibitor, GDP), increased 

significantly (~63%-89%, Fig. 2.3A). We also noticed the proportions of uncoupled (UCP1-

induced) O2 consumption had no impact on pyruvate (~6% increase, p = 0.1347, Fig. 2.3B) or 

octanoylcarnitine pathways (~ 3% increase, p = 0.4750, Fig. 2.3B), but significantly increased flux 

through the succinate pathway (~39% increase, p = 0.0024, Fig. 2.3B). Another notable change 

was observed for outer-mitochondrial membrane integrity, where a slight but significant increase 

of cytochrome c-mediated O2 consumption was found in hypoxic iBAT mitochondria (~ 5% 

increase, p = 0.0086, Fig. 2.3C).   

 

Acute hypoxia inhibited mitochondrial Ca2+ uptake rate but did not affect Ca2+ resistance 

capacity. In mouse, low [Ca2+] (half-maximal around 0.1 µM) is essential for heat production in 

BAT mitochondria (de Meis et al., 2010); however, the reduction of UCP1 and respiratory chain 

proteins sensitizes mitochondrial Ca2+ buffering (Kazak et al., 2017). In addition, mitochondrial 

Ca2+ buffering is involved in thermogenic regulation and adiponectin secretion (Al-Anazi et al., 

2018; Connolly & Nedergaard, 1988). Therefore, we tested the impact of hypoxia on the Ca2+-

buffering capacity of NMR iBAT mitochondria. We found that the extra-mitochondria Ca2+ 

resistance of isolated iBAT mitochondria was enhanced by ADP addition (~100% enhanced, Fig. 

2.4A, SF. 2.6E), but were not affected by either hypoxia acclimation or UCP1 inhibition (with 

GDP). However, the Ca2+ uptake rate (Ca2+-binding Calcium green 5-N decay rate, Koff) was 



 43 

significantly decreased by ~50-60% in hypoxic mitochondria with all substrates (Fig. 2.4B, SF. 

2.6A-D). 

 

iBAT UCP1 and OXPHOS proteins are degraded under hypoxia, and more so during prolonged 

in vivo hypoxia. To understand the mechanism underlying the rapid change in interscapular 

thermogenesis and reduction of hypoxic mitochondrial respiration, we held NMRs in normoxia or 

for 1 or 3 hrs in acute hypoxia (7% O2) at 30 °C, and then sacrificed animals and rapidly dissected 

iBAT. We then examined the expression of thermogenic UCP1 and UCP3 proteins as well as that 

of mitochondrial OXPHOS complexes I–V. We found that, following 1 and 3 hrs of acute hypoxia, 

UCP1 protein expression decreased by 58–62% relative to normoxic controls (Fig. 2.5A, B; 

F2,33 = 10.96, p = 0.0002, n = 19, 11, and 6 biologically independent replicates for normoxia and 1 

and 3 h hypoxia, respectively). UCP3 protein expression tended to decrease with progressive 

hypoxia, but this change did not reach significance (Fig. 2.5A, B; F2,15 = 2.06, p = 0.162, n = 6 

biologically independent replicates each).  

We next analyzed the number of UCP1-expressing cells in iBAT samples using 

immunohistochemical approaches and found that the percent of cells expressing UCP1 decreased 

by ~ 9% at 3 hrs of hypoxia but was unchanged after 1 hr of hypoxia (SF. 2.4; 

F2,19 = 3.684, p = 0.0442, n = 12, 11, and 11 biologically independent replicates for normoxia and 

1 and 3 h hypoxia, respectively). In addition, the expression of mitochondrial ETC complexes I–

IV proteins decreased by 37–63% in 1 and 3 hrs  hypoxia (Fig. 2.5C, D; F4,165 = 60.90, p < 

0.0001, n = 19, 11, and 6 biologically independent replicates for normoxia and 1 and 3 hrs  hypoxia, 

respectively), while the expression of the F1Fo-ATPase (complex V) decreased after 3 hrs  

(p = 0.0032), but not 1 hr of hypoxia exposure (p = 0.6012; Fig. 2.5C, D). We also examined lipid 
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droplet area within the cytoplasm of NMR iBAT samples, but the variability in this analysis was 

large and no significant changes were observed (SF. 2.4E-H; F2,31 = 0.85, p = 0.1461; n = 12, 11, 

and 11 biologically independent replicates for normoxia and 1 and 3 h hypoxia, respectively). 

 

Mild “degradation” and morphological changes of iBAT mitochondria under hypoxia. Our 

observation of rapid changes in iBAT mitochondrial protein expression prompted further 

investigation of the underlying mechanisms. Since UCP1, the ETC complexes, and the F1Fo-

ATPase are all situated within the mitochondrial inner membrane (Busiello et al., 2015; Kuhlbrandt, 

2015), we next examined changes in mitochondrial ultrastructure and cristae morphology in iBAT 

from NMRs exposed to hypoxia in vivo. Using immunoblotting, we measured changes in the 

expression of TOM20, which is located in the mitochondrial outer membrane, as a marker of 

mitochondrial content. Expression of TOM20 exhibited a decreasing trend with progressive 

hypoxia and was significantly reduced by 3 hrs of hypoxia (Fig. 2.6A, B; 

F2,15 = 3.98, p = 0.0428; n = 6 biologically independent replicates each). Consistently, we noticed 

a significant reduction of mtDNA, but no significant change in CS activity in hypoxic iBAT (7% 

O2 for 4 h) (SF. 2.5). 

This change in TOM20 protein and mtDNA prompted further investigation of 

mitochondrial ultrastructure. We next used TEM to examine iBAT mitochondria from NMRs 

treated in normoxia, 1 or 4 h hypoxia, or 4 h of hypoxia with 1 hr of recovery in normoxia. We 

found that iBAT from normoxic NMRs contained abundant mitochondria with dense cristae and 

intact inner membranes. Conversely, mitochondria in iBAT from hypoxic NMRs displayed 

significant morphological alterations. After 1 hr of hypoxia, total mitochondrial area was 

significantly decreased compared with normoxic conditions, consistent with the observed decrease 
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in TOM20; and subsets of mitochondria were more tortuous and had sparser cristae (Fig. 2.6). 

Following 4 h of hypoxia, we measured a significant decrease in cristae length and number (Fig. 

2.6E). After recovery, all structural indices were comparable to normoxic conditions, except 

average cristae number, which failed to fully recover (Fig. 2.6). There were also degradative, 

lysosome-like vacuoles between iBAT mitochondria from hypoxic NMRs (Fig.2.2D, red arrow). 

Next, we performed blinded qualitative analysis of mitochondria ultrastructure and cristae 

morphology (n = 22–42 technical replicates from four biological replicates per treatment; Fig. 

2.6G-J). We found that, during hypoxia, mitochondrial area (as a % of the cytoplasm; 

F3,110 = 19.01, p < 0.0001), cristae length (F3,104 = 23.53, p < 0.0001), and cristae number 

(F3,109 = 14.20, p < 0.0001) were all decreased in hypoxia, whereas mitochondrial length was 

unchanged (F3,134 = 0.77, p = 0.5155). Notably, these ultrastructural changes were all partially or 

completely reversed within 1 hr of recovery in normoxia. 

 

Mitochondrial membrane dynamics are involved in mitochondria morphological changes. It 

was suggested that the reduction of mitochondrial proteins is due to ubiquitination and proteasomal 

degradation in hypoxic NMR iBAT (Sebaa & Harper, 2020). However, no such relationship was 

found because UCP1 and ubiquitin did not co-immunoprecipitate. As we could not find a direct 

link between UCP1 and ubiquitin, we investigated other potential protein degradation mechanisms, 

such as mitophagy. Specifically, we used immunoblotting to explore changes in key activators of 

mitophagy, including parkin, PINK1, p62, FUNDC1, Nix, BNIP3, TBC1D15, RAB7A, and LC3-

I and II proteins in iBAT following 1 or 3 hrs of in vivo hypoxia. There were no increases in the 

expression of any of these proteins in hypoxia, except for LC3-II, which increased ~50% after 

3 hrs of hypoxia (F2,12 = 4.14, p = 0.0441; Fig. 2.7; n = 6–12 biologically independent replicates for 
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each treatment condition). In addition, the expression of BNIP3 decreased 42–53% with 

progressive hypoxia (F2,15 = 6.16, p = 0.0111). This change may be related to the role of this protein 

in regulating apoptosis, instead of in mitophagy (see below)  (Zhang & Ney, 2009). 

Changes in mitochondrial size and shape are often mediated by mitochondrial fission or 

fusion and so we next examined the expression of key mediators of these processes in NMR iBAT 

(Fig. 2.8; n = 6-12 biologically independent replicates each). We found that progressive hypoxia 

increased phosphorylation of DRP1 at serine 616 (DRP-S616; ~2.25-fold increase; 

F2,15 = 4.492, p = 0.0296) and upregulated the expression of FIS1 by 243% at 3 hrs of hypoxia 

(F2,33 = 23.83, p < 0.0001), indicating the occurrence of fission in iBAT mitochondria with acute 

in vivo hypoxia. Conversely, canonical mediators of fusion, including OPA1, and MFN1 and 

MFN2 were unchanged. 

Cellular apoptosis can occur in conjunction with mitophagy and autophagy and/or 

mitochondrial fission events and so we also examined activation of apoptosis pathways (Fig. 

3.5; n = 6 biologically independent replicates each). Intriguingly, we found that key activators of 

apoptosis were downregulated during acute in vivo hypoxia, including p53 (by 38% and 63% at 1 

and 3 hrs hypoxia, respectively; F2,15 = 6.087, p = 0.0116) and caspase 3 (by 83 and 90% in 1 and 

3 hrs hypoxia, respectively; F2,15 = 24.64, p < 0.0001), and BNIP3 (Fig. 2.7, see above), while 

BAX and Bcl-2 remained unchanged. The apoptotic indicator AIF was also unchanged by hypoxia. 
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2.4 Figures and tables 

 
Figure 2.1 Hypoxia decreases mitochondrial respiration, coupling, and H2O2 production in 

NMR iBAT. 

Summaries of (A) pyruvate-, (B) octanoylcarnitine-, and (C) succinate-induced O2 consumption; 

(D) pyruvate-, (E) octanoylcarnitine-, and (F) succinate-induced H2O2 production; and (G) 

pyruvate-, (H) octanoylcarnitine-, and (I) succinate-induced electron leakage (H2O2/O2) from 

iBAT mitochondria isolated from NMRs treated for 4 h in in vivo normoxia or acute hypoxia (5% 

O2). Substrates were added sequentially in the order indicated on the x-axis for each graph. 

Abbreviations: P, pyruvate; M, malate; GDP, guanosine diphosphate; D, ADP; Oct, 

octanoylcarnitine; G, glutamate; S, succinate; R, rotenone; AA, Antimycin A; TMPD, ascorbate + 

N,N,N,N-tetramethyl-p-phenylenediamine; U, carbonyl cyanide m-chlorophenyl hydrazine, n = 5 

biologically independent samples. Data are presented as means ± SEM. Significant differences 

(⁎p < 0.05 normoxia vs. hypoxia) were determined by two-way ANOVAs followed by Sidak 

multiple comparison tests. 
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Figure 2.2 Mitochondrial respiration from iBAT of normoxic and hypoxic NMRs. 

Summaries of complex I-II fuelled O2 consumption normalized to (A) electron transport capacity 

(from 2.1B), and (B) complex IV capacity (from 2.1C). Substrates were added sequentially in the 

order indicated on the x-axis for each graph. Abbreviations: M, malate; Oct, octanoylcarnitine; 

GDP, guanosine diphosphate; D, ADP; P, pyruvate; G, glutamate; S, succinate; R, rotenone; AA, 

Antimycin A; TMPD, ascorbate + N,N,N,N-tetramethyl-p-phenylenediamine, n = 5 biologically 

independent samples. Data are presented as means ± SEM. Significant differences 

(⁎p < 0.05 normoxia vs. hypoxia) were determined using two-way ANOVAs followed by with a 

Sidak multiple comparisons test. 

  



 49 

 

Figure 2.3 Mitochondrial coupling efficiency and outer-membrane damage in iBAT 

following acute in vivo hypoxia. 

Summaries of (A) RCRs (evaluated as the quotient of OXPHOS capacity to GDP-induced leak 

respiration); mitochondria were stimulated with pyruvate/malate (PM), malate-octanoylcarnitine 

(MOct), or succinate/rotenone (SR); (B) UCP1-uncoupled O2 consumption (proportion of UCP1-

induced leak respiration, 1-(GDP+/GDP-)); and (C) outer-mitochondrial damage presented as the 

ratio of change in O2 consumption following cytochrome c addition. n = 5 biologically 

independent samples. Data are presented as means ± SEM. Significant differences 

(⁎p < 0.05 normoxia vs. hypoxia) were determined by multiple t tests (Welch t-test) (A&B), and 

two-tails t-test (C).  
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Figure 2.4 Extra-mitochondrial Ca2+ resistance and Ca2+ uptake rates of isolated iBAT 

mitochondria. 

Summaries of (A) Extra-mitochondrial Ca2+ resistance and (B) Ca2+ uptake rates (Koff) in the first 

five min following CaCl2 injection (SF 2.6E). Each bar represents individual experiments with 

substrates indicated below the figures. Abbreviations: +, presence; -, absence; MPG, 

malate/pyruvate/ glutamate; GDP, guanosine diphosphate; D, ADP, n = 5 biologically independent 

samples. Data are presented as means ± SEM. Significant differences (⁎p < 0.05 normoxia vs. 

hypoxia) were determined by two-way ANOVAs followed by a Tukey multiple comparisons test. 
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Figure 2.5 Thermogenic and oxidative phosphorylation protein expression decreases in 

acute hypoxia. 

(A) Summary of UCP1 and UCP3 expression in iBAT from NMRs treated in normoxia (21% O2, 

clear bars; n = 18 and 6 biologically independent samples for UCP1 and UCP3, respectively), or 1 

or 3 hrs of hypoxia (7% O2, light and dark blue bars, respectively; n = 11 and 6 biologically 

independent samples for UCP1 and 6 for each time point for UCP3). (B) Western blot images of 

UCP1 and UCP3 protein bands from (A). (C) Summary of ETC complexes I–IV (CI–CIV) and 

F1Fo-ATPase (CV) protein expression in iBAT from NMRs treated as in (A). (D) Western blot 

image of ETC complexes I–IV and F1Fo-ATPase protein bands. Data are mean ± SEM. Asterisks 

indicate significant difference from normoxic controls (one-way ANOVA with Dunnett’s multiple 

comparisons test; F2,33 = 10.96, p = 0.0002 for UCP1; F4,165 = 60.90, p < 0.0001 for ETC 

proteins; p > 0.05 for other proteins). Additional abbreviations: N – normoxia, H1 – 1 hr hypoxia, 

H3 – 3 hrs hypoxia.  
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Figure 2.6 Mitochondrial and cristae density is reduced in acute hypoxia. 

(A) Summary of translocase of outer membrane 20 (TOM20) protein expression in iBAT 

homogenates from NMRs held at 30 °C in normoxia (21% O2, clear bars; n = 6 biologically 

independent samples) or after 1 or 3 hrs of hypoxia (7% O2, light and dark blue bars, 

respectively; n = 6 biologically independent samples). (B) Western blot image of TOM20 protein 

bands. (C–F) Representative electron micrographs of iBAT from NMRs held at 30 °C in normoxia 

(C), 1 hr hypoxia (D), 4 h hypoxia (E), or 4 h of hypoxia with 1 hr recovery in normoxia (F). Thin 

arrows indicate normal mitochondria, thick arrows indicate abnormal mitochondria, asterisks 

indicate tortuosity, and red arrowhead indicates degradative or lysosome-like vacuoles. Scale bars: 

0.5 μm. (G–J) Summaries of mitochondrial area (G, n = 29, 36, 31, and 42 technical replicates for 

normoxia (N: clear bars), 1 and 4 h of hypoxia (light and dark blue bars, and H1 and H4, 

respectively), and 4 h hypoxia with recovery (HR: grey bars), respectively, from 4 independent 

animals for each condition) and average max length (H, n = 22, 33, 29, and 30 technical replicates 

for normoxia, 1 and 4 h of hypoxia, and 4 h hypoxia with recovery, respectively, from 4 

independent animals for each condition), and cristae length (I, n = 24, 26, 24, and 29 technical 

replicates for normoxia, 1 and 4 h of hypoxia, and 4 h hypoxia with recovery, respectively, from 4 

independent animals for each condition) and number (J, n = 24, 29, 26, and 34 technical replicates 

for normoxia, 1 and 4 h of hypoxia, and 4 h hypoxia with recovery, respectively, from 4 

independent animals for each condition) from NMRs treated as per (C–F). Data are mean ± SEM. 

Asterisks indicate significant difference from normoxic controls; letters indicate significant 

difference (one-way ANOVA with Dunnett’s multiple comparisons test; F2,15 = 3.98, p = 0.0428 

for TOM20; F3,110 = 19.01, p < 0.0001 for mitochondrial area, F3,104 = 23.53, p < 0.0001 for cristae 

length, and F3,109 = 14.20, p < 0.0001 for cristae number; p = 0.5155 for mitochondrial length).  



 53 

 
Figure 2.7 Hypoxia does not alter the expression of key mediators of ubiquitin- or receptor-

mediated mitophagy. 

(A) Summary of changes in receptor-mediated mitophagy-related protein expression in 

interscapular BAT (iBAT) homogenates from NMRs held at 30 °C in normoxia (21% O2, clear 

bars) or after 1 or 3 hrs of hypoxia (7% O2, light and dark blue bars, respectively; n = 12 

biologically independent samples for Parkin and 6 biologically independent samples for all other 

proteins). (B) Western blot images of protein bands from (A). Data are mean ± SEM. Asterisks 

indicate significant difference from normoxic controls (one-way ANOVA with Tukey multiple 

comparisons test; F2,15 = 6.16, p = 0.0111 for Bcl-2 adenovirus E1B 19 kDa-interacting protein 3 

(BNIP3); F2,12 = 4.14, p = 0.0441 for light chain 3 II (LC3II); p > 0.05 for FUN14 domain 

containing 1 (FUNDC1), sequestosome 1 (p62), phosphatase and tensin homolog (PTEN)-induced 

kinase 1 (PINK1), ras-related protein 7A (RAB7A), and TBC1 domain family member 15 

(TBC1D15)). Additional abbreviations: N – normoxia, H1 – 1 hr hypoxia, H3 – 3 hrs hypoxia.  
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Figure 2.8 Hypoxia activates mitochondrial fission, but not mitochondrial fusion. 

(A) Summary of the expression of mitochondrial fission proteins in iBAT homogenates from 

NMRs held at 30 °C in normoxia (21% O2, clear bars) or after 1 or 3 hrs of hypoxia (7% O2, light 

and dark blue bars, respectively; n = 12 biologically independent samples for FIS1 and 6 

biologically independent samples for all other proteins). (B) Western blot images of protein bands 

from (A). Data are mean ± SEM. Asterisks indicate significant difference from normoxic controls 

(one-way ANOVA with Tukey multiple comparisons test; F2,33 = 23.83, p < 0.0001 for fission 

protein 1 (FIS1); F2,15 = 4.492, p = 0.0296 for dynamin-related protein 1-S616 (DRP1-

S616); p > 0.05 for mitochondrial fission factor (MFF), mitofusin 1 and 2 (MFN1 or 2), and optic 

atrophy 1 (OPA1)).  
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Figure 2.9 Apoptosis is not activated during hypoxia. 

(A) Summary of the expression of apoptosis regulatory proteins in iBAT homogenates from NMRs 

held at 30 °C in normoxia (21% O2, clear bars; n = 6 biologically independent samples) or after 1 

or 3 hrs of hypoxia (7% O2, light and dark blue bars, respectively; n = 6 biologically independent 

samples). (B) Western blot images of protein bands from (A). Data are mean ± SEM. Asterisks 

indicate significant difference from normoxic controls (one-way ANOVA with Tukey multiple 

comparisons test; F2,15 = 6.087, p = 0.0116 for p53; F2,15 = 24.64, p < 0.0001 for caspase 3 

(Casp3); p > 0.05 apoptosis inducing factor (AIF), Bcl-2-associated X (BAX), and B-cell 

lymphoma 2 (Bcl-2)).  
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Table 2.4 Raw values of iBAT mitochondrial respiratory function analysis 

Substrate 
21% O2 5% O2 4 h 

 Reduction 
mean SEM mean SEM 

 

O2 consumption (nmol/(min*mg protein)) 

PM 70.78 5.81 28.18 6.68 60.18% 

GDP 22.52 1.65 7.29 1.13 67.62% 

D 116.58 6.38 60.25 6.86 48.32% 

MOct 91.76 7.31 31.56 6.32 65.60% 

GDP 35.45 2.43 11.11 1.63 68.65% 

D 141.71 7.45 77.18 8.09 45.53% 

P 143.18 7.51 79.34 8.56 44.59% 

G 141.53 7.13 79.76 8.59 43.65% 

S 179.4 8.72 106.75 11.01 40.50% 

U 1012.18 56.57 698.86 86.98 30.95% 

S 135.16 9.63 69.96 11.51 48.24% 

GDP 65.17 2.82 19.15 2.89 70.62% 

R 58.36 3.18 17.27 3.22 70.40% 

D 172.21 12.59 89.59 11.06 47.98% 

AA 13.11 0.67 7.16 0.75 45.38% 

TMPD 429.69 24.9 290.42 26.94 32.41% 

 

H2O2 efflux (nmol/(min*mg protein)) 

PM 0.25 0.03 0.13 0.01 45.63% 

GDP 0.24 0.03 0.13 0.01 45.34% 

D 0.22 0.03 0.1 0.01 54.35% 

MOtc 0.32 0.03 0.18 0.01 44.53% 

GDP 0.34 0.04 0.17 0.01 49.04% 

D 0.28 0.03 0.13 0.01 52.43% 

P 0.27 0.04 0.15 0.01 44.50% 

G 0.27 0.03 0.15 0.01 46.67% 

S 0.31 0.04 0.16 0.01 46.21% 

S 0.46 0.06 0.56 0.08 -22.12% 

GDP 2.02 0.15 0.44 0.08 78.27% 

R 0.35 0.02 0.21 0.03 38.67% 

D 0.41 0.04 0.23 0.06 43.90% 
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Table 2.4 Raw values of iBAT mitochondrial respiratory functions - continued 

Substrate 
21% O2 5% O2 4 h 

 Reduction 
mean SEM mean SEM 

 

H2O2 / O2 (%) 

PM 0.35 0.03 0.59 0.15 -66.78% 

GDP 1.08 0.09 2.01 0.33 -85.43% 

D 0.19 0.02 0.18 0.02 7.76% 

MOtc 0.37 0.06 0.62 0.08 -70.43% 

GDP 0.98 0.15 1.62 0.15 -65.34% 

D 0.2 0.03 0.18 0.01 12.36% 

P 0.19 0.03 0.19 0.01 -0.86% 

G 0.2 0.03 0.19 0.02 3.37% 

S 0.17 0.03 0.16 0.02 8.35% 

S 0.35 0.06 0.87 0.18 -144.87% 

GDP 3.12 0.27 2.28 0.31 27.15% 

R 0.61 0.06 1.34 0.22 -120.88% 

D 0.25 0.03 0.25 0.04 -2.45% 

 

RCR 

PM 5.18 0.47 8.26 1.21 -59.65% 

MOct 4.11 0.19 6.98 0.77 -73.80% 

SR 2.95 0.04 5.19 0.54 -75.82% 

Data are mean ± SEM, from n = 5 independent biological experiment., statistical analysis were 

indicated in Fig 2.1& 2.3. Abbreviations: P, pyruvate; M, malate; GDP, guanosine diphosphate; 

D, ADP; Oct, octanoylcarnitine; G, glutamate; S, succinate; R, rotenone; AA, Antimycin A; 

TMPD, ascorbate + N,N,N,N-tetramethyl-p-phenylenediamine; U, carbonyl cyanide m-

chlorophenyl hydrazine; OXPHOS, oxidative phosphorylation; RCR, respiratory control ratio 

calculated as the ratio of OXPHOS capacity/leak respiration with GDP; “-” represent increasing 

change.  
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2.5 Supplementary information 

 
SF 2.1 Thermogenesis ceases in acute hypoxia and Tb drops to ambient levels. 

(A, B) FLIR thermal images of an NMR following 60 min of exposure to normoxia (A, 21% O2) 

or hypoxia (B, 7% O2). (C) Summaries of Ta (black circles), core Tb (teal circles), iBAT 

temperature (TBAT, green triangles), and dorsal skin surface temperature (Trump, blue squares) from 

NMRs exposed to a normoxia → hypoxia → recovery protocol in 30 °C (n = 11 independent 

animals). (D) Summaries of temperature difference between physiological temperatures and Ta in 

the final 10 min of each treatment period from (C). Data are mean ± SEM. Asterisks indicate 

significant difference from normoxic controls; daggers indicate significant difference from 

hypoxia (repeated measures ANOVA with Tukey post-test; F2,30 = 136.0, p < 0.0001).  
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SF 2.2 NMRs actively thermoregulate in cold, but not hot temperatures. 

(A, C) Summaries of Ta (black circles), core Tb (teal circles), iBAT temperature (TBAT, green 

triangles), and dorsal skin surface temperature (Trump, blue squares) from NMRs exposed to a 

normoxia → hypoxia → recovery protocol in 20 °C (A, n = 8 independent animals), or 36 °C 

(C, n = 12 independent animals). (B, D) Summaries of temperature difference between 

physiological temperatures and Ta at 20 °C (B) or 36 °C (D) from data presented in (A) and (C), 

respectively. Data are mean ± SEM. Asterisks indicate a significant difference from normoxic 

controls; daggers indicate significant difference from hypoxia (repeated measures ANOVA with 

Tukey post-test; F2,15 = 29.89, p < 0.0001 for 20 °C, F2,22 = 6.63, p = 0.0113 for 30 °C).  
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SF 2.3 Adrenergic stimulation enhances non-shivering thermogenesis in normoxia, but not 

in hypoxia. 

(A, C) Summaries of Ta (black circles), core Tb (teal circles), iBAT temperature (TBAT, green 

triangles), and dorsal skin surface temperature (Trump, blue squares) from NMRs exposed to a 

normoxia → hypoxia → recovery protocol in 30 °C following injection of saline (A, n = 5 

independent animals), or isoproterenol (C, n = 11 independent animals). (B, D) Summaries of 

temperature difference between physiological temperatures and Ta for the same animals as in 

(A, C). Data are mean ± SEM. Asterisks indicate significant difference from normoxic controls; 

daggers indicate a significant difference from hypoxia (repeated measures ANOVA with Tukey 

post-test; F4,9 = 0.5272, p < 0.7190 for shams, F2,30 = 41.2, p < 0.0001 for isoproterenol) 
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SF 2.4 Immunohistochemistry analysis of UCP1 and lipid droplets. 

UCP1-positive cell number and lipid droplet area do not change markedly with acute hypoxia in 

NMR iBAT. (A) Summary of UCP1-positive cells in interscapular BAT from NMRs treated in 

normoxia (21% O2; red bars; n = 12), or 1 or 3 h of hypoxia (7% O2; light and dark blue bars, 

respectively; n = 11 each). (B-D) Representative images of UCP1 staining in BAT cells from 

NMRs treated as in A. (E) Summary of LD area relative to total cytoplasmic area in interscapular 

BAT from NMRs treated in normoxia (21% O2; n = 12), or 1 or 3 h of hypoxia (7% O2; n = 11 

each). (F-H) Representative images of hematoxylin and eosin (H&E) staining in BAT from NMRs 

treated as in E. Data are mean ± SEM. Asterisks indicate significant difference from normoxic 

controls (One- sided Welch’s ANOVA test with Dunnett’s post-test; F2,34 = 1.915, p = 0.1734 for 

LD, F2,34 = 3.684, p = 0.0442 for UCP1). Abbreviations: N – normoxia, H1 – 1hr hypoxia, H3 – 3 

h hypoxia.  
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SF 2.5 Changes of CS activity, mitochondrial DNA copy number, and Na+/K+-ATPase 

activity in hypoxic iBAT.  

(A) CS activity (per mg soluble protein), (B) mitochondrial DNA copy number (per nuclear DNA), 

and (C) Na+/K+-ATPase activity (per mg soluble protein) were analyzed in NMR iBAT following 

either normoxia (white bars), or hypoxia (7% O2 for 4 h, blue bars). Data are presented as means 

± SEM, n is indicated. Significant differences (p < 0.05 normoxia vs. hypoxia) were determined 

using unpaired multiple t-tests with two-stage step-up (Benjamini, Krieger, and Yekutieli) 

calculations.  
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SF 2.6 Ca2+ titration of isolated mitochondria in iBAT. 

(A-D) Normalized extra-mitochondrial Ca2+ followed by a bolus CaCl2 addition in the first five 

minutes, substrates indicated in each panel, Data are presented as means ± SEM, n = 5; (E) 

examples of traces of Ca2+ titration in mitochondria without substrates (black), with MPG (orange), 

and with MPG+ADP (magenta), black arrows indicated CaCl2 injections, 20 µM each time, orange 

and magenta arrow indicated endpoint (mPTP opening). Abbreviations: MPG, 

malate/pyruvate/glutamate; NA, no substrate. 
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2.6 Discussion 

In pilot studies in the Pamenter lab, we previously demonstrated that acute hypoxia (1 h of 7% O2 

exposure) diminishes interscapular thermogenesis in NMRs, consistent with observations of 

substantial hypoxia-mediated suppression of whole-body metabolic rate and Tb in this species 

(Ilacqua et al., 2017; Kirby et al., 2018). Specifically, hypoxic NMR: (1) decrease interscapular 

thermogenesis at temperatures near or below thermoneutrality, and (2) exhibit a significant 

reduction in iBAT UCP1 and OXPHOS protein expression.  

In this chapter, we build upon these early findings and describe a potential mechanism by 

which mitochondrial respiratory function, and changes in thermogenic and metabolic proteins in 

iBAT may be downregulated during hypoxia. Specifically, our study provides evidence that BAT 

function decreases in hypoxia, and that this is tightly associated with a rapid reduction of 

mitochondrial proteins, which might be mediated by a canonical mitochondrial fission pathway, 

the activation of which is accompanied by changes in mitochondrial content and cristae 

ultrastructure. Taken together, our results demonstrate that hypoxia depresses iBAT thermogenesis 

in NMRs via unique mechanisms that are mediated, at least in part, by targeted reductions in 

mitochondrial content and of the protein that is essential for non-shivering thermogenesis, UCP1. 

Consistent with UCP1 and OXPHOS protein degradation, mitochondrial membrane dynamics, 

diminished interscapular thermogenesis, and suppressed whole animal O2 consumption, we also 

reported that isolated iBAT mitochondria largely reduce coupled (~45%) and uncoupled (~70%) 

respiration, suppress H2O2 emission on a per protein basis, and reduce in vitro Ca2+ uptake rates, 

while maintaining external Ca2+ resistance.  
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iBAT mitochondrial respiratory complexes might be involved in ETC suppression. Multiple 

mechanisms are involved in regulating iBAT mitochondria respiration and structure remodelling 

(de Meis et al., 2010; Snyder et al., 2021). We report for the first time a significant suppression of 

electron transport function in iBAT mitochondria from NMRs exposed to acute hypoxic. It is 

possible that degradation of UCP1 triggers the overall degradation of ETC proteins (Sebaa & 

Harper, 2020), which in turn results in suppression of mitochondrial O2 consumption. Indeed, there 

is evidence that deletion of UCP1 in mouse BAT mitochondria leads to overall complex I activity 

reductions (Dlasková et al., 2021), which directly results in reduced complex I protein density 

(Riley & Mills, 2020). Our results also suggest that mitochondria may be depolarized following 

hypoxia treatment, because both uncoupling and coupling respiration are suppressed relative to 

maximal electron transport capacity and complex IV capacity (Fig. 2.7). This could be a result of 

inner-mitochondrial membrane remodelling, or perhaps due to a mild increase of outer-

mitochondrial membrane damage (Fig. 2.8C). The relatively larger suppression of leak respiration 

(with GDP, ~70% reduction, Fig. 2.6A-C) than of OXPHOS (~45% reduction, Fig. 2.6A-C) results 

in an elevation of RCRs in hypoxic iBAT mitochondria (Fig. 2.8 A), and this relationship warrants 

further study.  

Note that, we also noticed a reduction of Na+/K+-ATPase activity (SF 2.5), which is one of 

the mitochondrial sources of heat generation (Clarke et al., 2013; de Meis, 2003; Rothwell et al., 

1982). The decrease in activity of this pump may contribute to diminishing heat production form 

hypoxic iBAT independent of UCP1 regulation. However, this pump is normally regulated by 

catecholamines and thyroid hormones (Rothwell et al., 1982). Thus, further studies of the 

regulation of ATPase-dependent heat production in hypoxia may provide more details on energy 

preservation in hypoxic NMR BAT.   
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Overall, these results suggest that iBAT mitochondria become less leaky to protons under 

hypoxic stress. Taken together with our findings regarding hypoxic iBAT mitochondrial 

membrane dynamics, we suggest that NMRs might remodel iBAT mitochondria through 

membrane and related protein changes resulting in an overall reduction in the O2 cost to retain 

functional mitochondria in iBAT. 

 

Altered mitochondrial succinate metabolism in NMR iBAT. In mouse BAT, UCP1-mediated 

uncoupling becomes more sensitive to GDP when the redox state is more reduced (Mailloux et al., 

2012). Similarly, we report lower GDP-inhibited uncoupling respiration in hypoxic NMR iBAT 

mitochondria (Fig. 2.6 A-C), which may be associated with lower H2O2 efflux in this tissue (Fig. 

2.6 D-F). Moreover, we found that complex II has higher sensitivity to GDP-inhibited uncoupling 

respiration than complex I. Specifically, UCP1-mediated uncoupling is more sensitive to GDP 

during succinate-induced respiration than when fueled by pyruvate or octanoylcarnitine (Fig. 2.8 

B). Conversely, the inhibitory impact of GDP on UCP1-mediated uncoupling with succinate is 

minimal in mouse and rat BAT mitochondria (De Meis et al., 2012; Oelkrug et al., 2010; Shabalina 

et al., 2013; Shabalina et al., 2014). This result may be due to the reduction of electron leakage 

(H2O2/O2), which was inhibited in succinate/GDP respiration but enhanced with other substrates 

in hypoxic iBAT mitochondria in NMRs (Fig. 2.6 G-I). Thus, our results indicate that 

mitochondrial complex II and/or succinate-related electron transport pathways play critical roles 

in hypoxia adaptation in NMR iBAT. 

 

Is Ca2+ overload an initiator or an effect of iBAT mitochondrial respiratory changes in hypoxia? 

We report that the rate of Ca2+ uptake by NMR iBAT mitochondria is reduced by ~ 50% in hypoxia 
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but that there are no defects regarding extra-mitochondrial Ca2+ resistance (Fig. 2.8). It is possible 

that the suppression of uncoupling and coupling respiration reduces the Ca2+ uptake rate, since 

isolated mitochondria cannot take up relatively high amounts of Ca2+ without any substrates (SF. 

2.6E). These results also indicate that NMRs maintain mitochondrial inner-membrane integrity 

during hypoxia.  

 

Reducing BAT mitochondrial O2 consumption diminishes interscapular thermogenesis in 

hypoxic NMRs. Hypoxia reduces thermogenesis in other mammalian models of hypoxia-tolerance, 

including hibernators and neonates (Mortola & Dotta, 1992; Rohlicek et al., 1998), and in some 

hypoxia-intolerant adult rodents; however, the mechanisms underlying these decreases are varied 

and do not involve changes in non-shivering thermogenesis, or if they do, are not mediated by 

changes in thermogenic protein expression. For example, many mammals utilize a variety of 

behavioral and physiological strategies (e.g., reduced huddling, moving to a cooler environment, 

etc.) to lower Tb and reduce thermogenic energy consumption, and thus conserve O2 in hypoxia 

(Gordon & Fogelson, 1991; Levesque & Tattersall, 2009; Mortola & Feher, 1998). Others decrease 

shivering thermogenesis in hypoxia (Barros et al., 2001; Gautier et al., 1987; Tattersall & Milsom, 

2003). Conversely, while non-shivering thermogenesis is also reduced in hypoxia in other small 

mammals (Gautier & Bonora, 1994; Gautier et al., 1991), this response seems to be largely 

dependent on a reset of the hypothalamic thermogenic threshold and thus of the neural activation 

of iBAT activity (Cannon & Nedergaard, 2004; Oelkrug et al., 2015; Tattersall & Milsom, 2009) 

rather than a downregulation of thermogenic effectors. 

In most small mammals, BAT thermogenesis is an energy-intensive process that can 

drastically impact whole-body energy homeostasis (Cannon & Nedergaard, 2004; Oelkrug et al., 
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2015). Previous studies indicate the existence of functional iBAT in NMRs (Oiwa et al., 2020; 

Withers & Jarvis, 1980; Woodley & Buffenstein, 2002). Furthermore, activation of BAT in NMRs 

greatly increases whole-animal O2 consumption, and this increase explains most of the increases 

in whole-body O2 consumption in NMRs under these conditions (Goldman et al., 1999; Hislop & 

Buffenstein, 1994; Woodley & Buffenstein, 2002). Our study confirms this knowledge: we show 

that NMRs actively thermoregulate and engage BAT thermogenesis at temperatures near or below 

thermoneutrality or following treatment with an adrenergic agonist (SF 2.2&2.3). Beyond 

normoxic conditions, our work demonstrates that hypoxia rapidly decreases BAT thermogenesis 

in NMRs. Notably, we observe a hypoxia-induced decrease in BAT thermogenesis in animals that 

have received injections of either saline or isoproterenol (SF 2.3), and in environmental 

temperatures near or well below the thermoneutral zone of this species (SF 2.2).  Consistently, 

isolated iBAT mitochondria exhibit dramatic reductions of O2 consumption capacity, including of 

both UCP1-induced uncoupling and OXPHOS (Fig. 2.6 A-C). These results indicate that the 

hypoxia-mediated decrease in BAT thermogenesis in NMRs is a result of the degree to which BAT 

mitochondrial respiration is reduced in hypoxia. But how are these changes regulated? 

 

Reducing heat production by iBAT through mitochondrial UCP1 degradation. UCP1 is essential 

for BAT thermogenesis (Enerback et al., 1997; Himms-Hagen, 1985; Nicholls, 2006), is expressed 

in mitochondria from classical BAT, and is located in the mitochondrial inner membrane 

(Argyropoulos & Harper, 2002; Nedergaard et al., 2001). It is estimated that UCP1 comprises 

approximately 10% of BAT mitochondrial protein content (Busiello et al., 2015), and it is well 

established that defects in the activity of UCP1 resulting from post-translation modifications or 

the absence of UCP1 can impact BAT thermogenesis (Chouchani et al., 2016a; Enerback et al., 



 69 

1997; Sebaa et al., 2019); mice lacking UCP1 are cold intolerant (Enerback et al., 1997). Given 

this essential role for UCP1 in BAT thermogenesis, we examined the effect of acute hypoxia on 

UCP1 protein levels in iBAT and found significant decreases following only 1 hr of in vivo 

hypoxia, and that these decreases are sustained after 3 hrs. This change is likely primarily due to 

reduced, but not eliminated expression of UCP1 in iBAT cells as immunohistochemistry analysis 

reveals that the number of UCP1-positive cells decreases only mildly relative to the more robust 

change in a quantitative measure of total iBAT UCP1 expression (i.e., western blot data). 

Conversely, UCP3, which also plays a role in thermogenesis (Silvestri et al., 2020), did not change 

significantly with progressive hypoxia. 

In other rodent species, changes in UCP1 expression require longer-term hypoxic exposure 

to manifest. For example, exposure of cultured and immortalized mouse SV40T fetal brown 

inguinal adipocytes to short-term hypoxia (1, 12, or 24 h in 1% O2) has no impact on UCP1 protein 

expression (Wree et al., 2012). Conversely, longer-term hypoxia alters UCP1 function in some 

mammals. For example, (i) 4–6 days of chronic hypoxia results in significant decreases in UCP1 

protein expression in neonatal and adult BAT in rats (Mortola & Naso, 1997, 1998), (ii) 4 weeks 

of chronic hypoxia increases UCP1 mRNA, but not UCP1 protein expression in mice (Beaudry & 

McClelland, 2010), and (iii) in a mouse model of sleep apnea, 37 days of daily 8 h periods of 

intermittent hypoxia decreases UCP1 mRNA expression and UCP1-positive cells in iBAT (Fiori 

et al., 2014). While this sparse experimental evidence indicates that hypoxia can downregulate 

UCP1 expression in hypoxia-intolerant species, the time required for this process ranges from 

several days to several weeks. This is likely because a relatively long time is required to turn over 

UCP1 in most mammals, the rate of which depends on the metabolic status of BAT: in mouse 

brown adipocytes, UCP1 turnover takes 3.7 ± 0.4 days in basal conditions and 8.4 ± 0.9 days with 
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chronic adrenergic stimulation (Moazed & Desautels, 2002), with a half-life of ~ 30 h in basal 

conditions (Puigserver et al., 1992; Rousset et al., 2007). Thus, the downregulation in UCP1 

expression in NMR iBAT after 1 hr of hypoxia is remarkably rapid compared to other small rodent 

species.  

 

Mitochondrial fission but not mitophagy or apoptosis is involved in thermogenic protein 

reduction. The rapid degradation of thermogenic proteins in iBAT of NMRs could be mediated 

by several well-known and -characterized mechanisms, including the UPS, mitophagy, or 

mitochondrial fission/fusion events. In UPS-dependent pathways, targeted proteins are ligated 

with ubiquitin and then degraded by proteasomes. Importantly, protein ubiquitination is a post-

translational modification that leads to the degradation of protein not only through proteolysis but 

also through mitophagy. These mechanisms are activated by hypoxia in some models (Fuhrmann 

et al., 2013), and NMRs have a very high rate of autophagy compared to other rodents (Zhao et al., 

2014). However, although it was a global increase in ubiquitination in NMR iBAT after 1 hr of 

hypoxia and a general increase in LC3II activation at 3 hrs of hypoxia, we did not detect co-

immunoprecipitation of ubiquitin with UCP1, nor changes in any UPS- or mitophagy-related 

proteins (Parkin, PINK1, p62, FUNDC1, BNIP3, Nix, or TBCD15). Taken together, these results 

suggest that the UPS or mitophagy mechanisms are not mediating the downregulation of UCP1 in 

iBAT. 

In addition to UCP1, hypoxia also decreases the levels of mitochondrial OXPHOS proteins 

in NMR iBAT. The rate of turnover of proteins in these complexes in mice can vary depending on 

the tissue or treatments that cause metabolic changes in mitochondria (Karunadharma et al., 2015), 

but are in general considerably slower than the rate that we observe in NMR iBAT. Given the rapid 
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decreases in  UCP1 and these mitochondrial metabolic proteins in iBAT during hypoxia, and the 

absence of ubiquitin-binding to NMR iBAT UCP1, we considered changes in mitochondrial 

structure and ultrastructure, which can be potent regulators of thermogenic potential (Wikstrom et 

al., 2014). 

Fission is a complex process in mitochondrial regulation and plays key roles in 

mitochondrial division and in the initiation and spatial organization of mitophagy (Liesa & Shirihai, 

2013). Mitochondrial fission is mediated by Drp1, with phosphorylation at site S616 associated 

with translocation of Drp1 to the mitochondrial membrane and activation of fission, and 

dephosphorylation at site 637 associated with deactivation of Drp1 (Cereghetti et al., 2008; 

Shirakabe et al., 2016; Xie et al., 2020). Despite significant research attention, the mechanism of 

mitochondrial fission remains poorly understood. Using super-resolution microscopy, a recent 

study identified two spatially distinct modes of mitochondrial fission, both of which are mediated 

by Drp1(Kleele et al., 2021). Midzone division is associated with fission and reorganization of 

healthy mitochondria, whereas peripheral division is associated with the budding-off of damaged 

portions of mitochondria. Importantly, both forms of fission are associated with Drp1 

accumulation, but are regulated by association with different cellular factors. Specifically, fission 

of healthy mitochondria is regulated by contact with the ER, whereas fission of damaged 

mitochondria is associated with Fis1 upregulation. Downstream of Drp1/Fis1-mediated fission, 

damaged mitochondrial segments undergo mitophagy, mediated by interactions with 

Parkin/PINK1(Lin et al., 2020; Ni et al., 2015; Pendin et al., 2017), and thus whole segments of 

mitochondria become ubiquitylated and tagged for lysosomal degradation. 

Our observations indicate that Drp1 is phosphorylated at site S616 but not S637 at both 1 

and 3 hrs of hypoxia, and that mitochondria exhibit rapid and reversible changes in ultrastructure 
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and cristae morphology on the same timeline, indicate that fission is activated by hypoxia in NMR 

iBAT. Furthermore, the absence of any change in Fis1 expression at 1 hr suggests that fission of 

healthy mitochondria occurs rapidly during acute hypoxia (Kleele et al., 2021). The mitochondrial 

inner membrane is folded to form cristae, and this is where UCP1 and OXPHOS proteins are 

located. Therefore, fission of healthy mitochondria may mediate the decrease in thermogenic 

proteins from the IMM and facilitate the rapid decrease in iBAT thermogenesis during acute 

hypoxia. Notably, we observe a marked increase in Fis1 following 3 hrs of acute hypoxia, 

suggesting that mitochondrial degradation occurs with longer-term hypoxia and that peripheral 

fission of damaged portions of mitochondria occurs with prolonged hypoxia. Presumably with 

longer-term experiments, we would observe an upregulation in the Parkin/PINK1 mitophagy 

pathway, and indeed we see a weak, but insignificant trend towards such activation in the 

expression of both Parkin and the two components of PINK1, along with a significant increase in 

LC3-II at 3 hrs of hypoxia. However, in their natural environments, NMRs typically do not spend 

more than a few hours in the nest chamber at a time before moving about the colony to perform 

various tasks, and burrows are not expected to be hypoxic outside of these crowded nest chambers 

(Buffenstein et al., 2021), thus animals would likely not experience such prolonged durations of 

acute and severe hypoxia in nature. 

 

Limitations. There is a critical question that has not been fully answered in this chapter, which is 

how our target mitochondrial proteins were degraded in hypoxic iBAT. Although we show that 

mitochondrial fission might be engaged, we have not reported any molecular mechanisms that 

directly link fission to this protein degradation. We did not see significant reduction of TOM20, 

or elevation of mitophagy proteins in hypoxic iBAT. Therefore, further study of mechanisms of 
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protein degradation within iBAT mitochondria during hypoxia may be warranted (Bota & Davies, 

2001; Kaser & Langer, 2000; Langer & Neupert, 1996).       

 

Overall conclusion. Our results support the general conclusion that NMRs respond to acute 

hypoxia by diminishing iBAT thermogenesis and that, in NMRs, this is partially achieved by 

acutely decreasing the levels of thermogenic proteins and altering mitochondrial ultrastructure, 

which presumably results in the suppression of mitochondrial O2 consumption. In addition, we 

provide a plausible mechanism via which fission of healthy mitochondria may mediate this process. 

Importantly, the absence of mitophagy and apoptosis, and the reversibility of the suppression of 

iBAT thermogenesis and mitochondrial morphological changes following reoxygenation, indicate 

that this process occurs in healthy mitochondria and is not deleterious to mitochondrial function. 

In addition, our results suggest that management of mitochondrial O2
·− and Ca2+ may be involved 

in hypoxic iBAT mitochondrial homeostasis in NMRs. Further work to elucidate adaptive 

mechanisms in iBAT regulation in NMRs will lead to a better understanding of potentially unique 

mechanisms within this tissue that allow these interesting animals to survive in extreme conditions. 

It is likely that decreases in iBAT activity (and associated thermogenesis) occur as part of a larger 

suite of adaptive mechanisms during hypoxia, along with many other means of energy (and thus 

O2) conservation; however, given the high metabolic cost of thermoregulation in small rodents, 

the mechanism we identify is likely of significant importance to the hypoxia-tolerance of NMRs. 
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3 Hypoxia-tolerance in NMR brain mitochondria: Ca2+ management, micro-architecture, 

redox state management, and mitochondrial quality control  

 

 

 

This chapter includes material from the following article:  

Cheng, H., Qin, Y. A., Dhillon, R., Dowell, J., Denu, J. M., & Pamenter, M. E. (2022). 

Metabolomic Analysis of Carbohydrate and Amino Acid Changes Induced by Hypoxia in Naked 

Mole-Rat Brain and Liver. Metabolites, 12(1), 56. https://doi.org/10.3390/metabo12010056 

Matthew Pamenter, Rashpal Dhillon, and John M Denu designed the study, Matthew Pamenter treated 

animals and collected tissues. Yiming Amy Qin, Rashpal Dhillon, James Dowell performed mass 

spectroscopy experiments. Yiming Amy Qin and I performed the analysis.  Matthew Pamenter and I wrote 

the manuscript. 

 

 

 

Cheng, H., Perkins, G. A., Ju, S., Kim, K., Ellisman, M. H., and Pamenter, M. E. Enhanced 

mitochondrial buffering prevents Ca2+ overload in naked mole-rat brain. in submission. 

Saeyeon Ju, Keunyoung Kim, Guy Perkins and Mark Ellisman imaged and analyzed electron microscope 

data at National Center for Microscopy and Imaging Research, UC San Diego. 

 

 

Bivaz Jaffer (under my supervision) conducted the experiments for SF. 3.4 as her undergraduate honours 

thesis project. 

Matthew Pamenter and I conceived of all other studies, and I conducted all other experiments. 
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3.1 Introduction 

Brain function depends profoundly on ATP supply, which is generated by mitochondrial OXPHOS; 

thus, brain is one of the most O2-dependent organs (Hall et al., 2012; Nicholls & Budd, 2000; 

Siesjö, 1978). Cellular Ca2+ is a key regulator of mitochondrial bioenergetics. Ca2+ accumulation 

in the mitochondrial matrix both stimulates aerobic metabolism (oxidative phosphorylation: 

OXPHOS; through the modulation of tricarboxylic acid (TCA) cycle and other enzymes) 

(Gellerich et al., 2010; Griffiths & Rutter, 2009), and activates and/or amplifies numerous cellular 

cascades that impact mitochondrial bioenergetics through the regulation of mitochondrial 

ultrastructure via fission, fusion, mitochondrial biogenesis, and/or mitophagy (Pandya et al., 2013; 

Polster & Fiskum, 2004; Raffaello et al., 2016). As a result, tight regulation of mitochondrial and 

cytosolic [Ca2+] is important for maintaining neuronal homeostasis. However, during periods of 

low O2 stress (e.g., hypoxia or ischemia), neuronal cytosolic [Ca2+] becomes deleteriously elevated 

in hypoxia-intolerant brain, leading to overloading of mitochondria with Ca2+, which in turn 

induces excitotoxic cell death and activates cell death pathways (Polster & Fiskum, 2004).  

Deleterious Ca2+ overload is central to hypoxic/ischemic brain cell death. Briefly, a rapid 

and large elevation (from 10-7 to 10-4 mole) of neuronal cytosolic [Ca2+] occurs within ~ 8 min of 

hypoxia or ischemia onset (Silver & Erecinska, 1990). Most of this Ca2+ is sequestered by 

mitochondria in the form of calcium phosphate (Kristian & Siesjo, 1998; Shen & Jennings, 1972), 

but mitochondria quickly become overloaded, which leads to deficits in ATP production, 

mitochondrial membrane depolarization, activation of the mPTP, and ultimately the catastrophic 

release of mitochondrial Ca2+ and other molecules from mitochondria, including cytochrome c, 

apoptosis-inducing factor, and serine protease HTRA2 (Htra2/Omi), which promote caspase-

dependent and caspase-independent cell death pathways (Kroemer et al., 2007; Polster & Fiskum, 
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2004). Production of mitochondrial ROS, a “by-product” of OXPHOS from the ETC, can be 

increased by mitochondrial Ca2+ overload in multiple pathways, for example Ca2+ interacts with 

alpha-ketoglutarate dehydrogenase (α-KGDH) to induce mitochondrial ROS production (Tretter 

& Adam-Vizi, 2005), Ca2+ depolarizes Δψm as a result of reverse electron transport-induced ROS 

increases (Zoratti & Szabo, 1995), and excess  Ca2+ increases the H2O2 release rate in succinate-

fuelled mitochondria (Aldakkak et al., 2013). Taken together, an increasing body of literature 

suggests that the hypoxic ROS imbalance is related to mitochondrial Ca2+ overload and plays a 

key role in damage to cellular components that eventually result in cell death (Brookes et al., 2004; 

Popa-Wagner et al., 2013; Qu et al., 2016). 

Conversely, Ca2+ overload is delayed or even prevented in the brains of hypoxia-tolerant 

species, such as NMRs. Indeed, NMR brain tolerates acute and chronic in vivo hypoxia and in vitro 

ischemia (Nathaniel et al., 2009; Pamenter et al., 2018), such that mitochondrial membrane 

integrity is preserved and the ETC remains tightly coupled (Cheng & Pamenter, 2021; Pamenter 

et al., 2018). In vitro, hypoxic NMR neurons maintain mitochondrial O2
·− and cellular H2O2 

homeostasis (Eaton et al., 2022) and restrict in vivo hypoxic oxidative damage (Hadj-Moussa et 

al., 2022). In addition, ATP concentration in hypoxic NMR brain does not change relative to 

normoxic controls (Pamenter et al., 2019a), although hypoxic NMR brain mitochondria became 

depolarized (Pamenter et al., 2018), which normally occurs with low ATP production (Zorova et 

al., 2018). This paradox may be partially due to blunted Ca2+ uptake by NMR neurons during 

hypoxia (Peterson et al., 2012a). However, most mechanisms of cellular Ca2+ handling have not 

been specifically evaluated in NMR brain, including mitochondrial Ca2+ handling and 

mitochondrial ROS management under hypoxia. 
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We hypothesized that, relative to hypoxia-intolerant mouse brain, 1) NMR brain 

mitochondria have enhanced capacity to buffer otherwise deleterious external [Ca2+] changes, and 

2) this enhanced capacity raises the mitochondrial matrix [Ca2+] threshold for mPTP opening, 

preserves OXPHOS capacity and Δψm, and better supports ROS management.  

Furthermore, we observed enhanced mitochondrial connectivity and crista density in NMR 

brown fat tissue (Cheng et al., 2021b), which has also been observed in hypoxia-tolerant ground 

squirrel brain (Popov et al., 2005), but not in hypoxia-intolerant rodent brain (Picard et al., 2015). 

Greater mitochondrial connectivity and cristae density enhances mitochondrial bioenergetics and 

improves mitochondrial Ca2+ buffering capacity (Perkins et al., 2010). Moreover, mitochondrial 

Ca2+ management is tightly connected to mitochondrial dynamics in multiple tissues (Guan et al., 

2019; Kazak et al., 2017). Therefore, we further hypothesized that the unique ultrastructure of 

NMR brain mitochondria underlies improved mitochondrial Ca2+ management during acute 

hypoxia in NMR brain. 

To test our hypotheses, we evaluated the ability of NMR and mouse brain mitochondria to 

take up and retain Ca2+, and the impact of exogenous Ca2+ addition on mitochondrial OXPHOS 

capacity and Δψm following in vitro Ca2+ titration. We also tested the impact of Ca2+ on H2O2 

consumption in permeabilized NMR brain. Finally, we exposed NMRs and mice to in vivo hypoxic 

acclimation and examined changes in metabolites related to ROS homeostasis, and the activation 

of Ca2+-mediated mitochondrial fission/fusion/mitophagy pathways during in vivo hypoxia.  
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3.2 Methods 

3.2.1 Ethics approval 

NMRs were group-housed in interconnected multi-cage systems at 30°C and 21% O2 in 50% 

humidity with a 12L:12D light cycle. Animals were fed fresh tubers, vegetables, and fruit, and 

Pronutro cereal supplement ad libitum. Female CD-1 mice were obtained from Charles River and 

were housed at room temperature under a 12L:12D light cycle and fed rodent chow ad libitum. 

Animals were not fasted prior to experimental trials. All experimental procedures were approved 

by the University of Ottawa Animal Care Committee in accordance with the Animals for Research 

Act and by the Canadian Council on Animal Care. Non-breeding (subordinate) naked mole-rats 

do not undergo sexual development or express sexual hormones and thus we did not take sex into 

consideration when evaluating our results (Holmes et al., 2009). 

3.2.2 In vivo acute hypoxia treatments  

Subordinate NMRs (adult, 1-2 years old, 30°C) and mice (adult, 12-16 weeks old, 24°C) 

were exposed to one of four treatment conditions: normoxia (21% O2, balance N2), acute hypoxia 

(4 h or 6 h in 7% O2, balance N2), or hypoxia/reoxygenation (6 h in 7% O2, followed by 24 h 21% 

O2, balance N2). Animals were not provided with food during the hypoxic treatment periods. 

3.2.3 Tissue collection for molecular biology assessments 

Immediately following treatment, animals were sacrificed by cervical dislocation followed 

by immediate decapitation. Brain was rapidly dissected on ice and snap-frozen and stored at 

−80 °C until it was used for western blot, qPCR, and enzymes activity analysis. 

3.2.4 Brain homogenate preparation for in vitro assays  

Whole experiment was performed on ice. Following cervical dislocation  and decapitation, 

cortex (100 mg wet weight/ml) was dissected in ice-cold Tris solution containing (in mM): KCl 
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105, Tris-HCl 50, pH 7.1). Brain tissue (100 mg wet weight/ml) was transferred to a pre-cooled 

glass Potter homogenizer and homogenized with 5-10 strokes manually. Brain homogenate was 

used immediately for assessment of respiration and Ca2+ titration, remained aliquots were frozen 

at −80°C for subsequent enzyme assays. 

3.2.5 Ca2+ uptake experiment 

Extra-mitochondrial Ca2+ was estimate with the Ca2+ sensitive Calcium green 5-N 

fluorescent dye using Oroboros modified from (Spinazzi et al., 2019) at physiological temperatures 

(mice: 37°C; NMRs: 32°C). Ca2+ titration was measured in an EGTA free medium ((in mM): KCl 

120, HEPES 20, KH2PO4 20, MgCl2 2.5, NaCl 5, and BSA 0.03, 1 µM Calcium green 5-N; pH 

7.2). Substrates combinations including 10 mM glutamate, 5 mM pyruvate, 5 mM malate, 1 mM 

ADP, 1 mM ATP, 1 µM RU360, and CCCP (1 µM for mice and 1.5 µM for NMRs), and individual 

experiment was performance using different substrates combinations, including 

glutamate/malate/ADP/RU360 (negative control), glutamate/malate/ADP/CCCP/RU360 

(negative control), ATP (mitochondria-independent ATP), glutamate/malate (membrane potential 

dependent), glutamate/malate/ADP (mitochondria-dependent ATP), 

glutamate/malate/ADP/CCCP (negative control). Following 5-10 mins equilibration, 

permeabilized brain tissue (2 mg/ml) were then exposed to Ca2+ titrations (one 50 μM Ca2+ 

injection with awaiting of 5 mins followed by multiple 20 μM Ca2+ injections followed by 2 mins 

waiting), and fluorescence reductions represented mitochondrial Ca2+ uptake. mPTP opening was 

detected as a fluorescence increase and the overall titrated Ca2+ represented as maximal 

Ca2+ resistance capacity. Ca2+ uptake rates were calculated within first 5 mins of fluorescence 

reducing using “One phase decay-equation” in GraphPad Prism 9 (GraphPad Prism, La Jolla, CA, 

USA). 
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3.2.6 Ca2+ titrations on mitochondrial respiration 

Ca2+ effected mitochondrial respiration was measured using Oroboros at physiological 

temperatures (mice: 37°C; NMRs: 32°C) in an EGTA free medium ((in mM): d-sucrose 110, 

lactobionic acid 60, taurine 20, KH2PO4 10, MgCl2 2, HEPES 20, and BSA 0.015; pH 7.2). 1mg/ml 

brain tissue, 10mM glutamate, 5mM malate, 50 µg/ml saponin, and CaCl2 (0, 0.2, 10, 20, 50, 100, 

and 150 μM in separate rounds) was incubated ~10 min in chamber to induce leak respiration from 

complex I, and then 1 mM ADP to induce OXPHOS respiration from complex I, 10 μM 

cytochrome c to assess outer mitochondrial membrane damage, 10 mM succinate to induce 

OXPHOS respiration from complexes I&II, and CCCP to induce maximal electron transport 

capacity from complexes I&II, in 0.5 µM steps until reaching the maximal response) was added 

sequentially. Saturating concentrations were determined in pilot experiments (data not shown). 

Preparation of all substrates were as per (Fontana-Ayoub et al., 2016). 

3.2.7 Ca2+ titrations on mitochondrial membrane potential 

The impact of Ca2+ on Δψm was measured using the Oroboros fluo module at physiological 

temperatures (mice: 37°C; NMRs: 32°C) in an EGTA free medium (in mM: KCl 120, HEPES 20, 

KH2PO4 20, MgCl2 2.5, NaCl 5, and BSA 0.03; pH 7.2). 1mg/ml brain tissue, 50 µg/ml saponin, 

and 2 μM Rhodamine 123 (Rh-123) was incubated ~10 min in chamber, and then 10 mM glutamate 

and 5 mM malate to induce Δψm through complex I, CaCl2 (0, 5, 10, 20, 50, 100, and 150 μM 

consecutively, alternatively expressed as 0, 5, 10, 20, 50, 100 and 150 μM, respectively) and CCCP 

to reach the minimal membrane potential (in 0.5 µM steps until reaching the maximal response) 

was added sequentially. 



 81 

The Linear relationship between the digital signal and Rh-123 fluorescence (ΔV/µM) was 

validated on a five-point curve conducted with cortical brain tissue alone and by direct addition of 

0.5 µM Rh-123 four-times to the chamber. 

3.2.8 Ca2+ inhibits H2O2 consumption in permeabilized NMR brain 

Adult NMR brains were dissected and homogenized as described in 3.2.4, followed by 

shaking at 100 rpm with 50 µg/ml saponin, and then centrifugation at 500 rpm in 4°C for 5 mins 

2x in homogenization solution (in mM: KCl 105, Tris-HCl 50, pH 7.1), centrifuged tissue was 

added to homogenization solution at 5 mg/ml and kept on ice. 150 µl of 5 mg/ml permeabilized 

brain tissue was incubated with and without substrates (10 mM glutamate and 2 mM malate for 

complex I, 10 mM succinate for complex II, 1 mM ADP for OXPHOS induced H2O2 consumption, 

1 µM rotenone for complex II without reverse electron transport to complex I, 2 µM auranofin to 

block thioredoxin reductase dependent H2O2 consumption) and CaCl2 (0, 20, 50, 100 µM) for 10 

min at 32°C in 96 well plates (Thermo Scientific, cat# 237108). After 10 mins equilibrium, 50 µl 

of 10 µM H2O2 was added, and then incubated another 10 mins for H2O2 consumption. 

Immediately after H2O2 consumption, 50 µl quenching solution (contains AUR 1µM and HRP 

1µM) was added, followed by H2O2 standards (15, 7.5, 3.25, 0 µM) individually, and then the 

signal was read at Excitation 485nm/ Emission 590/ Cut off 570nM. ΔH2O2 consumption was 

calculated as ((H2O2 value without substrates) - (H2O2 value with substrates))/wet weight tissue. 

3.2.9 Metabolomics analysis  

The metabolite extraction method was adopted from (Haws et al., 2020) with modifications. 

Specifically, tissues were pulverized prior to metabolite extraction. Pulverized tissue (~30 mg) 

was incubated with 1 mL of ice-cold 8:2 methanol:water solution for 5 min on dry ice after 15-s 

of vortexing. Tissue homogenates were centrifuged at maximum speed (21,100  g) for 5 min at 



 82 

4°C and the supernatant was collected into a new tube. The remaining pellet was loosened using a 

pipette tip and incubated with 400 µL of ice-cold 4:2:2 methanol:acetonitrile:water solution for 5 

min on ice. The tissue homogenate was centrifuged again at maximum speed for 5 min at 4°C and 

the supernatant was pooled with the first metabolite extraction. The 4:4:2 

methanol:acetonitrile:water extraction was then repeated, and three extractions were pooled and 

completely dried using a SpeedVac (Thermo Fisher Savant ISS110) with nitrogen flow at room 

temperature. The dried metabolite samples were resuspended in water (150 µL water per 5 mg 

frozen tissue) and centrifuged at maximum speed for 5 min at 4°C. The supernatant was used for 

LC-MS metabolite profiling. 

The metabolite detection method was adopted from (Latorre-Muro et al., 2018). Specifically, 

metabolites were separated by Thermo Fisher Vanquish UHPLC with a Waters Acquity UPLC 

BEH C18 column (1.7 μm, 2.1 × 100 mm; Waters Corp., Milford, MA, USA) and analyzed using 

a Thermo Fisher Q Exactive orbitrap mass spectrometer in negative ionization mode. LC 

separation was performed over a 25 min method with a 14.5 min linear gradient of mobile phase 

(buffer A, 97% water with 3% methanol, 10 mM tributylamine, and acetic acid-adjusted pH of 8.3) 

and organic phase (buffer B, 100% methanol) (0 min, 5% B; 2.5 min, 5% B; 17 min, 95%B; 19.5 

min, 5% B; 20 min, 5% B; 25 min, 5% B, flow rate 0.2 mL/min). A quantity of 12 µL of each 

sample was injected into the system for analysis. The ESI settings were 30/10/1 for 

sheath/aux/sweep gas flow rates, 2.50 kV for spray voltage, 50 for S-lens RF level, 350°C for 

capillary temperature, and 300°C for auxiliary gas heater temperature. MS1 scans were operated 

at resolution = 70,000, scan range = 85–1250 m/z, automatic gain control target = 1 × 106, and 100 

ms maximum IT. Metabolites were identified and quantified using El-MAVEN (v0.12.1-beta) 
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(Agrawal et al., 2019) with metabolite retention times empirically determined in-house. Metabolite 

levels were compared using the peak AreaTop metric. 

3.2.10 qPCR for mitochondrial DNA quantification 

Tissues were homogenized using a glass tissue grinder (PYREX, CAT# 77241) at 50 mg 

wet weight/ml in lysis Solution (25 mM NaOH, 0.2 mM EDTA), then incubated at 95°C for 30 

min, followed by centrifugation at 10,000 rpm for 5 min at 4°C. The supernatant was then collected 

and mixed with an equal volume of 40 mM Tris-HCl (Truett et al., 2000). DNA concentrations ere 

quantified using a NanoDrop Spectrophotometer (ND-1000, Thermofisher Scientific, Napean, ON, 

CAN). The relative mtDNA/nDNA ratios were measured by qPCR using a Rotor-Gene Q (Qiagen 

Inc., Montreal, QC, CAN), with a reaction medium containing 5 μl qPCR SYBR Green Mix 

(A600A; Promega, Madison, WI, USA), 0.1 μM primer (Primers are listed in Table 7.1), 2 μl DNA 

(optimal dilutions were determined previously), and H2O; total volume 10 μl). The copy number 

of mtDNA was calculated using the following formula (Quiros et al., 2017): 

a) ∆Ct = Ct (nDNA gene) – Ct (mtDNA gene)  

b) Copies of mtDNA = 2 × 2∆∆Ct  

c) Relative mtDNA content = mtDNA treatment/mtDNA normoxic 

Table 3.1 List of primers for mtDNA quantification. 

Species Target Sequence (5’ to 3’) 

NMR 

16S mitochondrial 

ribosomal RNA 

GTACCGCAAGGGAAAGATGAAAG 

TAGCTCGTTTGGTTTCGGGGTT 

beta 2-

microglobulin 

GCCAAACTACTTGAACTGCTATG 

GTCCAGTCCTTGCTGAAAGA 

 

3.2.11 Western blot 

Brain tissue was homogenized by sonication (20 times, 1s/time) at 100 mg/ml (W/V) in 

radio-Immunoprecipitation Assay (RIPA) buffer with protease inhibitors and phosphatase 
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inhibitors. The homogenate was spun at 12,000g for 10 min at 4 °C. The supernatant was kept for 

protein concentration measurements using the Biuret assay and followed by SDS-PAGE. First, 

10–50 μg of protein was loaded per lane onto a 12 or15% SDS-polyacrylamide gel, which in turn 

was run for 1–1.5 h at 130 V. The separated proteins were then transferred to a nitrocellulose 

membrane for 1 hr at 100 V. Successful transfer was determined by Ponceau S staining. 

Membranes were then incubated with 5% bovine serum albumin for 60 min to block non-specific 

binding sites. Levels of specific proteins were determined using the antibodies listed in Table 7.2. 

Quantification was performed using ImageJ software (V1.53j, NIH, Bethesda, MD). 

 

Table 3.2 List of antibodies. 

Target Vendor Cat # 

BNIP3 Abclonal A19593 

Drp1 Abclonal A2586 

Drp1-S616 Abclonal AP0849 

Fis1 Abclonal A19666 

LC3B Abclonal A19665 

MFN1 Abclonal A9880 

NIX Abclonal A6283 

MFN2 Abclonal A19678 

OPA1 Abclonal A9833 

p62 Abclonal A11483 

Parkin Abclonal A0968 

Pink1 Abclonal A7131 

Rabbit IgG (secondary) Thermofisher 31458 

Mouse IgG (secondary) Thermofisher A16017 

Polyclonal antibodies were diluted at 1 µg/ml in 3-5% BSA, 

monoclonal antibodies were diluted at 0.5 µg/ml in 3-5% BSA, 

Secondary antibodies were diluted at 0.1 µg/ml in 3-5% BSA. 
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3.2.12 TEM 

Mice or NMR were perfusion fixed first with a Ringer’s solution at 37◦C followed by 

primary fixative consisting of 2% paraformaldehyde + 2.5% glutaraldehyde in 0.15 M sodium 

cacodylate buffer (pH 7.4) also at 37◦C. The brain was rapidly removed from the skull and placed 

in ice-cold primary fixative for 1 h (mouse) or shipped on ice surrounded by ice packs with 

overnight delivery. Using a Leica vibratome with a trough containing ice-cold 0.15 M cacodylate 

buffer, brains were sliced into 100 micron-thick coronal slices and those containing the 

hippocampus were collected. The slices were rinsed in 0.15 M cacodylate buffer and incubated in 

a mixture of 1% OsO4, 0.8% potassium ferrocyanide, 3 μM calcium chloride in sodium cacodylate 

buffer for 1 h on ice. Then, the slices were washed 3x3 min with ice-cold double-distilled water 

(ddH2O) and stained with 2% uranyl acetate for 1 h ice. The slices were next incubated in 

increasing ethanol solutions: 20%, 50%, 70%, 90% on ice, followed by 3 x 100% at RT, each for 

10 min. Subsequently, the slices were infiltrated with a mixture of 50% dry acetone and 50% 

Durcupan ACM resin (Fluka) for 2 h with agitation, and then incubated 3x12 h in 100% Durcupan 

with agitation. Durcupan ACM resin was made by mixing 11.4 g component A, 10 g component 

B, 0.3 g component C and 0.1 g component D. The slices were sandwiched between 2 Mold-

release slides and polymerized for 48 h at 60 C in an oven. The glass slides were removed. A 

hacksaw was used to cut out a block about 2 mm across and glued on a dummy block. Thin sections 

about 70 nm thick were cut using a Leica UCT ultramicrotome. The sections were placed on 200-

mesh uncoated thin-bar copper grids. A Tecnai Spirit (FEI; Hillsboro, OR) electron microscope 

operated at 80 kV was used to record images with a Gatan 2Kx2K CCD camera at 2.9 nm/pixel.  

 



 86 

For quantitative analysis, the mitochondrial profile area was measured with ImageJ 

(National Institutes of Health).  The number of mitochondria per unit cytoplasmic area was 

calculated by counting the number of mitochondria in an image and dividing by the profile area of 

the cytoplasm measured using ImageJ. The mitochondrial volume fraction, defined as the volume 

occupied by mitochondria divided by the volume occupied by the cytoplasm, and the crista density, 

defined as the cristae surface area per mitochondrial volume, were estimated using stereology with 

the “grid” plug-in of ImageJ. 

3.2.13 Electron microscopy Tomography 

Semi-thick sections of thickness about 350 nm were cut from the blocks of tissues prepared 

for TEM with a Leica ultramicrotome and placed on 200-mesh uncoated thin-bar copper grids. 20-

nm colloidal gold particles were deposited on each side of the grid to serve as fiducial cues. A grid 

was placed in a Tecnai HiBase Titan (FEI; Hillsboro, OR) electron microscope operated at 300 

kV. The grid was irradiated with electrons for about 20 min to limit anisotropic specimen thinning 

during image collection at the magnification used to collect the tilt series before initiating a dual-

axis tilt series. During data collection, the illumination was held to near parallel beam conditions 

and the beam intensity was kept constant.  Tilt series were captured using SerialEM software 

(University of Colorado, Boulder, CO) at 0.81 nm/pixel. Images were recorded with a Gatan 

4Kx4K CCD camera. Each dual-axis tilt series consisted of first collecting 121 images taken at 1-

degree increment over a range of -60 to +60 degrees followed by rotating the grid 90 degrees and 

collecting another 121 images with the same tilt increment. After collecting the orthogonal tilt 

series, to improve the signal-to-noise ratio, 2x binning was performed on each image by averaging 

a 2x2 x-y pixel box into 1 pixel using the newstack command in IMOD (University of Colorado, 

Boulder, CO). The IMOD package (https://en.wikipedia.org/wiki/IMOD_(software)) was used for 
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tilt-series alignment, reconstruction, and volume segmentation. R-weighted back projection was 

used to generate the reconstructions. Volume segmentation of mitochondrial membranes was 

performed using IMOD by tracing in each of the 1.62 nm-thick x-y planes that the object appeared 

that then created stacks of contours with the Drawing Tools plug-in in IMOD. The traced contours 

were then surface-rendered by turning contours into meshes to generate a 3D model. The surface-

rendered volumes were visualized using 3DMOD. Lengths, surface areas, and volumes were 

extracted using the program imodinfo. The number of crista junctions per mitochondrial slice was 

measured by simply counting the number of crista junctions per mitochondrion observed in a 1.6-

nm thick central slice through an EM tomography volume. Because NMR brain mitochondria were 

larger than mouse brain mitochondria, to normalize the crista junction parameter, we divided the 

number of crista junctions by the mitochondrial outer membrane length (ImageJ), being a logical 

choice because the junctions are next to the outer membrane. This normalization removed the 

mitochondrial size variability between NMR and mouse. 

3.2.14 Serial Block Face Electron Tomography (SBEM) 

The first part of the SBEM procedure followed identically the TEM procedure up until the 

following step and then proceeded as described here. The slices were incubated in 2% OsO4/1.5% 

potassium ferrocyanide for 1 h on ice. Slices were then washed 3x in ice-cold ddH2O. Samples 

were then incubated in 1% thiocarbohydrazide (Electron Microscopy Sciences) for 15 min RT. 

Next, the samples were incubated in 2% aqueous OsO4 at RT for 1 h. After washing in ice-cold 

ddH2O, the samples were then left in 1% uranyl acetate overnight at 4◦C. The next day, samples 

were incubated in a lead aspartate solution prepared by dissolving 0.066 g lead nitrate into 10 ml 

0.03 M aspartic acid with the pH subsequently adjusted to 5.5 using 1 N KOH. This incubation 

took place in a 60◦C oven for 30 min. The samples were then washed and dehydrated through a 
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series of ethanol solutions on ice (50%, 70%, 90%, 100%, 100%, 10 min each) at RT and washed 

in 100% anhydrous acetone for 10 min at RT. Following this, samples were infiltrated with resin 

by first incubating them for 2 h at RT in a solution of 50% acetone and 50% Durcupan ACM and 

then overnight in 100% Durcupan. The next day, samples were transferred to a freshly prepared 

100% Durcupan solution and incubated at RT for 2 h. Samples were then placed in a 60◦C oven 

for 3 days to accomplish polymerization.  

The brain volumes were collected using a Gatan 3View system mounted on a GeminiSEM 

450 field emission SEM (Carl Zeiss Microscopy) operated at 2.0 to 2.4 kV accelerating voltages, 

with a raster size of 20k×20k or 24kx24k and pixel dwell time of 0.5 -1.5 μs. The pixel size was 

7.4 nm and section thickness was 60 nm. Once a volume was collected, the histograms for the 

Digital Micrograph files were normalized to correct for drift in image intensity during acquisition. 

The Digital Micrograph files were then converted to 8-bit MRC format. As with EM tomography, 

contours were manually traced in consecutive slices in the z dimension to determine the boundaries 

of neurites and mitochondria. The contours were surface-rendered and the volumes were visualized 

using 3DMOD. Lengths, surface areas, and volumes were extracted using the program imodinfo. 

3.2.15 Statistical analysis  

All statistical analyses were performed using GraphPad Prism 9 (GraphPad Prism, La Jolla, 

CA, USA). Data were analyzed using two-tailed t-tests (Fig. 3.3, SF 3.2); one-way ANOVA with 

Dunnett multiple comparison (Fig. 3.1&3.2, SF 3.3), or Tukey (Fig. 3.6) post-tests; two-way 

ANOVAs followed by with a Sidak (Fig. SF 3.4C-F), Dunnett (Fig SF 3.1, SF 3.4 A&B), or Tukey 

(Fig.  3.4) multiple comparisons tests. Significance was determined with a level of p < 0.05 unless 

otherwise indicated in results, and all data are expressed as the mean ± SEM. 
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3.3 Results 

NMR brain mitochondria have higher Ca2+ affinity and retention capacity. To compare the 

uptake rate and retention capacity for Ca2+ by brain mitochondria from NMRs and mice, boluses 

of CaCl2 were added in serial titrations to equal amounts of permeabilized brain tissue from each 

species (Fig. 3.1A). Mitochondrial Ca2+ uptake was monitored by measuring the decrease of Ca2+ 

in the solution using a light-excitable Ca2+ indicator, Calcium green-5N (Rajdev & Reynolds, 

1993), such that each Ca2+ bolus was observed as an increase in Calcium green-5N fluorescence 

in the solution due to Ca2+-binding. Boluses of Ca2+ were added until Calcium green-5N 

fluorescence increased, indicating activation of the MPTP and release of mitochondrial Ca2+, 

which is a hallmark of Ca2+ overload in hypoxic brain. Ru360, a specific antagonist of the UCM 

that does not impact endoplasmic reticulum (ER) Ca2+ uptake or release (Baughman et al., 2011; 

Matlib et al., 1998), was used to confirm that mitochondria were the main source of Ca2+ uptake 

in both species and in the subsequent overload of Ca2+ that triggered the release of mitochondrial 

matrix Ca2+ through the MCU (Fig. 3.1A-C). Note, ATP did not have any significant effect on 

Ca2+ uptake in NMR brain but caused a small release of Ca2+ in mouse brain (Fig. 3.1B&C). 

 We observed that permeabilized NMR brain tissue has a faster rate of Ca2+ uptake than 

mouse brain during the first 5 min following the initial bolus of 50 µM Ca2+, with ADP, (> 2-fold), 

without ADP (~ 10-fold), or following uncoupling of the mitochondrial proton gradient with 

carbonyl cyanide 3-chlorophenylhydrazone (CCCP; > 3-fold; Fig. 3.1B&C, F1,28 = 102.8, p < 

0.0001; Fig. 3.1D). ADP significantly increased the rate of Ca2+ uptake in both NMR and mouse 

brain (Fig. 3.1B-D). CCCP abolished the ability of mouse brain to take up Ca2+ within five min 

(Fig. 3.1B), but only slightly inhibited the rate of Ca2+ uptake (Fig. 3.1C&D) and Ca2+ retention 
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capacity (Table 3.3) in NMR brain. Overall, NMR brain tissue has a higher retention capacity for 

Ca2+ than mouse brain (Table 3.3).   

   

OXPHOS is more strongly inhibited by extramitochondrial Ca2+ in mouse brain than NMR 

brain. To assess the effects of Ca2+ on mitochondrial OXPHOS, we exposed permeabilized brain 

tissues with stepwise increases in Ca2+ concentration and then measured glutamate/malate-

stimulated mitochondrial O2 consumption. We report that Ca2+ generally reduces OXPHOS 

capacity in a dose-dependent manner in both NMR and mouse brain (F6,105 = 171.4, p < 0.0001; 

Fig. 3.2A & F6,105 = 145.1, p < 0.0001; B). Additionally, significant increases of leak respiration 

were triggered at > 50 µM Ca2+ in NMR brain but not in mouse brain. Finally, RCRs, calculated 

as the ratio of OXPHOS capacity/leak respiration, were reduced by exogenous Ca2+ in a dose-

dependent fashion in both species (Table 3.4, & SF. 3.1), primarily due to the reduction of 

OXPHOS capacity (Fig 3.2, Table 3.4, & SF. 3.1).  

 Importantly, the inhibitory effects of Ca2+ on OXPHOS were greater in mouse brain than 

NMR brain. Specificity, OXPHOS capacity was significantly inhibited in all Ca2+ concentrations 

in mouse brain but NMR brain was not impacted by [Ca2+] < 50 µM (Fig. 3.2A&B). Moreover, 

the relative reductions of OXPHOS capacity (values normalized to 100% at 0 µM Ca2+) in mouse 

brain were significantly lower than in NMR brain (F1,42 = 98.03, p < 0.0001; Fig. 3.2C). 

Correspondingly, we calculated the half-maximal inhibitory concentration (IC50, µM) at which 

Ca2+ inhibits OXPHOS capacity, which was 34.1 ± 4.61 in mouse brain versus 81.6 ± 6.74 in NMR 

brain (Fig. 3.2D; p = 0.0286). 

 The effect of Ca2+ on mitochondrial membrane permeability and the phosphorylation 

system control ratio was evaluated by the cytochrome c membrane integrity test and the ratio of 
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OXPHOS to ETC capacity (1-P/E %), separately. The effect of cytochrome c became significant 

at a lower [Ca2+] in mouse brain (20 µM) than in NMR brain (100 µM), and overall values were 

higher in mouse brain than NMR brain (F1, 42 = 70.28, p < 0.0001; Fig. 3.2E). Interestingly, NMR 

brain was elastic with regard to its Ca2+-induced phosphorylation system control ratio, which 

increased with addition of Ca2+ until 50 µM (from 11.20 ± 2.73 to 17.44 ± 1.78%, p < 0.001), and 

then decreased at 150 µM Ca2+ (3.30 ± 0.71%, p = 0.0014, Fig. 3.2F). On the other hand, mouse 

brain did not exhibit any significant change in any [Ca2+], and the values were generally lower 

than in NMR brain (F1, 42 = 160.1, p < 0.0001), except with 150 µM Ca2+ (Fig. 3.2F). 

 

Δψm is hyperpolarized in NMR brain and drives Ca2+ buffering. The proton gradient generated 

across the IMM (i.e., Δψm), was measured in permeabilized NMR and mouse brain tissue using 

fluorescence quenching of Rhodamine-123 (Rh-123) (Emaus et al., 1986). The impact of Ca2+ on 

Δψm was assessed by serial additions of CaCl2 (Fig. 3.3A). Glutamate/malate generated a greater 

signal in NMR brain than mouse brain (Fig. 3.3B), indicating a more hyperpolarized Δψm in the 

former (see below). Serial Ca2+ titrations reduced Δψm in both NMR and mouse brain, but a greater 

change was observed in NMR brain than mouse at each Ca2+ concentration (Fig. 3.3B). To 

compare the extent of this Ca2+-mediated depolarization in NMR vs. mouse brain mitochondria, 

we normalized the Rh-123 signal to 100% at 0 µM Ca2+ (Fig. 3.3C). In this analysis, we calculated 

that a greater proportion of Δψm was retained in NMR than mouse brain following each Ca2+ 

addition (Fig. 3.3C). Additionally, we calculated the half-maximal inhibitory concentration (IC50, 

µM) of Ca2+ on Δψm, which was 8.25 ± 0.18 in mouse brain versus 36.11 ± 0.38 in NMR brain (p 

< 0.05; Fig. 3.3D).  
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NMR brain mitochondria are larger, occupy more of the cytoplasmic volume, and have 

increased crista density relative to mouse brain. Mitochondrial structure is associated with Ca2+ 

sequestration capacity (Favaro et al., 2019; Hoitzing et al., 2015); therefore, we compared the 

ultrastructure of NMR and mouse brain mitochondria using TEM and electron microscope (EM) 

tomography. NMR mitochondria were distinct from mouse mitochondria in the neuronal somas 

(Fig. 3.4). Generally, normoxic NMR brain mitochondria were larger (F1, 196 = 51.68, p < 0.0001; 

0.35 ± 0.03 vs. 0.22 ± 0.02 µm2, p = 0.0180, Fig. 3.4I), and also had more densely packed cristae 

(F1, 76 = 18.85, p < 0.0001; 13.00 ± 1.30 vs. 8.70 ± 1.40 µm2/µm3, p = 0.0246, Fig. 3.4L), and more 

crista junctions per mitochondrion (9.00 ± 0.69 vs. 2.47 ± 1.19 per mitochondrion, p < 0.0005, SF. 

3.2). There was no significant difference in the number of mitochondria per unit cytoplasmic area 

(F1, 36 = 0.4754, p < 0.4949; Fig. 3.4J); however, the mitochondrial volume fraction was larger in 

NMR brain than mouse brain (F1, 36 = 9.972, p < 0.0.0032; 17.00 ± 3.40 vs. 9.90 ± 1.20%, p = 

0.0239, Fig. 3.4K). Tethering and zippering of adjacent mitochondria was commonly observed in 

NMR brain but not in mouse brain (Fig. 3.4C-H). Mitochondrial nanotunnels were commonly 

observed in serial block face electron microscopy (SBEM) volumes of NMR and mouse brains 

(Fig. 3.5) and were detectable in the smaller (yet higher resolution) EM tomography volumes (Fig. 

3.4E&F). Interestingly, mouse cristae were more often networked, and sometimes highly so (Fig. 

3.4G&H). 

 

NMR brain mitochondria expand in size yet shrink in number and volume fraction during 

hypoxia while mouse brain mitochondria build nanotunnels. Mitochondrial dynamics are critical 

to hypoxic/ischemic cell survival, and mitochondrial dynamics are altered by hypoxic/ischemic 

stress (Dong et al., 2016; Zhang et al., 2020). Therefore, we next examined structural changes of 
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brain mitochondria during in vivo hypoxia (7% O2, 4 h) in mouse and NMR brain (Fig. 3.5). As 

mentioned above, NMR brain has naturally larger mitochondria in normoxia (Fig. 3.4I), and 

increased in size further during hypoxia (from 0.35 ± 0.032 to 0.49 ± 0.042 µm2, p = 0.0049, Fig. 

3.4I). This growth was not the result of swelling or other abnormal structural alterations; the crista 

structure and density appeared the same under normoxic or hypoxic conditions (Fig. 3.5). 

Correspondingly, the number of mitochondria per cytoplasmic area was significantly lower during 

hypoxia in NMR brain (from 0.50 ± 0.098 µm2 to 0.16 ± 0.012 µm2, p = 0.0033, Fig. 3.4J), 

Furthermore, there was a significant reduction of mitochondrial volume fraction in NMR brain 

during hypoxia (from 17.00 ± 3.400 to 8.90 ± 1.100%, p = 0.0249, Fig. 3.4K), suggesting that 

there was loss of mitochondrial mass perhaps by disrupted mitochondrial biogenesis. In stark 

contrast, mouse brain mitochondria did not change in size during hypoxia (from 0.22 ± 0.020 to 

0.20 ± 0.015 µm2, p = 0.9625, Fig. 3.4I) nor did they change their number (Fig. 3.4J) or 

mitochondrial volume fraction (Fig. 3.4K). Not only were NMR mitochondria larger in size, but 

they also had a relatively greater crista density compared with mouse mitochondria under both 

normoxia and hypoxia (~13.00 vs. ~8.70 µm2/µm3, p < 0.05, Fig. 3.4L). Finally, the proportion of 

mitochondria connected in a nanotunnel network, and the length of these networks had increased 

with hypoxia in mouse brain but not NMR brain (Fig. 3.4M&N).   

 

Mitophagy is initiated in mouse but not NMR brain following acute in vivo hypoxia. Next, to 

examine mechanisms underlying changes in mitochondrial ultrastructure during hypoxia in mouse 

and NMR brain, we compared the expression of proteins implicated in fission/fusion pathways 

(i.e., MFN1&2, OPA1, Fis1, Drp1, and Drp1-S616) and mitophagy/autophagy pathways (i.e., 

Parkin, Pink1, BNIP3, NIX (BNIP3L), p62, caspase 3, LC3B). We found that Parkin and DRP1-



 94 

S616 both increased and BNIP3 decreased in hypoxic mouse brain (Fig. 3.6). However, there were 

no significant changes in any of these proteins with hypoxia in NMR brain (Fig. 3.6). Similarly, 

we noticed a significant reduction of relative mtDNA copy number in hypoxic mouse but not NMR 

brain (SF. 3.3). 

 

Metabolite changes in hypoxic NMR and mouse brain. Ca2+ and ROS homeostasis are 

intrinsically linked to cellular signalling pathways and changes in metabolites (Bertero & Maack, 

2018). For example, glutamate is a key neurotransmitter that regulates neuronal Ca2+ influx in 

hypoxia (Siesjo et al., 1995), whereas NADPH is a key metabolite that is involved in ROS 

scavenging and redox homeostasis (Mazat et al., 2020). Therefore, to better understand the 

strategies employed by NMR brain to manage ROS and Ca2+ homeostasis at the signalling level 

in response to hypoxia, we next evaluated hypoxic changes in key signalling intermediates and 

metabolites. Towards this aim, we identified and analyzed hypoxia-induced differences in the 

metabolomic profiles of NMR and mouse brain following 4 h of in vivo hypoxia to reveal potential 

mechanisms that could explain the relatively superior tolerance of NMR brain to hypoxia. 

 Few metabolites were similarly impacted by hypoxia between mouse and NMR brain; 

however, changes in metabolites were more numerable and of greater magnitude in NMRs than in 

mice (e.g., the number of metabolites that were significantly different between treatments was 

24/64 in NMR brain vs. 15/64 in mouse brain (Fig. 3.7). There were similar trends and overlapping 

changes of metabolites between normoxic and hypoxic NMR and mouse brains. However, we 

identified more metabolites that were both down- and upregulated in hypoxic NMR brain.  

We assigned all significant metabolites to KEGG pathways using MetaboAnalyst 5.0 (Pang 

et al., 2021). A total of 22 KEGG pathways were enriched in mouse brain, while 35 were enriched 
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in NMR, including 19 of the 22 elevated in mice (Fig. 3.7). Furthermore, within the same pathways, 

a greater number of metabolites were identified as altered in NMR brain than mouse (e.g., 

metabolites related to aminoacyl-tRNA biosynthesis, valine leucine isoleucine biosynthesis, and 

arginine biosynthesis, etc.) (Fig. 3.8; note that ‘biosynthesis’ in this context is a general term for 

increased bioavailability of a given metabolite and may not be due to the actual synthesis of a 

given metabolite within the organism). Moreover, several pathways were altered only in NMRs 

with particularly low p-values and/or high impact factors, including nicotinate nicotinamide 

metabolism, glutathione metabolism, and d-glutamine/d-glutamate metabolism (Fig. 3.8). Overall, 

the major components of these pathways can be divided into three groups, which are amino acids, 

carbohydrates, and coenzymes. 

 Glutamate, glutamine, aspartate, arginine, ornithine, proline, threonine, isoleucine, leucine, 

and valine were identified as changing in both NMR and mouse brain; however, the number of 

significant changes was larger in hypoxic NMR brain (Fig. 3.7). Therefore, these metabolites 

contributed higher confidence (larger hit numbers and lower p-values) in arginine-related 

metabolism, valine, leucine, and isoleucine metabolism, and alanine, aspartate, and glutamate 

metabolism in NMR than mouse brain (Fig. 3.8)). Phenylalanine and tyrosine were increased in 

hypoxic NMR brain, but not in hypoxic mouse brain (Fig. 3.7) and were assigned to phenylalanine 

metabolism (Fig. 3.8). 

There were also changes in a group of metabolites that were not assigned using 

MetaboAnalyst, including a reduction in fructose 6-phosphate and accumulations of sedoheptulose 

7-phosphate and glucose 6-phosphate in hypoxic NMR brain, which participate in the pentose 

phosphate pathway (Fig. 3.7). 
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The most significant changes in hypoxic NMR brain were the glutathione metabolism and 

nicotinate nicotinamide metabolism pathways (Fig. 3.8), as indicated by decreased levels of 

ornithine, glutamate, glutathione, aspartic acid, NAD+, and NADP+, and increased NADPH (Fig. 

3.7). In contrast, these pathways were unchanged in mouse brain. The accumulation of NADPH 

possibly results from suppression of antioxidant function (Xiao et al., 2018). Thus, we mimicked 

hypoxia-induced Ca2+ stress in permeabilized NMR brain tissue and evaluated its H2O2 

consumption ability.  

In this analysis we observed that Ca2+ inhibits H2O2 consumption in permeabilized NMR 

brain (SF. 3.4), which suggested that mitochondrial Ca2+ uptake suppressed OXPHOS function 

(Fig. 3.3) as well as anti-oxidative capacity (SF. 3.4). Specifically, CaCl2 inhibits H2O2 

consumption with all substrates except succinate-induced leak respiration (F3, 114 = 92.41, p < 

0.0001, SF 3.4A). In addition, the mitochondrial complex II (succinate/rotenone) pathway is more 

sensitive to CaCl2 than the complex I (glutamate/malate) pathway with regard to H2O2 

consumption (SF 3.4A), because 20 µM CaCl2 does not change H2O2 consumption with 

glutamate/malate (p = 0.2558) but significantly reduces H2O2 consumption with 

succinate/rotenone (p = 0.0025) (SF 3.4A). Although there is no statical difference in some 

conditions (i.e., between succinate/rotenone/ADP and glutamate/malate/ADP without CaCl2; p = 

0.1024), glutamate/malate/ADP-induced respiration consumes more H2O2 than all other substrates 

in all conditions (SF 3.4B), and is largely inhibited by auranofin (a thioredoxin-reductase inhibitor; 

p = 0.0002, > 80%, SF 3.4B&F). Note that, with auranofin in 100 µM CaCl2 condition, tissues 

produce ~40% of the H2O2 that could be consumed without auranofin (SF 3.4F).  

Interestingly, ADP (OXPHOS) does not change H2O2 consumption relative to succinate-

induced leak respiration (SF 3.4B; F1, 44 = 0.0048, p = 0.9447, SF 3.4C). Rotenone (which blocks 
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reverse electron transport from complex II to I) significantly enhances (p = 0.0012, > 200% without 

CaCl2; and p = 0.0107, > 100% with 20µM CaCl2) H2O2 consumption during succinate-related 

respiration (F1, 46 = 24.86, p < 0.0001, SF 3.4B). On the other hand, ADP enhances H2O2 

consumption during glutamate/malate-induced respiration (F1, 46 = 87.96, p < 0.0001, SF 3.4 D). 
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3.4 Figures and tables 

 
 

Figure 3.1 Ca2+ uptake by permeabilized cortical brain tissues. 

 (A) Fluorescent sensorgram of Ca2+ uptake by permeabilized cortical brain tissues from mice (blue 

traces), NMRs (red traces), and Ru360-treated tissue either in mouse or NMR (black traces). Black 

arrows indicate one 50 µM Ca2+ injection followed by multiple 20 µM Ca2+ injections in Ru360-

untreated tissue. The “End point” was determined as the last dose that did not trigger and increase 

in the Ca2+ signal. (B&C) Fluorescent traces following 50 µM Ca2+ addition (100% normalized) 

of permeabilized cortical brain tissues from mice (B) and NMRs (C). Substrates are GMD+Ru360 

(black traces), GMD+CCCP+RU360 (purple traces), ATP (red traces), GM (green traces), 

GMD+CCCP (orange traces), and GMD (blue traces). (D) The decay rate of Ca2+-binding Calcium 

green-5N is proportional to the [Ca2+] that remains in the external solution calculated from (B&C). 

Data are presented as mean ± SEM from n = 4 independent biological experiment. Significant 

differences were determined using two-way ANOVAs followed by a Dunnett multiple 
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comparisons test (*, p < 0.05 vs. GMD+RU360, D), or multiple unpaired t-tests with False 

Discovery Rate (†, p < 0.05 mice vs. NMR, D). Abbreviations: G, glutamate; M, malate; D, ADP; 

CCCP, carbonyl cyanide m-chlorophenyl hydrazine; Koff, Ca2+-binding Calcium green 5-N decay 

rate. 
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Figure 3.2 Ca2+ effects mitochondrial bioenergetics of permeabilized cortical brain tissues. 

(A&B) O2 consumption by permeabilized cortical brain tissues from mice (A) and NMRs (B). 

Substrates were added sequentially in the order indicated on the x-axis. (C) Summary of O2 

consumption in the GM-induced OXPHOS state of permeabilized cortical brain tissue normalized 

to 0 µM Ca2+. (D) IC50 of Ca2+ for inhibiting OXPHOS. (E) Effect of cytochrome c. (F) 

Phosphorylation system control ratio of complexes I-II (1-P/E %). Data are presented as mean ± 

SEM from n = 4 independent biological experiment. Significant differences were determined using 

two-way ANOVAs followed by a Dunnett (*, p < 0.05 vs. 0 µM Ca2+, A&B, E&F) or Sidak (†, p 

< 0.05 mice vs. NMR, C, E&F), or unpaired T-test with two-tailed calculations (D). Abbreviations: 

G, glutamate; M, malate; D, Cytc, Cytochrome c; ADP; S, succinate; CCCP, carbonyl cyanide m-

chlorophenyl hydrazine. 
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Figure 3.3 Ca2+ effects Δψm of permeabilized cortical brain tissues. 

(A) Sensorgram of Rhodamine 123 (Rh-123) fluorescence during Ca2+ titration of permeabilized 

cortical brain tissues. (B) Ca2+ dose-dependent effects on Δψm. (C) Ca2+ dose-dependent effects 

on Δψm normalized to 0 µM Ca2+. (D) IC50 of Ca2+ for decreasing Δψm. Data are presented as mean 

± SEM from n = 4 independent biological experiment. Significant differences were determined 

using unpaired T-test with two-tailed calculations (p < 0.05 mice vs. NMR, D). 
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Figure 3.4 NMR mitochondria are larger, occupy more of the cytoplasmic volume and have 

greater crista density than mouse mitochondria in neuronal somas of hippocampus.  

(A) Low-magnification TEM showing parts of 2 NMR neuronal cell somas in hippocampus. The 

nuclei are marked with an “N”. Scale bar is 2000 nm, also for (B). (B) Low-magnification TEM 

of a mouse neuronal cell soma in the hippocampus with smaller mitochondria. (C) A central slice 

through an EM tomography volume of NMR hippocampal neuronal soma showing large 

mitochondria in close proximity. Scale bar is 500 nm, also for (D). Tethering that connects adjacent 

mitochondria is observable in NMR (inset), but less so in mouse.  Inside the inset red box are three 

clear tethers. More common in NMR are “zippered” mitochondria, with outer membranes so close 

together that there does not appear to be any space between them, hence the zippered look (three 

red boxes). However, no intermembrane junctions with cristae aligned across mitochondria were 

observed. (D) In contrast, EM tomography of mouse hippocampal neuronal soma showed mostly 

elongated, less densely packed mitochondria. Crista density was also lower in mouse. (E) The 

mitochondrial volume in (C, red arrow) was segmented along all its membranes and shown 

surface-rendered in a side view. There are 78 densely packed cristae shown in four shades of brown. 

The mitochondrial outer membrane was made translucent to better see the cristae. The cristae are 

mostly tubular. A representative example is shown below. One nanotunnel (purple) connected to 

the mitochondrion. (F) Oblique top view of the mitochondrion providing another perspective of 

the cristae and nanotunnel. (G) The mitochondrial volume (D, arrow) is shown surface-rendered 

in a top view. (H) Side view. In contrast to NMR cristae, mouse cristae were often highly 

networked (example shown below). (I) Mitochondrial profile area (size) measured from TEM 

images. Mouse mitochondria were significantly smaller than NMR mitochondria (blue bars) (n = 

50 mitochondria). (J) Number of mitochondria per cytoplasmic area (n = 10 TEM images). (K) 

Mitochondrial volume fraction. Mouse is trending lower (p = 0.076, n = 10 TEM images). (L) 

Crista density (cristae surface area per mitochondrial volume) was significantly higher in NMR (n 

= 20 mitochondria). (M) Percent of the total number of mitochondria in a cell (soma and neurites) 

that were part of a nanotunnel network in an SBEM volume. (N) Mitochondrial-nanotunnel 

network length in an SBEM volume (n = 5 cells). Data are presented as means ± SEM with data 

points also shown; numbers in parentheses indicate n. Significant differences (p < 0.05) were 

determined using two-way ANOVA with Tukey multiple comparisons test; significant p values 

shown above the bars. Unpaired T-test with two-tailed calculations. 
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Figure 3.5 SBEM imaging of mitochondria and mitochondrial nanotunnels in NMR and 

mouse brain. 
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(A) Normoxic NMR. (B) Hypoxic NMR. (C) Normoxic mouse. (D) Hypoxic mouse. (A-D are 

slices from the SBEM volumes.) (E) Slice from an SBEM volume showing two mitochondria 

connected by a nanotunnel (traced in green) inside a dendritic process (traced in blue) near a cell 

soma in the CA3 region of hippocampus. Scale bar is 500 nm. (F) Segmentation provides surface-

rendered volumes showing a mitochondrial nanotunnel network (brown) inside the neurite 

(translucent maroon) and the canonical mitochondria (canonical defined as mitochondria not part 

of a network), (G) Magnified view of the nanotunnel network without the cell membrane. There 

were six nanotunnel segments (arrows). Note that the left- and right-end mitochondria have 

constrictions and not true nanotunnels. Nanotunnels are distinguished from constrictions not 

merely by diameter, but more importantly by containing no cristae. (H) There were 11 canonical 

mitochondria (blue) extending to both sides of the nanotunnel network. (I) Five nearby nanotunnel 

networks (various shades of brown). (J) Three mitochondrial nanotunnel networks (different 

shades of brown) inside the branched neurites (translucent maroon) and the canonical 

mitochondria (blue). (K) A second orientation to help with 3D perspective. (L) View without the 

cell membrane. There were 32 canonical mitochondria of various lengths (blue). (M) Five 

nanotunnel networks in close proximity within the cell volume. (N) Magnified nanotunnel network. 

Despite appearances, there were only five (numbered) mitochondria connected by nanotunnels.  

There were multiple constrictions, each having cristae, which thus excluded them from being 

nanotunnels. (O) A longer nanotunnel network having 10 distinct mitochondria. 
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Figure 3.6 Western blot analysis of mitochondrial fission, fusion, mitophagy and autophagy 

proteins during normoxia, hypoxia and reoxygenation. 

Representative western blot images of mouse (A, E) and NMR brain (C, G), and relative 

quantification of changes in mouse (B, F) and NMR brain (D, H). Data are presented as means ± 

SEM from n = 6. Significant differences were determined using one-way ANOVA with Tukey 

multiple comparisons test (*, p < 0.05 vs. normoxia, †, p < 0.05 vs. hypoxia/reoxygenation). 

Abbreviations: N, normoxia; H4, hypoxia 4hrs; H6, hypoxia 6hrs; H/R, hypoxia 6hrs followed by 

reoxygenation 24 h. 
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Figure 3.7 Volcano Plot of the identified metabolites illustrating a comparison between 

normoxia and hypoxia (7% O2 for 4 h). 

Fold change (FC) shown on x-axis: log2(FC); p value shown on y-axis: −log10(p). Downregulated 

(Down), upregulated (Up), and nonsignificant changes (NS) are presented with blue squares, red 

triangles, and grey dots, respectively, from NMR (A) and mouse brain (B). Significantly altered 

metabolites were identified with a fold change > 1.2 and a p-value < 0.05. 
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Figure 3.8 Metabolic pathways in which metabolites are altered by hypoxic treatment (7% 

O2 for 4 h).  

Data was shown based on the p-value (<0.05), impact factor, and Hits (number of metabolites in 

pathway) in NMR (A) and mouse brain (B). The color and size of each dot are associated with the 

-log 10(p) value and hits (number of assigned metabolites), respectively. 
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Table 3.3 Ca2+ resistance of permeabilized brain tissue. 

Substrates 
Max Ca2+ resistance (µM/mg/ml wet tissue) 

NMRs Mice 

GM 210 110 

GMD 210 110 

GMD+CCCP 150 < 50 

GMD+RU360 
no observed Ca2+ uptake 

GMD+CCCP+Ru360 

Values were determined as the amount of CaCl2 given before triggering Ca2+ release. Data are 

presented as means, from n = 4 independent biological experiment. Abbreviations: G, glutamate; 

M, malate; D, ADP; CCCP, carbonyl cyanide m-chlorophenyl hydrazine. 
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Table 3.4 Raw values of permeabilized brain tissue respiratory functions  

CaCl2 

(µM) 

  NMR CD1 

  GM D RCR GM D RCR 

0 
mean 6.15 67.79 11.03 10.80 60.14 5.57 

SEM 0.10 2.01 0.47 0.47 2.82 0.09 

0.2 
mean 7.39 78.46 10.62 10.59 50.54 4.77 

SEM 0.18 2.20 0.24 0.27 2.01 0.17 

10 
mean 7.62 68.77 9.07 11.32 45.48 4.05 

SEM 0.21 1.47 0.42 0.65 1.43 0.08 

20 
mean 8.33 61.14 7.43 12.00 36.60 3.05 

SEM 0.37 1.41 0.50 0.13 0.66 0.05 

50 
mean 14.37 42.47 2.96 11.72 23.56 2.01 

SEM 0.33 1.55 0.09 0.42 1.07 0.07 

100 
mean 21.39 27.09 1.26 12.26 18.91 1.54 

SEM 0.72 1.11 0.02 0.14 0.44 0.06 

150 
mean 20.14 23.28 1.16 12.03 18.39 1.53 

SEM 1.12 1.08 0.03 0.19 0.55 0.05 

Data are mean ± SEM, from n = 4 independent biological experiment. statistical analyses were 

indicated in Fig 3.2 & SF 3.1. Abbreviations: G, glutamate; M, malate; D, ADP; OXPHOS, 

oxidative phosphorylation; RCR, respiratory control ratio calculated as the ratio of OXPHOS 

capacity/leak respiration (D/GM). 
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3.5 Supplementary information 

 

 
SF 3.1 RCRs of permeabilized cortical brain tissue. 

Data are presented as means ± SEM from n = 4 independent biological experiment. Significant 

differences were determined using two-way ANOVAs followed by a Dunnett multiple 

comparisons test (*, p < 0.05 vs. 0 µM Ca2+). 
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SF 3.2 Crista junction number in NMR and mouse hippocampal neuronal somas. 

(A) Crista junction number per mitochondrion of NMR and mouse hippocampal neuronal somas. 

(B) Crista junction number per mitochondrial outer membrane length. Data are presented as means 

± SEM from n = 15 mitochondria. Significant differences were determined using unpaired two-

tailed t-test (p < 0.05 mice vs. NMR).  
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SF 3.3 Relative mitochondrial DNA/nuclear DNA (mtDNA/nDNA) ratio in hypoxic brain. 

Relative mtDNA quantification was evaluated in triplicates using qPCR by amplification of 16S 

mitochondrial ribosomal RNA gene in mtDNA and normalised to beta-2-microglobulin. Data are 

presented as means ± SEM from n = 6 each. Significant differences were determined using one-

way ANOVA with Dunnett multiple comparisons test (p < 0.05 vs. normoxia). Abbreviations: N, 

normoxia; H6, hypoxia 6 h; H/R, hypoxia 6 h followed by reoxygenation 24 h. 
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SF 3.4 Ca2+ inhibits H2O2 consumption in permeabilized NMR brain. 

(A, B) Change (Δ) in H2O2 consumption (H2O2 consumed with substrates subtracted from 

consumption without substrate) in 5 mg/ml tissue incubated with 10 µM H2O2 for 10 min. (C-F) 

Statistical comparisons of ΔH2O2 consumption between (C) succinate and succinate/ADP, (D) 

glutamate/malate and glutamate/malate/ADP, (E) succinate/rotenone and succinate/rotenone/ADP, 

and (F) glutamate/malate/ADP and glutamate/malate/ADP/auranofin. Data are presented as means 

± SEM from n = 6-8 each. Significant differences were determined using two-way ANOVA with 

Dunnett (A&B), and Sidak (C-F) multiple comparisons test (p < 0.05 in A, and C-F; a, b, c, d in 

B). Abbreviations: G, glutamate; M, malate; S, succinate; D, ADP; R, rotenone; AU, auranofin; 

AUR, Amplex UltraRed; HRP, horseradish peroxidase. 
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3.6 Discussion 

Mitochondria are primary regulators of cellular bioenergetics and serve as an important hub for 

multiple aspects of cellular signalling, including by two of the predominant cellular messengers: 

Ca2+ and ROS (Anderson et al., 2019; Giorgi et al., 2018; Szabadkai & Duchen, 2008). However, 

Ca2+ signalling is a double-edged sword as Ca2+ overload induces neuronal cell death in hypoxia 

and ischemia. In the present study we explore Ca2+ handling in a hypoxia-tolerant mammal brain 

and reveal novel adaptations at the mitochondrial level that contribute to the tolerance of NMR 

brain to Ca2+ and hypoxic stress. Specifically, we report that increasing external Ca2+ induces 

mPTP opening and the release of mitochondrial matrix Ca2+ in both NMR and mouse brain. 

However, the properties of mitochondrial Ca2+ handling are divergent between these species such 

that NMR brain mitochondria are able to take up and retain more Ca2+, preserve bioenergetic, 

regulate redoxes state and ETC function following in vitro Ca2+ challenges, and avoid mitophagy 

following an in vivo hypoxia challenge. In relation, cellular glutamate metabolism and redox state, 

which are both tightly associate with mitochondrial Ca2+ management (Siesjo et al., 1995), are 

altered following in vivo hypoxia. These capabilities are likely mediated by ultrastructural 

differences between these species that precondition NMR mitochondria to tolerate severe Ca2+ 

challenges, such as occur during hypoxia in hypoxia-intolerant mammal brain. Together, the 

mechanisms reported in this study explain the blunted Ca2+ intake profile of hypoxic NMR brain 

in vitro (Peterson et al., 2012a), and contribute to hypoxia/ischemia tolerance in NMR brain in 

vitro and/or in vivo (Cheng & Pamenter, 2021; Nathaniel et al., 2009; Pamenter et al., 2018).  

 

Mitochondrial uptake is the primary mediator of Ca2+-buffering in NMR brain. Mitochondria 

play major roles both as regulators of cytosolic [Ca2+] and mediators of cellular Ca2+ signalling 
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(Giorgi et al., 2018). Mitochondria can accumulate large amounts of Ca2+, and thereby play an 

essential role in maintaining cellular Ca2+ homeostasis, particularly when extracellular Ca2+ influx 

into the cytosolic space is increased during acute hypoxia or ischemia (Shen & Jennings, 1972). 

In normal conditions, the rapid mode of uptake (RaM), mitochondrial ryanodine receptor (mRyR), 

MCU mediate mitochondrial Ca2+ uptake, with the MCU being the primary conduit of Ca2+ uptake 

when RaM and mRyR are inhibited (which occurs when cytosolic [Ca2+] is > 40 µM) (Ryu et al., 

2010). Consistent with a primarily role for the MCU in mitochondrial buffering, we report a near 

complete inhibitory effect on Ca2+ uptake with the MCU-antagonist Ru360 in both NMR and 

mouse (Fig. 3.1A-D). We also demonstrate that mPTP opening (increasing Ca2+ signal after end 

points), which is a necessary for the initiation of Ca2+-mediated cell death in hypoxia/ischemic 

brain (Kroemer et al., 2007), is triggered at a much higher external [Ca2+] in NMR brain 

mitochondria than mouse (210 vs. 110 µM, NMR vs. mouse, Fig. 3.1A, Table 3.1).    

 In addition to having a greater capacity for Ca2+, NMR brain mitochondria take up Ca2+ at 

a higher rate than mouse (Fig. 3.1B-D). The rate of mitochondrial Ca2+ uptake depends on multiple 

factors, including the energetic states of mitochondria, Δψm, and external Ca2+ concentration 

(Gunter & Pfeiffer, 1990). We have previously reported that NMR brain maintains [ATP] in acute 

in vivo hypoxia (7%, 4 h) (Pamenter et al., 2019a), and this likely supports rapid uptake of higher 

volumes of Ca2+ (Fig. 3.1B-D, Table 1). Indeed, glutamate/malate-induced OXPHOS capacity is 

similar between NMR and mouse brain per tissue weight (Fig. 3.2A&B), but NMRs have a more 

tightly coupled ETC (Pamenter et al., 2018), which should result in higher O2/ATP coupled 

respiration rates. In addition, the more hyperpolarized Δψm of NMR brain also contributes to faster 

Ca2+ uptake, as we report stronger glutamate/malate induced Rh-123 quenching in NMR brain 

than mouse (Fig. 3.3B). Note that there is a linear correlation between fluorescence quenching of 
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Rh-123 and Δψm (Emaus et al., 1986), which was validated in mouse and NMR brain homogenates 

(both (mouse and NMR) ~2.9 ΔV/µM Rh-123). Finally, NMR brain mitochondria have a greater 

volume and are endogenously  more interconnected than mouse (Fig. 3.4, and see below), which 

should physically support a higher Δψm, and provide more space in which to sequester Ca2+ 

(Gunter & Pfeiffer, 1990).  

Intriguingly, the decay rate (Koff, Fig. 3.1D) indicates that ATP-dependent Ca2+ uptake is 

the major mechanism of Ca2+ uptake in mouse brain mitochondria; however, both ATP- and Δψm-

dependent uptake contribute to Ca2+ uptake in NMR brain mitochondria. Taken together, these 

results indicate that NMR brain mitochondria have higher sensitivity to changes in [Ca2+], and 

greater capacity for Ca2+ buffering, and are also able to maintain Ca2+ buffering under ATP-limited 

situations, such as in hypoxia/ischemia.  

 

Enhanced mitochondrial Ca2+ buffering supports mitochondrial bioenergetics in NMR brain. 

Ca2+ uptake by mitochondria plays an important role in regulating mitochondrial energetics 

(Anderson et al., 2019; Giorgi et al., 2018; Szabadkai & Duchen, 2008). Conversely, excessive 

mitochondrial Ca2+ accumulation leads to mitochondrial depolarization, mPTP opening, and 

release of cytochrome c due to outer mitochondrial membrane (OMM) damage (Pandya et al., 

2013; Polster & Fiskum, 2004; Raffaello et al., 2016). In some hypoxia-tolerant species, 

mechanisms of enhanced mitochondrial Ca2+ management are thought to prevent excitotoxicity in 

hypoxic conditions. For example, turtle neurons mildly increase cytoplasmic Ca2+ by suppressing 

mitochondrial Ca2+ uptake (Pamenter et al., 2008) or enhance mitochondrial Ca2+ release (Hawrysh 

& Buck, 2013) to silence NMDAR activity, which is an ion channel that enables excessive influx 

of extracellular Ca2+ under hypoxia/ischemia in hypoxia-intolerant brain (Budd, 1998; Fan et al., 
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2014). Similar regulation of cytosolic Ca2+ levels by mitochondria has been reported in hypoxic 

goldfish retinal horizontal cells (Country & Jonz, 2021). 

We report that Ca2+ addition triggers dose-dependent mitochondrial respiratory 

dysfunction in both NMR and mouse brain (Fig. 3.2A&B), in line with previous studies using 

isolated mouse brain mitochondria (Hamilton et al., 2018; Pandya et al., 2013). However, 

consistent with our finding that NMR brain mitochondria can take up more Ca2+ before activation 

of the mPTP (Table 3.1), mitochondrial OXPHOS capacity (Fig. 3.2C-D), OMM integrity (Fig. 

2E), and Δψm (Fig. 3.3B-D) are all better maintained with the same Ca2+ challenge in NMR brain 

than mouse. The overall lower effect of cytochrome c and maintenance of Δψm suggests that a 

relatively intact mitochondrial membrane system is retained during Ca2+ stress, which would in 

return participate in Ca2+ resistance in NMR brain. Similar results have been reported in NMR 

brain during ischemic stress (Cheng & Pamenter, 2021). 

 

Large and zippered mitochondria, greater number of mitochondria connected by nanotunnels, 

higher cristae density, and more crista junctions per mitochondrion help NMR brain tolerate 

Ca2+. It is well established that biological structures determine cellular function. Furthermore, 

mitochondrial ultrastructural changes can occur within minutes to hours of signalling events, or 

even precede signalling events (Ramírez et al., 2017; Shenouda et al., 2011). Changes of 

mitochondrial volume are regulated by multiple factors (Kaasik et al., 2007). For example, 

deleterious Ca2+ uptake during ischemia is linked to increases in mitochondrial size, and 

neuroprotection can be achieved through either inhibiting the uptake of Ca2+, by increasing 

mitochondrial fusion, or by supressing ATP demand/production (Anastacio et al., 2013; Halestrap 

et al., 1986). It is therefore possible that the increase in NMR brain mitochondrial size during 
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hypoxia is a consequence of Ca2+ uptake during hypoxia (Pamenter et al., 2018), although no 

matrix swelling was observed. Indeed, Ca2+ uptake into the mitochondrial matrix also causes 

mitochondrial depolarization and related mitochondrial volume increases in neurons (Safiulina et 

al., 2006). Consistently, we found that Ca2+ uptake discharges glutamate/malate-induced Δψm in 

both mouse and NMR brain mitochondria (Fig. 3.3), and more depolarized mitochondria have also 

been reported in hypoxic NMR brain mitochondria in vitro (Pamenter et al., 2018). Therefore, we 

speculate that hypoxia-mediated increases of mitochondrial size in NMR brain (Fig. 3.4I), may be 

a fundamental contributor to their greater Ca2+ uptake capacity relative to mice (Table 3.1). 

Notably, however, a higher Δψm is observed in healthy and larger mitochondria (Twig et 

al., 2008), whereas swollen mitochondria have lower Δψm, which is due to Ca2+ overload 

(Schneider et al., 2019). We report a relatively higher Δψm (Fig. 3.3B) and larger size (Fig. 3.4I) 

of NMR brain mitochondria than mouse, suggesting that the larger mitochondrial size also 

contributes to higher Δψm, which in turn induces a higher rate of Ca2+ uptake in NMR brain (Fig. 

3.1D). Additionally, more closely packed NMR brain mitochondria (Fig. 3.4A-H), with stronger 

zippering, provide enhanced physical fundamentals for mitochondrial communication or 

transfer/exchange of molecules among NMR mitochondria, which may be beneficial, since 

disconnection of damaged mitochondria limits the cellular impact of local dysfunction (Glancy et 

al., 2018). 

  Crista junctions also control Ca2+ uptake through a constituent protein, optic atrophy type 

1 (OPA1), and a stabilizing protein, mitochondrial Ca2+uptake 1 (MICU1) (reviewed by 

Gottschalk et al., 2022). When Ca2+ binds to MICU1, crista junctions can open transiently by 

unblocking the OPA1 cap positioned over the crista junction opening. This Ca2+/MICU1-mediated 

plasticity of the crista junction opening allows for quick Ca2+ uptake across the cristae membranes 



 121 

through the constantly active MCU, which resides on the cristae membranes. Another 

subpopulation of MCU resides on the mitochondrial inner boundary membrane and allows for 

Ca2+ uptake across this membrane that complements the uptake across the cristae membranes. This 

dual localization of MCU underlies the mechanism of biphasic mitochondrial Ca2+ uptake kinetics. 

The increased number of MICU1-regulated crista junctions in NMR brain mitochondria may help 

to explain how they are able to take up and retain more Ca2+.  

 Intriguingly, we noticed enhanced connectivity between NMR brain mitochondria relative 

to mouse in the form of more extensive mitochondrial nanotunnel networks (Fig. 3.4). Although 

poorly understood from a functional perspective, structurally, mitochondrial nanotunnels are 60–

200 nm wide double membranes connecting two non-adjacent mitochondria and are capable of 

transporting proteins and metabolic intermediates between non-adjacent mitochondria (Vincent et 

al., 2017). What separates a nanotunnel from a simple constriction is that nanotunnels do not 

contain cristae, but constrictions often do. Mitochondrial nanotunnels are more frequent in 

conditions of metabolic derangement than in healthy animals, including in models of mtDNA 

diseases (Vincent et al., 2019), aging (Morozov et al., 2017), as a result of aberrant Ca2+ 

homeostasis (Lavorato et al., 2017), and with Alzheimer’s Disease (Tyumentsev et al., 2018). In 

general, nanotunnels are thought to rapidly extend from immobilized mitochondria as a survival 

mechanism during periods of energetic stress (Lavorato et al., 2017; Morozov et al., 2017). For 

example, a recent report suggested that mouse brain mitochondrial nanotunnels are enhanced 

within as little as five min of hypoxia (Zhang et al., 2016). Consistent with this, we found that 

hypoxia increased the length and number of nanotunnels in mouse brain. Conversely, we did not 

observe significant changes to NMR brain mitochondrial nanotunnels during hypoxia, but the basal 

level of mitochondrial nanotunnel networks was significantly higher in NMRs than in mouse (Fig. 
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3.4). Based on these results, we speculate that the abundant mitochondrial nanotunnel network in 

NMRs represents a form of endogenous preconditioning that, along with the other ultrastructural 

differences outlined above, supports mitochondrial energetic homeostasis (and potentially Ca2+ 

buffering) in NMR brain during fluctuations in environmental O2 availability.  

 

Short-term in vivo hypoxia induces fission and mitophagy in mouse but not NMR brain. 

Neuronal mitophagy is related to swelling of mitochondria and reductions of mitochondrial 

volume fraction, which can eventually lead to neuronal cell death (Yuan et al., 2007). We report a 

larger size of mitochondria and significant decrease of mitochondrial volume fraction during 

hypoxia in NMR brain (Fig. 3.4), however, there are no significant changes of fission/fusion, or 

mitophagy proteins during hypoxia (Fig. 3.6). On the other hand, several proteins that regulate 

mitochondrial dynamics are either accumulated (Parkin and Drp-S616) or degraded (BNIP3) 

during hypoxia in mouse brain (Fig. 3.6). Phosphorylation of serine 616 increases DRP1 activity, 

and initiates mitochondrial fission (Han et al., 2008), while increased Parkin is associated with the 

downstream activation of mitophagy (Ni et al., 2015; Pendin et al., 2017).  

 

Metabolic remodelling and redox state switching in NMR brain during acute hypoxia. We 

identified a handful of metabolites that change similarly between NMR and mouse brain following 

in vivo hypoxia, including valine, leucine, isoleucine, glucose 6-phosphate, glutamine, and 

arginine. Beyond these common changes, NMR brain exhibits broad metabolic reprograming 

during hypoxia related to (1) glutamine and glutamate metabolism, (2) phenylalanine/tyrosine-
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related neurotransmitter synthesis, (3) pentose phosphate pathways, and (4) coenzyme-related 

metabolism. 

Valine, leucine, and isoleucine accumulate with hypoxia in NMR and mouse brain, which 

is a common response to stress in mammals, including to hypoxia (Fitzgerald et al., 2021). 

Interestingly, an accumulation of threonine during hypoxia is observed in NMR brain but not in 

mouse, the underlying mechanism is unclear.  

Aspartate and glutamate metabolism are critical for maintaining energetic balance in 

homeostatic situations and also drive excitotoxicity in the central nervous system. We observe a 

decrease in glutamate and glutamine in hypoxic NMR brain but only glutamine decreases in 

hypoxic mouse brain. Decreases in these excitatory amino acids may be neuroprotective in NMRs, 

as derangements in glutamate are associated with excitotoxic cell death in hypoxia-intolerant 

mammalian brain (Choi & Rothman, 1990). In support of this, previous studies have reported that 

NMR brain is largely tolerant to hypoxic and ischemic stress ex vivo (Cheng & Pamenter, 2021; 

Nathaniel et al., 2009; Park et al., 2017), although the underlying protective mechanisms are 

largely unknown. It is possible that changes in the function of the aspartate–glutamate carrier, 

glutamic-oxaloacetic transaminase, and/or glutamate dehydrogenase occur during hypoxia in 

NMR brain, conferring some degree of neuroprotection. Indeed, we found that mitochondrial 

function is better maintained during Ca2+ stress in vitro, which could partially contribute to 

glutamate metabolism in NMR brain because Ca2+ and glutamate interact to drive excitoxic cell 

death in hypoxia-intolerant brain(Siesjo et al., 1995). Alternatively, the reduction in lysine in NMR 

brain suggests that this tissue might have increased aspartate/glutamate/glutamine demand and/or 

metabolism, since lysine is an important precursor in the de novo synthesis of glutamate (Papes et 
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al., 2001). Further studies are warranted to explore the regulation of excitatory neurotransmission 

in NMR brain during hypoxia. 

Phenylalanine and tyrosine are precursors to dopamine, which is, in turn, a precursor of 

epinephrine and norepinephrine (Fernstrom & Fernstrom, 2007). We observe increases in both 

metabolites in the hypoxic NMR brain; however, the mechanism underlying these changes in 

phenylalanine and tyrosine is unclear. We speculate that NMR brain may reduce the synthesis of 

epinephrine and norepinephrine, leading to decreases in physical activity during hypoxia, which is 

likely most severe in crowded nest chambers (Ilacqua et al., 2017). Additionally, limited molecular 

O2 availability during hypoxia may affect the activity of dioxygenases that contribute to the 

metabolism of these amino acids (Parthasarathy et al., 2018). 

Downregulation of fructose 6-phosphate is observed in hypoxic NMR brain, while 

interestingly, glucose 6-phosphate and sedoheptulose 7-phosphate are upregulated. It is thus likely 

that the pentose phosphate pathway is remodelled during hypoxia in NMR brain. This finding is 

similar to a previous report in anoxia (Park et al., 2017). 

Accompanying these changes of amino acids and carbohydrates, the redox state in NMR 

brain changes dramatically during hypoxia. This is apparent from the very large increase in 

NADPH and from reductions in FAD, NAD+, and NADP+. Increased NADH levels are essential 

to provide electrons for mitochondrial OXPHOS (Titov et al., 2016). In this study, we report 

changes of nicotinate and nicotinamide metabolism in hypoxic NMR brain, which indicates that 

NMR brain mitochondria decrease OXPHOS function during hypoxia, as previously reported 

(Pamenter et al., 2018). The source of increased NADPH is unknown; however, nicotinamide 

nucleotide transhydrogenase is a physiologically relevant source of mitochondrial NADPH that is 

activated when the mitochondrial ETC is impaired, thus slowing the conversion of NADH to NAD 
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(Ronchi et al., 2016). This may occur during hypoxia when the efficiency of the ETC becomes 

limited. There are also additional enzymatic oxidative reactions that generate NADPH and may be 

activated here (e.g., glutamate dehydrogenase (Plaitakis et al., 2017)). During normoxic conditions, 

most of the cytosolic NADPH is contributed by the oxidative pentose phosphate pathway, and 

most NADPH is used for both reductive biosynthesis and antioxidant defence (Dringen et al., 

2007). Thus, the elevation of NADPH in NMR brain might reduce biosynthesis as mentioned 

above, and also reduce NADPH-related antioxidant defence during hypoxia as a biproduct of the 

coordinated lowering of O2 consumption and ROS production in the brain and potentially across 

the whole organism, since oxidative metabolism can directly contribute to the generation of ROS 

(Halliwell, 2001). Perhaps, decreased ROS generation in hypoxia may reduce the activity of 

mitochondrial thioredoxin and glutathione scavenging pathways and, thus, contribute to the 

accumulation of NADPH.  

In support of this, we report that H2O2 consumption is regulated by Ca2+ (which may be 

elevated in hypoxia) in NMR brain mitochondria. As discussed above, the mitochondrial complex 

II (succinate/rotenone) pathway is more sensitive to CaCl2 than the complex I (glutamate/malate) 

pathway with regard to H2O2 consumption (SF 3.4A). The inhibition of H2O2 consumption by 

auranofin (SF. 3.4F) indicates that the thioredoxin-dependent enzymatic pathway might be the 

primary contributor to antioxidative defence in NMR brain mitochondria, which is different from 

isolated mitochondria from NMR heart and skeletal muscle, in which the GSH pathway dominates 

(Munro et al., 2019). In addition, ADP (OXPHOS) does not change H2O2 consumption relative to 

succinate-induced leak respiration (SF 3.4C), possibly due to succinate-induced reverse electron 

transport mediated by an abundance of O2
·−, resulting in oxidative stress (Scialo et al., 2017). 
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Taken together, these data suggest that NMR brain may suppress mitochondrial ROS scavenging 

capacity when O2 availability is limited, resulting to accumulation of NADPH. 

 

Limitations. Mitochondria and ER are two majors intracellular Ca2+ stores (Giorgi et al., 2018), 

and ER is usually the largest store of releasable Ca2+ in the cell (Ashby & Tepikin, 2001). 

Mitochondrial Ca2+ uptake is a rapid response, and also involves the ER (S. Wang et al., 2022). 

Hypoxia-induced Ca2+ release from the ER is commonly reported (Gusarova et al., 2011; Shimoda 

et al., 2021), and is regulated by mitochondrial ROS signalling (Gusarova et al., 2011; Mungai et 

al., 2011; Yang et al., 2020). In return, mitochondrial respiration and membrane dynamics are 

associated with ER function (Kuznetsov et al., 2022; Shen et al., 2022; S. Wang et al., 2022). Due 

to the limits of our methodology, we did not assess Ca2+ signals at the cellular level. Thus, further 

study of intracellular Ca2+ signalling in whole cells would help us to better understand the role of 

interactions within the mitochondria-ER-Ca2+ network in hypoxic NMR brain. 

 

Conclusion. Ca2+ overload is a hallmark initiator of catastrophic cell death during 

hypoxia/ischemia in brain. Remarkably, we report that NMR brain mitochondria have robust and 

sensitive Ca2+ uptake capabilities and resist mitochondrial defects following either in vitro Ca2+ 

challenges or in vivo hypoxic stress. We propose that NMR brain mitochondrial ultrastructure 

might support this outstanding Ca2+ regulation capacity, and help to maintain energetic balance, 

redox state, Ca2+ homeostasis, membrane potential, mitochondrial quality control, and metabolic 

regulation during in vivo hypoxia. These findings suggest a potential mechanism via which 
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mitochondria contribute to hypoxia/ischemia tolerance in NMR brain. Further investigation may 

help provide therapeutic strategies directed to mitochondria in hypoxic/ischemic brain damage.  
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4 A case study: NMR brain as a hypoxia/ischemia-tolerant model for biomedical 

research 

 

 

 

 

This chapter includes material from the following article: 

Cheng, H., & Pamenter, M. E. (2021). Naked mole-rat brain mitochondria tolerate in vitro 

ischemia. The Journal of physiology, 599(20), 4671–4685. https://doi.org/10.1113/JP281942 
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4.1 Introduction 

In a hypoxia-intolerant mammalian brain, defects in mitochondrial function occur during periods 

of low O2 stress or ischemia, which trigger energetic depression, and eventually the formation of 

the mPTP, the opening of which irreversibly triggers cell death (Polster & Fiskum, 2004). More 

damaging than ischemia-alone are ischemia-reperfusion (I/R) events, during which mitochondrial 

metabolism becomes rapidly reactivated following a period of ischemia, resulting in deleterious 

overproduction of ROS (Chouchani et al., 2014; Jassem et al., 2002; Piantadosi & Zhang, 1996). 

Such mitochondrial dysfunction is a central component in the pathophysiology of ischemic stroke, 

which comprises 80% of stroke cases (F. Liu et al., 2018). However, some mammals avoid 

derangements in brain mitochondrial function during periods of in vivo hypoxia, and in many such 

species, neuroprotective mechanisms against hypoxia also confer protection against ischemia 

(Christian et al., 2008; Pamenter et al., 2012). 

There is evidence that NMR brain is tolerant of ex vivo and in vitro hypoxic and ischemic 

challenges. For example, cell death does not increase in NMR brain slices during 5 h of oxygen 

glucose deprivation (OGD, a common in vitro ischemic mimic) (Nathaniel et al., 2009), and 

cortical neurons are resistant to acid-induced cell death (Husson & Smith, 2018) (with loss of acid-

base equilibrium being a key component of ischemic cell death in the brain (von Hanwehr et al., 

1986). Furthermore, neuronal Ca2+ influx, which is a key trigger of mPTP opening during ischemia 

(Halestrap, 2006), is blunted during hypoxia in NMR brain relative to mouse brain (Peterson et al., 

2012a). Additionally, our study in Chapter 3 suggests that NMR brain mitochondria can resistant 

higher [Ca2+] acclimation with rapid Ca2+ uptake, better maintenance of OXPHOS capacity, and 

less OMM damage. Little is known regarding the mechanisms that confer this neuroprotection 

against hypoxia/ischemia, but adult NMR brain expresses a neonatal conformation of NMDAR 
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subunits and a unique acid-sensing ion channel, which may blunt the deleterious influx of Ca2+ and 

H+ during ischemia, respectively (Peterson et al., 2012b; Schuhmacher et al., 2018). However, 

despite these findings, our understanding of neuroprotective mechanisms in the brain of this 

remarkably hypoxia-tolerant mammal is in its infancy. 

A key question that has received minimal attention in this model is whether mitochondrial 

function is maintained or impaired during ischemia and following reperfusion. This is a critical 

question because mitochondrial dysfunction during I/R in the brain of hypoxia-intolerant mammals 

leads to impaired OXPHOS, ATP depletion, overproduction of ROS, Ca2+ overload, formation of 

the mPTP, and activation of apoptotic cell-death pathways (Kroemer et al., 2007; Polster & Fiskum, 

2004; Yang et al., 2018). We have recently reported that NMR brain mitochondria supress ETC 

capacity >85% and that brain [ATP] is maintained following severe in vivo hypoxia (4 h in 3% O2) 

(Pamenter et al., 2019a; Pamenter et al., 2018). However, ischemia is more deleterious than 

hypoxia (Miyamoto & Auer, 2000), and understanding if and how neuroprotective adaptations 

against hypoxia in NMR brain mitochondria also confer tolerance against I/R injury is of pressing 

interest. To address this question, we utilized NMR and CD-1 mouse brain slices to explore 

changes in mitochondrial ETC and OXPHOS function and ROS dynamics during and following 

periods of in vitro OGD and I/R stress (Fernandez-Lopez et al., 2005; Murata et al., 2013; Rau et 

al., 2012; Trumbeckaite et al., 2013). 
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4.2 Methods 

4.2.1 Ethics approval 

NMRs were group-housed in interconnected multi-cage systems at 30°C and 21% O2 in 50% 

humidity with a 12L:12D light cycle. Animals were fed fresh tubers, vegetables, and fruit, and 

Pronutro cereal supplement ad libitum. CD-1 mice were obtained from Charles River and were 

housed at room temperature under a 12L:12D light cycle and fed rodent chow ad libitum. Animals 

were not fasted prior to experimental trials. All experimental procedures were approved by the 

University of Ottawa Animal Care Committee in accordance with the Animals for Research Act 

and by the Canadian Council on Animal Care. Non-breeding (subordinate) naked mole-rats do not 

undergo sexual development or express sexual hormones and thus we did not take sex into 

consideration when evaluating our results (Holmes et al., 2009). 

4.2.2 In vitro ischemic treatment of brain slices 

Adult subordinate NMRs (1-2 years old) and adult mice (14-16 weeks old) were sacrificed 

by cervical dislocation followed by decapitation. Brains were rapidly excised on ice and 300 μm 

coronal slices were sectioned with a vibratome in ice-cold oxygenated (95% O2, 5% CO2) sucrose-

based artificial cerebral spinal fluid (aCSF) containing (in mM): sucrose 248, NaH2PO4 1.25, 

MgSO4 2, MgCl2 1, CaCl2 1, KCl 2, NaHCO3 26 and d-glucose 10; pH 7.3. Slices were then 

allowed to recover in an aerated beaker for 45 mins at room temperature (~25°C) in modified 

Hanks' Balanced Salt Solution (HBSS; containing (in mM): NaCl 140, KCl 2, NaH2PO4 1.25, 

MgSO4 2, MgCl2 1, CaCl2 1, HEPES 15 and d-glucose 10; pH 7.3), aerated with compressed air. 

 Following this recovery period, 4 slices from each animal were placed into one 2 ml tube, 

which was perforated with small holes to allow free diffusion of solution and prevent mechanical 

damage to the brain slices that might result from direct gas bubbling. Tubes were then placed into 
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50 ml tubes containing 20 ml modified HBSS held at 32 or 37°C (the normal Tb of NMRs and 

mice in our housing conditions, respectively), which were continuously bubbled with either 

compressed air or 100% N2 gas, for 20 mins before treatments. Slices were then treated with one 

of four different experimental conditions: 1) 15 mins in normoxic modified HBSS (normoxic 

control), 2) 15 mins in oxygen–glucose deprivation (OGD, i.e., with glucose replaced with an 

equimolar amount of sucrose and bubbled with 100% N2 gas), 3) 30 mins in OGD, or 4) 15 mins 

of OGD followed by 15 mins of normoxic reperfusion (with glucose restored).  

Following treatment, slices were transferred into ice-cold Tris solution containing (in mM): 

KCl 100, Tris-HCl 50, EGTA 2, pH 7.1. Cortical regions were separated, weighed and 

homogenized using 200 µl pipette in a 1.5 ml tube at 100 mg wet weight of tissue per ml in Tris 

solution, and kept on ice for Oroboros experimentations. 

4.2.3 Mitochondrial respiration and H2O2 emission of brain homogenate 

Rates of O2 consumption and H2O2 emission were monitored simultaneously using an 

Oroboros O2k (Oroboros, Innsbruck, Austria) equipped with a fluorescence detection module 

mounted with the appropriate excitation and emission filters for the fluorescent probe Amplex 

UltraRed (AUR), as described previously (Cheng, Munro, et al., 2021). Briefly, AUR (10 µM), 

SOD (10 IU/ml), horseradish peroxidase (2 IU/ml), and saponin (50 µg/ml) were added to 2 ml 

respiration medium containing (in mM): KCl 120, HEPES 20, KH2PO4 20, MgCl2 2.5, EGTA 1, 

and BSA 0.045; pH 7.2, followed by brain homogenate (4 mg wet weight in each chamber), and 

held at 32°C for NMRs and 37°C for mice. An O2 range of 200 µM to 80 µM in the air-saturated 

medium was maintained during the whole measurement (Makrecka-Kuka et al., 2015). 
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Baseline values for O2 consumption and H2O2 production were measured following 

addition of mitochondria to chambers without effectors. SUIT protocols were sequentially 

performed as below. 

SUIT1 evaluated mitochondrial respiration through the pyruvate dehydrogenase complex 

pathway and complex I–II maximal capacity. The following components were added sequentially: 

pyruvate/malate to induce pyruvate dehydrogenase-dependent leak respiration from complex-I, 

ADP to induce OXPHOS respiration, glutamate to induce maximal OXPHOS respiration from 

complex I, succinate to induce maximal OXPHOS respiration from complexes I&II, and CCCP 

(to induce maximal electron transport capacity from complex I which was ∼1 μM for mice and 

∼1.5 μM for NMRs). 

SUIT2 evaluated mitochondrial respiration through the glutamate dehydrogenase pathway, 

and complex IV activity. The following components were added sequentially: glutamate/malate to 

induce glutamate dehydrogenase-dependent leak respiration from complex I, ADP to induce 

OXPHOS respiration, pyruvate to induce maximal OXPHOS respiration from complex I, succinate 

to induce maximal OXPHOS respiration from complexes I&II, antimycin A followed by ascorbate 

and TMPD to induce complex IV capacity. 

SUIT3 evaluated mitochondrial respiration through succinate dehydrogenase and 

mitochondrial membrane integrity. The following components were added sequentially: succinate 

to induce succinate dehydrogenase-dependent leak respiration from complex II, rotenone to block 

complex I, ADP to induce OXPHOS respiration from complex II and cytochrome c to assess outer 

mitochondrial membrane damage. 
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Table 4.1 Substrates for mitochondrial SUIT protocols  

Substrates Abbreviation Working concentration  

Malate M 2 mM 

Glutamate G 10 mM 

Pyruvate P 5 mM 

Succinate S 10 mM 

Ascorbate  ASC 2 mM 

TMPD  TMPD 0.5 mM 

Cytochrome c  CytC 10 µM 

ADP D 1 mM 

CCCP U/CCCP 0.5 or1 µM steps to max responses 

Antimycin A  AA 2.5 µM 

Rotenone R 0.5 µM 

Concentrations were tested by pre-experiments. Manufacture, function, and preparation of all 

substrates were as per (Fontana-Ayoub et al., 2016). 

In other experiments, rates of fluorescent product (resorufin) formation were converted to 

micromoles of H2O2 based on a three-point standard curve conducted with cortical brain tissue 

alone and by direct addition of 0.1 µM H2O2 twice to the chamber. 

4.2.4 Statistical analysis  

All statistical analyses were performed using GraphPad Prism 9 (GraphPad Prism, La Jolla, 

CA, USA). Data were analyzed using two-tailed t-tests (Fig. 4.7C); one-way ANOVA with 

Dunnett multiple comparison (Fig. 4.3 B&D) post-tests; two-way ANOVAs followed with a Sidak 

(Fig. 4.2, 4.6, 4.7B, Table 4.1), Dunnett (Fig. 4.1, 4.3 A&C, 4.4&4.5), or Tukey (Fig.  4.7A) 

multiple comparisons tests. Significance was determined with a level of p < 0.05 unless otherwise 

indicated in results, and all data are expressed as the mean ± SEM. 
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4.3 Results 

Ischemia-induced functional defects were greater in mouse brain than NMR brain. O2 

consumption in the four experimental groups (normoxia, 15 min OGD, 30 min OGD and 15 min 

OGD with reperfusion) were investigated using the SUIT protocols described in the methodology 

section. For mitochondrial respiration, OGD treatment significantly decreased OXPHOS capacity 

through complexes I, II and IV in both NMR and mouse cortical brain tissue, and these effects 

increased with time (Fig. 4.1A-F). However, the extent of these changes was markedly different 

between species, with NMRs exhibiting no or smaller reductions in respiration capacity in all 

treatment conditions relative to mice. Specifically, complex I-linked respiration (fuelled by either 

pyruvate/malate or glutamate/malate) decreased ∼45–76% in mice vs. ∼28–44% in NMRs (F1,14 = 

45.19, P < 0.0001 with pyruvate/malate, Fig. 4.2A; F1,14 = 38.15, P < 0.0001 with 

glutamate/malate, Fig. 4.2B), complex II-linked respiration (succinate/rotenone) decreased ∼42–

71% in mice vs. ∼18–41% in NMRs (F1,14 = 43.61, P < 0.0001, Fig. 4.2C), and complex IV 

capacity (ascorbate/TMPD) decreased ∼36–56% in mice vs. ∼16–29% in NMRs (F1,14 = 

49.58, P < 0.0001, Fig. 4.2D). Notably, cytochrome c-induced O2 consumption was stable in 

NMRs following all treatment conditions (between 40.62 ± 2.73 and 42.19 ± 2.60 pmol/(s*mg wet 

tissue), F3,28 = 0.4757, P = 0.7017, Fig. 4.1C) but was significantly decreased in mice post-OGD 

(from 90.73 ± 7.92 to 67.64 ± 6.25 pmol/(s*mg wet tissue), F3,28 = 11.3, P < 0.0001, Fig. 4.1F) 

 In addition, measures of mitochondrial integrity were similarly divergent between species. 

In mice, RCRs (calculated individually for each experiment as OXPHOS capacity divided by leak 

respiration) were significantly reduced following all ischemic treatments and in all substrate 

conditions mainly due to the large reduction of OXPHOS respiration (from 4.66 ± 0.65 to 2.57 ± 

0.43 with glutamate/malate, 4.58 ± 0.43 to 2.58 ± 0.51 with pyruvate/malate, and 2.88 ± 0.18 to 
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2.19 ± 0.20 with succinate/rotenone, F3,84 = 64.14, P < 0.0001, Fig. 4.3C & Table 4.2); conversely, 

a significant RCR reduction was only observed with glutamate-fuelled respiration in NMR brain 

(from 13.06 ± 1.44 to 9.29 ± 1.31 with glutamate/malate, F3,84 = 6.601, P = 0.0005, Fig. 4.3A). 

Additionally, the stimulatory effect of exogenous cytochrome c (i.e., exogenous cytochrome c-

induced O2 consumption divided by complex II-linked O2 consumption) on respiration increased 

∼3-fold in all OGD conditions in mice (from 2.25 ± 0.21 to 6.88 ± 1.30, F3,28 = 5.416, P = 0.0064, 

Fig. 4.3D). Conversely, in NMRs, these changes were more modest than in mouse brain (between 

1.50 ± 0.09 to 2.61 ± 0.20, F3,28 = 1.149, P = 0.3468, Fig. 4.3B) 

 

NMR brain had lower and more stable H2O2 emissions post-OGD treatments than mouse. 

Concomitant with O2 consumption, H2O2 emissions were recorded using the AUR assay in the 

presence of horseradish peroxidase and SOD during the three SUIT protocols (Fig. 4.4A-F). 

H2O2 emission in all conditions was similar during leak respiration driven by glutamate or 

pyruvate (Fig. 4.4A&B, 5.4D&E), while the overall values were slightly higher in mice than 

NMRs, under both normoxic and ischemic conditions. Conversely, glutamate induced significant 

increases in H2O2 emission following 30 min OGD and OGD/reperfusion, and in the presence of 

ADP in NMRs (F3,112 = 26.58, P < 0.0001, Fig. 4.4A; F3,84 = 32.48, P < 0.0001, Fig. 4.4B). This 

change was not observed in mice (Fig. 4.4D&E). Succinate-driven leak respiration was associated 

with higher H2O2 emission at rest than for other substrates, followed by significant reductions in 

H2O2 emission post-OGD and OGD/reperfusion treatments in both species (F3,84 = 7.986, P 

< 0.0001, Fig. 4.4C; F3,84 = 61.95, P < 0.0001, Fig. 4.4F), but with a greater magnitude of change 

in mice. Small but significant decreases of rotenone- and ADP-linked H2O2 emission were also 
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observed in mice following 15 min OGD and OGD/reperfusion (Fig. 4.4F), while these changes 

were not observed in NMRs (Fig. 4.4C). 

 Next, we calculated the H2O2/O2 flux ratio to evaluate the relative importance of 

H2O2 production in different respiratory states (Fig. 4.5A-F). Comparing with normoxic conditions, 

significant increases in the H2O2/O2 ratio were observed for complex I-linked leak respiration in 

the 30 min OGD and OGD/reperfusion groups but were not observed for the OXPHOS state in 

NMRs (F3,112 = 14.18, P < 0.0001, Fig. 4.5A; F3,112 = 7.852, P < 0.0001, Fig. 4.5B). Conversely, 

H2O2/O2 ratios were higher for both complex I-linked leak and OXPHOS respiration in mice 

following all ischemic conditions (F3,112 = 111.6, P < 0.0001, Fig. 4.5D; F3,112 = 91.96, P 

< 0.0001, Fig. 4.5E). Even though the trend of increasing H2O2/O2 ratios for complex II-linked 

respiration was similar in both species post-ischemia, the magnitude was divergent (Fig.  5.5C & 

5.5F). 

 To reveal the difference of magnitudes more clearly between NMRs and mice, we 

compared H2O2/O2 ratios between species following each treatment (Fig. 4.6A & 5.6G). The 

absolute value of the H2O2/O2 ratio for complex I-linked (glutamate/malate and pyruvate/malate) 

leak states were similar in both species (Fig. 4.6A & 5.6C). However, in the succinate-induced 

leak state, the H2O2/O2 ratio was higher in NMRs than mice following all treatments (F1,14 = 

175.8, P < 0.0001, Fig. 4.6E), and the higher H2O2/O2 ratio was maintained in NMRs in the 

normoxic group when reverse electron flow was blocked by rotenone (F1,14 = 2.290, P = 0.1525, 

Fig. 4.6F). Following the addition of ADP, H2O2/O2 ratios for complex II-linked OXPHOS were 

significantly higher in mice across all conditions (F1,14 = 49.85, P < 0.0001, Fig. 4.6G), and this 

phenomenon was also apparent for complex I-linked OXPHOS (F1,14 = 88.05, P < 0.0001, Fig. 

4.6B; F1,14 = 198.6, P < 0.0001, Fig. 4.6D). Furthermore, as shown in Table 4.3, mean values of 
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ΔH2O2/O2 ratio (subtracted by the mean value of normoxic conditions) were relatively similar for 

succinate-induced leak, but values of the ΔH2O2/O2 ratio were all approximately doubled in mice 

relative to NMRs for complex I- and II- linked OXPHOS and complex I-linked leak states. 

 

Substrate and electron transportation pathway preferences vary between NMR and mouse brain. 

Pathway control of mitochondrial function was analysed following 15 min normoxia and via 

normalization to complex I-II linked OXPHOS capacity (Fig. 4.7A), and complex IV activity (Fig. 

4.7B). First, we found that pyruvate/malate induced a greater proportion of leak respiration in mice 

than NMRs, and than glutamate/malate respiration in mice (F3,28 = 7.806, P = 0.0006, Fig. 4.7A). 

Secondly, complex I-linked OXPHOS capacity was higher with glutamate/malate than 

pyruvate/malate in NMRs, but this relationship was reversed in mice (Fig. 4.7A). Third, the 

complex I pathway contributed over 82% to the total complex I-II OXPHOS capacity in NMRs, 

but <60% in mice (Fig. 4.7A). Similarly, this trend was also observed when complex I-II OXPHOS 

capacity was normalized to complex IV activity, such that there is a relatively higher ratio of 

complex I-II to complex IV in NMRs relative to mice (F1,84 = 83.15, P = 0.0006, Fig. 4.7B). 

Finally, the phosphorylation system control ratio of complex I-II was evaluated by examining the 

OXPHOS to ETC capacity ratio (1-P/E) between species. This value was ∼10% in mice and ∼20% 

in NMRs (F1,14 = 5.86, P = 0.0326, Fig. 4.7C). 
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4.4 Figures and tables 

 

Figure 4.1 O2 consumption of permeabilized cortical brain tissue. 

Summaries of (A, D) pyruvate-stimulated respiration, (B, E) glutamate-stimulated respiration, 

and (C, F) succinate-stimulated respiration. Data are presented as means ± SEM from n = 8 each. 

Significant differences (*, P < 0.05 vs. normoxia) were determined by two-way ANOVAs 

followed by Dunnett's multiple comparisons test. Abbreviations: NOR, Normoxia; OGD15, 

oxygen glucose deprivation 15 mins; R15, reoxygenation 15 mins; OGD30, oxygen glucose 

deprivation 30 mins; P, pyruvate; M, malate; G, glutamate; S, succinate; D, ADP; R, rotenone; 

ASC, ascorbate; TMPD, N,N,N′,N′-Tetramethyl-p-phenylenediamine; CCCP, carbonyl cyanide 

m-chlorophenyl hydrazine; AA, antimycin A; CytC, Cytochrome c. 
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Figure 4.2 O2 consumption at OXPHOS state of permeabilized cortical brain tissue 

normalized to normoxia. 

Summaries of (A) pyruvate OXPHOS capacity, (B) glutamate OXPHOS capacity, (C) succinate 

OXPHOS capacity, and (D) complex IV activity. Data are presented as means ± SEM from n = 8 

each. Significant differences (P < 0.05 vs. normoxia) were determined using two-way ANOVAs 

followed by Sidak's multiple comparisons test. Abbreviations: NOR15, Normoxia 15 mis; OGD15, 

oxygen glucose deprivation 15 mins; R15, reoxygenation 15 mins; OGD30, oxygen glucose 

deprivation 30 mins. 
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Figure 4.3 RCRs and effect of cytochrome c on permeabilized cortical brain tissue. 

Summaries of (A, C) RCRs, and (B, D) the effect of cytochrome c addition. Data are presented as 

means ± SEM from n = 8 each. Significant differences (*, P < 0.05 vs. normoxia) were determined 

using two-way (A, C) and one-way (B, D) ANOVAs followed by Dunnett's multiple comparisons 

test. Abbreviations: NOR, Normoxia; OGD15, oxygen glucose deprivation 15 mins; R15, 

reoxygenation 15 mins; OGD30, oxygen glucose deprivation 30 mins. 
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Figure 4.4 H2O2 efflux of permeabilized cortical brain tissue. 

Summaries of (A, D) pyruvate-stimulated respiration, (B, E) glutamate-stimulated respiration, 

and (C, F) succinate-stimulated respiration. Data are presented as means ± SEM from n = 8 each. 

Significant differences (*, P < 0.05 vs. normoxia) were determined by two-way ANOVAs 

followed by Dunnett’s multiple comparisons test. Abbreviations: NOR, Normoxia; OGD15, 

oxygen glucose deprivation 15 mins; R15, reoxygenation 15 mins; OGD30, oxygen glucose 

deprivation 30 mins; P, pyruvate; M, malate; G, glutamate; S, succinate; D, ADP; R, rotenone. 
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Figure 4.5 H2O2/O2 ratio of permeabilized cortical brain tissue. 

Summaries of (A, D) pyruvate stimulated respiration, (B, E) glutamate stimulated respiration, 

and (C, F) succinate stimulated respiration. Data are presented as means ± SEM from n = 8 each. 

Significant differences (*, P < 0.05 vs. normoxia) were determined by two-way ANOVAs 

followed by Dunnett's multiple comparisons test. Abbreviations: NOR, Normoxia; OGD15, 

oxygen glucose deprivation 15 mins; R15, reoxygenation 15 mins; OGD30, oxygen glucose 

deprivation 30 mins; P, pyruvate; M, malate; G, glutamate; S, succinate; D, ADP; R, rotenone. 
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Figure 4.6 H2O2/O2 ratio of permeabilized cortical brain tissue. 

Summaries of (A) leak state with pyruvate, (B) OXPHOS state with pyruvate, (C) leak state with 

glutamate, (D) OXPHOS state with glutamate, (E) leak state with succinate, (F) leak state with 

succinate and rotenone, and (G) OXPHOS state with succinate and rotenone. Data are presented 

as means ± SEM from n = 8 each. Significant differences (P < 0.05 vs. normoxia) were determined 

using two-way ANOVAs followed by Sidak multiple comparisons test. Abbreviations: NOR, 

Normoxia; OGD15, oxygen glucose deprivation 15 mins; R15, reoxygenation 15 mins; OGD30, 

oxygen glucose deprivation 30 mins; P, pyruvate; M, malate; G, glutamate; S, succinate; D, ADP; 

R, rotenone.  
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Figure 4.7  Cortical mitochondrial properties. 

Summaries of (A) O2 consumptions normalized to complex I-II OXPHOS capacity, (B) O2 

consumptions normalized to complex IV activity, and (C) phosphorylation system control ratio of 

complex I-II, (1-P/E%). Data are presented as means ± SEM from n = 8 each. Significant 

differences (P < 0.05 vs. normoxia) were determined using two-way ANOVAs followed by 

Tukey's multiple comparisons test (A), Sidak's multiple comparisons test (B), or t test with two-

tailed calculations (C). Abbreviations: P, pyruvate; M, malate; G, glutamate; S, succinate; D, ADP; 

R, rotenone; AA, Antimycin A; ASC, ascorbate; TMPD, N,N,N′,N′-Tetramethyl-p-

phenylenediamine. 
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Table 4.2 Raw values of permeabilized brain tissue respiratory functions  

Species Substrates 
Leak OXPHOS RCR 

Treatments 
mean SEM mean SEM mean SEM 

NMRs 

PM 

2.59 0.18 23.33 3.28 9.18 1.39 NOR 

2.29 0.18 18.98 3.25 8.24 1.48 OGD15 

2.06 0.10 15.27 2.05 7.83 1.32 OGD15 + R15 

1.76 0.15 13.12 1.66 8.28 2.33 OGD30 

GM 

2.11 0.16 27.00 3.17 13.06 1.44 NOR 

1.88 0.18 22.25 3.76 12.20 2.00 OGD15 

1.83 0.14 19.08 1.39 10.67 1.40 OGD15 + R15 

1.69 0.09 16.40 1.39 9.28 1.31 OGD30 

SR 

5.31 0.20 68.12 7.42 5.15 0.29 NOR 

4.49 0.22 57.30 7.19 4.97 0.31 OGD15 

3.73 0.13 52.25 7.17 4.96 0.36 OGD15 + R15 

3.21 0.14 48.51 6.36 5.11 0.52 OGD30 

Mice 

PM 

5.11 0.09 23.41 2.80 4.57 0.43 NOR 

3.57 0.24 13.07 3.60 3.62 0.55 OGD15 

2.24 0.14 6.69 2.07 2.96 0.58 OGD15 + R15 

2.11 0.17 5.62 2.40 2.58 0.51 OGD30 

GM 

3.29 0.20 15.32 1.18 4.66 0.65 NOR 

2.29 0.21 7.98 0.88 3.47 0.42 OGD15 

1.69 0.08 5.05 0.28 3.02 0.39 OGD15 + R15 

1.62 0.13 4.23 0.47 2.57 0.43 OGD30 

SR 

14.06 0.37 40.31 0.89 2.88 0.18 NOR 

8.84 0.66 23.66 1.62 2.56 0.10 OGD15 

6.39 0.33 15.09 0.85 2.29 0.16 OGD15 + R15 

4.91 0.39 11.76 1.30 2.19 0.21 OGD30 

Data are presented as means ± SEM from n = 8 each, statistical analysis were indicated in Fig 4.1 

& 4.3. Abbreviations: NOR, Normoxia; OGD15, oxygen glucose deprivation 15 mins; R15, 

reoxygenation 15 mins; OGD30, oxygen glucose deprivation 30 mins; P, pyruvate; M, malate; G, 

glutamate; S, succinate; D, ADP; R, rotenone; OXPHOS, oxidative phosphorylation; RCR, 

respiratory control ratio calculated as the ratio of OXPHOS /Leak. 
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Table 4.3 ΔH2O2/O2 ratios as a function of coupling and substrate post OGD conditions 

Substrates Species 
ΔH2O2/O2 ratio (%) 

OGD30 OGD15+R15 OGD15 

PM 
NMRs 2.50 ± 0.52 * 1.34 ± 0.34 * 0.41 ± 0.45 

Mice 4.23 ± 0.44  3.00 ± 0.36  1.01 ± 0.23 

PMD 
NMRs 0.40 ± 0.06 * 0.27 ± 0.05 * 0.09 ± 0.04 

Mice 2.26 ± 0.32  1.45 ± 0.18  0.52 ± 0.11 

GM 
NMRs 2.11 ± 0.54 * 1.36 ± 0.58 0.30 ± 0.52 

Mice 4.33 ± 0.69  2.72 ± 0.38 1.11 ± 0.29 

GMD 
NMRs 0.33 ± 0.04 * 0.23 ± 0.04 * 0.06 ± 0.03 * 

Mice 3.46 ± 0.52  1.98 ± 0.17  0.96 ± 0.13  

S 
NMRs 1.49 ± 0.45 0.65 ± 0.31 -0.09 ± 0.23 

Mice 1.74 ± 0.31 0.60 ± 0.26 0.16 ± 0.15 

SR 
NMRs 1.43 ± 0.18 * 0.92 ± 0.08 0.19 ± 0.11 

Mice 2.37 ± 0.32  1.16 ± 0.25 0.45 ± 0.11 

SRD 
NMRs 0.33 ± 0.04 * 0.23 ± 0.03 * 0.06 ± 0.03 

Mice 1.23 ± 0.15  0.61 ± 0.11  0.24 ± 0.04 

Data are presented as means ± SEM from n = 8 each. Significant differences (*, p < 0.05 vs. mice) 

were determined using two-way ANOVAs followed by a Sidak multiple comparisons test. 

Abbreviations: OGD15, oxygen glucose deprivation 15 mins; R15, reoxygenation 15 mins; 

OGD30, oxygen glucose deprivation 30 mins; P, pyruvate; M, malate; G, glutamate; S, succinate; 

D, ADP; R, rotenone. 
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4.5 Discussion 

In this chapter we report defects in cortical mitochondrial respiratory function following ischemia 

and I/R stresses in both NMR and mouse brain tissue. However, our results indicate that 

mitochondrial respiration and H2O2 emissions are better maintained in NMRs than mice, which 

may contribute to the in vitro ischemia tolerance of NMR brain slices reported previously 

(Nathaniel et al., 2009). Our study has several salient findings. Specifically, relative to mice and 

following both ischemia or I/R challenges, NMR brain mitochondria (1) exhibit reduced functional 

deficits in O2 consumption, (2) better maintain respiratory control and mitochondrial membrane 

integrity, and (3) retain stable rates of electron leakage. Finally, (4) these functional differences in 

cortical mitochondrial respiratory ischemia tolerance may be partially explained by species-level 

differences in mitochondrial pathway control. 

 

Ischemia-induced deficits in mitochondrial respiration are mild in NMR cortical brain tissue 

compared with mice. Hypoxia-intolerant species, including humans and laboratory rodents, 

exhibit marked deficits of mitochondrial O2 consumption and RCRs following ischemic challenges 

in the brain (Nakai et al., 1997; Rojas-Morales et al., 2019; Sims et al., 1986; Sims & Pulsinelli, 

1987). These defects are apparent in both ex vivo and in vivo models following I/R stress. In our 

study, we report significant and robust reductions in OXPHOS capacity in mouse brain (Figs 5.1 

& 5.2), which agree well with these previous reports. Conversely, we report dramatically different 

performances of NMR cortical brain mitochondria following in vitro ischemic treatments. 

Specifically, the degree to which OXPHOS capacity is supressed in NMR brains is markedly less 

than in mice exposed to the same periods of OGD, and the changes in NMR brain mitochondrial 

function following 15 min OGD (∼15–19% reduction of complexes I, II and IV function, Fig. 4.2) 
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are sufficiently small to potentially be biologically insignificant. In addition, the relatively stable 

RCRs following ischemia in NMRs (Fig. 4.3A) suggest that NMR brain mitochondria are 

minimally damaged by ischemic stress in our experiments. Finally, cytochrome c had a 

significantly greater effect in mice cortical brain mitochondria (Fig. 4.3D), which is likely an 

indicator not only of OMM but also IMM damage following ischemia. Importantly, others have 

directly correlated this cytochrome c response to the degree of membrane damage using LDH 

leakage assays in Sprague Dawley rat brain (Bhowmick & Drew, 2017; Fernandez-Lopez et al., 

2005). Thus, in NMRs, a stable cytochrome c-induced O2 consumption response across treatment 

groups indicates that the IMM integrity is well-maintained, whereas the decreased capacity of 

complex II-linked OXPHOS might be due to slight damage to the OMM (Fig. 4.1C). 

As discussed in the Introduction, previous studies suggest that NMR brain slices resist cell 

death when exposed to OGD ex vitro (Nathaniel et al., 2009), and have lower Ca2+ influx during 

hypoxia (Peterson et al., 2012a), which possibly due to enhanced Ca2+ buffering (Chapter 3), 

tolerance of acidity, and maintain evoked neuronal electrical responsiveness following 

anoxia/hypoxia (Larson & Park, 2009). All of these capabilities require the maintenance of cellular 

ion homeostasis, which is directly supported by mitochondrial respiration (Persson et al., 2016; 

Rizzuto et al., 2012). Our results suggest that mitochondrial respiratory function is better 

maintained in NMR brain after in vitro ischemia and I/R stresses than mouse, which likely helps 

NMR brain resist deleterious impacts of ischemia that may otherwise be initiated through 

mitochondrial dysfunction. This tolerance likely postpones and/or prevents energy failure, 

maintains cellular ion homeostasis, and minimizes glutamate-induced excitotoxicity and free 

radical-mediated damage (Yang et al., 2018). 
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Stable electron leakage management post-OGD in NMRs. As the major initial form of cellular 

ROS, O2
·− is produced when electrons ‘leak’ out of the ETC and combine with O2 to form an 

unstable anion radical. Studies have demonstrated that free radicals play an important role in the 

pathogenesis of ischemia, particularly O2•-, which interacts with NO to form peroxynitrite 

(Cazevielle et al., 1993). O2
·− also directly causes tissue damage by promoting hydroxyl radical 

formation through H2O2 (Arteaga et al., 2017). 

We measured the rate of H2O2 emission as a representation of the net production of O2
·− in 

brain tissue. Comparing with normoxic conditions, mice (Fig. 4.4F, ∼0.19 pmol/(s*mg wet tissue)) 

have a larger reduction in the rate of succinate-induced H2O2 emission than NMRs (Fig. 4.4C, 

∼0.10 pmol/(s*mg wet tissue)) following 30 min ischemia, potentially due to structural damage to 

the mitochondrial respiration system (see above). Interestingly, we report that glutamate induces 

higher H2O2 emission following ischemia in NMRs (Fig. 4.4A&B) but not in mice (Fig. 4.4D&E). 

Glutamate dehydrogenase, which is a hexameric enzyme that is localized to the mitochondrial 

matrix (Aoki et al., 1987; Rothe et al., 1995), is an important site of electron leakage from the ETC, 

and catalyses the reversible conversion of glutamate to α-ketoglutarate and ammonia while 

reducing NAD(P)+ to NAD(P)H (Wong et al., 2017). These results are consistent with our findings 

in Chapter 3, in which we report a significant reduction of glutamate and increased ratio of 

NADPH/NAD+ in hypoxic NMR brain but not hypoxic mouse brain. The increase in 

H2O2 emission, as well as the reduction in the glutamate linked RCR, may reflect defects in 

mitochondrial respiration related to the GDH pathway in NMR brain (see below). Another unclear 

but interesting difference is significantly higher H2O2 emission with complex I-II fuelled 

respiration in NMRs following 30 min OGD and OGD/reperfusion; Fig. 4.4A&B), which is only 

observed in mice following 30 min OGD (Fig. 4.4D&E). In addition, cellular ROS was well 
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maintained in brain slices under in vitro hypoxia and ischemia (Eaton et al., 2022). Generally, 

those results suggest that NMR brain have better mitochondria-related ROS management than 

mouse under in vitro hypoxia/ischemia. 

To better understand the degree of electron leak between species during mitochondrial 

respiration, we compared H2O2/O2 ratios between NMRs and mice among all substrates and 

conditions (Figs 5.5A-F & 5.6A-G). Based on this comparison, we suggest that NMR brain 

mitochondrial electron transportation function is better maintained than in mouse brain, because 

there is: (i) a significant increase in the H2O2/O2 ratio following 15 min OGD relative to normoxia 

for complex I-linked leak respiration in mice (Fig. 4.5D&E) but not in NMRs (Fig. 4.5A&B), (ii) 

significantly higher H2O2/O2 ratios in complex I-fuelled OXPHOS states in mice following 30 min 

OGD and OGD/reperfusion treatments (Fig. 4.5D&E), which is also not apparent in NMR brain 

(Fig. 4.5A&B), and (iii) a higher H2O2/O2 ratio in NMRs than mice with succinate-linked leak 

respiration (Fig. 4.6E), which is reversed in the complex II-linked OXPHOS state (Fig. 4.6G). The 

relatively stable H2O2 emission rate and corresponding reduction of O2 consumption may directly 

lead to these changes. Also, the relatively lower complex I capacity (Fig. 4.7A) in mice could 

partially explain the higher H2O2/O2 ratio in NMRs relative to mice with succinate-linked leak 

respiration (Fig. 4.6E), as this reverse electron flow-induced H2O2 production is suppressed by the 

complex I inhibitor rotenone (Fig. 4.4C, 5.4F), and also by mitochondria-targeted S-nitrosothiol 

(MitoSNO) (Kim et al., 2018). On the other hand, complex II may be a potential regulator of ROS 

homeostasis in NMR brain, as we have previously found similar acute regulation of this enzyme 

by hypoxia in NMR skeletal muscle (Cheng et al., 2021a).   

Alternatively, differences in scavenging capacity for O2
·− between species may play a role. 

Previous studies report increased oxidative stress post-OGD in Albino Wistar rats (Almeida et al., 
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2002), as well as significantly decreased SOD and glutathione peroxidase activity compared with 

control subjects in human clinical trials (Demirkaya et al., 2001). In addition, genetically 

enhancing the mitochondrial thioredoxin system can beneficially reduce ROS level in rat 

hippocampus during OGD treatment (Yin et al., 2017). Notably, we have recently reported that 

NMR skeletal muscle and heart mitochondria have more robust and rapid O2
·− scavenging systems 

than mice (Munro et al., 2019), and NMR brain may have similarly enhanced scavenging 

capabilities. Indeed, we reported enhanced antioxidant responses in NMR brain following acute in 

vivo hypoxia (Hadj-Moussa et al., 2022). Such an adaptation may explain the lower H2O2/O2 ratios 

in the OXPHOS state in NMRs than mice (Fig. 4.6B, D&G), and the 2-fold increase in 

ΔH2O2/O2 ratios in mice relative to NMRs (Table 5.1).  

 

Mitochondrial properties may contribute to divergent ischemia tolerance between NMR and 

mouse brain mitochondria. The contribution of leak respiration to complex I-II respiration 

capacity is significantly higher with pyruvate than glutamate in mice, and then either pyruvate or 

glutamate in NMRs (Fig. 4.7A). Correspondingly at the mitochondrial level, mice utilize a higher 

proportion of OXPHOS respiration with pyruvate than glutamate, whereas NMRs prefer to 

metabolize glutamate than pyruvate (Fig. 4.7A). It is possible that NMRs have an enhanced 

capacity to metabolize glutamate relative to mouse brain, which was reported through 

metabolomics study in Chapter 3. For example, NMR brains may express more GDH molecules 

per cell, or these enzymes may be more sensitive to catalytic modification by the various binding 

partners of GDH (e.g., ADP, ATP, GTP, etc.). Thus, differences in GDH expression/function 

and/or glutamate homeostasis may explain our observation of significant RCR reductions with 

glutamate but not pyruvate in NMR brain (Fig. 4.3A). 
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Alternatively, and given their critical function in regulating glutamate cycling and uptake 

(Sofroniew & Vinters, 2010), differences in astrocytic function between species may also explain 

this difference. The increase in H2O2 production under OGD conditions (Fig. 4.4A&B) may reflect 

increased OXPHOS throughput (if the ROS are produced as a natural biproduct of increased 

respiration) or cell/organelle damage. A potential explanation may be damage and/or remodulation 

of glutamate homeostasis through GDH, glutathione, etc. during OGD, which could be a 

deleterious consequence of ischemia, or an actively regulated neuroprotective adaptation. 

Regardless of the underlying mechanism, an increased ability to consume or remove glutamate 

may play a neuroprotective role in NMR brain. Glutamate plays important roles in bridging 

carbohydrate and amino acid metabolism via the tricarboxylic acid (TCA) cycle by GDH 

(Schousboe et al., 2014), and the amount of glutamate being oxidized through the TCA cycle 

increases dramatically when extracellular glutamate concentrations increase to 0.5 mM (McKenna 

et al., 1996). Importantly, extracellular glutamate is elevated moments after the onset of ischemia 

in a hypoxia-intolerant brain (Mitani & Tanaka, 2003), and this increase triggers excitotoxic cell 

death of neurons (Choi & Rothman, 1990). Therefore, an elevated capacity to metabolize and/or 

clear glutamate might support glutamate homeostasis and help avoid glutamate-mediated 

ecotoxicity in NMR neurons during periods of severe hypoxia or ischemia. 

Finally, the contribution of complex I-linked O2 consumption for either complex I-II 

capacity or complex IV activity is less in mice than in NMRs, and mice have lower coupling 

efficiency. These differences may be due to divergent expression of mitochondrial metabolic 

enzymes and proteins, such as ETC complexes, UCPs, etc. In support of this, similar patterns have 

been reported in Sprague Dawley rat and mouse brain between different age groups. For example, 

lower coupling efficiency and complex I activity are observed in older animals compared with 
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young adults, accompanied by differences in mitochondrial protein density (Crescenzo et al., 2019; 

Hagl et al., 2016). Additionally, differences in respiratory complex assemblies and changes in 

these assemblies following ischemia may impact mitochondrial respiration and explain differences 

between species (Greggio et al., 2017; Lapuente-Brun et al., 2013; Lopez-Fabuel et al., 2016). 

Differences in these mitochondrial properties could be involved in the intrinsic tolerance of 

hypoxia and I/R in NMR brain. 

 

Limitations. Ischemic stroke is a complex pathology which includes not only cell death in the 

ischemic core, but also in the clinically rescuable penumbral region (Baron, 2018; Ramos-Cabrer 

et al., 2011). Acute brain slices treated with OGD are a reasonable in vitro mimic model for 

studying ischemic core stress; however, this is not a good representation of the entirety of an 

ischemic challenge (Buskila et al., 2014; Kekesi & Buskila, 2020), in our study we saw a greater 

cytochrome c response in NMRs, which indicates outer mitochondrial membrane damage. 

Utilizing an organotypic brain slice culture could extend the duration of ischemia treatment to 

more realistically evaluate cell viability, to evaluate drug applications, and permit transgenic 

manipulations (Croft et al., 2019; Humpel, 2015), which would provide insight into more precise 

targets to assess adaptations that preserve mitochondrial function in ischemia.  

 

Conclusions. In the present study, we comprehensively evaluate NMR brain mitochondrial 

function and integrity following a clinically relevant ischemic stress for the first time. We 

demonstrate that in vitro OGD impairs NMR brain mitochondrial function but that deficits are 

minor relative to those in similarly treated mouse brain. Specifically, and relative to mouse brain, 

NMR brain mitochondria better retain respiration capacity, have lower H2O2 emission rates and 
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stable RCRs, and better maintain membrane integrity. These results are consistent with the findings 

of the previous chapter, in which we demonstrate that NMR brain mitochondria tolerate greater 

Ca2+ stress and better maintain OXPHOS capacity and redox homeostasis than mouse brain 

mitochondria.  

Taken together, our results suggest that NMRs have more ‘robust’ brain mitochondria, 

which are relatively tolerant of hypoxia/ischemia, and may thus contribute to the overall 

hypoxia/ischemia tolerance of NMR brain. Of course, it is important to note that the conclusions 

that may be drawn from our results are limited by our use of a two-species comparison, which 

carries with it the risk of significant error, e.g. differences in their genetics, physiology, etc. 

(Garland & Adolph, 1994). For this reason, replication of our study in brain from other hypoxia-

tolerant species, and particularly species closely related to NMRs, would be useful additions to the 

literature. Advancing our knowledge in this area may provide insight into novel, evolutionarily 

derived mechanisms of neuroprotection in a rare hypoxia-tolerant mammal, which may be 

translated to the brains of hypoxia-intolerant mammals and inform treatment of clinically relevant 

ischemic pathologies. 
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5  NMR skeletal muscle mitochondria are minimally responsive to hypoxia 

 

 

 

This chapter includes material from the following article: 

Cheng, H., Munro, D., Huynh, K., & Pamenter, M. E. (2021). Naked mole-rat skeletal muscle 

mitochondria exhibit minimal functional plasticity in acute or chronic hypoxia. Comparative 

biochemistry and physiology. Part B, Biochemistry & molecular biology, 255, 110596. 

https://doi.org/10.1016/j.cbpb.2021.110596 

Matthew Pamenter, Daniel Munro, and I wrote the manuscript; Daniel Munro conducted 50% of the 

normoxic experiments, Kenny Huynh conducted 25% of the hypoxic NMR muscle mitochondrial O2 

consumption measurements.  

 

 

Marks de Chabris, N. C., Sabir, S., Perkins, G., Cheng, H., Ellisman, M. H., & Pamenter, M. E. 

(2022). Short communication: Acute hypoxia does not alter mitochondrial abundance in naked 

mole-rats. Comparative biochemistry and physiology. Part A, Molecular & integrative 

physiology, 276, 111343. https://doi.org/10.1016/j.cbpa.2022.111343 

UROP student Soulene Sabir (under my supervision) and I conducted the CS activity measurements in 

muscle. 

Honours BSc thesis student Nathalie Marks de Chabris (under my supervision) and I conducted the 

mitochondrial DNA quantification in muscle. 

Guy Perkins and Mark Ellisman imaged and analyzed electron microscope data at National Center for 

Microscopy and Imaging Research, UC San Diego from animals that I treated, perfused, and dissected. 

I conducted all other experiments. 
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5.1 Introduction 

Muscle is around 30% of total body mass in rodents, and during exercise O2 uptake in mouse 

muscle can increase around four times relative to a resting state (Hoydal et al., 2007). However, 

the mean O2 tension in the muscle decreases by around 90% at exercising intensities above 50% 

of maximal O2 uptake (Clark & Coburn, 1975). In addition, exercise-induced local hypoxia 

changes redox state and results in the accumulation of lactate in skeletal muscle, which can result 

in oxidative damage and lactic acidosis (Sahlin et al., 1987). 

There are numerous examples of plasticity (i.e., an ability to change the phenotype in 

response to a challenge) in mitochondrial expression, function, and signalling following 

acclimation to low O2 in various muscle tissues among hypoxia-tolerant species. For example, 

reductions in complex V activity following long-term anoxia have been reported in heart muscle 

from T. scripta (Galli et al., 2013), and skeletal muscle from the anoxia-tolerant frog (Rana 

temporalis), where this adaptation was first described in a seminal study (St-Pierre et al., 2000). 

High-altitude populations of deer mice acclimated to hypoxia for 6-10 weeks, skeletal muscle 

mitochondria exhibited reduced flux through complex IV of the ETC, higher RCRs, and reduced 

H2O2 generation (Mahalingam et al., 2017), suggesting that adaptation to these pathways may 

confer protection against low O2 challenges in mammals as well. 

NMRs reduce their physical activity but continue to explore their environment in hypoxia 

(Ilacqua et al., 2017; Pamenter et al., 2019a), and thus NMRs change their physical behaviour to 

adapt to hypoxia (Houlahan et al., 2018; Kirby et al., 2018). However, there is no significant 

elevation of oxidative damage in hypoxic skeletal muscle (Hadj-Moussa et al., 2022). Together, 

these studies indicate the possibility that NMR skeletal muscle mitochondrial respiratory function 

and ROS management may be well maintained during hypoxia. Thus, further investigation in to 
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whether muscle mitochondrial respiration changes in hypoxia is important to understanding the 

hypoxia-tolerance in NMRs.  

Based on previous studies, we hypothesized that, NMR skeletal muscle mitochondria 

maintain respiration capacity to support the maintenance of physical activity in hypoxia. We 

predicted that NMR skeletal mitochondria would exhibit minimal reductions in O2 consumption 

capacity, but that O2
·− management would be altered prevent oxidative damage in hypoxia and 

followed reoxygenation. Furthermore, it may be an innate property of life in long-term intermittent 

hypoxia that NMR skeletal mitochondria can maintain relatively steady respiration capacity in 

skeletal muscle during even chronic hypoxia.   
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5.2 Methods 

5.2.1 Ethics approval 

NMRs were group-housed in interconnected multi-cage systems at 30°C and 21% O2 in 50% 

humidity with a 12L:12D light cycle. Animals were fed fresh tubers, vegetables, and fruit, and 

Pronutro cereal supplement ad libitum. CD-1 mice were obtained from Charles River and were 

housed at room temperature under a 12L:12D light cycle and fed rodent chow ad libitum. Animals 

were not fasted prior to experimental trials. All experimental procedures were approved by the 

University of Ottawa Animal Care Committee in accordance with the Animals for Research Act 

and by the Canadian Council on Animal Care. Non-breeding (subordinate) naked mole-rats do not 

undergo sexual development or express sexual hormones and thus we did not take sex into 

consideration when evaluating our results (Holmes et al., 2009).  

5.2.2 In vivo acute hypoxia treatments  

Subordinate NMRs (adult, 1-2 years old) were exposed to one of four treatment conditions: 

normoxia (21% O2, balance N2), acute hypoxia (4 h 7% O2, balance N2), or chronic hypoxia (4-6 

weeks in 11% O2, balance N2). Animals were not provided with food during the acute hypoxic 

treatment periods and were provided food once per day during chronic hypoxia.  

5.2.3 Skeletal mitochondrial isolation 

Whole experiment was performance at 4°C or on ice. Isolated mitochondria were used 

immediately for assessment of respiration, and aliquots were frozen at −80°C for subsequent 

assays. 

Skeletal muscles were rapidly dissected on ice and mitochondria were isolated by differential 

centrifugation as described (Affourtit et al., 2012). Briefly, hind leg, pectoral and dorsal skeletal 

muscle (~2 g) was minced using single-edged razor blades, and then digested in Chappell-Perry 
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buffer containing 250 units/100 mL Protease Type VIII. Mitochondria were isolated in supernatant 

through 500 g centrifuge for 10 min, and then collected through spinning at 10,000 centrifuges for 

10 min. The mitochondrial pellet was washed using Chappell-Perry buffer without Protease Type 

VIII and collected at 10,000 centrifuges for 10 min. The mitochondria were then resuspended in 

200 µl Chappell-Perry buffer without Protease Type VIII.     

5.2.4 Mitochondrial respiration and H2O2 emission of brain homogenates 

Rates of O2 consumption and H2O2 emission were monitored simultaneously using an 

Oroboros O2k (Oroboros, Innsbruck, Austria) equipped with a fluorescence detection module 

mounted with the appropriate excitation and emission filters for the fluorescent probe Amplex 

UltraRed (AUR), as described previously (Cheng, Munro, et al., 2021). Briefly, AUR (10 µM), 

SOD (10 IU/ml), and horseradish peroxidase (2 IU/ml) were added to 2 ml respiration medium 

containing (in mM): KCl 120, HEPES 20, KH2PO4 20, MgCl2 2.5, EGTA 1, and BSA 0.045; pH 

7.2, followed by isolated mitochondria (~40 µg protein in each chamber), and held at 32°C. An O2 

range of 200 µM to 80 µM in the air-saturated medium was maintained during the whole 

measurement (Makrecka-Kuka et al., 2015). 

Baseline values for O2 consumption and H2O2 production were measured following 

addition of mitochondria to chambers without effectors. SUIT protocols were sequentially 

performed as indicated below. 

SUIT1 evaluated mitochondrial respiration through the fatty acid oxidation pathway. The 

following components were added sequentially: Malate followed by palmitoylcarnitine to induce 

fatty acid-dependent leak respiration from complex I, ADP to induce OXPHOS, CCCP to induce 

acid-dependent electron transport. 
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 SUIT2 evaluated mitochondrial respiration through the pyruvate dehydrogenase complex 

pathway and complex I–II maximal capacity. The following components were added sequentially: 

pyruvate/malate to induce carbohydrate-dependent leak respiration from complex I, ADP to induce 

OXPHOS, glutamate/succinate to induce maximal carbohydrate-dependent OXPHOS from 

complexes I&II, CCCP to induce maximal carbohydrate-dependent electron transport capacity 

from complexes I&II. 

SUIT3 evaluated mitochondrial respiration through the succinate dehydrogenase complex 

pathway, and complex II maximal capacity. The following components were added sequentially: 

succinate to induce carbohydrate-dependent leak respiration from complex II, rotenone to block 

complex II, ADP to induce OXPHOS capacity, CCCP to induce maximal carbohydrate-dependent 

electron transport capacity from complex II. 

SUIT4 evaluated mitochondrial ADP/O ratio, and complex IV maximal capacity. The 

following components were added sequentially: pyruvate/malate to induce carbohydrate-

dependent leak respiration from complex I, ADP to induce OXPHOS and measure ADP/O ratio, 

ascorbate/TMPD to induce electron transport from complex-IV, CCCP to induce maximal electron 

transport from complexes I to IV. 

Table 5.1 Substrates for mitochondrial SUIT protocols  

Substrates Abbreviation Working concentration  

Malate M 2 mM 

Pyruvate P 5 mM 

Succinate S 10 mM 

Palmitoylcarnitine Pc 0.04 mM 

Ascorbate  ASC 2 mM 

TMPD  TMPD 0.5 mM 

Cytochrome c  CytC 10 µM 

ADP D 1 mM for SUIT1-3, 200 µM for SUIT4 

CCCP U/CCCP 0.5 or1 µM steps to max responses 

Antimycin A  AA 2.5 µM 

Rotenone R 0.5 µM 
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Saturating concentrations were determined in pilot experiments (data not shown). 

Preparation of all substrates were as per (Fontana-Ayoub et al., 2016). 

In other experiments, rates of fluorescent product (resorufin) formation were converted to 

micromoles of H2O2 based on a three-point standard curve conducted with cortical brain tissue 

alone and by direct addition of 0.1 µM H2O2 twice to the chamber. 

5.2.5 ADP/O ratio assay using Magnesium Green™ 

The ADP/O ratio was determined using both the traditional method (mentioned in 5.2.4, 

SUIT4), and a recently developed method which relies on the difference of affinity for Magnesium 

Green™ (MgGr) between ADP and ATP in a fluorometric method (Chinopoulos et al., 2014; Salin 

et al., 2016). The traditional method was performed using high-resolution respirometry (ADP 

200 μM in SUIT protocol 2). In the fluorometric method, the difference in affinity (Kd) between 

ADP or ATP was measured by co-incubating mitochondria in 1.0 μM MgGr, followed by the ten 

0.1 mM MgCl2 titration steps. Once the fluorescence to MgCl2 ratio was determine the same assay 

was continued by addition of 0.2 mM ADP/ATP titration in 25 steps to determine differences in 

their affinity to MgGr. The ADP/O ratio was first calibrated by injecting 10 additions of 0.2 mM 

MgCl2, followed by 2 mM ADP, and lastly corrected by measuring mitochondrial rates residual 

oxidative phosphorylation and baseline fluorescence change after adding carboxylatractyloside 

(cATR) and rotenone. The effective ATP/O ratio for this fluorometric method was calculated as 

previously described (Chinopoulos et al., 2014; Salin et al., 2016), but modified to generate ATP 

hydrolyse (JATP) and respiration (JO2) values using the “Differentiate Tool” in OriginLab (Help 

Online - Origin Help – Differentiate (originlab.com)). Specifically, the average of the slopes 

between the point and its two closest neighbours was calculated as “Differentiate” for both ATP 
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production rate (JATP) and O2 consumption rate (JO2), separately. The ATP/O ratio was 

calculated using the equation, ATP/O ratio = − JATPst3/(2 ∗ JO2st3) (Salin et al., 2016). 

5.2.6 TEM 

Animals were anesthetized with Ketamine (200 mg/kg) + Xylazine (10 mg/kg) and then 

rapidly returned to their treatment condition until they had lost consciousness, to minimize 

reoxygenation of hypoxic animals. Animals were then perfusion-fixed via cardiac puncture using 

2% formaldehyde and 2.5% glutaraldehyde. Following fixation, skeletal muscle was dissected and 

further fixed overnight at 4°C in 2.5% glutaraldehyde in 0.15 M sodium cacodylate buffer, pH 7.4, 

and washed three times with washing buffer. Samples were post-fixed with 1% aqueous 

OsO4 + 1.5% aqueous potassium ferrocyanide for 2 h and washed three times with washing buffer. 

Specimens were dehydrated in a graded ethanol-dH2O from 30, 50, 70, 80, 90 to 100% ethanol. 

The samples were infiltrated with a graded Epon-ethanol series (1:1, 3:1), embedded in 100% Epon 

and then polymerized in an oven at 60°C for 48 h. Ultra-thin sections (90–100 nm thick) were 

prepared from the polymerized blocks with a Diatome diamond knife using a Leica Microsystems 

EM UC7 ultramicrotome (Leica Biosystems, Buffalo Grove, IL, USA), transferred onto 200-mesh 

copper grids, and stained with 4% uranyl acetate for 6 min and Reynold's lead for 5 min. The TEM 

grids were imaged by a FEI Tecnai G2 Spirit 120 kV TEM equipped with a Gatan Ultrascan 4000 

CCD Camera Model 895. The proprietary Digital Micrograph 16-bit images (DM3) were 

converted to unsigned 8-bit TIFF images, which were analyzed to measure mitochondrial volume 

density. 

5.2.7 Na+/K+-ATPase activity measurement  

Frozen tissue was weighed (~50 mg hind leg skeletal muscle) and homogenized on ice with 

a sonicator in a 4:1 SEI:SEID buffer (SEI: 250 mM sucrose, 10 mM EDTA, 42 mM imidazole, pH 
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7.3; SEID: 100 mL SEI + 0.5 g sodium deoxycholate). Homogenates were then centrifuged at 

10,000x g for 5 min at 4oC, and the resulting supernatant was directly used in the assay.  

Na+/K+-ATPase activity was measured using commercial Na+/K+-ATPase activity assay kit 

(Elabscience, Cat # E-BC-K539-M), ATPase activity was expressed as nmol Pi mg-1
protein min-1 

where protein content was quantified by performing a Biuret test. 

5.2.8 CS enzyme analysis 

CS enzyme activity was measured using a method modified from (Farhat et al., 2020). 

Briefly, 50 mg of tissue (hind leg skeletal muscle) was weighed and homogenized on ice in 1 ml 

of extraction solution (20 mM Tris-HCl, 1 mM EDTA, and 0.1% (v/v) Triton X-100, pH 7.2). 

Homogenates were then centrifuged at 4°C at 10,000g for 10 min, top fat layer was discarded, and 

the supernatant was immediately used to assay CS activity. The CS activity was measured in assay 

buffer (50 mM Tris-HCl, 0.5 mM oxaloacetate, 0.1 mM acetyl CoA, 0.2 mM 5,5′-dithiobis-(2-

nitrobenzoic acid) (DTNB), pH 8.1) as the increase in the slope of the absorbance at 412 nm during 

5 min (Alp et al., 1976), and was determined at 32°C using a Spectra Max Plus384 Absorbance 

Microplate Reader (Molecular Devices, Sunnyvale, CA). Concentrations used in the assay were 

saturating and not inhibitory, as determined from preliminary experiments. Substrate-free controls 

were run simultaneously to determine background activity. Enzyme activity was normalized to 

total soluble protein, which was quantified with a Biuret test. 

5.2.9 qPCR for mitochondrial DNA quantification 

Tissues (hind leg skeletal muscle) were homogenized using a glass tissue grinder (PYREX, 

CAT# 77241) at 50 mg wet weight/ml in lysis Solution (25 mM NaOH, 0.2 mM EDTA), then 

incubated at 95°C for 30 min, followed by centrifugation at 10,000 rpm for 5 min at 4°C. Top fat 

layer was discarded, and the supernatant was then collected and mixed with an equal volume of 
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40 mM Tris-HCl (Truett et al., 2000). DNA concentrations ere quantified using a NanoDrop 

Spectrophotometer (ND-1000, Thermofisher Scientific, Napean, ON, CAN). The relative 

mtDNA/nDNA ratios were measured by qPCR using a Rotor-Gene Q (Qiagen Inc., Montreal, QC, 

CAN), with a reaction medium containing 5 μl qPCR SYBR Green Mix (A600A; Promega, 

Madison, WI, USA), 0.1 μM primer (Primers are listed in Table 7.1), 2 μl DNA (optimal dilutions 

were determined previously), and H2O; total volume 10 μl). The copy number of mtDNA was 

calculated using the following formula (Quiros et al., 2017): 

a) ∆Ct = Ct (nDNA gene) – Ct (mtDNA gene)  

b) Copies of mtDNA = 2 × 2∆∆Ct  

c) Relative mtDNA content = mtDNA treatment/mtDNA normoxic 

 

Table 5.2 List of primers for mtDNA quantification. 

Species Target Sequence (5’ to 3’) 

NMR 

16S mitochondrial 

ribosomal RNA 

GTACCGCAAGGGAAAGATGAAAG 

TAGCTCGTTTGGTTTCGGGGTT 

beta 2-

microglobulin 

GCCAAACTACTTGAACTGCTATG 

GTCCAGTCCTTGCTGAAAGA 

 

5.2.10 Statistical analysis  

All statistical analyses were performed using GraphPad Prism 9 (GraphPad Prism, La Jolla, 

CA, USA). Data were analyzed using multiple t tests followed by Welch t-test (Fig. 5.4); two-way 

ANOVAs followed by a Dunnett (Fig. 5.1-5.3) multiple comparisons tests. Significance was 

determined with a level of p < 0.05 unless otherwise indicated in results, and all data are expressed 

as the mean ± SEM. 
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5.3 Results  

Skeletal muscle mitochondrial respiration is minimally impacted by in vivo acclimation to acute 

or chronic environmental hypoxia. Differential respiratory capacities between three treatment 

groups (normoxia, acute hypoxia, and chronic hypoxia) were investigated using four 

complementary SUIT protocols as described in the methodology section (Appendix 7.2.4) to 

reveal mitochondrial OXPHOS plasticity in response to hypoxia (Fig. 5.1A–D). Cytochrome c 

addition resulted in a 7.81% ± 0.18 increase in mitochondrial respiration across all treatment 

groups (n = 25 animals, data not shown), which indicates minimal damage to the mitochondrial 

inner membrane. There was no significant difference in cytochrome c responses between treatment 

groups, indicating that acute or chronic hypoxia did not have a deleterious effect on mitochondrial 

membrane integrity. 

 For palmitoylcarnitine/malate-fueled respiration, we found that total ETC capacity was 

significantly reduced (~15%, from 97.90 ± 4.89 to 83.81 ± 7.67 and 83.91 ± 5.11 nmol 

O2 min−1 mg protein−1, Fig. 5.1A) following acute and chronic hypoxia, respectively, as compared 

to normoxic controls. However, we did not find any significant effect of hypoxia on leak 

respiration or OXPHOS capacity when mitochondria were fueled with pyruvate/malate or f or 

following glutamate/succinate addition (Fig. 5.1B), or complex II-linked OXPHOS capacity (Fig. 

5.1C). Complex IV maximal activity was significantly decreased in animals treated with acute 

hypoxia (~16%, from 465.53 ± 10.53 to 387.83 ± 26.37 nmol O2 min−1 mg protein−1), but this 

effect was absent following chronic hypoxia (Fig. 5.1D). Similarly, acute hypoxia but not chronic 

hypoxia decreased the uncoupled maximal activities of complexes II and IV, ~18% and ~ 13%, 

respectively. 
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The RCR varied from 9.36 to 11.06 (with palmitoylcarnitine/malate), 12.27–17.40 (with 

pyruvate/malate) and 5.55–7.08 (with succinate/rotenone) (Fig. 5.2A & Table 5.3). Using 

pyruvate/malate, we found a significant increase in RCR in response to acute hypoxia, as compared 

to normoxia controls, which resulted from a decrease of leak respiration, but sustained OXPHOS 

capacity (Fig. 5.1A & Table 5.3). This RCR difference was however not observed following 

chronic hypoxia. Finally, the ADP/O ratio was not different among treatment groups when 

measured with the traditional approach (ranging from 2.48 to 2.64) nor when measured with the 

fluorescent MgGr method (ranging from 3.10 to 3.45; Fig. 5.2B). 

 

Skeletal muscle H2O2 efflux was partially reduced by in vivo hypoxic exposure. Concomitant 

with O2 consumption, H2O2 efflux was recorded using the AUR assay in the presence 

of horseradish peroxidase and SOD during the three SUIT protocols (Fig. 5.3A–C). We did not 

observe any significant changes in palmitoylcarnitine/malate or pyruvate/malate fueled 

H2O2 efflux (Fig. 5.3A–B). Conversely, during succinate respiration we report a small but 

significant reduction of H2O2 efflux following acute hypoxia in succinate-fueled mitochondria 

(~33%, from 4.62 ± 0.71 to 3.07 ± 0.96 nmol H2O2 min−1 mg protein−1, Fig. 5.3C). 

 

Acute hypoxia did not change mitochondrial abundance. We also assessed whether acute in vivo 

hypoxia alters mitochondrial abundance. Following 3 h of in vivo exposure to 5% O2, Mann-

Whitney tests indicated that neither CS enzyme activity, mtDNA copy number, nor mitochondrial 

volume density (from 9.17 ± 0.80% in  normoxia to 8.29 ± 0.82% in hypoxia) were changed in 

NMR skeletal muscle per wet tissue weight but decreased by ∼50% when normalized to protein 

density (data not shown). However, this change was likely mediated by a change in protein density 
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in hypoxic muscle tissue and not mitochondrial abundance because CS enzyme activity was not 

different between treatments when normalized to tissue weight (Fig. 5.4A; U = 15, p = 0.699). In 

support of this conclusion, the mtDNA:nDNA ratio was unchanged by acute hypoxia (Fig. 5.4 A; 

p = 0.093).  To confirm this, we also conducted TEM analysis in skeletal muscle tissue and found 

no change in mitochondrial volume density between treatment groups (Fig. 5.4A 

&B; U = 40.5, p = 0.489). In addition, we did not see significant changes of Na+/K+-ATPase 

activity between conditions (Fig. 5.4A; U = 27.00, p = 0.645).   
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5.4 Figures and tables 

 
Figure 5.1 O2 consumption by isolated NMR skeletal muscle mitochondria following in vivo 

treatment with normoxia, acute hypoxia (7% O2 4 h), and chronic hypoxia (11% O2 4-6 

weeks). 

Summaries of (A) palmitoylcarnitine stimulated respiration, (B) pyruvate stimulated respiration, 

(C) succinate stimulated respiration, and (D) TMPD (complex IV) stimulated respiration 

(Cytochrome C and rotenone were omitted in D). Substrates were added sequentially in the order 

indicated on the x-axis for each graph. Abbreviations: M, malate; Pc, palmitoylcarnitine; P, 

pyruvate; G, glutamate; S, succinate; D, ADP; R, rotenone; ASC, ascorbate; TMPD, N,N,N′,N′-

Tetramethyl-p-phenylenediamine; CCCP, carbonyl cyanide m-chlorophenyl hydrazine, n = 8–9. 

Data are means ± SEM. Significant differences (⁎, p < 0.05 normoxia vs. hypoxia) were 

determined by two-way ANOVAs followed by with a Dunnett multiple comparisons test. 
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Figure 5.2 Mitochondrial coupling efficiency and respiratory coupling ratio of isolated 

NMR skeletal muscle mitochondria following in vivo treatment with normoxia, acute 

hypoxia (7% O2 4 h), and chronic hypoxia (11% O2 4-6 weeks). 

(A) The RCR was evaluated as the quotient of OXPHOS capacity to leak respiration; mitochondria 

were stimulated with palmitoylcarnitine/malate (PcM), pyruvate/malate (PM), or 

succinate/rotenone (SR), n = 8–9. Data are mean ± SEM. (B) Phosphorylation efficiency (ATP/O 

ratio) was measured using two approaches: as the amount of O2 consumed following a non-

saturating pulse of ADP (200 μM) in the presence of pyruvate and malate (SUIT), n = 8–9, and a 

fluorometric method (using MgGr), n = 4–5. Significant differences (⁎p < 0.05 normoxia vs. 

hypoxia) were determined by two-way ANOVAs followed by a Dunnett multiple comparisons test.  
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Figure 5.3 H2O2 efflux of isolated NMR skeletal muscle mitochondria following in 

vivo treatment with normoxia, acute hypoxia (7% O2 4 h), and chronic hypoxia (11% O2 4-

6 weeks). 

Summaries of (A) palmitoylcarnitine stimulated, (B) pyruvate stimulated, and (C) succinate 

stimulated H2O2 production. Substrates were added sequentially in the order indicated on the x-

axis for each graph. Abbreviations: M, malate; Pc, palmitoylcarnitine; P, pyruvate; G, glutamate; 

S, succinate; D, ADP; R, rotenone, n = 8–9. Data are presented as means ± SEM. Significant 

differences (⁎p < 0.05 normoxia vs. hypoxia) were determined by two-way ANOVAs followed by 

with a Dunnett multiple comparisons test. 
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Figure 5.4 Mitochondrial abundance and Na+/K+-ATPase activity were not changed by 

acute hypoxia in skeletal muscle. 

(A) Ratio of CS activity per weight tissue weight, mitochondrial (mtDNA) to nuclear (nDNA), 

mitochondrial volume density from, and Na+/K+-ATPase activity per weight tissue, raw data from 

(Marks de Chabris et al., 2023), and (B) Representative electron micrographs of hind leg skeletal 

muscle from NMRs treated with 3 h of normoxia (21% O2) or acute hypoxia (5% O2), absolute 

values from (Marks de Chabris et al., 2023). Data are mean ± SEM from n = 6 or 8 (A), n = 2 (B) 

biologically independent replicates. Mann-Whitney tests with an alpha value of 0.05 revealed no 

significant differences. 
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Table 5.3 Raw values of isolated skeletal muscle mitochondrial respiratory functions 

Substrates Respiration 
Normoxia Acute Hypoxia Chronic Hypoxia 

mean SEM mean SEM mean SEM 

PcM 

Leak 7.32 0.55 6.34 0.66 6.05 0.36 

OXPHOS 74.91 5.85 69.50 5.61 65.18 4.11 

RCR 10.31 0.47 11.33 0.77 10.84 0.40 

PM 

Leak 8.89 0.56 6.27 0.66 7.94 0.61 

OXPHOS 106.86 6.50 106.46 16.30 108.06 5.52 

RCR 12.27 0.69 17.39 2.19 14.06 0.86 

SR 

Leak 22.06 2.53 16.36 2.68 23.22 1.24 

OXPHOS 125.97 10.05 106.56 10.18 126.81 6.53 

RCR 5.99 0.45 7.08 0.63 5.50 0.22 

Data are presented as means ± SEM from n = 8-9 each, statistical analysis were indicated in Fig 

5.1 & 5.2. Abbreviations: P, pyruvate; M, malate; Pc, palmitoylcarnitine; S, succinate; R, rotenone; 

OXPHOS, oxidative phosphorylation; RCR, respiratory control ratio calculated as the ratio of 

OXPHOS /Leak. 
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5.5 Discussion  

In this chapter we investigated functional plasticity of NMR skeletal muscle mitochondria for 

OXPHOS capacity and H2O2 efflux in response to acute and chronic in vivo hypoxia. We found 

that mitochondrial respiration and H2O2 production were affected by hypoxic exposure in certain 

conditions; however, the magnitude of these changes is rather small. Specifically, the effects of 

acute and chronic hypoxia on NMR skeletal muscle are minimal relative to previous studies in 

both hypoxia-tolerant and hypoxia-intolerant species. This suggests that our finding of minor 

functional change in skeletal muscle mitochondria may not be biologically significant. This 

minimal level of plasticity to hypoxia in most aspects of NMR skeletal muscle mitochondrial 

function may prevent expensive remodelling of mitochondria in an animal that putatively moves 

frequently in and out of hypoxia and may therefore represent a strategy to support exercise in 

intermittent and highly variable levels of hypoxia. 

 

In other species, hypoxia drives changes in ETC flux and substrate preference to reduce whole-

animal metabolic demand, and/or improve mitochondrial efficiency. Many of the most hypoxia-

tolerant vertebrates employ metabolic rate suppression in acute hypoxia or anoxia. For example, 

hypoxia/anoxia-tolerant freshwater turtles, carp, goldfish, sharks, bats, and African mole-rats, 

among many others, all substantially reduce their whole animal metabolic rate when O2 is limited 

(Bickler & Buck, 2007; Ivy et al., 2020; Jackson & Ultsch, 1982; Nilsson & Renshaw, 2004; Regan 

et al., 2017; Speers-Roesch et al., 2012) 

Generally, a wide variety of physiological, behavioural, and molecular adaptations 

contribute to metabolic rate suppression (Guppy & Withers, 1999); however, as primary 

consumers of metabolic O2 and key regulators of energetically-expensive cellular processes 
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(Pamenter et al., 2014), alterations in mitochondrial density or function are likely to be major 

contributors to this adaptation. Together, these alterations act to either reduce O2 consumption at 

the mitochondrial level (i.e., to match the reduction at the whole-animal level), or to improve the 

efficiency of O2 consumption (i.e., the ADP/O ratio). Indeed, a wide range of research in a variety 

of hypoxia-intolerant and hypoxia-tolerant organisms has demonstrated that hypoxia alters 

mitochondrial function (although whether these adaptations are beneficial or deleterious is 

debateable). 

Skeletal muscle mitochondria from many other hypoxia-tolerant and -intolerant species are 

plastic following hypoxia. For example, a fuel preference shift occurs following hypoxia and 

towards greater reliance on carbohydrates in high-altitude deer mice, and carbohydrate 

metabolism-related genes are also increased in skeletal muscle (Lau et al., 2017; see also 

Introduction and below for additional examples). Furthermore, 2 days of severe hypoxia triggers 

decreases in OXPHOS capacity and increases in leak respiration in both pyruvate/malate and 

succinate fuelled murine skeletal muscle mitochondria (Magalhaes et al., 2005), and also 

downregulates OXPHOS in human skeletal muscle (Horscroft & Murray, 2014). Also, in human 

skeletal muscle mitochondria, energetic efficiency is improved after 4 weeks in hypobaric hypoxia 

(Jacobs et al., 2012). Hence, we hypothesized similar mechanisms would be apparent in NMR 

skeletal muscle. However, our findings do not support this prediction because the observed 

changes are minimal, we did not find a significant fuel preference shift post hypoxia towards 

carbohydrates, and ADP/O ratios are not improved under any condition. 

Nonetheless, we do observe a small downregulation of complex II-linked uncoupled 

OXPHOS capacity following acute but not chronic hypoxia exposure (Fig. 5.1C). This observation 

is particularly important given the emerging role for succinate metabolism in cell damage during 
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the reoxygenation phase post-hypoxia. Specifically, succinate augmentation in hypoxic tissue, 

which was observed nearly half century ago (Taegtmeyer, 1978), is now widely recognized as the 

main source of uncontrolled ROS efflux rates. The reduction in complex II uncoupled OXPHOS 

capacity that we report following acute hypoxia-acclimation may be a minor evolved stress 

response to reduce reoxygenation-induced ROS bursts following hypoxia, while the lack of 

plasticity in complex I-II OXPHOS capacity may be an inherited modulation to this lifestyle and 

support a wider range of metabolic capabilities in skeletal muscle. Finally, although complex II 

function may be impaired as a result of ROS-mediated damage during hypoxia-reoxygenation, this 

is usually associated with increased ROS generation. Since we did not observe such an increase 

(see below), it is more likely that the downregulation in complex II respiration is an actively 

mediated and potentially adaptive change. Notably, at least two other studies have reported similar 

regulation of complex II in hypoxia-tolerant species: including as part of energy-

conserving metabolic depression post-anoxia in epaulette shark brain (Devaux et al., 2019), and 

also in 13-lined ground squirrel during torpor (Staples, 2014). 

A similar trend is reported for complex IV, where reduced maximal uncoupled capacity is 

observed following acute hypoxia (Fig. 5.1D). In this case, however, the change elicited by 

hypoxia would increase instead of decreasing reverse electron flux towards complex I, which is 

one of the main sources of ROS (De Bilbao et al., 2004). Very similar responses (downregulation 

of complex IV activity) have been observed post null/low O2 in a fairly wide variety of hypoxia-

tolerant species and tissues, including anoxia-tolerant turtle heart and brain following weeks of 

anoxia (Galli et al., 2013; Pamenter et al., 2016), and in NMR brain following 4 h under 3% 

O2 (Pamenter et al., 2018), while adaptations to complex IV that reduce overall ETC flux during 

hypoxia have been reported in bar-headed geese, among others  (Lau et al., 2017; Scott et al., 
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2011). These findings have been linked to a putative regulatory role for complex IV in 

downregulating overall ETC flux, rather than a means to regulate ROS production. 

 

ROS production is beneficially modulated in NMR skeletal muscle under certain conditions. As 

discussed above, ROS are important cellular messengers but sudden uncontrolled increases in their 

formation rate, as seems to occur during hypoxia and/or reoxygenation, is deleterious to cellular 

function. In mammalian mitochondria in vitro, the highest rates of mitochondrial ROS formation 

are achieved by reverse electron flow at the level of complex I, or from complex III in the presence 

of its inhibitor antimycin A (Goncalves et al., 2015). Reverse electron flow is associated with the 

accumulation of succinate and subsequent generation of high levels of ROS, which are generally 

deleterious (Chouchani et al., 2014; Chouchani et al., 2016b). A key result of such a damaging 

ROS burst is a reduction in complex I and II function, which has been demonstrated in hypoxia-

intolerant mice and humans (Gamboa & Andrade, 2010; Jacobs et al., 2012), and in hypoxia-

tolerant grey carpet sharks (Chiloscyllium punctatum) (Devaux et al., 2019). 

Based on these findings, we hypothesized that the capacity for succinate-driven oxidation 

should decrease during hypoxia in NMR skeletal muscle mitochondria to limit deleterious 

excessive ROS production. Reductions in ROS production during low O2 exposure have been 

reported in mitochondria and tissues from a wide variety of hypoxia-tolerant species. For example, 

weeks of acute or intermittent hypoxia-exposure reduces liver mitochondrial H2O2 generation in 

estuarine killifish (Fundulus heteroclitus; but mitochondrial energetics are not impacted by either 

hypoxic protocol; (Du et al., 2016)). Similar reductions are reported in response to short-term 

anoxia in freshwater turtle brain (Milton et al., 2007), and in skeletal muscle from high-altitude 

deer mice (Mahalingam et al., 2017). In line with these previous findings, we report here that acute 
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hypoxia-treated skeletal muscle mitochondria decrease the rate of H2O2 emission during succinate 

oxidation under non-phosphorylating conditions (Fig. 5.2C), regardless of the contribution of 

complexes I, II or III. However, we did not observe lower H2O2 emission from pyruvate/malate 

fueled mitochondria following chronic hypoxia, which was observed in high-altitude deer mice 

(Mahalingam et al., 2017). 

It is important to note that ROS efflux is only a portion of the total cellular ROS equation, 

with free radical scavengers that detoxify ROS also playing important roles in the mitochondria 

and the cytosol. With respect to this overall ROS metabolism, it is interesting that many hypoxia-

tolerant species express high endogenous ROS scavenging capabilities at all times compared to 

intolerant species, or upregulate these abilities during hypoxia. For example, NMR heart and 

skeletal muscle mitochondria have constitutively more active matrix scavenging capacities than is 

found for mice (Munro et al., 2019). Similarly, enhanced endogenous expression of ROS 

scavengers (or their genes), or upregulation of the same by hypoxic exposure have been reported 

in other organs of NMRs, and also in the blind mole-rat and carp, among others (Lewis et al., 2013; 

Lushchak et al., 2005; Schulke et al., 2012). Enhanced ROS scavenging capabilities may mitigate 

the need to suppress ROS generation during hypoxia and particularly during reoxygenation in these 

species. 

 

Other potential mechanisms of suppressing O2 consumption. We report no change in NMR 

skeletal mitochondrial abundance between normoxic and acute hypoxic conditions. Neither did we 

see Na+/K+-ATPase activity changes in acute hypoxic NMR skeletal muscle tissues, although the 

activity of this transporter consumes at most 10% of the total energy consumed by skeletal muscle 

(Clausen, 2013). Nonetheless, the relative stability of mitochondrial respiratory function and 
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Na+/K+-ATPase activity is consistent within skeletal muscle during hypoxia, because 

mitochondrial functional depression is associated with reduced Na+/K+-ATPase activity in several 

studies of muscle in rodent (Comellas et al., 2006; Green et al., 2000; Li et al., 2014; Maiti et al., 

2018).  

 Several pathways might regulate energy conservation in hypoxic skeletal muscle. For 

example, NMRs might reduce glucose uptake in skeletal muscle cell regulated by AMPK (Hadj-

Moussa et al., 2021a); however, we previously reported unchanged glucose levels in hypoxic 

muscle (Pamenter et al., 2019a). This result indicates that hypoxic NMR skeletal muscle may 

inhibit mitochondrial O2 consumption by limiting carbohydrate metabolism (Hadj-Moussa et al., 

2021a). On the other hand, acutely hypoxic NMR skeletal muscle also likely reduces O2 

consuming process in other aspects, for example, decrease in activity of the ribosomal protein 

biosynthesis through PTM (protein phosphorylation) in Akt/mTOR pathway (Al-Attar et al., 2020). 

Another chronic hypoxia study suggested that skeletal muscle might reduce O2 consumption by 

downregulating the aerobic supply of acetyl-CoA from glycolysis and β-oxidation to the TCA 

cycle through alterations (mostly decreasing) of enzyme activities of energy metabolism (Farhat 

et al., 2020). 

NMRs live in a variably hypoxic environment and likely experience severe and acute 

hypoxia while resting in the colony nest chamber and while digging aggressively into densely 

packed and poorly ventilated soils at the terminus of tunnel networks. Conversely, they likely 

experience relative normoxia in the majority of the burrow, and particularly in connecting tunnels 

with lower animal density or near burrow openings (Holtze et al., 2018). As a result, NMRs likely 

move in and out of hypoxia constantly while exercising and working, with hypoxic exposures 
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being unpredictable in their duration and severity. Given this environment, it is perhaps sensible 

to avoid drastic changes in mitochondrial function and maintain a steady rate of ROS production. 

 

Limitations. An important limitation of our study is the use of isolated mitochondria. Although 

this preparation is widely utilized and well-accepted in the field of mitochondrial research, it 

nonetheless always results in altered function relative to the in vivo cellular milieu. This largely 

occurs due to the disruption of the extensive mitochondrial networks during isolation (Zamponi et 

al., 2018), from the loss of normal cytosolic cellular signalling mechanisms that are critical in 

mediating mitochondrial function, and from the loss of communicating signals from the 

mitochondria to other cellular components (Pamenter, 2014; Picard et al., 2011). It is notable that 

our previous experiments demonstrating significant plasticity in NMR brain mitochondria were 

conducted on permeabilized brain homogenates (Pamenter et al., 2018), which would better 

preserve mitochondrial networks and may have preserved signalling interactions that mediated the 

changes we observed in that study. However, these experiments were conducted at 3% O2 and we 

cannot discount the possibility of incremental inhibition of mitochondrial respiration with 

increasing depth of hypoxia. 

It is also important to note that we did not measure Δψm or proton leak in our experiments. 

We have previously demonstrated adaptations to these characteristics in NMR brain that likely 

enhance the efficiency of energy production in that organ (Pamenter et al., 2018). Since a 

high proton motive force is required to produce reverse electron flow, adaptations to this aspect of 

mitochondrial physiology may exist in this tissue and contribute to the hypoxia-tolerance of this 

species. Another general parameter that has not been considered in our report is the potential effect 

of the magnitude and duration of hypoxia exposure. The literature on human skeletal muscle varies 



 181 

between studies, which is reasonable because of different altitudes and periods of hypoxia (D'Hulst 

& Deldicque, 2017). The exposure duration may not only influence the acute response but could 

also contribute to the differences of O2 distribution in different tissues. Therefore, our report of a 

mild mitochondrial response in NMR skeletal muscle may also partly be a result of experimental 

design (magnitude, duration, and temperature). Similarly, mitochondria from different muscle 

groups may have varying responses to hypoxia due to mitochondrial quantity (Scott et al., 2018), 

O2 affinity, and Ca2+ management (Fu et al., 2016). We conducted our study using a pool of skeletal 

muscle from hind leg, pectoral and dorsal skeletal muscles in NMRs, which represented an overall 

response to hypoxia in skeletal mitochondria. However, a recent study indicated that NMRs have 

more oxidative-glycolytic and oxidative fibres but less glycolytic fibres than the Cape dune mole-

rat (Bathyergus suillus), which is a less hypoxia-tolerant African mole-rat species (Sahd et al., 

2023). Further study of specific muscle group expression may help to better understand 

mechanisms of adaptation to hypoxia in NMR skeletal muscle. 

 

Conclusions. In summary, we demonstrate that acute or chronic hypoxia exposure induces minor 

functional changes in OXPHOS capacity and ROS efflux in NMR skeletal muscle mitochondria. 

The phenotype and magnitude of these changes is, however, markedly different from observations 

in previous chapters, including brain and BAT. Nevertheless, the nature of the changes is in line 

with adaptations to reduce energy production in hypoxia and to ameliorate the deleterious ROS 

burst occurring upon reoxygenation because of succinate accumulation (complex IV and site 

IQ regulation of O2 consumption and oxidative stress, respectively).  
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6 General conclusions 

 

Hypoxia has been implicated as a key component of multiple pathological events, including 

neurodegenerative disease, stroke, obesity, and muscular dystrophy, among many others (Giaccia 

et al., 2004; Nguyen et al., 2021; Semenza, 2011b; Trayhurn & Alomar, 2015). Mitochondria are 

exquisitely sensitive to O2 availability, because mitochondrial ATP production requires molecular 

O2 as the terminal electron acceptor in the OXPHOS pathway (Chandel, 2015; Gao et al., 2022; 

Lim et al., 2021), and because the regulation of key cellular signalling mechanisms, including ROS 

and Ca2+, are closely tied to mitochondrial function. NMRs are mammals that can tolerant extreme 

hypoxic environments, including hours of 3% O2 (Farhat et al., 2021; Pamenter et al., 2018) and 

even minutes of anoxia (Park et al., 2017), without any significant cell damage. A growing body 

of literature suggests that NMRs employ multiple mechanisms to achieve this hypoxia-tolerance 

and mitochondria likely play a key role in initiating and regulating these mechanisms. In this thesis, 

I explore the role of mitochondria in regulating cellular responses to hypoxia in three key organ 

systems: BAT, brain, and skeletal muscle. My results yielded numerous salient findings, including 

several novel mechanisms of mitochondrial adaptation to hypoxia. Importantly, this multi-tissue 

analysis provides important insight into the similarities and differences of mitochondrial regulation 

during hypoxia across different tissues within the same organism. 

 

Common responses to hypoxia across NMR tissues: suppression of O2 consumption and 

prevention of hypoxia-induced damage. NMRs suppress whole animal O2 consumption during 

hypoxia, as do many other hypoxia-tolerant animals (Pamenter, 2022), and they achieve this 

suppression in multiple ways that are tissue specific. Like many other mammals (Frappell et al., 



 183 

1992), NMRs reduce Tb to save energy during hypoxia. The primary mechanism of Tb reduction 

in hypoxic NMRs is a reduction of O2-intensive non-shivering thermogenesis mediated through 

changes in BAT mitochondrial protein expression and membrane dynamics, which in turn 

suppresses mitochondrial respiration (reduced by 45-70%) without loss of mitochondrial integrity 

(Cheng et al., 2021b). Hypoxic NMR brain mitochondria also reduce O2 consumption capacity 

during in vitro hypoxia (Pamenter et al., 2018), and NMR brain mitochondria exhibit no damage 

during in vivo hypoxia (Chapter 3) and reduced damage relative to mouse brain mitochondria 

during in vitro ischemia (Chapter 4). Conversely, skeletal muscle mitochondrial respiratory 

function is only mildly reduced during acute hypoxia, but mitochondrial damage is still avoided, 

possibly because other pathways are activated to limit O2 and energy consumption, e.g., reducing 

glucose uptake through AMPK (Hadj-Moussa et al., 2021a; Pamenter et al., 2019a), or depressing 

ribosomal protein biosynthesis in Akt/mTOR pathway (Al-Attar et al., 2020). 

Indeed, NMRs exhibit minimal hypoxia-induced damage across our tissues of study. NMR 

neurons maintain synaptic transmission under in vitro hypoxia and can even recover from short-

term anoxia (Larson & Park, 2009). Additionally, NMR brain slices avoid ischemia-induced cell 

death for 24 h (Nathaniel et al., 2009). Our study indicates that the maintenance of mitochondrial 

electron transport function (OXPHOS and ROS management) and Ca2+ homeostasis may play 

critical roles in preserving mitochondrial integrity and supporting neuronal function during 

hypoxia and ischemia in this tissue (Cheng & Pamenter, 2021; Eaton et al., 2022; Wang et al., 

2020). Consistent with this, we observed maintenance of mitochondrial membrane integrity during 

hypoxia across all tissues in our study, including the absence of any change in cytochrome c-

mediated respiration in vitro between treatments, and the prevention of mitophagy in at least iBAT 

and brain following in vivo hypoxia. We also report resistance to Ca2+ stress (in iBAT and brain), 
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hypoxia stress (in all tissues), and even ischemic conditions (in brain). This tolerance may result 

from protection of mitochondrial membranes, hyperpolarized membrane potentials, improved 

electron leakage/ROS management, and an enhanced ATP-independent Ca2+ buffering capacity, 

depending on the tissue. Other pathways/regulators likely also inhibit cell death, such as miRNAs 

(Hadj-Moussa et al., 2021b; Logan et al., 2020), and HIF1α (Hawkins et al., 2019). Similarly, 

NMRs maintain physical activity under “mild” hypoxia conditions (Ilacqua et al., 2017), however, 

there is no significant elevation of oxidative damage in skeletal muscle (or in brain or BAT) (Hadj-

Moussa et al., 2022). This may be related to the high antioxidant capacity of NMR skeletal muscle 

mitochondria (Munro et al., 2019), an adaptation which may be conserved in other tissues as well. 

 

Tissue-specific responses in hypoxic NMR mitochondria. An important finding of our study is 

that mitochondria drive unique protective responses to hypoxia that are in some cases divergent 

between tissues. For example, in iBAT mitochondria these responses include a large (~45%) 

suppression of OXPHOS and even greater (~70%) reduction of UCP1-stimulated uncoupled O2 

consumption, as well as correspondingly reduced H2O2 efflux. These results are in line with the 

suppression of Tb in hypoxic NMRs (Pamenter et al., 2019a), which is mediated by the degradation 

of UCP1 and OXPHOS proteins. We also report more tightly coupled mitochondria, (i.e., 

increased RCR in all substrates in iBAT), and further suppression of coupled and uncoupled 

respiration relative to electron transport capacity. These results indicate the occurrence of very 

rapid hypoxia-induced membrane reprograming, which is consistent with our finding of a mild 

reduction in mitochondrial density mediated by fission but not mitophagy or autophagy. Also, we 

noticed that succinate-induced H2O2 efflux varies between pyruvate- vs. octanoylcarnitine-fueled 

respiration in hypoxic NMR iBAT mitochondria, which is similar to BAT mitochondria from 
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UCP1-ablated mice (Oelkrug et al., 2010). In this mouse model, the reduction of UCP1 correlates 

with increasing ROS production. In another words, ROS may trigger UCP1 protein reductions 

(Kazak et al., 2017; Oelkrug et al., 2010). Importantly, Ca2+ exclusion is better maintained in 

hypoxic NMR iBAT, which may be related to ROS production in this UCP1 knockout mouse 

model (Kazak et al., 2017). Further study is warranted to explore this interaction in NMR BAT 

mitochondria.  

 It was previously reported that NMR brain mitochondria suppress electron transport in 

hypoxia (Pamenter et al., 2018). Building upon this finding, our research indicates that this 

reduction of O2 consumption may be due to improved mitochondrial Ca2+ management, which is 

endogenously mediated by the unique architecture of NMR brain mitochondria, but is not due to 

membrane remodelling in acute hypoxia. Specifically, we report that NMR brain cells have 

relatively larger mitochondria, which may support a higher mitochondrial membrane potential, 

enhanced Ca2+ uptake, and increased capacity of the mitochondrial matrix to store Ca2+  (Halestrap 

et al., 1986). Indeed, a large number of independent mitochondrial crista correlates with increased 

Ca2+ capacity (Kushnareva et al., 2013; Strubbe-Rivera et al., 2021), which is consistent with the 

phenomenon we observed in NMR brain mitochondria. NMR brain mitochondria are also highly 

interconnected through adjacent connections and elaborate nanotunnel systems, the latter of which 

may support energy and Ca2+ homeostasis in hypometabolic conditions. Nanotunnel systems are 

expressed to a lesser degree in normal mouse brain mitochondria but are increased during hypoxic 

stress (Zhang et al., 2016). Note, the ultrastructure of NMR brain mitochondria may be shared 

among other NMR tissues, as we and others have observed (but have not quantified) similar 

structures (e.g., larger mitochondrial size than mouse, and high density of mitochondrial crista) ) 

in NMR iBAT, heart and skeletal muscle (Bakeeva et al., 2019; Vays et al., 2021).  
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Following in vivo hypoxia, mouse brain mitochondrial proteins exhibit changes that are 

typical of cells damaged in a hypometabolic state, including mitochondrial fission (Han et al., 2008) 

and the downstream activation of mitophagy (Ni et al., 2015; Pendin et al., 2017). On the other 

hand, hypoxic NMR brain mitochondrial proteins do not exhibit similar changes. However, NMR 

brain mitochondria nonetheless increase in size in acute hypoxia, which warrants further study. 

Conversely, and as discussed above, hypoxic NMR iBAT exhibits enhanced fission and inhibition 

of apoptotic processing (Chapter 2). These results suggest that brain and iBAT mitochondria 

maintain integrity through divergent mechanisms.  

Unlike hypoxic brain and iBAT, skeletal muscle mitochondria did not exhibit the same 

extent of reduction of O2 consumption capacity in hypoxia. Changes in skeletal muscle 

mitochondrial ultrastructure remain to be explored. 

   

Future work. In scientific research, answering one question often raises two more interesting 

questions to explore. Consistent with this idea, and although the work in this thesis answers many 

questions regarding how mitochondria contribute to the regulation of hypoxia tolerance in NMR 

iBAT, brain, and skeletal muscle, our results raise many additional interesting questions that are 

worthy of further exploration.   

One particularly promising area of future research is the regulation of succinate and/or the 

succinate dehydrogenase pathway in hypoxia-tolerant organisms. For example, succinate is an 

activator in BAT mitochondrial heat production involving mitochondrial ROS emission (Q. Li et 

al., 2022; Liao et al., 2022; Liu et al., 2020; Mills et al., 2018). Consistent with this, we observed 

a significant elevation of succinate-induced (coupled, with GDP) H2O2 emission in normoxic 
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NMR iBAT mitochondria; however, this increased H2O2 signal vanished in hypoxic mitochondria. 

This finding suggests that succinate may activate heat production from BAT in normoxia and that 

NMRs may have a mechanism of regulating succinate metabolism to deactivate UCP1-induced 

heat production in hypoxia, which may be associated with mitochondrial ROS. Similarly, succinate 

mediated H2O2 consumption is more sensitive to Ca2+ stress in permeabilized NMR brain tissue 

than that mediated by the mitochondrial complex I pathway, and succinate (with or without 

rotenone) did not produce H2O2. Consistent with this finding, a study in in vitro hypoxic brain 

slices found no changes of cellular H2O2 (Eaton et al., 2022). In vitro ischemia also inhibited 

succinate-induced H2O2 emission but not that mediated by glutamate or pyruvate (Cheng & 

Pamenter, 2021). Finally, in hypoxic skeletal muscle mitochondria, there is a significant reduction 

of H2O2 emission during succinate-induced leak respiration but not pyruvate and 

palmitoylcarnitine-induced leak respiration (Cheng et al., 2021a). Notably, a difference of 

succinate dehydratase activity in skeletal muscle was also reported in different groups of deer mice 

(Dawson & Scott, 2022). Taken together, these data suggest that mitochondrial succinate 

metabolism may play an important role in regulating mechanisms of hypoxia-tolerance in 

numerous NMR tissues, and perhaps in other hypoxia-tolerant species as well. Thus, further 

investigation of succinate metabolism (e.g., using isotope tracing techniques (Fernandez-Garcia et 

al., 2020)) is warranted.  

Another interesting result warranting further exploration is our observation of an inhibition 

of mitochondrial-dependent apoptosis in hypoxic BAT mitochondria and the lack of change of 

apoptotic proteins in hypoxic brain, which is consistent with antiapoptotic changes in other 

hypoxic tissues (Al-Attar et al., 2020; Hawkins et al., 2019). Various mechanisms of regulating 

antiapoptotic responses have also been described in other hypoxia-tolerant species (Larson et al., 
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2014; Malik et al., 2012). A comparative study of antiapoptotic pathway in both mitochondria-

dependent and -independent tissues will be another critical approach to understand mechanisms 

limiting hypoxia-induced cell damage in NMRs.    

Finally, a fundamental topic of interest that arises from this thesis is the impact of changes 

in mitochondrial ultrastructure on cellular viability in hypoxia. We observed a relatively high 

density of cristae in NMR iBAT and brain mitochondria, which has also been anecdotally observed 

in NMR heart and skeletal muscle mitochondria (Holtze et al., 2016; Vays et al., 2021). Another 

study also reported similar mitochondrial parameters in hypoxia-tolerant ground squirrel brain 

(Popov et al., 2005) but did not present any exploration of physiological function. We are the first 

to link these structures with mitochondrial physiology as it relates to hypoxia-tolerance in NMR 

brain. Based on the clear understanding of mitochondrial ultrastructure (Joubert & Puff, 2021; 

Stephan et al., 2020), there is great potential in the study of these fundamental components of 

mitochondrial structure in NMRs and other hypoxia-tolerance animals. 

Taken together, it is obvious that considerable work remains in the journey to understand 

the mechanisms behind hypoxic changes in mitochondrial OXPHOS, ROS management, Ca2+ 

buffering, and membrane dynamics, and to uncover the roles of mitochondria in hypoxia-

/ischemia-tolerance in NMRs.   
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