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Abstract 

Glutathione (GSH) plays a pivotal role in cellular redox poise, which is disordered 

in many metabolic diseases including type 2 diabetes.  Glutaredoxin-2 (Grx2) is a 

glutathione transferase in mitochondria and the nucleus.  We previously established that 

Grx2 knockout (Grx2-/-) mice have low GSH:GSSG and mitochondrial dysfunction in 

isolated mitochondria of muscle and heart.  Moreover, low GSH:GSSG stimulates 

mitochondrial fusion in transformed cell lines.  Our goal was to study the impact of Grx2-

/- on the GSH ratio and on mitochondrial structure and function in situ and in intact primary 

muscle cells.  

Compared to wild-type (WT), Grx2-/- myoblasts have a decreased GSH:GSSG, with 

a marked increase in mitochondrial length.  Mitochondrial ultrastructure is profoundly 

abnormal in the Grx2-/-  muscle compared to WT.  Furthermore, mitochondrial content is 

significantly reduced in the Grx2-/-  muscle.  Mitochondrial energetic analyses in myofiber 

preparations confirm impaired CI activity and reveal impaired fatty acid oxidation 

capacity.   

In summary, the absence of Grx2 causes marked abnormalities in mitochondrial 

ultrastructure in skeletal muscle and in cellular GSH redox state and mitochondrial length.  
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CHAPTER I: INTRODUCTION  

1.1. Overview of Skeletal Muscle  

Skeletal muscle is an intricately organized organ that functions to contract, generate 

force and produce movement.  Skeletal muscle accounts for 40% of total body weight 

in lean adults1, making it the most abundant tissue in the body.  Skeletal muscle displays 

a high level of plasticity, adjusting its size and molecular make up in accordance to a 

variety of external stimuli, including mechanical load, nutritional status, different 

growth factors and hormone fluctuations in the body.  Skeletal muscle is widely known 

as a major site of metabolic activity, acting as an important sink for glucose uptake and 

fatty acid utilization, accounting for ~70-80% of whole body insulin-stimulated glucose 

uptake2.  The breakdown of glucose includes the glycolytic pathway, the tricarboxylic 

acid (TCA) cycle and the electron transport chain (ETC).   The final product of these 

oxidative pathways is adenosine triphosphate (ATP), the cellular energy ‘currency.’  

These pathways, excluding glycolysis, are located in the mitochondrion, which are 

believed to have emerged through an endosymbiotic relationship with bacteria3. 

Mitochondria are indispensable organelles, responsible for transducing energy and 

maintaining cellular metabolic homeostasis.  In addition to energy transduction, 

mitochondria are involved in cellular differentiation, apoptosis, redox regulation, 

mitochondrial DNA maintenance, reactive oxygen species (ROS) production and 

more4,5.  Therefore, it is important to understand the structure and the function of 

mitochondria to improve metabolism in skeletal muscle. 
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1.1.1   Metabolic Activity in Skeletal Muscle   

Skeletal muscle contains 50-75% of total body proteins1.  Skeletal muscle is a 

highly malleable tissue capable of adapting to several different metabolic and 

morphological challenges.  Beyond its role in regulating metabolism through 

glucose disposal, skeletal muscle serves as a reservoir for amino acids and 

carbohydrate, and contributes to heat production to maintain core temperature. 

Because skeletal muscle can store amino acids, de novo protein synthesis occurs, 

which is a vital process for other tissues such as skin, brain and heart6.  Furthermore, 

the release of amino acids from skeletal muscle contribute to the maintenance of 

blood glucose levels through liver gluconeogenesis1. 

Since the metabolic rate of skeletal muscle can increase close to one hundred times 

between rest and work, it is regarded as one of the ideal tissues for studying 

metabolism7.  The metabolic activity of skeletal muscle depends on several factors, 

such as fiber type composition, nutritional status, hormone balance and physical 

activity.  Regulation of circulating levels of glucose is a fundamental characteristic 

of metabolic homeostasis and insulin is the main hormone involved in regulating 

glucose uptake.  

Tissues that exhibit insulin-mediated glucose uptake (i.e. skeletal muscle, cardiac 

muscle and fat) contain two isoforms of the glucose transporter proteins, GLUT1 

and GLUT48.  GLUT1 is targeted at the plasma membrane and is believed to 

mediate glucose uptake in the basal state9,10.  Glucose uptake can occur in two 

different states: the contraction state or the insulin-stimulated state.  GLUT4 is one 
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of 13 facilitative glucose transport proteins and is highly expressed in skeletal 

muscle11.  In contracting muscle, glucose uptake occurs via facilitated diffusion, 

which is contingent on the translocation of GLUT4 transporter from intracellular 

sites to the sarcolemmal membrane11,12.  When glucose, and subsequently insulin 

levels increase in the blood, insulin binds to its receptor on the sarcolemmal 

membrane and recruits GLUT4 to the membrane.   

Once glucose has been transported into the muscle cell, it can be stored as glycogen 

or metabolized through glycolysis.  The product of glycolysis, pyruvate, can be 

further oxidized in mitochondria. Through the oxidative processes, the final 

product, ATP, is generated, which is the main energy source used during muscle 

contraction.  Intracellular ATP stores in skeletal muscle are exceedingly small, ~5-

6 mM, and when the muscle is fully activated, ATP stores are depleted within 2 

seconds13.  Thus, ATP-generating pathways are activated during bouts of 

contraction to avoid total ATP depletion. These pathways can be categorized into 

anaerobic and aerobic pathways.    

 
 

1.1.1.1  Anaerobic Metabolism  

Anaerobic metabolism occurs in the absence of oxygen and the two 

main processes that regenerate ATP are the degradation of 

phosphocreatine (PCr) and the breakdown of muscle glycogen to 

produce lactate.  The degradation of PCr is achieved through the 

enzyme creatine kinase (CK), which catalyzes the following 

reaction: PCr + ADP (adenosine diphosphate) n Cr + ATP.  When 
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ATP consumption is high, the reaction is driven forward, thereby 

decreasing PCr concentrations and increasing creatine 

concentrations, while ATP concentrations remain nearly constant.  

 

The breakdown of glycogen occurs via glycogen phosphorylase that 

can either exist in its phosphorylated, active form or non-

phosphorylated, less active form.  The phosphorylation of glycogen 

phosphorylase is catalyzed by phosphorylase kinase and its de-

phosphorylation by protein phosphatase14.  During glycogenolysis, 

glucose is released from glycogen by glycogen phosphorylase and 

enters glycolysis to be converted to pyruvate.  When ATP 

consumption is high in skeletal muscle (i.e. during high-intensity 

training), lactate and hydrogen ions begin to accumulate.  However, 

increased lactate production poses a disadvantage because the ATP 

yield is much less per glucosyl unit compared to aerobic metabolism 

(i.e. 2 ATP produced during anaerobic respiration compared to a 

maximum of 38 ATP during aerobic respiration)15.  

 

1.1.1.2  Aerobic Metabolism 

Aerobic metabolism occurs under the presence of oxygen and is 

more efficient at producing ATP than glycolysis16,17.  Skeletal 

muscle exhibits metabolic flexibility in that it can use either 

carbohydrates or lipids as energy sources, and the oxidative 
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metabolism of these substrates are the prevailing ATP-producing 

pathways.  The oxidation of lipids in muscle occurs predominantly 

during periods of fasting, whereas glucose is utilized during 

postprandial periods.  Carbohydrate fuel sources, either from the 

intestine or from glycogen stores in liver or muscle, provide glucose, 

which is then transported into the cell for oxidation.  In addition to 

storing amino acids, skeletal muscle can store small amounts of fat 

in the form of triglycerides (TG).  From these TG stores, free fatty 

acids (FFA) undergo lipolysis and become the substrate for lipid 

metabolism. Furthermore, at rest, skeletal muscle predominantly 

uses FFA as the fuel source18. 

 

The first step in aerobic metabolism of glucose is glycolysis, which 

occurs in the cytoplasm.  After glucose is taken up by the muscle 

cells via GLUT4, it is phosphorylated, transforming glucose to 

glucose 6-phosphate.  Nine subsequent steps are achieved to reach a 

final product of pyruvate.  Pyruvate is transported into the 

mitochondrion through the pyruvate translocase antiporter and can 

enter the TCA cycle, which also takes place in the mitochondrial 

matrix.  Pyruvate will undergo oxidative decarboxylation by the 

pyruvate dehydrogenase complex (PDC), which is the link between 

glycolysis and the TCA cycle19.  The TCA cycle, also referred to as 

the Krebs cycle or the citric acid cycle, is the pathway in which 
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glycolysis and β-oxidation products converge.  When the acetyl-

CoA molecule enters the TCA cycle, it will undergo eight enzymatic 

reactions to generate the electron carriers NADH and FADH2, that 

will donate electrons to the complexes of the ETC20.  Isocitrate 

dehydrogenase is the enzyme that catalyzes the conversion of 

isocitrate to a-ketoglutarate and is one of the rate-controlling steps 

in the TCA cycle.  This enzyme is stimulated by ADP and inhibited 

by ATP21, demonstrating the tight regulation in the production of 

ATP. Moreover, the rate-controlling enzymes of the TCA cycle are 

major targets of the mitochondrial calcium import pathway as they 

are upregulated by calcium-dependent processes22.  In other words, 

intra-mitochondrial calcium activates the rate-controlling enzymes 

of the TCA cycle, thereby increasing oxidative phosphorylation 

(OXPHOS) and ATP synthesis23.  

 

1.2. Skeletal Muscle Oxidative Capacity  

The oxidative capacity of skeletal muscle is defined as the ability of muscle to utilize 

oxygen to produce ATP24.  Reduced oxidative capacity in skeletal muscle has been 

associated with decreases in mitochondrial density25.  To maintain optimal 

mitochondrial function, as well as ensuring the function of skeletal muscle, constant 

renewal of mitochondria is required26. Mitochondrial biogenesis (or 

mitochondriogenesis) is the process by which mitochondria are newly synthesized. 

Mitochondriogenesis in muscle cells is initiated by muscle contraction27 and is 
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stimulated by the proliferator-activated receptor delta (PPARD)-peroxisome 

proliferator-activated receptor g coactivator 1a (PGC1-a)-nuclear respiratory factor 

(NRF)-mitochondrial transcription Factor A (TFAM) pathway28.  Briefly, PPARD 

induces the promotion of PGC1-a29, which is the first stimulator of 

mitochondriogenesis. This is followed by NRF1 and 2, which stimulate the synthesis 

of TFAM, that will activate the duplication of mitochondrial DNA molecules30. 

Furthermore, it has been demonstrated that under conditions that lead to ATP depletion 

(e.g. muscle contraction), mitochondrial content increases27. This is because the 

increased rate of ATP turnover (i.e. ATP synthesis and degradation) is sufficient to 

provoke mitochondriogenesis27.   

 

1.2.1    Mitochondrial Structure 

Mitochondria account for ~20% of the mass of eukaryotic cells31, but this is highly 

variable and dependent on cell types.  They are 0.1-1.0 µm in diameter and 1-2 µm 

in length32,33, and consist of an outer membrane, inner membrane with invaginations 

known as cristae, intermembrane space and a matrix. The mitochondrial outer 

membrane (MOM) separates the mitochondria from the cytosol and allows the 

passage of metabolites.  The main transport molecule on the MOM is porin, which 

allows the movement of molecules with a molecular weight of 5000 Daltons or 

less34,35.  Mitochondria contain between 1000-1500 different proteins, with only a 

few encoded by their 16 kb circular DNA31,36,37.  Mitochondrial DNA (mtDNA) is 

double stranded and contains 37 genes for 13 polypeptides, all of which are subunits 

of the complexes of the ETC36.  The remaining mitochondrial proteins, 
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approximately 98%31,  are encoded by the nuclear genome and synthesized on 

cytosolic ribosomes.  Therefore, those proteins must be imported into mitochondria 

and the translocase of the outer membrane (TOM) provides the entry gate38.  The 

mitochondrial inner membrane (MIM) is impermeable to ions since its lipid bilayer 

is composed of cardiolipin, a “double” phospholipid that has four fatty acids32.  

However, small proteins are shuttled into the matrix via the translocase inner 

membrane (TIM)39.  The two driving forces for protein transport across the inner 

membrane are the membrane potential across that membrane and the hydrolysis of 

ATP in the matrix31.  The inward projections of the MIM are referred to as cristae, 

which are studded with proteins and increase the surface area for the OXPHOS 

system40,41.  The two aqueous compartments of the mitochondrion are the 

intermembrane space and the matrix.  The intermembrane space is the space between 

the MOM and the MIM33.  Cytochrome c, located on the outer surface of the MIM, 

which shuttles electrons between complex III and complex IV of the ETC, is the 

most abundant protein in the intermembrane space42.  Since the matrix contains 

approximately 67% of total mitochondrial proteins, many of the metabolic processes 

occur within this area32. 

 

1.2.2    Mitochondrial Function  

In skeletal muscle, mitochondria can be found in two distinct regions: 

subsarcolemmal (SS) and intermyofibrillar (IMF).  The SS mitochondria account 

for approximately 10-15% of the mitochondrial fraction43.  Mitochondria are widely 

recognized as the “powerhouse” of the cell.  Mitochondrial energy transduction is 
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driven by ADP import from the cytosol. It is then converted to ATP by OXPHOS 

through the ETC44.  Pyruvate, from glycolysis, is transported into the mitochondrial 

matrix where it is decarboxylated to acetyl CoA by the PDC.  This acetyl CoA, and 

the acetyl CoA from FA oxidation, enter the TCA cycle and undergoes a series of 

reactions that release electrons (also called reducing equivalents) to the electron 

carriers nicotinamide adenine dinucleotide (NADH) and flavin adenine dinucleotide 

(FADH2).  NADH and FADH2 donate the electrons to the ETC that are passed along 

the complexes of the ETC.  Mitochondria are efficient at producing enough ATP to 

sustain cellular functions; mitochondria produce 90% of a cell’s ATP and ~90% of 

the oxygen consumed is utilized in the ETC for OXPHOS45.  However, 

mitochondrial coupling of ATP synthesis and substrate oxidation is not as efficient; 

protons can travel back to the matrix independent of ATP synthase46.  This process 

is known as “proton leak.”  Proton leak occurs under basal conditions and can 

account up to 50% of skeletal muscle respiration in rats47.  

 

1.2.1.1  β-oxidation and the Tricarboxylic Acid Cycle  

OXPHOS is driven by reducing equivalents that have been generated 

through the oxidation of cellular fuels such as fatty acids.  Fatty acid 

transporters located on the plasma membrane facilitate the uptake of FFAs 

into the muscle cell.  These transporters include the fatty acid translocase 

(FAT/CD36)48,49, the fatty acid transport protein (FATP-1)50 and the plasma 

membrane fatty acid binding protein (FABPpm)51.  For entry into the 

mitochondria, where fatty acid oxidation occurs, short and medium chain 
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fatty acids enter through passive diffusion.  However, long-chain fatty acids 

(LCFA) rely on the carnitine palmitoyltransferase (CPT) system.  This 

system consists of three proteins: CPT1, acylcarnitine translocase (CACT) 

and CPT252.  LCFAs are esterified by the enzyme acyl-CoA synthase 

(ACS), forming LCFA-CoA, which is the substrate for mitochondrial 

CPT153.  CPT1 is a rate-controlling step in FAO because it is tightly 

regulated by malonyl-CoA, a product produced by glucose metabolism53.  

CPT1 regulates the movement of fatty acid acyl groups into the 

intermembrane space through the exchange of coenzyme A for carnitine.  

The CACT, located on the mitochondrial inner membrane (MIM), allows 

the fatty acyl carnitine to enter the mitochondrial matrix and is converted 

back to acyl-CoA by CPT253,54.  Once inside the mitochondrial matrix, β-

oxidation occurs in a four-step process by the following enzymes: fatty acyl-

CoA dehydrogenase, β-hydroxyl-CoA dehydrogenase (βHAD), 

hydroxyacyl-CoA dehydrogenase and acetyl-CoA transferase.  By cleaving 

two carbons every cycle, the products generated by β-oxidation are acetyl-

CoA molecules, which will enter the TCA cycle.  

 

1.2.1.2 Oxidative Phosphorylation and the Electron Transport 

Chain 

The OXPHOS system is located on the MIM and consists of four enzyme 

complexes and the ATP synthase55.  Electrons are transferred along 

complexes I-IV (Fig. 1.1) due to Gibbs free energy, which is stored across 
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the MIM and is defined as the energy available to do work56.  These 

complexes will undergo conformational changes to pump protons from the 

mitochondrial matrix to the intermembrane space.  Complex I (NADH-Q 

oxidoreductase) is the largest of the respiratory complexes, consisting of 45 

core subunits57. Complex I accepts electrons from NADH, oxidizing it to 

NAD+ and pumps protons into the intermembrane space while reducing 

ubiquinone58. Succinate dehydrogenase, an enzyme involved in the TCA 

cycle that generates FADH2 from the oxidation of succinate to fumarate, is 

part of complex II (succinate-Q reductase), which consists of four protein 

subunits59.  FADH2 remains in the complex and the electrons are transferred 

to coenzyme Q for entry into the ETC59.  The electrons from complex I are 

carried to complex III by ubiquinone, which diffuses readily within the 

MIM.  Complex III (Q-cytochrome c oxidoreductase) catalyzes the transfer 

of electrons from ubiquinol to cytochrome c and pumps protons into the 

intermembrane space.  Electrons delivered to complex III are carried to 

complex IV (cytochrome c oxidase) by cytochrome c.  Complex IV reduces 

O2 to H2O, while simultaneously pumping protons into the intermembrane 

space.  The proton pumping function of complexes I, III and IV generates a 

proton gradient that is dissipated through complex V (ATP synthase), 

driving the phosphorylation of ADP to ATP60.  ATP synthase is composed 

of two protein entities: the F1, which is located in the mitochondrial matrix, 

and the Fo, which is bound to the MIM.  Through the Fo portion of ATP 

synthase, protons cross the MIM from the intermembrane space to the 
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matrix61.  The proton gradient (DpH) contributes to the protonmotive force 

(PMF) across the MIM.  The other component of PMF is the membrane 

potential (ΔΨm)62.  The flow of protons down this electrochemical gradient, 

via ATP synthase drives ATP synthesis62, thus marking it as an essential 

feature of the mitochondrion63.  The PMF is vital for other mitochondrial 

functions, such as protein import64 and can be used as a trigger to cause 

changes in response to mitochondrial dysfunction5.  Furthermore, when the 

ΔΨm is high, the mitochondrial permeability transition pore (MPTP) is 

inhibited65.  The MPTP is a non-specific channel located in the MIM.  Under 

certain conditions, including calcium overload66, increased oxidative 

stress67, adenine nucleotide depletion68 and elevated phosphate levels69, the 

MPTP opens which allows the free passage of solutes <1.5 kDa into the 

mitochondria65.  

 

Within the ETC, complexes I and III,  have been shown to leak electrons 

during cellular stress, resulting in ROS formation70,71.  Since contracting 

muscles are known to produce ROS, it is not surprising that skeletal muscle 

mitochondria contain several antioxidant defense systems, including the 

glutathione (GSH) system.  Arguably, GSH is one of the most important 

antioxidants in muscle fibers, both enzymatically, as GSH peroxidases 

(GPx), and non-enzymatically.  In recent years, there has been major 

progression in understanding the complexity behind GSH and its function 

in several different tissue types.  However, very little is known about GSH 
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redox perturbations and how it affects mitochondrial structure and function 

in muscle cells and myofibers.  Furthermore, the mechanism in which GSH 

redox status is controlled by the mitochondrial/nuclear oxidoreductase 

glutaredoxin-2 (Grx2) remains elusive.  Thus, understanding the molecular 

mechanisms that elucidate GSH ratio imbalances in muscle mitochondrial 

health can enhance the understanding of the interplay between redox 

environment and metabolic activity in skeletal muscle.   

 

 

 
 
 
 

Figure 1.1. Electron flow through the complexes of the electron transport chain. Glucose and FFA 
metabolism occurs via glycolysis and β-oxidation, respectively, which feed into the TCA cycle. TCA 
cycle generates NADH + H+ and FADH2, which donate electrons into the complexes I and II of the ETC, 
respectively. Electrons are carried to complex III and complex IV, where O2 is reduced to H2O. This 
produces the proton gradient that drives ATP synthesis at complex V.  
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1.2.1.3 Mitochondrial fusion and fission  

Recent research has firmly established that mitochondria are highly 

dynamic organelles that migrate throughout the cell, and are continuously 

undergoing processes of fusion and fission72.  Mitochondrial dynamics, 

which collectively refers to mitochondrial fusion and fission processes, 

plays a critical role in maintaining functional mitochondria and have been 

associated with pivotal cellular processes, such as mitophagy, 

mitochondrial DNA maintenance, apoptosis, quality control and 

intracellular signaling5,73,74,75.  Mitochondrial fusion is thought to occur to 

allow mitochondria to exchange content, which mitigates stress levels and 

prevents the accumulation of mtDNA mutations and oxidized proteins76. 

Fusion also contributes to cross-complementation between two damaged 

mitochondria, thus maximizing oxidative respiratory capacity in response 

to stress stimuli77.  In contrast, fission occurs to produce new mitochondria 

and initiates the removal of damaged components77.  Fission is also 

important in promoting mitochondrial turnover, adjusting for mitochondrial 

volume under different metabolic conditions78.  Mitochondrial fusion is 

mediated by the guanosinetriphosphatase (GTPase) dynamin family of 

proteins.   The proteins involved in mitochondrial fusion include mitofusin 

1 and mitofusin 2 (Mfn1 and Mfn2), located on the MOM, and optic atrophy 

1 (OPA1), located on the MIM (Fig. 1.2).  Mfn1 and Mfn2 initiate the first 

steps of fusion by fusing the mitochondrial outer membranes of adjacent 

mitochondria79.  Mfn2 is a key protein involved in metabolism as it 
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upregulates glucose oxidation through the increased expression of several 

subunits in complexes I, IV and V of the ETC80,81.  The final step in fusion 

is the tethering of the MIM by OPA1, which also plays an important role in 

cristae maintenance82,83.  In contrast, the proteins that promote fission 

include the dynamin-related protein 1 (DRP1), fission protein 1 (Fis1) and 

mitochondrial fission factor (Mff) (Fig. 1.2).  DRP1 is a cytosolic protein 

that must be recruited to the MOM for fission to be initiated.  Mff acts as a 

binding site for DRP1, thereby recruiting it to the outer membrane84,85.  

Once DRP1 is recruited, it constricts the MOM and forms spirals around 

the mitochondria, which leads to the division of the organelle.  If cellular 

stress increases within the cell and/or a loss in mitochondrial membrane 

potential occurs, mitochondria begin to segregate for degradation by 

mitophagy86.  It has been repeatedly demonstrated that when mitochondrial 

fission is reduced, mitophagy is attenuated, suggesting that fission might be 

a requisite for mitophagy to occur86,87,88. 
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1.2.1.4 Mitophagy  
 
Autophagy is an evolutionary conserved cellular process essential for 

maintaining the health of an organism.  It is responsible for the degradation 

of components via the lysosomal pathway89.  Mitophagy is defined as the 

selective removal of damaged or dysfunctional mitochondria by 

autophagosomes through the autophagy pathway90 and is essential in 

sustaining mitochondrial homeostasis following any metabolic changes78.  

The serine/threonine kinase PTEN-induced putative kinase protein 1 

(PINK1), found in the intermembrane space, is an important regulator of 

mitophagy91 and is found at very low levels with intact membrane 

Figure 1.2. Mitochondrial fusion and fission events mediated by GTPases. Mitochondrial fusion 
includes Mfn 1 and 2, which fuse the mitochondrial outer membranes, and OPA1, which fuses the 
mitochondrial inner membranes of two separate mitochondria. In mitochondrial fission, Mff, located 
on the mitochondrial outer membrane, recruits DRP1 from the cytosol and acts as a binding site for 
DRP1.  



17 
 

potential91.  Parkin, an E3 ubiquitin ligase, is found in the cytosol under 

basal conditions.  However, upon loss of mitochondrial ΔΨm
92,93, normal 

degradation of PINK1 is blocked and begins to accumulate on the MOM94.  

The accumulation of PINK1 induces the translocation of Parkin to the 

mitochondria and mitophagy is initiated95. Parkin then ubiquitinates 

mitochondrial proteins, which serves as a signal for the initiation of 

mitophagy96.  To date, there are four mitochondrial targets for Parkin 

ubiquitination: VDAC196, Mfn1 and Mfn297,98 and MIRO99.  The adaptor 

protein, p62/SQSTM1 (hereafter referred to as p62), binds to both the 

ubiquitinated mitochondrial proteins100 and the microtubule associated 

protein 1 light chain 3 (LC3) on the phagophore101.  LC3, which is an 

autophagosomal marker, can only associate with the phagaphore once it has 

begun to form102.  The binding of p62 to the ubiquitinated proteins anchors 

the mitochondrion to the LC391.  LC3II, which is membrane bound  and 

conjugated to phosphatidylethanolamine, initiates the encapsulation of 

mitochondria into autophagosomes103.  The autophagosome will then fuse 

with lysosomes for degradation by lysosomal enzymes89.  Furthermore, the 

BH3-only protein, Bnip3, is an autophagy receptor that signals degradation 

of mitochondria (mitophagy)104.  In healthy cells, mitophagy is tightly 

regulated and coupled with mitochondrial biogenesis91,105.  Excess 

mitophagy can promote cell death106; therefore, in response to increased 

mitophagy events, mitochondria possess a reserve capacity that helps 

maintain energy production107.  In contrast, insufficient mitophagy can 
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result in the accumulation of mtDNA mutations, thereby leading to 

oxidative damage108.  Therefore, the process of mitophagy is crucial in 

maintaining proper mitochondrial function and in preventing the activation 

of cellular apoptosis103.  

 

1.3. Glutathione Redox  

GSH is the most abundant non-protein antioxidant within mitochondria109 and 

mammalian cells110.  GSH is ubiquitous in eukaryotes and plays an important role in 

cellular functions and metabolism111.  There are three major GSH reservoirs: cytosol, 

mitochondria and endoplasmic reticulum112. GSH levels vary between tissue types and 

it appears to be associated to the oxidative capacity of the tissue113.  The majority of 

total body GSH is found in skeletal muscle114, with concentrations ranging between 0.5 

to 3 mM115.  GSH exists predominantly in its reduced form (GSH)116,117, but upon the 

neutralization of reactive oxygen species, GSH becomes oxidized (GSSG)118.  GSSG 

is regarded as an indicator of cellular stress119.  Of the three most important redox 

couples, the GSH redox pair (GSH:GSSG) is approximately 500- to 1000-fold higher 

in concentration than the NADPH and TRX systems120.  Therefore, any changes in the 

GSH:GSSG is a direct reflection of the intracellular redox status121,122.  In resting and 

healthy cells, the GSH:GSSG ratio is greater than 100:1116,121, however, in cases of 

oxidative stress, this ratio can decrease to 10:1 or even 1:1123.  Superoxide and/or 

hydroxyl radicals oxidize GSH at high rates124.  However, due to its high intracellular 

concentration, GSH acts as a powerful reducing agent, thus preventing the 

accumulation of oxidized compounds.  
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The apparent fundamental function of GSH is to provide cells with a reducing 

environment and to neutralize free radicals114.  Since skeletal muscle has low levels of 

catalase and superoxide dismutase enzymes, it is believed that GSH is the major   

compound involved in detoxifying ROS114.  Recent literature estimates that 

mitochondria contain similar GSH concentrations to those in the cytosol (between 1 to 

14 mM)125.  The redox status of the mitochondria is not dependent on the cytosolic 

redox status and is strictly regulated109.  The rapid turnover rate of GSH is a result of 

GSSG reductase (GR) in the mitochondria, which has a high affinity for GSSG124 and 

thus, reduces GSSG back to GSH.  However, since mitochondria are devoid of the 

machinery to synthesize GSH, they rely on GSH import from the cytosol126.  The 

mitochondrial GSH pool is critical in preventing and repairing oxidative damage that 

is normally generated under physiological aerobic metabolism71,127.  The depletion of 

GSH in skeletal muscle has been shown to cause mitochondrial degeneration114, which 

demonstrates the importance of maintaining a sufficient GSH pool to support 

mitochondrial functions.  Furthermore, other studies in rats show that depletion of 

cellular GSH leads to mitochondrial damage and apoptosis128,129.  

 

1.3.1  Glutathione Synthesis Pathway 

GSH (γ-L-glutamyl-L-cysteinylglycine) is a tripeptide molecule, composed of 

cysteine, glycine and glutamate.  Many of the functions carried out by GSH are 

linked to redox reactions of the cysteine sulfur group124.  While GSH is 

endogenously produced in the cytosol in virtually all cell types130, it can be 
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transported into cells from the circulation, and the main source of GSH for release 

into the blood is the liver130,131.  GSH can be synthesized in three ways: de novo 

synthesis via a two-step, ATP-dependent process (Fig. 1.3), the regeneration of 

GSH from GSSG by GR and the recycling of cysteine from γ-

glutamyltranspeptidase (GGT).  The first reaction from de novo synthesis involves 

γ-glutamylcysteine synthetase (γ-GCS), which is the rate-limiting step130, and the 

second reaction involves GSH synthetase (GS).  In the first reaction, γ-GCS forms 

an unusual peptide bond between the γ-carboxyl group of glutamate and cysteine  

using the energy released by ATP hydrolysis112.  In the second reaction, the addition 

of glycine to γ-glutamylcysteine, to form GSH, is catalyzed by GS using the energy 

from ATP hydrolysis131.  Once γ-glutamylcysteine is synthesized, it is rapidly 

converted to GSH, demonstrating the non-regulatory role of GS132.  In models of 

high oxidative stress where GSH is depleted, de novo synthesis is upregulated by 

increasing the availability of cysteine through the breakdown of GSSG121.  GR 

contributes to the regeneration of GSH by maintaining the total GSH pool in a 

reduced state via the cyclic reduction of GSSG117. The structure of GSH is unique 

because the peptide bond linking glutamate to cysteine is through the γ-carboxyl 

group of glutamate instead of the α-carboxyl group112.  The only enzyme that can 

initiate catabolism of GSH via the peptide bond is GGT112, which is only present 

on certain cell types133.  Therefore, GSH becomes resistant to intracellular 

degradation and can only be metabolized by cells that express GGT.  Once GSH is 

catabolized, its amino acids can be taken up by cells to regenerate GSH.  The rate 

of GSH synthesis is regulated by γ-GCS levels134, the availability of L-cysteine 
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(often limiting due to liver concentrations of 15-500 µM)130,135 and feedback 

inhibition of γ-GCS by GSH136.  L-glutamate and L-cystine share an antiporter, 

which exchanges extracellular L-cystine with intracellular L-glutamate137.  If 

extracellular levels of L-glutamate are high, then the uptake of L-cystine is 

competitively inhibited, thereby inhibiting the uptake of L-cystine and thus its 

availability for GSH synthesis138.  The levels of GSH, both intracellularly and 

extracellularly, depend on the balance between production, degradation and 

transportation.  

 

 

 
 
 
 
  

Figure 1.3. Glutathione synthesis pathway. GSH is synthesized exclusively in the cytosol, in a two-
step, ATP-dependent process. GSH can be found in the nucleus, mitochondrion and endoplasmic 
reticulum. 
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1.3.2  Antioxidant Function of Glutathione 

GSH is an abundant cellular antioxidant139 with a redox potential between -260 to 

-200 mV in the cytosol and -330 to -300 mV in the mitochondria140.  These 

characteristics make GSH an excellent compound in detoxifying ROS, drugs and 

xenobiotics, thereby attenuating oxidative stress.  GSH is an effective scavenger of 

ROS and free radicals (i.e. hydroxyl radical, superoxide anion, lipid peroxyl radical 

and hydrogen peroxide) either directly or indirectly through enzymatic reactions131.  

The presence of the sulfhydryl group on GSH plays a crucial role in the direct 

scavenging of ROS.  With the one-electron transfer from the thiol moiety to the 

radical, an unstable GSH radical (GS-) is produced.  The GS- radical will bind 

rapidly with another to produce GSSG and a superoxide anion, in the presence of 

oxygen131.  The superoxide anion is further detoxified by the enzyme superoxide 

dismutase (SOD).  When SOD activity is reduced, GSH can promptly compensate, 

leading to the protection against oxidative stress and cell death141,142.  One of the 

most important mechanisms for reducing and detoxifying hydrogen peroxide is the 

antioxidant function of GSH accomplished through the GSH peroxidase (GPx)-

catalyzed reactions131.  GPx1 is the major isoform and is localized in the 

mitochondrial matrix and the intermembrane space125,143.  GPx1 has substrate 

specificity for hydrogen peroxide, and upon detoxification of hydrogen peroxide, 

GSH becomes oxidized. Furthermore, GSH acts as an antioxidant in the 

detoxification of products from oxidized lipids, such as malondialdehyde144.  The 

function of GSH as an antioxidant is also involved in other primary antioxidant 

systems within the cell.  Dehydroascorbate reductase relies on GSH to act as an 
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electron donor in the regeneration of ascorbate from dehydroascorbate, the oxidized 

product145. The function of GSH is multifaceted, with a major role in the elimination 

of toxins that are normally produced during cellular metabolism.   

 

1.4. Glutaredoxin System  

The glutaredoxin (glutathione dependent reductase and oxidase; Grx) system was first 

discovered in 1976146 and exists in most living organisms including prokaryotes146, 

plants147,148, viruses149,150 and eukaryotes151,152.  The glutaredoxins are small (9-14 kDa) 

abundant proteins that catalyze the exchange of thiol-disulfide groups from oxidized 

protein disulfides and mixed disulfides153.  Glutaredoxins belong to the oxidoredcutase 

family and play an important role in cellular redox-dependent processes.  In the 

glutaredoxin system, electrons are transferred from NADPH via GR and GSH to one 

of the glutaredoxin isoforms and finally to the oxidized target (Fig. 1.4). When 

glutaredoxin reduces the target protein, the glutaredoxin protein becomes oxidized and 

is subsequently reduced by GSH.  

 

1.4.1  Mammalian Glutaredoxin Isoforms 

To date, there are four mammalian isoforms of glutaredoxins: glutaredoxin-1 

(Grx1), glutaredoxin-2 (Grx2), glutaredoxin-3  (Grx3) and glutaredoxin-5 

(Grx5)154, all of which play crucial roles in maintaining cellular redox homeostasis.  

The four isoforms are divided into two groups based on their cysteine residues at 

the active site.  The dithiol glutaredoxins, Grx1 and Grx2, which have a CXXC 
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active site motif and a GSH binding site, and the monothiol glutaredoxins, Grx3 

and Grx5, which have a CXXS active site motif155,154.  

 

The 12 kDa Grx1 is found at low levels (1 µM)  within the cell153 and has a Cys-

Pro-Tyr-Cys motif117.  It is primarily located in the cytosol, but can be translocated 

into the nucleus156, secreted into the plasma157 and has been found in the 

intermembrane space of mitochondria158.  Studies have demonstrated that when the 

Grx1 gene is knocked out of mice, there is a protective effect against 

inflammation159 and cardiovascular hypertrophy160.  This may suggest that the main 

role of Grx1 is not necessarily as an antioxidant, but rather is involved in the 

reduction of protein mixed disulfides with GSH.  

 

Grx2 is encoded by one gene but alternative splicing of the transcript renders one 

isoform that targets the nucleus and the other the mitochondrial matrix161.  Grx2 is 

widely expressed in many tissues with high levels in the heart, skeletal muscle, 

testis, and liver162.  Grx2, an 18 kDa protein163, shares approximately 34% sequence 

homology with Grx1154.  However, the active site sequence of Grx2, Cys-Ser-Try-

Cys, differs from that of Grx1 by the serine amino acid.  The replacement of proline 

with serine results in a greater affinity for the reduction of glutathionylated 

proteins164.  Grx2 catalyzes protein glutathionylation and deglutathionylation 

reactions and depends on changes in the GSH:GSSG ratio165; a high GSH:GSSG 

ratio promotes protein deglutathionylation and a low GSH:GSSG ratio promotes 

Grx2 glutathionylase activty165,166.  Grx2 is also essential in cellular responses to 
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oxidative stress.  For instance, when levels of mitochondrial Grx2 were depleted in 

cultured human cells, cell sensitivity to apoptosis increased as a response to 

increased oxidative stress167.  Furthermore, our laboratory has previously shown 

that Grx2 controls the activity of uncoupling protein-3 (UCP3) through 

glutathionylation, and thereby controls UCP3-mediated proton leak in muscle 

mitochondria168. 

 

Although the monothiol glutaredoxins lack the C-terminal active site thiol, they are 

still capable of binding and utilizing GSH as a substrate169.  Grx3 is a 38 kDa 

monothiol with the active site Cys-Gly-Phe-Ser and is located in the cytosol and the 

nucleus154.  Grx3 is important for embryonic development and genetic ablation 

caused embryonic death170.  Grx5 is the other mammalian monothiol and shares the 

same active site of Grx3.  The 17 kDa protein is evolutionarily conserved in 

eukaryotes and is located in the mitochondria171.  Grx5 does not exhibit disulfide 

reductase activity154, but is involved in the maintenance of iron homeostasis172. 

Deficiency of Grx5 results in altered cellular iron metabolism and production of 

heme173,174.  Furthermore, Grx5 has been shown to provide protection against 

oxidative stress and apoptosis173. 
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1.4.2  De-/Glutathionylation Function of Glutaredoxin-2  

Mitochondrial Grx2 is a versatile oxidoreductase that plays a crucial role in 

mitochondrial redox homeostasis by catalyzing the reversible 

glutathionylation/deglutathionylation reactions165,175.  Glutathionylation is a post-

translational modification of protein thiols by the addition of GSH176.  Proteins with 

cysteine residues are more susceptible to redox-dependent modifications during 

oxidative stres169.  Thus, glutathionylation occurs mainly as a response to oxidative 

stress when GSH:GSSG is ~1177.  Due to the high intra-mitochondrial GSH:GSSG 

ratio, glutathionylation is minimized under basal physiological conditions122,178.  

Since Grx2 is not as easily inactivated by oxidants, it is able to function efficiently 

in oxidatively stressed mitochondria165,179. The interaction of protein thiols with the 

GSH pool is important for antioxidant defense and redox signaling122,180.  When 

proteins are glutathionylated, specific functional changes (i.e. activation or 

deactivation) occur, which are important in regulating signaling  processes176.  

Furthermore, glutathionylation serves as a protective mechanism for protein thiols 

from irreversible oxidation181,182 and as a form of storage for GSH, to prevent loss 

of GSH during oxidative stress176.  The thiol-disulfide exchange between the 

protein and GSH and the reverse reaction are relatively slow183,184.  Therefore, Grx2 

is required to catalyze these reactions185,186. Proteins of the ETC are rich in protein 

thiols187 and one of the main targets for Grx2 in mitochondria are the proteins in 

Figure 1.4. General diagram of the glutaredoxin system. In the glutaredoxin system, electrons are 
transferred from NADPH to GR, GSH and finally to one of the glutaredoxin isoforms. Subsequently, 
glutaredoxins will reduce disulfides in the target proteins.  
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complex I177,188.  These protein reactions are favored within the mitochondria due 

to the following characteristics: the alkalinity of the mitochondrial matrix ionizes 

protein thiols, which increases their reactivity toward GSH, the high amount of 

protein thiols and GSH present in the mitochondria (60-90mM and 5mM, 

respectively) and the production of ROS189,190.  Glutathionylation of complex I has 

an inhibitory effect on its activity191 and is associated with increased mitochondrial 

superoxide production188.  Compared to the other respiratory complexes, complex 

I is more susceptible to glutathionylation and inactivation188. 
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CHAPTER II: AIMS AND 

HYPOTHESIS 

The overall aim of this thesis has been to investigate the effects of Grx2 deficiency 

on GSH redox, mitochondrial structure and function in skeletal muscle.  Intriguingly, 

cellular GSH redox has recently been shown to control mitochondrial fusion119.  As 

discussed in Chapter I, Shutt et al.119 demonstrated in an in vitro cellular system that 

increased levels of GSSG resulted in increased mitochondrial fusion.  Furthermore, when 

Grx2 was knocked down in mouse primary myotubes, proton leak was increased and GSH 

homeostasis was altered, with elevated levels of GSSG168.  The overall hypothesis is that 

glutaredoxin-2 knockout (Grx2-/-) mice will exhibit a decrease in the GSH ratio, in skeletal 

muscle, which will result in an increase in mitochondrial length and impaired 

mitochondrial function.  

 

The specific objectives of the experimental studies were the following: 

• To investigate, in skeletal muscle, how the GSH redox ratio impacts mitochondrial 

structure and function in the absence of glutaredoxin-2. 

• To provide a possible mechanism explaining the disordered skeletal muscle 

mitochondrial ultrastructure and energetics in the Grx2-/- mice.  

• To examine whether the GSH redox ratio affects levels of autophagy and 

mitophagy markers in Grx2-/- skeletal muscle. 
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CHAPTER III: MATERIALS AND 

METHODS 

Animals 

All experimental procedures that involved the use of mice were conducted as per the 

guidelines and principles of the Canadian Council of Animal Care.  The experiments were 

performed after the approval of the Animal Care Committee of the University of Ottawa. 

Studies were conducted on male C57BL/6 mice wild-type and Grx2 whole body knock-

out mie aged 4 to 6 weeks.  PCR was conducted on all mice prior to experiments to confirm 

the knock-out of Grx2.  All mice were housed in the same room under standard conditions 

(20-22ºC, 55-65% humidity) and subjected to a 12 hour light/dark cycle of (Light: 06:00-

18:00). Mice were fed a standard chow diet (58% kcal from carbohydrate, 18% from fat 

and 24% from crude protein; 2018 Teklad Global Rodent Diet, Envigo) and food and water 

were provided ad libitum.  For all experiments, mice were sacrificed at 4-6 weeks of age.  

 

Body Composition   

Fat and lean mass were measured by a nuclear magnetic resonance imaging whole-body 

composition analyzer (EchoMRI-700™; Echo Medical Systems, Houston, Texas).  This 

was a non-invasive method was performed on conscious mice.  
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Indirect Calorimetry  

Energy expenditure, (i.e. O2 consumption), as well as CO2 production, respiratory 

exchange ratio (RER: VCO2/VO2), spontaneous and wheel-running activity and food 

intake were measured in a 12 chamber Comprehensive Lab Animal Monitoring System 

(CLAMS) instrument (Columbus Instruments, Columbus, Ohio).  Mice were individually 

housed in chambers and acclimated for 24-48 hours, before collection of 24h of data.  The 

temperature of the unit was kept at 28-30ºC and mice were given free access to a standard 

diet (2018 Teklad Global Rodent Diet; Envigo) and water and were housed with the 

standard light-dark cycle (light 06:00-18:00 and dark 18:00-06:00).  Mouse wheel-running 

activity was calculated as the total number of complete wheel rotations per day.  

 

Tissue Collection and Preparation 

Animals were culled by cervical dislocation.  The tibialis anterior muscle was isolated 

from both limbs and immediately divided for different analyses.  Tissues were weighed, 

and flash-frozen in liquid nitrogen or placed in ice cold BIOPS solution (see below) for use 

in respiration assays.  All stored tissues were kept at -80ºC until processed.  

 

Mitochondrial Energetics in Permeabilized Muscle Fibers  

Characteristics of the mitochondrial oxidative phosphorylation system were assessed in 

permeabilized muscle fibers prepared from tibialis anterior muscle.  High-resolution 

respirometry was conducted using an Oxygraph-2k system (OROBOROS Instruments, 

Innsbruck, Austria).  Tibialis anterior samples were placed in ice-cold relaxation medium 

(BIOPS) immediately after harvesting.  BIOPS solution consisted of 50 mM K+-MES, 20 
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mM taurine, 0.5 mM dithiothreitol, 6.56 mM MgCl2, 5.77 mM ATP, 15 mM 

phosphocreatine, 20 mM imidazole, pH of 7.1 adjusted with 5 N KOH at 0°C and 10 mM 

Ca–EGTA buffer (2.77 mM CaK2EGTA + 7.23 mM K2EGTA; 0.1 mM free calcium)192. 

Muscle fibers were mechanically separated and permeabilized using freshly prepared 

saponin solution (50 µg/mL BIOPS; 5 mg of saponin/mL of BIOPS) on ice for 30 minutes. 

Fibers were then rinsed in mitochondrial respiration medium (MiR05)192.  MiR05 consisted 

of 110 mM sucrose, 60 mM K+-lactobionate, 0.5 mM EGTA, 3 mM MgCl2, 20 mM taurine, 

10 mM KH2PO4, 20 mM HEPES adjusted to pH 7.1 with KOH at 37 °C; and 1 g/l BSA 

essentially fatty acid free.  Muscle fibers were then blotted and weighed using a 

microbalance (Mettler-Toledo XPE105) and placed into the respirometry chambers.  Two 

separate protocols were used and experiments were performed at 37°C.  The oxygen 

concentration during experiments was kept between 200 and 400 nmol/mL.  The first 

protocol included consecutive additions of 2 mM malate, 5 mM pyruvate, 10 mM 

glutamate, 5 mM ADP (complex I- supported respiration), 10 mM succinate (complex I- 

and complex II- supported respiration), 0.25 µM titrations of carbonyl cyanide p-

trifluoromethoxyphenyl hydrazine (FCCP) (maximal respiration), 2.5 µM antimycin A 

(AA) and 2 mM N,N,N',N'-Tetramethyl-p-phenylenediamine dihydrochloride (TMPD) 

with 2mM ascorbate (cytochrome c oxidase (COX) activity).  The second protocol included 

successive additions of 2 mM malate, 200 µM octanoyl carnitine, 5mM ADP (fatty acid-

supported respiration), 5 mM pyruvate, 10 mM glutamate, 10 mM succinate, 2.5 µM 

oligomycin (leak respiration). Values are corrected to non-mitochondrial oxygen 

consumption (AA). 
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Cell culture  

Primary myoblasts from 4-6 week old WT and Grx2-/- mice were isolated from the 

quadriceps, tibialis anterior, soleus and gastrocnemius muscles.  The pooled muscle 

groups were minced and treated with collagenase/dispase (C/D) (Collagenase: 0.1U/mL, 

Dispase: 0.8U/mL) solution to liberate myoblasts.  The muscles were left in C/D solution 

for two 15-minute incubation periods, during which they were placed in a humidified 

incubator at 37°C in 5% CO2.  After each 15-minute incubation period, the solution was 

triturated about 20-25 times.  Primary cell enrichment was achieved by employing the 

differential adhesion process, which involves repeated plating to remove fibroblast 

population, which rapidly adhere to culture flasks193.  Myoblasts were cultured in 

Dulbecco’s modified Eagle medium (DMEM) containing 20% bovine growth serum 

(BGS), 1% Antibiotic-Antimycotic (AA), 30 ng/µL basic fibroblast growth factor (bFGF) 

and 5µg/mL gentamycin sulfate.  

 

Fluorescent Microscopy of Primary Myoblasts 

Upon 85-90% confluency, cells were trypsinized and plated for imaging. Myoblasts were 

placed in starvation medium (SM) for an incubation period of 14-16 hours prior to cell 

fixation; starvation was used to synchronize cell cycle and reach a quiescent state (G0 state). 

The SM consisted of DMEM supplemented with 0.1% BSA and 1% AA. After the 

starvation period, cells were fixed with 4% paraformaldehyde for 15 minutes.  The cells 

were permeabilized and blocked using a blocking buffer containing 0.1% Triton X-100 and 

1% BSA, which also included the primary antibody rabbit TOMM20 (Santa Cruz 

Biotechnology, sc-11415; 200 µg/ml) in a 1/100 concentration.  Secondary antibody 
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Oregon green 488 goat anti-rabbit (Life technologies, O-6381; 2 mg/mL) was used in a 

1:100 dilution in 1x PBS.  Hoechst counter-stain was also included in the secondary 

antibody solution.   Images were obtained using the Zeiss Axiolmager M2 epifluorescent 

upright microscope with a Plan-Apochromat 63X/1.4 oil objective. 

 

Sample/Lysate Preparation for Western Blot 

Approximately 20-30 mg of tibialis anterior muscle was weighed and minced into smaller 

pieces with a blade.  Minced pieces were placed into a glass tube containing lysis buffer 

(1000 µL/50 mg) [10 mM TRIS HCl (pH 7.4), 150 mM NaCl, 1 mM EDTA, 0.5% Triton] 

with protease/phosphatase inhibitor cocktail (88669; Thermo Scientific).   A Potter-

Elvehjem pestle was attached to an electric drill and placed into homogenization tube.  The 

drill was set to 120V for 10 strokes, followed by 140V for another 10 strokes.  The 

homogenate was then transferred into a minitube and vortexed for approximately 10 

seconds.  The lysates were centrifuged at 10,000g for 10 minutes at 4ºC.  The resulting 

supernatant was collected and stored at -80ºC for future experiments. 

 

Transmission Electron Microscopy 

Transmission electron microscopy (TEM) was used to examine mitochondrial structure in 

WT and Grx2-/- tibialis anterior muscle.  In brief, muscle samples were fixed in 2.5% 

glutaraldehyde in a 0.1 M sodium cacodylate buffer. The cell suspension was further fixed 

in an OsO4 (2%) in a 0.1 M sodium cacodylate buffer.  After washing in a 0.1 M sodium 

cacodylate buffer, the cells were dehydrated in a growing series of alcohol.  The most 

concentrated alcohol was replaced with acetone.  The material was penetrated by a growing 
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series of Araldite diluted in acetone.  Finally, the tissues were embedded in Araldite 

(Huntsman Advanced Materials LLC, United States).  Ultrathin sections (80 nm) were 

prepared using an Ultracut Leica UC6 ultramicrotome (Leica Microsystems, Germany) and 

placed onto a copper grid coated with formvar film.  Sections were stained with uranyl 

acetate and lead citrate solutions and examined using a JEOL 1230 transmission electron 

microscope (JEOL JEM 1230, Tokyo).  55 micrographs were examined from each 

genotype at a magnification of 3,000.  Mitochondrial volume density was estimated using 

the point counting method194.  For each group, average volume density was calculated and 

the mean of the values was used194.   

 

Mitochondrial and Nuclear DNA Preparations 

For determination of mitochondrial to nuclear DNA ratio, approximately 20 mg of tibialis 

anterior muscle was isolated.  Muscle was placed in a sterile 2 mL centrifuge tube with 0.6 

mL lysis buffer [10 mM Tris-HCl (pH 8.0), 1 mM EDTA and 0.1% SDS] and homogenized 

with a Dounce homogenizer with 20 strokes.  0.05-0.06 mL of 20mg/mL proteinase K 

(Invitrogen) solution was added and the lysates were incubated at 55ºC overnight.  Lysates 

were vortexed vigorously and the non-soluble fraction was pelleted by centrifugation at 

10,000 g for 15 minutes at room temperature.  0.6 mL of the supernatant was transferred 

to a new 2 mL tube containing 0.6 mL of phenol/chloroform/isoamyl alcohol (25:4:1) 

(PCIAA).  Samples were vortexed and centrifuged at 10,000 g for 15 minutes.  0.45-0.5 

mL of the supernatant was transferred to new 2 mL tube and equal volume of chloroform 

was added.  The solution was vortexed and centrifuged at 10,000 g for 15 minutes.  0.4 mL 

of the supernatant was transferred to a new tube and mixed with 0.04 mL of 3mM NaAc 
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(Sigma) and 0.44 mL of isopropanol.  The tube was kept at -20ºC for 10-30 minutes and 

then centrifuged at 10,000 g for 15 minutes to pellet the DNA.  The resulting supernatant 

was discarded and the DNA pellet was washed twice with 0.5 mL of 70% ethanol, air dried 

and dissolved in 0.05 mL of nuclease free water.  

 

DNA Concentration Determinations 

Concentrations of mtDNA and nDNA were measured using Nanodrop 2000 

spectrophotometer (Thermo Scientific).  10 ng/µL of genomic DNA stocks was used for 

qPCR amplification of mitochondrial encoded cytochrome c oxidase subunit I (CO1) and 

nuclear encoded Ndufv1.  The CO1 primer sequences were 5-TGC TAG CCG CAG GCA 

TTA C-3 (forward primer) and 5-GGG TGC CCA AAG AAT CAG AAC-3 (reverse 

primer). The NDUFV1 primers were 5-CTT CCC CAC TGG CCT CAA G-3 (forward 

primer) and 5-CCA AAA CCC AGT GAT CCA GC-3 (reverse primer)195.  For PCR 

sample preparation, 1 µL of genomic DNA was mixed with 1 µL of each primer (10 µM), 

3 µL of nuclease-free water and 5 µL of SYBG master mix.  The reaction was initiated at 

94ºC for 10 minutes, followed by 40 cycles through 94ºC x 10s, 60ºC x 30s and 94ºC x 

10s. All reactions were run in duplicates.  Amplification curves were analyzed using SDS 

1.9.1 software and curves were used to determine relative mtDNA:nDNA ratio.  

 

GSH and GSSG Determinations Using High-Performance Liquid Chromatography 

(HPLC) 

Concentrations of GSH and GSSG were determined by HPLC using an Agilent 1100 Series 

instrument, equipped with a Pursuit 5 C18 column (Agilent Technologies) with a flow rate 
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set to 1mL/min.  The mobile phase [10% methanol, HPLC plus (Sigma, 646377-4L), 90% 

ddH2O, 0.09% trifluoroacetic acid (Sigma, 302031-100 mL)] was filtered using a 0.22 µm 

filter.  Experiments were performed on 85-90% confluent myoblasts from two 75 cm2 

flasks.  Twenty-four hours prior to the experiment, the cells were subjected to serum 

deprivation to synchronize cells into a state of quiescence196.  The following day, cells were 

trypsinized and centrifuged at 300 g.  The supernatant was discarded and the pelleted cells 

were washed twice in cold 1X phosphate-buffered saline (PBS) solution.  Following the 

second PBS wash, cells were re-suspended in 440 µL of cold 1X PBS and 40 µL of cell 

solution was taken for cell count using the Cell Countess (Thermo Fisher Scientific).  The 

cells were subsequently centrifuged at 300 g and the supernatant was removed, and the 

pellet was re-suspended in 1:1 buffer [1% (v/v) trifluoroacetic acid (Sigma, 302031-100 

mL) and 1% (w/v) meta-phosphoric acid (Sigma, 239275-5G) solution in mobile phase and 

homogenization buffer (for 25 mL, 2.14 g sucrose, 30.3 mg TRIS, 21.9 mg EDTA 

dissolved in mobile phase, pH of 7.4)] and incubated on ice for 20 minutes.  The solution 

was then transferred to a new tube and centrifuged at 14,000 g for 20 minutes at 4°C.  After 

centrifugation, the supernatant was collected and subjected to HPLC.  GSH and GSSG 

were detected using the Agilent UV-visible wavelength detector at 215 nm.  Retention 

times were confirmed via standards, which were prepared using 0.01mM and 0.1mM of 

GSH (Sigma, G4251) and GSSG (Sigma, G4501) dissolved in 1:1 buffer.  Absolute 

amounts of GSH and GSSG were determined by calculating the area under the respective 

peaks in the chromatogram. 
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Bradford Assay for Protein Quantification  

Protein content for each sample was determined using a Bradford protein assay and a BSA 

standard curve; results were read by a microplate reader (SynergyMX; BioTek, Winooski, 

VT).  1X Bradford protein assay reagent (BioRad, Mississauga, ON) was prepared and 

added to standards and samples.  The software Gen5 (BioTek, Winooski, VT) was used to 

record the absorbance values at 595 nm.  

 

Western Blot for Autophagy/Mitophagy Markers 

Sample aliquots were suspended in Sample Buffer (SB; 1.5 mL of 1 M Tris-HCl pH of 6.8, 

3 mL of 1 M dithiothreitol, 0.6 g of sodium dodecyl sulfate, 0.03 g of bromophenol blue, 

2.4 mL of glycerol, with a final volume of 7.5 mL), boiled at 95ºC for 5-10 minutes and 

centrifuged briefly.  The samples were then loaded onto a gel (6-8% gradient gel) and 10 

µL (1.76 µg) of the samples were loaded.  Gel ran at 75V for 25 minutes then increased to 

150V until the dye ran to the bottom of the gel.  Membrane was transferred using a Trans-

Blot Turbo (Bio-Rad).  Four filter papers were soaked in Semi-Trans Buffer (48 mM Tris, 

20 mM HEPES, 1.0 mM EDTA, 1.3 mM sodium bisulfite and 1.3 mM N,N-

dimethylformamide (12.9 M for 99.8% purity)) then placed onto a tray.  PVDF membrane, 

which was activated in methanol and in Semi-Trans Buffer, was added followed by the gel, 

then four additional pre-soaked filter papers were placed on top.  Membranes were 

incubated with 5% milk blocking buffer (1.25 g of milk powder in 25 mL Tris buffered 

saline/0.1% Tween 20 (TBS-T)) for 1 hour at room temperature on a shaker.  Membranes 

were rinsed and washed 3-5 times (5 minutes each) with 1X TBS-T.  Membranes were then 

incubated with primary antibodies in 5% bovine serum albumin (BSA) buffer overnight at 
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4ºC under gentle agitation.  Samples were probed for the following: p62 (1:3000, GP62-C; 

Progen), pACC (1:1000, 11818; Cell Signaling), pS6K (1:1000, 9205S; Cell Signaling), 

p4E-BP1 (1:1000, 2855; Cell Signaling), pGSK3beta (1:2000, 5558; Cell Signaling) and 

Parkin (Prk8) (1:5000, 808501; BioLegend).  Membranes were rinsed and washed 5 times 

with 1X TBS-T at room temperature and probed with secondary antibodies in 2% milk 

(w/v) at room temperature for 1-2 hours.  Membranes were then washed for 25 minutes in 

TBS-T and protein bands were visualized using ECL Immobilon Western 

Chemiluminescent HRP substrate (WBKLS0500; Millipore).  Signals were captured using 

a ChemiDocä MP Imaging System (Bio-Rad).  The following loading control were used: 

Vinculin (1:20000, V9131; Sigma).  

 

Statistical Analysis 

Statistical analysis was performed and graphs were generated using Prism software 

(GraphPad Software Inc., La Jolla, CA, USA).  Statistical significance was determined 

using unpaired t-test comparing both genotypes.  Data are expressed as mean ± SEM and 

a probability of p<0.05 was accepted as statistically significant.  
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CHAPTER IV: RESULTS 

4.1    Physical and Metabolic Characteristics  

Previously, our laboratory demonstrated that Grx2-/- mice aged 9-12 weeks exhibit a 

normal linear growth with no differences in liver, skeletal muscle and brown adipose 

tissue weights197.  The first objective was to investigate the whole body metabolic 

phenotype in younger Grx2-/- mice (4-6 weeks).  Body weights and body composition 

(Echo-MRI) quantification showed that total body weight and lean mass were slightly 

lower in the Grx2-/- compared to wild-type (Grx2+/+) mice (P-values of 0.0022 for body 

weight and 0.0075 for lean mass comparisons; Fig. 2A, B).  There were no differences 

in fat mass between the two genotypes, as determined by Echo-MRI (Fig. 2C).   Food 

intake was measured using CLAMS, and did not differ between genotypes (Fig. 2D).  

The respiratory exchange ratio (RER; VCO2/VO2), which indicates the relative 

proportion of fuels being oxidized at the whole-body level (i.e., carbohydrates vs. fats) 

was also determined.  Between the two genotypes, the RER was relatively similar (Fig. 

2E).  

VO2 levels normalized to lean body mass, were not different between wild-type (WT) 

or Grx2-/- mice (Fig. 2F).  Activity levels, which were determined by complete wheel 

rotations, did not differ between genotypes (Fig. 2G).  
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4.2    Mitochondrial Respiration  

Since our previous investigations into the effects of Grx2 deficiency on mitochondrial 

energetics were conducted only in isolated mitochondria168,197, we decided to assess 

characteristics of mitochondrial energetics in permeabilized muscle fibers.  Thus, the 

sarcolemma was permeabilized and mitochondrial OXPHOS was examined in situ 

using high resolution repirometry.  Specifically, we assessed characteristics of the 

OXPHOS system through the successive additions of specific substrates and inhibitors 

for the five major complexes of OXPHOS.  Complex I was measured via the addition 

of malate, pyruvate and glutamate, which feed into the TCA cycle to produce NADH 

+ H, which is then used by CI to drive OXPHOS.   Similarly, complex II (succinate 

dehydrogenase) was measured via the addition of succinate, which is a direct substrate 

for CII.  Complex IV was then measured by the addition of TMPD, which is used to 

reduce cytochrome c within CIV.  These results demonstrate impaired CI activity in 

Grx2-/- permeabilized myofibers, as evidenced by the decreased in glutamate (glu)- 

driven respiration (Fig. 3A).  There were no differences in CII or CIV driven respiration 

rates.  Furthermore, maximal respiration, measured by the addition of the uncoupler 

FCCP (F), was not different between genotypes.  Moreover, to determine if there were 

OXPHOS defects when respiration was fueled by fatty acid oxidation (FAO), we used 

a separate protocol using octanoyl carnitine as an energy substrate in additional samples 

of myofibers.  Consistent with the previous protocol, results demonstrated impaired CI 

activity under these conditions as well. (Fig. 3B). 
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4.3    Mitochondrial Ultrastructure  

Given that mitochondria exist as reticular networks in cells, and that in vitro studies 

suggest a role for GSH redox in the control of mitochondrial structure119, we then 

examined mitochondrial structural characteristics and content in skeletal muscle tissue 

using transmission electron microscopy (TEM).  We conducted these and subsequent 

analyses in tibialis anterior muscles.  Electron micrographs showed that mitochondrial 

morphology is markedly abnormal in the Grx2-/- muscle (Fig. 4A-H).  In wild-type 

muscle mitochondria cristae were found to be well-defined, and tubular (Fig. 4B, D). 

Whereas, micrographs showed that Grx2-/- mitochondria are frequently lacking in 

ordered cristae (Fig. 4F) and had unusual vacuole-like structures with double 

membranes (Fig. 4H).  It also appeared that there were fewer mitochondria in the 

muscle. Thus, we used quantitative morphometry to determine mitochondrial content 

within the muscle.  Quantitative morphometric analyses of 55 micrographs in each 

genotype revealed that mitochondrial content in the Grx2-/- muscle was less than half 

that in the WT skeletal muscle (Fig. 4I).  We then sought to confirm these findings by 

using a common proxy method to measure mitochondrial content, the ratio of 

mitochondrial DNA to nuclear DNA (mtDNA: nDNA).  However, there was no 

difference in mtDNA:nDNA between the two genotypes (Fig. 4J).  
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4.4    Mitochondrial Length  

Given the previously published role of GSH redox on mitochondrial fusion in HeLa 

cells and mouse embryonic fibroblasts (MEFs)119, our previous findings of lower 

mitochondrial GSH:GSSG in isolated mitochondria from Grx2-/- muscle168 and our 

above-described findings of disordered mitochondrial ultrastructure, we hypothesized 

that the length of mitochondria in primary muscle cells of Grx2-/- mice would be 

increased compared to WT.  To investigate a role for Grx2 in mitochondrial fusion we 

used immunocytochemistry and subsequent quantitative morphometric analyses of 

TOMM20-stained primary myoblasts from both genotypes.  Results showed that 

mitochondria length was increased, which can be indicative of increased fusion events 

(Fig. 5A-C).  

 

4.5    Glutathione Concentrations 

To determine if there were corresponding changes in GSH redox, we used high-

performance liquid chromatography, to assess GSH and GSSG levels in WT and Grx2-

/- primary myoblasts.   Findings revealed that Grx2-/- myoblasts had a significantly 

decreased GSH redox ratio when compared to their WT counterpart (Fig. 6A). 
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4.6    Autophagy 

Due to the irregular ultrastructure of mitochondria and the unusual membranous 

inclusions in Grx2-/- skeletal muscle, we hypothesized that autophagy could be affected 

in the absence of Grx2.  Indeed, the ultrastructural analyses distinctly revealed 

ribosomes in the abnormal mitochondria (Fig. 7A, B), which could be indicative of 

autophagosomes in the Grx2-/- muscle.  Redox signaling has been implicated in 

autophagy198, and our previous research has shown impaired muscle mitochondrial 

GSH redox in Grx2-/- mice168.   Thus, we investigated markers of autophagy in tibialis 

anterior muscle of Grx2-/- and WT mice aged 4-6 weeks.  Commonly used markers 

include mammalian target of rapamycin complex 1 (mTORC1) and AMP-activated 

protein kinase (AMPK).  The inhibitory function of mTORC1 induces autophagy by 

regulating the activity of the protein kinase ULK, which is required for autophagosome 

formation199.  AMPK is thought to promote autophagy by inhibiting mTORC1 and the 

role of AMPK in autophagy in skeletal muscle is particularly important200.   Western 

blot analyses revealed no differences in phosphorylated 4E-BP1 (target of mTORC1) 

or in phosphorylated ACC (target of AMPK) levels in Grx2-/- muscle (Fig. 7C).  

Furthermore, p62 levels were not different between genotypes, which would be 

indicative of autophagic flux.  
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Figure 2: CLAMS performed in Grx2+/+ and Grx2-/- showed differences in lean muscle 
mass and muscle weights.  
 
(A) Total body weight and (B) lean mass are reduced in the Grx2-/- mice.  (C) Fat mass 
and (D) food intake are not different between genotypes.  (E) Grx2+/+ and Grx2-/- mice 
have similar respiratory exchange ratios (RER).  (F) VO2 does not change between 
genotypes during the light or dark cycles. (G) Wheel count showed no differences in 
activity levels between genotypes.  Data are mean ± SEM (n=11 for each genotype). 
**P<0.01***P<0.005 vs. Grx2+/+. 
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Figure 3: Mitochondrial energetics using high-resolution respirometry. 
 
A) Respirometry data shows that complex I (CI) activity is impaired in Grx2-/- skeletal 
muscle. (B) CI activity, including the FAO substrate octanoyl carnitine, is also impaired, 
which is evidenced by the decrease after the addition of ADP. The electron transfer system 
(ETS) protocol includes substrates to stimulate OXPHOS; the leak protocol promotes 
proton leak with the addition of octanoyl carnitine and oligomycin.  
Mal: malate, OC: octanoyl carnitine, Pyr: pyruvate, ADP: adenosine diphosphate, Glu: 
glutamate, Succ: succinate, F: FCCP, Oli: Oligo, TMPD: N,N,N’,N’-Tetramethly-p-
phenylenediamine dihydrochloride.  Data are mean ± SEM (n=6). *P<0.05, **P<0.01 vs. 
Grx2+/+.  
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Figure 4: Electron micrographs show disordered mitochondrial morphology and a 
decrease in mitochondrial volume in Grx2-/- skeletal muscle. 
 
(A,C), (E,G) Representative images of Grx2+/+ and Grx2-/-  skeletal muscle, respectively; 
magnification of 3,000x.  (B,D) Grx2+/+ tibialis anterior muscle displays well-defined 
cristae structures with normal mitochondrial shape; magnification of 10,000x and 12,000x, 
respectively.  (F,H) In contrast, Grx2-/- Tibialis anterior shows vacuole-like structures with 
double membrane, with abnormal cristae; magnification of 10,000x and 12,000x 
respectively.  (I) Quantitative analyses of images shows a decrease in mitochondrial 
surface area.  (J) No differences in the ratio of mtDNA to nDNA. Data are mean ± SEM 
(n=3 for TEM; n=6 mtDNA experiments). *P<0.05 vs. Grx2+/+. 
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Figure 5: Mitochondrial length is increased in the Grx2-/- myoblasts. 
 
A) Mitochondrial length is longer in Grx2-/- myoblasts.  Representative images of (B) a 
Grx2+/+ myoblast and (C) a Grx2-/- myoblast; scale bars, 20µm.  Data are mean ± SEM 
(n=5 for immunocytochemistry). *P<0.05 vs. Grx2+/+.  
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Figure 6: GSH:GSSG is decreased in the knockout myoblasts. 
 
(A) Using HPLC, GSH:GSSG was found to be lowered in Grx2-/- myoblasts compared to 
their Grx2+/+ myoblasts.  (B) Absolute concentrations of GSH levels and (C) GSSG levels 
normalized to the number of cells.  Data are mean ± SEM (n=6). *P<0.05 vs. Grx2+/+.  
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Figure 7: Grx2-/- skeletal muscle does not demonstrate autophagy impairment. 

(A) and (B) Black arrows indicate ribosomes, which are indicative of autophagosomes.  
(A) magnified at 10,000x; (B) magnified at 3,000x.  (C) Western blot of autophagy 
markers, mTOR and AMPK, does not indicate defects in autophagy.  Data are mean ± SEM 
(n=3 for TEM; n=6 for WB). *P<0.05 vs. Grx2+/+. 

A B 

C 



51 
 

CHAPTER V: DISCUSSION 

This thesis provides the first-ever analyses of the effects of Grx2-/- on the structure 

and energetics of mitochondria in situ in muscle tissue and primary muscle cells.  Previous 

studies have demonstrated that cellular GSH redox can affect the reticular structure of 

mitochondria119, however the latter research was limited to analyses of immortalized cell 

lines (i.e. HeLa cells and MEFs) and the use of chemicals to alter GSH redox.  Previous 

studies from our laboratory demonstrating altered mitochondrial GSH redox in muscle 

were also limited to isolated mitochondrial preparations168,197, in which the reticular 

network of mitochondria that exists in vivo is damaged.  Thus, this thesis aimed to study 

the effects of Grx2-/- on structural and functional aspects in mitochondria in intact tissue 

and cell systems. 

To investigate the impact of a whole body Grx2 knockout, indirect calorimetry and 

standard morphometrics were measured.  Consistent with our previous findings in Grx2-/- 

mice aged 9-12 weeks168, mice aged 4-6 weeks have a small yet significant decrease in 

total body weight compared to their WT counterpart.  Grx2-/-  mice used during this study 

possessed less lean mass compared to the WT mice, which was not previously shown in 

mice aged 9-12 weeks168.   

 Mitochondrial content is an important factor that can limit oxidative capacity.  To 

assess mitochondrial content, direct and indirect methods were used in the forms of TEM 

quantitative morphometry and mtDNA, respectively.  While TEM quantitative 

morphometry demonstrated markedly lower mitochondrial content in Grx2-/- muscle, there 

was no difference in the ratio of mtDNA to nuclear DNA between genotypes.  It is not 
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uncommon to obtain discrepant results between TEM and mtDNA measures of 

mitochondrial content.  Morino et al. analyzed human muscle tissue from adults with or 

without a family history of type 2 diabetes, and found that decreases in mitochondrial 

content by TEM were not matched by any differences in mtDNA201.  Within the context of 

the present study, there are a number of factors that could potentially explain the 

inconsistency between the results from the two different methods for assessing 

mitochondrial content.  It is possible that mtDNA exists/is retained within the disrupted 

membranous structures that we observed in the micrographs of Grx2-/- muscle; this would 

have been measured in the mtDNA assays, but these disrupted structures would not have 

been identified as mitochondria in our morphometric analyses.  Regardless, quantitative 

morphometry of images from TEM remain as the golden standard for measuring 

mitochondrial content202, and our analyses revealed clear decreases in  Grx2-/- muscle.  

Mitochondrial fusion and fission are two distinctively important processes that 

affect mitochondrial structure and function in mammals203,204,205.  Recently, mitochondrial 

fusion was shown to protect various parameters of mitochondrial function203.  In skeletal 

muscle impaired mitochondrial fusion resulted in mtDNA mutations, possibly due to a 

decrease in mitochondrial content mixing, which normally allows for mtDNA genomes to 

complement one another206.  In the current study, there was an increase in mitochondrial 

length in the Grx2-/- myoblasts compared to the WT myoblasts.  This may be due to the 

observed differences in GSH redox (described below), and would be consistent with 

previously published in vitro analyses in transformed cells119.  The perturbed GSH:GSSG 

ratio in the Grx2-/- myoblasts may cause the mitochondria to lengthen transiently to allow 

rapid mixing of contents and to maximize cellular energy production.  While our observed 



53 
 

increase in mitochondrial length could be due to increased fusion events, it could be argued 

that there is impaired mitochondrial fission.  Further investigations are needed to 

definitively identify the underlying mechanism of our observations (e.g. western blots of 

fusion and fission proteins and mitochondrial fusion assays).  

Electron microscopy also revealed the presence of mitochondrial ultrastructural 

abnormalities, specifically in cristae number and structure.  The cristae are invaginations 

of the mitochondrial inner membrane, where many of the OXPHOS protein complexes 

reside40,41.  Since the cristae are major sites of OXPHOS207, a positive correlation exists 

between the surface area of cristae and the levels of ATP produced during OXPHOS208. 

Cristae are functionally dynamic structures that remodel their shape in response to changes 

in cellular energy demands.  For instance, when ADP levels are low, the cristae form a 

more ‘condensed’ structures209.  Generally, any disruptions to the cristae structure will 

influence OXPHOS, thereby affecting cellular metabolism.  The cristae in the Grx2-/- 

mitochondria were also disordered and it is possible that these structural impairments result 

in the observed impairments of CI activity.  Furthermore, there is a strong correlation 

between mitochondrial content and cristae surface area because many of the mitochondrial 

proteins involved in OXPHOS reside within the cristae202.  Although cristae surface area 

was not determined, the abnormal cristae structure observed in the Grx2-/- muscle could 

reflect a decrease in cristae surface area and, thus, would remain consistent with the 

reduced mitochondrial density.  

Cristae remodeling is also implicated during the stages of apoptosis.  Apoptosis, a 

programmed mode of cell death, is induced either by the mitochondrial intrinsic pathway 

or the extrinsic pathway.  A study conducted by Scorrano and colleagues demonstrated that 
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after apoptosis was initiated, cristae structure was extensively remodeled, resulting in a 

substantial increase in cytochrome c release210.  In the current study, we reasoned that the 

abnormal cristae remodeling structure could be indicative of disordered autophagy.  

Previous studies have visualized similar vacuole-like structures with multiple membranes 

and have been linked to autophagy211.  The vacuole-like, double membranous structures 

seen in the Grx2-/- muscle further suggests the possibility that these structures are 

autophagosome-related vacuoles.  

The intrinsic pathway of apoptosis involves the permeabilization of the MOM and 

the subsequent release of mitochondrial proteins (i.e. cytochrome c) from the 

intermembrane space212,213.  Grx2 can suppress apoptosis by preventing the loss of 

cardiolipin, the main phospholipid present in the mitochondrial inner membrane, and by 

inhibiting both the release of cytochrome c  and the activation of caspase167,175.  Moreover, 

the mitochondrial GSH pool seems to indirectly control the redox state of cardiolipin214.  

Thus, an increase in the peroxidized cardiolipin pool could accompany the observed 

decrease in GSH ratio, which can result in the permeabilization of MOM and release of 

cytochrome c.  The GSH redox state in mitochondria is very reduced when compared to 

other organelles, (i.e. the nucleus and the endoplasmic reticulum)215.  The GSH:GSSG ratio 

is an important indicator of redox environment122,216 and changes in this ratio have been 

associated with apoptosis217,218.  Specifically, a decrease in the GSH ratio is regarded as an 

early hallmark in the progression of apoptosis219,220.  Furthermore, HeLa cells with silenced 

expression of Grx2 by RNA interference experienced increased sensitivity to cell death 

induced by agents167.  In contrast, overexpression of Grx2 in HeLa cells reduces their 

sensitivity to apoptosis and prevents oxidation of cardiolipin221.  Altogether, the literature 
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is consistent with the conclusion that Grx2 provides a protective effect in apoptosis and 

thus, could expect an increased amount of apoptosis in the absence of Grx2.  

When the mitochondrial GSH pool is depleted, an accumulation in hydrogen and 

lipid peroxides can occur in the mitochondria, thereby compromising mitochondrial 

function125.  Furthermore, depletion of GSH has been shown to trigger the intrinsic 

mitochondrial pathways involved in autophagy, such as mitophagy125,222.  Moreover, 

autophagy that was induced by trehalose (an autophagy inducer via non-mTOR pathway) 

was ameliorated with the addition of GSH223.  These previous findings are consistent with 

the possibility that our observed decrease in GSH redox ratio in Grx2-/- myoblasts could 

have a potential effect on autophagy in the Grx2-/-  muscle.  Further experiments are 

required to focus on LC3-II and p62 markers in muscle homogenates and/or isolated  

mitochondria.  

It is also notable that impaired autophagy has led to decreased levels of GSH224.   

We must also consider the possibility that if the Grx2-/- muscle does indeed demonstrate 

differences in autophagy markers, then changes in the GSH redox could be a result of 

impaired autophagy (i.e. in addition to the hypothesis that GSH redox causes changes in 

autophagy).  When damages occur to a mitochondrion, the GSH pool becomes oxidized188.  

Since each mitochondrion has a distinct GSH redox state225, the GSH:GSSG ratio could 

help distinguish the damaged mitochondria from the healthy mitochondria.  Thus, the 

decrease in GSH:GSSG ratio in the Grx2-/- myoblasts could be indicative of a larger 

mitochondrial population damaged by the loss of Grx2.  

Analyses of mitochondrial OXPHOS in permeabilized muscle fibers was 

conducted in this study, to detail mitochondrial functionality in intact mitochondria in situ. 
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Previous analyses by our lab were conducted in isolated mitochondria from skeletal muscle 

of Grx2-/- mice; results showed that Grx2  is required to glutathionylate UCP3 and thus, 

inhibits UCP3-mediated proton leak168.  Moreover, shGrx2 lentivirus was used to 

knockdown Grx2 in mouse primary myotubes and the results demonstrated increases in 

proton leak168.  In the current study of tibialis anterior myofibers from Grx2-/- and WT 

mice, impaired CI respiration was demonstrated, which is consistent with our previous 

findings of impaired CI respiration in isolated mitochondria.  Since mitochondria do not 

export GSSG226 (no transporters have been observed to date), elevated levels of GSSG 

appear to be sequestered in mitochondria, which may contribute to mitochondrial 

dysfunction by glutathionylation of target proteins177 (e.g. complex I).  Although the 

current study did not measure levels of glutathoinylated complex I in muscle, our lab has 

previously shown that the loss of Grx2 in isolated mitochondria led to increased 

glutathionylation of complex I, which resulted in reduced OXPHOS activity197. 

Glutathionylation of complex I has also been associated with increased mitochondrial 

superoxide production188, which would increase oxidation of GSH. Increased levels of 

GSSG, due to sustained glutathionylation of complex I proteins, could contribute to the 

destruction of the mitochondrion through autophagy106 or contribute to excess 

mitochondrial damage and cell death227.  There is a physiological relevance to the Grx2-

catalyzed glutathionylation of complex I because of its central role in OXPHOS, but the 

details of this remain unclear.  We also observed impaired myofiber respiration upon the 

provision of octanoyl carnitine, a substrate for FAO.   However, FAO provides electrons 

at CI, CII and CIII of the ETC, so while these results are biologically meaningful, they do 

not specifically identify a given site of dysfunction in the ETC.  Our findings did not 
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identify any differences in mitochondrial proton leak between genotypes, and thus do not 

confirm analyses conducted in myotubes in which Grx2 was knocked down using 

siRNA168.  This could be due to differences in experimental models (e.g. isolated 

mitochondria vs. intact fibers) and experimental conditions (e.g. differences in buffer 

compositions).  
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CHAPTER VI: FUTURE 

DIRECTIONS 

The findings presented in this thesis provide insight into the impact of Grx2 deficiency 

on mitochondrial structure and energetics.  However, additional research is required to 

identify potential mechanisms underlying the disordered mitochondrial ultrastructure and 

function in the Grx2-/- muscle.  It is suggested that the following experiments should be 

performed: 

• To provide further insight into the changes in mitochondrial dynamics, a fusion 

assay should be performed on primary myoblasts as previously described228. 

Briefly, cells could be transfected with a mitochondrially-targeted photoactivable 

GFP (mtPAGFP) and a small region of the mitochondrial network is 

photoactivated.  In this assay, the spread of the signal is recorded every 15 minutes 

for 1 hour using a time lapse confocal imaging system. Dilution of the signal 

intensity is equivalent to increased fusion events, thereby providing a quantitative 

measure for fusion rate.  

• Since reduced mitochondrial membrane potential can result in mitochondrial 

fragmentation that target them for mitophagy, membrane potential should be 

measured.  Along with the fusion assay, this experiment would help distinguish 

which process, either fusion or fission, is dominant in the Grx2-/- cells.  Briefly, 

tetramethylrodamine ethyl ester (TMRE), would be used as a dye/fluorescent probe 

in live cells to quantify changes in membrane potential by fluorescence imaging. 
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TMRE, a positively-charged dye, accumulates in mitochondria in proportion to 

membrane potential due to the relative negative charge in the matrix.  However, 

since mitochondrial fission usually generates depolarized mitochondria, these 

mitochondria would fail to sequester the TMRE dye.  

• If there are changes in apoptotic events in the Grx2-/- muscle, (i.e. increased 

apoptosis), co-localization of mitochondria with autophagosomes should be 

performed. To measure mitochondrial sequestration by autophagosomes, 

mitochondria, from primary myoblasts, would be labeled with TOMM20 and RFP-

Bnip3 and the autophagosomes would be labeled with GFP-LC3B104.  

Immunohistochemistry should also be performed in sections of tibialis anterior 

muscle.  

• Since mitochondrial length was affected, it would be pertinent to investigate the 

proteins involved in both the fusion and fission processes.  The following fusion 

proteins should be probed for via western blot: OPA1, Mfn 1 and Mfn2 and for 

fission proteins: Drp1, Fis1 and MFF.  

• Autophagy proteins LC3-II and p62 should be blotted via western blots in isolated 

mitochondria from tibialis anterior muscle and in muscle tissue.  These 

experiments will provide additional and distinct information regarding 

mitochondrial functionality and autophagy induction or inhibition.  
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CHAPTER VII: CONCLUSION 
 

In conclusion, these findings are the first to demonstrate the importance of Grx2 in 

maintenance of mitochondrial morphology and bioenergetics in intact mitochondrial 

networks of permeabilized muscle fiber preparations.  Mitochondrial energetic analyses in 

myofiber preparations confirm impaired CI activity and reveal impaired fatty acid 

oxidation capacity.  The highly irregular ultrastructure of mitochondria and abnormal 

membranous structures observed in electron micrographs of tibialis anterior muscle did 

not correlate with changes in major skeletal muscle autophagy markers (AMPK or mTOR), 

but more analyses are warranted.  

GSH redox becomes disordered in aging and in many metabolic diseases, such as 

type 2 diabetes and obesity229.  As GSH is one of the most important antioxidant defenses 

in cells, GSH depletion can result in increased sensitivity to oxidative stress230.  

Furthermore, several studies have demonstrated that GSH metabolism and transport are 

affected in type 2 diabetes, which inevitably alters the redox state of the cell231,232,233. 

Future research should examine the molecular mechanisms involved in a Grx2 deficient 

model that leads to a decreased GSH ratio and abnormal mitochondrial morphology and 

function.  It is important to design pharmacologically-based strategies that specifically 

target GSH synthesis, metabolism and transport, which could result in a potential 

therapeutic avenue for metabolic disorders.  
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