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ABSTRACT 

Cells in living organisms are constantly experiencing a variety of mechanical cues. From the 

stiffness of the extra cellular matrix to its topography, not to mention the presence of shear 

stress and tension, the physical characteristics of the microenvironment shape the cells’ fate.  A 

rapidly growing body of work shows that cellular responses to these stimuli constitute 

regulatory mechanisms in many fundamental biological functions. Substrate strains were 

previously shown to be sensed by cells and activate diverse biochemical signaling pathways, 

leading to major remodeling and reorganization of cellular structures. The majority of studies 

had focused on the stretching avoidance response in near-uniform strain fields. Prior to this 

work, the cellular responses to complex planar strain fields were largely unknown. In this thesis, 

we uncover various aspects of strain sensing and response by first developing a tailored lab-on-

a-chip platform that mimics the non-uniformity and complexity of physiological strains. These 

microfluidic cell stretchers allow independent biaxial control, generate cyclic stretching profiles 

with biologically relevant strain and strain gradient amplitudes, and enable high resolution 

imaging of on-chip cell cultures. Using these microdevices, we reveal that strain gradients are 

potent mechanical cues by uncovering the phenomenon of cell gradient avoidance. This work 

establishes that the cellular mechanosensing machinery can sense and localize changes in strain 

amplitude, which orchestrate a coordinated cellular response. Subsequently, we investigate the 

effect of multiple changes in stretching directions to further explore mechanosensing subtleties. 

The evolution of the cellular response shed light on the interplay of the strain avoidance and 

the newly demonstrated strain gradient avoidance, which were found to occur on two different 

time scales. Finally, we extend our work to study the influence of cyclic strains on the early 

stages of cancer development in epithelial tissues (using MDCK-RasV12 system), which was 

previously largely unexplored. This work reveals that external mechanical forces impede the 

healthy cells’ ability to eliminate newly transformed cells and greatly promote invasive 

protrusions, as a result of their different mechanoresponsiveness. Overall, not only does our 

work reveal new insights regarding the long-range organization in population of cells, but it may 

also contribute to paving the way towards new approaches in cancer prevention treatments. 
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CHAPTER 1 | INTRODUCTION 
The dynamic nature of the living world raises the following question: how do mechanical forces 

affect the smallest unit of life, the cell? External physical cues are now recognized as key 

determinants of cells’ fate since they constitute critical regulators of cell biochemistry1–3. It is 

established that mechanical signals play a crucial role in cellular development and homeostasis, 

in gene expression, and in many fundamental cellular functions. Dysregulation of the cell’s 

physical interaction with its environment is now believed to be a common feature of a wide span 

of human diseases4–6. Despite major advances over the last decades, countless questions have yet 

to be elucidated and there are many uncharted waters to be explored. The essence of this work 

is to develop enabling tools and gain insights into the rapidly evolving field of mechanobiology, 

specifically to better understand the effect of external forces on the cells’ fate.  

The cellular microenvironment is characterized by an ensemble of physical properties 

which are intimately linked to the specificities of the cells and tissues they host. In addition to the 

passive characteristics of the extracellular matrix (ECM) such as stiffness and topography, cells are 

constantly bombarded with mechanical signals in the form of tension, shear stress, and 

compression7,8. Classic examples are the compression and tensile loads applied to cartilages, 

muscles, tendons, and bones during body movements such as walking. Blood flow imposes shear 

stresses to the vascular cells9. Blood pressure, by its pulsatile nature, imposes cyclic stretching via 

the expansion of blood vessels. Similarly, cardiomyocytes themselves undergo cyclic stretching 

due to pumping of the hearts10. The cells forming the lungs are also constantly subjected to a 

cocktail of mechanical forces caused by blood flow, surface tension, and the cyclic stretching 

induced by breathing11. There are countless other examples such as urine flow, sound waves, 

compression of dermal tissues upon touching, etc. In fact, through tissue matrix deformations and 

cytoskeleton-adhesion interfaces, most cells in vivo are stretched or compressed to a certain 

degree12. A key challenge is to understand how cells sense and respond to mechanical cues and 

conversely how they shape the physical properties of their microenvironment. 

Cells can act as a bridge between the macroscopic world and molecular events. The forces 

discussed above can be sensed by the cells via conformational changes of proteins3,13. This can 

result, for instance, in the alteration of binding affinities or in the opening of membrane ion 

channels. This is how forces induced internally or by the microenvironment can activate a cascade 
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of signaling pathways, thus deeply changing the cellular biochemistry. The various mechanisms 

by which cells translate mechanical signals into biochemical signals are referred as 

mechanotransduction processes. In the early stages, research in mechanobiology was mostly 

concerned with sensory cells, as they are prominent manifestations of mechanotransduction. A 

classic example is the hair cells of the cochlea located in the inner ear14. Sound waves are 

mechanically converted into fluid motions within the cochlea, which deflect the sensory 

organelles stereocilia with respect to one another. This relative motion causes tension in the 

protein bridges between the stereocilia tips. This load pulls open mechanically-gated channels to 

induce ion flux and trigger downstream signaling.   

Mechanobiology has later evolved to explore many different cellular functions and 

transduction mechanisms that are important for both non-specialized and specialized cells. For 

instance, morphogenesis in embryos is greatly impacted by external mechanical cues15. High-

shear flow patterns were shown to play a critical role in various stages of developing zebrafish 

hearts16. Flow pattern perturbations can result in the formation of defective valves or an abnormal 

third chamber, sharing strong similarities with congenital cardiac diseases in humans. Also, stem 

cells specialize for different functions through differentiation processes which are affected by the 

stiffness, topology, and strain of the ECM17–19. There are countless examples in mature organisms 

as well. To name a few, increased load resulting from exercise lead to cardiac and skeletal muscle 

cell hypertrophy, while decreased load can lead to atrophy20,21. The signaling pathways regulating 

load-induced muscle development are not fully understood, but growth factors and protein 

complexes activating protein translation are believed to be involved20,22. Also, vascular smooth 

muscle cells forming blood vessels undergo remodeling under altered shear stress and stretching 

conditions23. Finally, another example is the bone and cartilage remodeling (and repair) upon 

changes in mechanical load24. More generally, mechanical stimuli play a fundamental role at the 

cellular level in regulating protein synthesis, cell death, secretion, proliferation, migration, and 

much more7,25,26. 

Being essential in a multitude of cellular functions and in maintaining tissue homeostasis, 

it is not surprising that the etiology of many diseases results from defects in mechanotransduction 

processes4,5. Changes in the ECM mechanics, cellular structure and organization, or deregulation 

of the sensing/transducing molecular mechanisms can be the sources of many abnormalities. A 

very small sample of diseases that involve deficient mechanotransduction is: hypertension, heart 
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failure, osteoarthritis, osteoporosis, diabetic nephropathy, glaucoma, asthma, pulmonary fibrosis, 

kidney disease, metastasis, and cancer. Despite increasing efforts in integrating mechanical 

considerations in biological and medical research, much remains to be uncovered, in particular in 

understanding the underlying mechanisms. Continuing to explore these avenues to find the 

molecules mediating mechanotransduction can prove to be pivotal in developing new therapeutic 

approaches. Bone pathologies, in particular osteoporosis, are a prime case6. For instance, the 

decreased bone mass and increased fragility which characterize disuse osteoporosis are 

associated with changes in mechanotransduction signaling caused by a reduction of mechanical 

stress. In particular, sclerostin was identified as an inhibitor of bone development which 

expression is regulated by mechanical loading. Promisingly, bone loss was prevented in mice 

models using antibodies against sclerostin27. 

Many technical challenges are encountered in in vitro mechanobiology studies: i) 

micromanipulation of molecules, cells, or tissues; ii) mechanical properties measurements of tiny 

dynamic objects; iii) precise application of diverse mechanical cues on specific cell structures; iv) 

creation of cellular microenvironments which are increasingly complex and physiologically 

relevant, exhibiting for example substrate stiffness gradient or heterogeneous topologies.  A 

powerful way to study forces at the cellular level is to shrink down the laboratory to their scale. 

This is the approach of microfluidics, a field in which integrated systems are miniaturized with the 

aim of manipulating small amounts of fluid and what they host28.  Indeed, numerous successful 

cell mechanics studies have exploited the multiple advantages of microfluidics25,29. These 

advantages include the ability to tailor the microenvironment to closely mimic in vivo conditions, 

integrate multiple stimuli, parallelize experiments (thus multiplying throughput), and minimize 

reagent quantities (hence lowering costs). On the other hand, one of the challenges of employing 

microfluidics for performing mechanobiology research resides in its novelty. It results in the 

constant need for developing novel platforms with improved capabilities, since the array of tools 

available is still under construction. 

One of the key approaches adopted for understanding the effect of ECM forces on cell behavior 

is to deform the substrate on which they are cultured. When applied cyclically, as it often occurs 

in vivo, these substrate strains have been shown to activate multiple intracellular signaling 

pathways, leading to various responses8,30–33. In the context of 2D stretchable membranes, 

previous studies have largely focused on simple, uniform strain fields30,34–40. Although there is an 
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increasing effort to integrate stress conditions that mimic in vivo complexity*, little is known about 

the effect of non-uniformity in strain direction and amplitude41–43. The objective of this thesis is 

to advance experimental techniques and assess the cellular responses to biologically relevant 

complex strain fields. This was achieved by i) developing efficient microfluidic platforms 

generating non-uniform strain patterns; ii) thoroughly characterizing its primary effects on cellular 

reorganization in a model system; iii) assessing the time evolution of the cellular responses and 

exploring the impact of temporal discontinuities; iv) studying a cancer cell model in such non-

uniform strains. A brief outline of the thesis is now presented. 

Chapter 1. The objective of this introductory chapter is to expose key concepts and 

background information that are relevant to the technological achievements and biophysical 

studies presented in this thesis. First, various elements of mechanobiology are briefly covered.  

Second, fluid mechanics at the microscale, strain fields formalism, and high-resolution optical 

microscopy are discussed. 

Chapter 2. A multitude of macroscale stretching devices and several microdevices have 

been developed previously to study the cellular response to strain. However, significant efforts 

were needed to achieve a platform tailored to answer the biological questions addressed in this 

thesis. General requirements include: i) encompassing a microenvironment suitable for cell 

culture, ii) reconstituting the complexity of in vivo ECM forces, and iii) enabling high resolution 

imaging. We hypothesized that a pneumatic-based microfluidic system could fulfill these 

requirements. The objective of Chapter 2 is the elaboration (design, fabrication, and 

characterization) of such system. Specifically, the platform we developed offers independent 

biaxial control and can generate strain fields with biologically relevant strain gradients while 

                                                           

 

 

*Previous studies have indicated that different aspects of complex stress conditions can have specific 
effects on the cellular response. For example, uniaxial compression of 3D gels leads to up-regulation of 
proteoglycan synthesis in chondrocytes272. Interestingly, up-regulation of the collagen synthesis only 
occurs when shear stress is superimposed to the uniaxial compression pattern. This study suggests 
that cells can operate uncoupled mechanoresponses that depend on the type of applied mechanical 
stress. 
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retaining moderate strain amplitudes. The capabilities and characterization of this microstretcher 

were presented in an article published in Biotechnology Letters44 in 2014, on which Chapter 2 is 

partially based. 

Chapter 3. A large body of studies have previously demonstrated that cells sense 

substrate deformations and exhibit a strain avoidance response. However, it was largely unknown 

prior to this work whether cells have the ability to sense and respond to strain gradients, to which 

cells composing our body are largely exposed. We hypothesized that they do, in analogy to their 

known ability to sense stiffness and chemical gradients. The objective of Chapter 3 is to investigate 

strain gradients as potent mechanical cues influencing cells’ fate. Our stretching platform allowed 

a comprehensive analysis of the cellular reorientation responses under a non-uniform strain field. 

Cellular strain gradient avoidance was demonstrated for the first time, which shows that cells 

possess the required mechanosensing machinery to sense and localize subtle changes in strain 

amplitudes. The investigation of key cellular structures involved in this process provides insights 

into how strain gradients shape the long-range organization in population of cells. This manuscript 

was published in Integrative Biology in 201745.  

Chapter 4. The results presented in Chapters 2 and 3 raised new questions which lead us 

to push the analysis and the strain pattern complexity one step further. Not only are cells in our 

body exposed to non-uniform strain fields, but the conditions can also change over time (daily 

activities, embryo development, injury, etc). The cells’ ability to adapt to multiple changes in 

stretching direction had been little explored previously, let alone in a non-uniform strain field. 

The objective of Chapter 4 is to determine if cells can reorient a large number of times and 

thoroughly characterize the evolution of their responses. We hypothesized that the cellular 

response to a changing strain pattern is fully consistent. Five reorientations were successfully 

achieved, but subtle differences were observed from one cellular reorientation to the next. The 

evolution of the cellular response uncovered the interplay of two different mechanical cues, 

which we demonstrated occur on different time scales. This provides new insights on the strain 

mechanoresponse process. This manuscript is submitted to Integrative Biology. Chapter 4 also 

includes additional details on the device design modifications which were required to carry the 

work presented in Chapters 3 to 5. 
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Chapter 5. Here we put our new platform at work to study non-healthy cells. The majority 

of cancers are believed to originate from epithelial cells46. The capacity of normal epithelial cells 

to eliminate newly transformed cells depends on the concerted action of various cytoskeletal 

proteins47, the activity of which are known to be modulated by mechanical stimuli. Prior to this 

work, however, very little was known about the influence of strains on the mechanism of epithe-

lial defense against cancer (EDAC). We hypothesized that strain-induced cellular remodeling 

affects the interaction of normal and transformed cells during the process of apical extrusion. The 

objective of this chapter is to characterize the impact of substrate strain on the early stage of 

cancer development in epithelial tissues. This work showed that external forces greatly promote 

invasive behaviors of RasV12-transformed cells and jeopardize their apical extrusion. Gaining 

insights on cancer spreading from such novel perspective could pave the way toward new 

therapeutic approaches. The manuscript presented in Chapter 5 is in preparation. 

1.1 ELEMENTS OF MECHANOBIOLOGY 

Various concepts of mechanobiology relevant to the studies presented in Chapters 3-5 are now 

discussed. After introducing the general interactions between the cell and the ECM, major 

members of the cellular mechano-machinery are presented. Key aspects of the mechano-sensing, 

-transduction, and -response associated with cyclic substrate stretching are then discussed. 

Finally, the importance of forces in both healthy epithelia and in the presence of transformed cells 

are addressed, setting the stage for Chapter 5. 

1.1.1 THE CELL AND ITS MICROENVIRONEMENT 

The ECM provides support to adherent cells and helps maintaining tissue shapes by opposing 

resistance to external forces. Beyond the structural role that it fulfills, the ECM gives instructions 

to cells in the form of physical signals2. Not only do the cells sense these external cues, but they 

also continuously respond to them by actively adapting their biophysical properties and by 

remodeling the microenvironement. Through this loop, the ECM shapes cells, and cells shape the 

ECM. This mechanical equilibrium is imperative for good health. Numerous fundamental cell 

functions are orchestrated via the mechanical reciprocity existing between the physical properties 

of a cell and those of its microenvironement. 

Cells exert forces on their surroundings to execute many function such as migration, 

sensing, cell-cell communication, maintenance of tissue functions and integrity, tissue 
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remodeling, wound healing, and embryo growth/development5,48–51. To preserve or achieve the 

optimal ECM-cell mechanical homeostasis, cells employ feedback mechanisms designed to 

restore or change the ECM mechanical properties when required2. To this end, for example, cells 

forming soft connective tissues are believed to employ various mechanisms. These include 

controlling the rates of ECM synthesis and degradation, the type of ECM constituents synthesized, 

and the degree of pre-stress incorporated in the ECM constituents52–54.  

For instance, if a decrease in ECM stiffness is detected, pathways that engender ECM 

stiffening are normally activated. A rapid way for cells in vivo to fine-tune the ECM stiffness is to 

modulate the forces exerted on it, since many biological materials are strain-stiffening (e.g. 

collagen)55. For example, soft connective tissues exhibit a near-linear stress-stiffness behavior 

resulting from a near-exponential stress-strain relationship2. Alternatively, to avoid having to 

actively maintain such tension onto the ECM, cells can rather organize newly synthesized or pre-

existing ECM constituents in such way as to introduce built-in tension within the ECM. The type 

of constituents that are deposited, their density, their orientation, and their degree of crosslinking 

can also change the structural integrity and stiffness of the tissue2. 

Conversely, the surrounding mechanical information guide a large array of physiological 

processes such as cell growth, mobility, differentiation, proliferation, and gene expression56,57. 

Hence, gaining insight on the mechanisms by which cells sense and transduce mechanical signals 

is necessary to better understand the molecular pathways leading to numerous cellular processes 

and diseases. Before exploring how substrate strains are transmitted, sensed and transduced, the 

cellular machinery involved in force processing is briefly examined in the next section. 

1.1.2 CELLULAR MECHANO-MACHINERY 

Various cellular components are involved in the mediation of the ECM sensing and its associated 

cellular responses. The main components include adhesion receptors that bind the ECM, 

cytoskeletal networks with their related motor proteins, and other intracellular cytoskeletal and 

focal adhesion signaling proteins58. 

Focal adhesions. The primary link joining the ECM proteins to the actin cytoskeleton are 

macromolecules assemblies called focal adhesions (FAs). They contain heterodimer integrins (α 

and β subunits) that are transmembrane receptors directly binding the ECM1. Integrins are also 
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connected to the intracellular portion of the FAs, which consists in various proteins, many of 

which are crucial mechanosensors59. The capacity of FAs to sense and transmit forces to the 

cytoskeleton was first shown by directly applying twisting forces on their adhesion receptors via 

magnetic beads60. The magnitude of the applied stress was directly correlated with an increased 

in cytoskeleton stiffness. 

Cytoskeleton. The cytoskeleton consists in an interconnected network of filaments 

formed by polymers  and associated with signaling proteins61. Many functions are carried out by 

the cytoskeleton, in particular the organization of intracellular components, the generation of 

coordinated forces, and the tuning of the cell’s mechanical properties1. The cytoskeleton also 

participates to bridging the cell to the external environment, connecting their physical and 

chemical events. Far from being a fixed structure, the cytoskeleton is constantly remodeling by 

self-assembling and -disassembling, using a variety of proteins as building blocks62. The specific 

architecture of its network mediates critical cellular functions and therefore it is determined by 

the cell’s changing needs. A multitude of regulatory proteins control the cytoskeleton structure 

by initiating and terminating filament growth, promoting faster growth or disassembly rate, and 

arranging filaments to form highly organized and reinforced networks. Both extracellular and 

intracellular mechanical forces influence these regulatory proteins, thus impacting cytoskeletal 

activity and ultimately cellular functions. 

Concerted action of the focal adhesions and the cytoskeleton. Cells probe the physical 

properties of the microenvironment via contractile forces generated by the actin cytoskeleton 

and transmitted via adhesions63. In response to the physical properties they probe, cells have the 

ability to remodel their FAs and cytoskeleton, tuning for instance their own contractility and 

stiffness64. For example, in vitro cells cultured on rigid substrates apply increased tension (by 

adjusting their cytoskeleton) in comparison with cells grown on a compliant surface65,66. Traction 

force microscopy allows to study such interactions by tracking the displacements of beads (or 

other markers) that are embedded into an elastic hydrogel substrate67. As another example, when 

a cell is subjected to uniaxial cyclic substrate strain, its FAs sense and transmit this mechanical 

stimulus. As a response, its body usually aligns along the direction of minimum strain30,34–41,44,68. 

This strain-induced cellular reorientation requires major cytoskeleton remodeling in order for the 

cell to reach a stable mechanical equilibrium. The three types of cytoskeletal protein filaments 
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found in mammalians cells are believed to have mechanical roles in this phenomenon1. They are 

the actin filaments (F-actin), the microtubules (MTs), and the intermediate filaments (IFs). 

Intermediate filaments. While F-actin and MTs are composed of polarized global 

subunits, IFs are rather formed by neutral α-helical chains8. Their structural and functional 

integrity are relatively stable because of their assembly and disassembly mechanisms. IFs play a 

protective role against external forces and regulate numerous signaling events related to cellular 

growth, architecture organization, migration, and much more69. A recent study demonstrated the 

implication of IFs in the cellular response to external force in the context of mesendoderm cells 

migration70. Polarized cell protrusions and cell migration were induced using magnetic beads to 

mimic intercellular forces. This led to the accumulation and reorganization of IFs at the sites of 

applied stress. Moreover, cellular responses under cyclic stretching, including alignment, 

elongation, and spreading were shown to be affected by the IFs’ integrity in muscle cells71. The 

results of this study suggest that IFs are involved in the transduction of mechanical forces. Indeed, 

the IFs connect the nucleus to the cellular surface72, making them potential actors in 

mechanotransduction. 

 Microtubules. Despite being the most rigid of the cytoskeletal filaments, MTs are highly 

dynamic structures. They are formed by alpha and beta subunits. The rapid polymerization and 

depolymerization at their free ends can generate pushing or pulling forces45,73. These properties 

allow MTs to execute critical duties such as establishing the cell shape, guiding cargo-carrying 

motor proteins, moving considerable intracellular structures like the nucleus or chromosomes, 

and constituting solid and stable anchor points to support and counterbalance the tugging of actin 

stress fibers during cell migration74,75. MTs may also be important players in the cellular 

reorientation under cyclic stretching. In particular, it was demonstrated in Airway smooth muscle 

cells that MTs must maintain an adequate strain onto the actin stress fiber to help balancing the 

external forces76. In this context, the concerted action of the MT and actin networks was believed 

to be central in re-establishing a homeostatic mechanical state in cells. 

 Actin. While the architecture of the MT network is regulated by a central organizing 

center, the specific configuration of the actin cytoskeleton is rather determined by the local 

signaling activity77. The F-actin composing the actin cytoskeleton consists in helical polymers (Fig. 

1.1). The later are formed by globular actin molecules, which rapid turnover permits efficient 



10 

remodeling of the cytoskeleton8. This process is influenced by the presence of polymerization 

proteins such as profilin and formin78. The actin networks form complex structures with varying 

architectures via the concerted action of diverse actin-binding proteins such as α-actinin and 

fascin. The cooperation of these proteins gives the cytoskeleton unique characteristics such as 

enhanced stiffness79. Actin cytoskeleton networks generate different types of forces which are 

tailored to accomplish specific cellular functions80. Cell migration and division, as well as processes 

like endocytosis and trafficking, require the mechanical contribution of the actin cytoskeleton. For 

example, the protrusion formation during cellular migration uses actin polymerization as a mean 

to generate forces, the growing filaments pushing the plasma membrane forward 48,81. One 

specific actin network acting as a major force generator, including in the context of cellular 

migration, is the actomyosin cytoskeleton82. Contractile forces are achieved by the translocation 

of actin microfilaments, driven by the coordinated activity of the motor proteins myosin II. Actin 

stress fibers (SFs) are bundles of actomyosin. Their adaptive property allows rapid changes in their 

configuration upon application of forces. As a relevant example, cellular cyclic stretching generally 

leads to a reinforcement of actin SFs83 and to their gradual polarization perpendicular to the 

applied force33. In fact, SFs do not only produce forces, but they also sense them8. 

 The next section presents an overview of the potential mechanisms involved in 

substrate strain sensing, transducing, and response. 

1.1.3 MECHANOSENSING -TRANSDUCTION AND -RESPONSE TO CYCLIC SUBSTRATE STRAINS 

Cellular mechanosensing relies on proteins whose conformations change in response to 

mechanical forces84. The modified protein activity triggers multiple intracellular signaling events, 

hence converting mechanical information into biochemical signals. This leads to alterations in 

cellular structure and/or function in response to forces and other physical parameters. 

Deformations of the ECM are transmitted to the whole cell via the ECM-FA-actin chain, allowing 

mechanotransduction processes to take place beyond the FA sites. For instance, substrate 

deformations are propagated to the cellular membrane and activate mechanosensitive ion 

channels, controlling the ion flux across the membrane85. Also, mechanical stress on the 

nucleoskeleton influences nuclear structure and function86. 

The origin of forces affecting cellular behaviors is not limited to the microenvironment. 

Cells can use mechanotransduction processes to self-regulate by generating forces via their 
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actomyosin cytoskeletons84,87. For instance, FAs are force-bearing structures and the application 

of tensile forces lead to their maturations87. Whether these forces come from the ECM or are 

generated internally by contractions, they induce FA growth by protein recruitments. This FA 

reinforcement is mediated by proteins such as talin, whose mechanoresponse activates integrin 

and promote vinculin binding to strengthen the FA complex. 

The remaining of this section explains how substrate stretch can lead to cytoskeleton 

remodeling. Pulling forces on FAs induce conformational rearrangements which promote both 

the recruitment and the activation of many proteins. Substrate strains thus trigger a cascade of 

signaling events, including the activation of GEFs, which in turns activates RhoA (Fig. 1.1). Two 

RhoA downstream effectors that are key player in the strain-induced response are first presented. 

The activation of RhoA by GEFs is then discussed. 

 

Figure 1.1 Regulation of the actomyosin cytoskeleton in response to cyclic stretching. The 
transmembrane proteins (integrins) bind the ECM and transmit the external force to the 
intracellular FA complexes. The actin cytoskeleton connects the integrins via anchoring proteins 
such as talin and tensin. Pulling forces on the FA complexes induce their maturation via vinculin 
recruitment. The resulting cascade of compositional changes include recruitment of proteins 
transducing tension into biochemical signals, among them FAK, Src, paxillin, and p130cas87. Many 
GEFs are activated via this tension-induced biochemical signaling. They target in particular RhoA, 
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Rac1 and/or Cdc4230, which have different effects on actin. Among the numerous signaling 
pathways triggered by mechanical forces, many lead specifically to the activation of RhoA, which 
is responsible for much of the intracellular force generation33. GEFs catalyze the exchange of GDP 
for GTP to activate RhoA, which remodels the actomyosin cytoskeleton via two key downstream 
effectors, ROCK and mDia. 

Role of RhoA and its downstream effectors in remodeling the cytoskeleton. Members 

of the subgroup Rho GTPases of the Ras superfamily have long been considered to be key players 

in various mechanotransduction processes84,88. Acting like switches, their states cycle from the 

inactive form GDP-bound to the active form GTP-bound. They constitute regulation mechanisms 

of various cellular functions since their active forms interact with numerous downstream effectors 

to trigger a myriad of signaling events. The cellular functions regulated by Rho GTPases cover a 

wide spectrum, from cell growth, to gene expression and membrane trafficking88. Activation of 

the family members RhoA, Rac1, and Cdc42 in response to mechanical forces can lead to 

important cellular adhesion and actin cytoskeleton reorganizations89. RhoA, one of the main 

regulators of intracellular force production, has two major downstream effectors: Rho kinase 

(ROCK) and mDia90,91. These effectors influence the actomyosin cytoskeleton architecture in many 

ways. ROCK promotes myosin II activity by increasing phosphorylation of the myosin light chain 

(MLC), and stabilizes the F-actin network by indirectly inhibiting the actin severing-protein cofilin. 

When stimulated by RhoA, the formin mDia promotes the formation of actin filament via actin 

polymerization90. 

Tension-induced activation of GEFs targeting RhoA. Guanine nucleotide-exchange 

factors (GEFs) and GTPases-activation proteins (GAPs) govern the RhoA GTP/GDP switch with their 

respective activation and inactivation roles33. Many of these proteins are associated to the 

cytoskeleton and adhesion complexes, suggesting their potential role in mechanotransduction. 

Guilluy et al. showed that two GEFs (GEF-H1 and LARG) were recruited in the vicinity of the cell-

ECM adhesion complexes following the application of mechanical forces on integrins using 

fibronectin-coated beads92. The activation of RhoA by cyclic stretching can result from the 

recruitment of numerous GEFs, such as GEF-H131, Vav2 32, and Solo30. Various pathways can 

activate the different GEFs in response to external forces on integrins. For example, LARG is 

activated by tyrosine kinase Fyn (Src family) while the FAK/Ras/ERK signaling pathway stimulates 

GEF-H1 activity92. We also note that in high-density population of cells, cyclic deformations of the 

substrate can result in tension on both ECM-cell and cell-cell adhesions. In cyclically stretched 
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endothelial cells, it was suggested that RhoA activation mediated by Solo operates at the cell-cell 

(cadherins) adhesion sites30. 

The mechanisms discussed above explain the strain-induced actomyosin remodeling and 

reinforcement. Nevertheless, they do not explain why cells subjected to cyclic stretching reorient 

their body, SFs, and FAs approximately perpendicular to the stretching direction30,34–39,44,68. An 

overview of the existing models developed to describe this reorientation response is given in 

Chapter 3, mainly in section 3.4.1.  

1.1.4 CELLULAR FORCES ARE REQUIRED TO INSURE VITAL EPITHELIUM FUNCTIONS 

Epithelial cells form thin layers covering the surfaces of our body, from cavities such as the lungs, 

stomach, and intestines, to other vital organs such as the kidneys, liver, and pancreas. The 

integrity of these tissues is critical due to the protective functions they insured, especially for 

preventing the passage of cells, pathogens and certain macromolecules93. Their selective 

permeability allows the adequate transport between compartments. Dying epithelial cells are 

quickly expulsed and replaced via mitosis to maintain the optimal cell density and avoid 

epithelium gaps 94,95.  When the epithelium density is too high, exceeding cells are removed from 

the tissue by a process called apical extrusion (Fig. 1.2). This process also allows to eliminate dying 

or abnormal cells by expulsing them away from the organ, resulting in their rapid death. A defect 

in these processes can result in altered barrier properties, potentially leading to organ damage 

and other types of pathologies such as intestinal diseases93. 

The molecular signal sphingosine-1-phosphate (S1P) has been reported to be secreted by 

dying cells95. When the bioactive signal SP1 is released into the extracellular environment, it binds 

to the S1P2 receptors of the adjacent healthy cells. This process activates the small GTPase Rho, 

which promotes the actomyosin cytoskeleton development at the circumference of the adjacent 

cells to form a strong contractile belt94,96. This cytoskeleton remodeling leads to the generation of 

concerted forces, squeezing out the dying (or abnormal) cell46. Thereby, a biological signal 

secreted by a dying cell was shown to trigger the production of contractile forces in neighboring 

cells, as required to drive its extrusion.  

The following question then emerges: does a dying cell contribute mechanically to its own 

extrusion? A recent study has demonstrated that tension first emerges from the F-actin and 
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myosin rings of the dying cell itself; only later does the mechanical participation of the neighbors 

arise97. The extruding cell thus has an active physical contribution in the process of cell removal. 

The cortical contractile apparatuses of cells are mechanically coupled via cadherin-based cell-cell 

adhesions. Interestingly, these adhesion complexes are constantly transmitting and integrating 

tension across neighboring cells98. This rises another important question: can the initial contractile 

force generated by the dying cell constitute a triggering cue in itself? Epithelial monolayers can 

generate complex patterns of contractile tension throughout their junctions. The cortical 

contractile cytoskeleton, in cooperation with the adhesion complexes, influence the local 

landscape of cellular junctional tension99. The later has been recently proposed as a potential cell 

sorting mechanism, determining if a cell is to remain in a population or not100,101. 

1.1.5 CANCER DEVELOPMENT IN EPITHELIA 

The development of cancer is a complex multistep process involving the cooperation of numerous 

genetic mutations. Inactivation of tumor gene suppressors combined to the alteration of proto-

oncogenes that become active regardless of the microenvironment, confer special abilities to a 

transformed cell102. These cancer hallmarks are: i) sustained proliferation signals, ii) insensitivity 

to growth suppressors, iii) cell death resistivity, iv) controlled angiogenesis (to increase blood 

supply), v) unlimited replication, and vi) invasion and metastasis potential103. Other emerging 

hallmarks include vii) the ability to bypass immunological destruction and viii) the modification of 

the cellular metabolism to better support proliferation. 

Cancer progression is increasingly viewed as a journey marked not only by genetic 

alterations, but also by important changes in cell and tissue architecture and mechanics104. In 

addition to biological and functional modifications, the cell’s physical properties are deeply 

altered due to significant reorganizations of their cytoskeleton. When a tumor cell extracts itself 

from a primary tumor to invade a secondary site, it must undergo constant cytoskeleton 

remodeling to achieve the mechanical properties driving metastasis behavior. Constantly applying 

mechanical forces to their surroundings, tumor cells generate for instance traction forces for their 

locomotion and protrusion forces at their leading edge. Also, since it is believed that cancerous 

cell’s softness correlates with invasive potential105, it is not surprising that some cancerous 

epithelial cells have been shown to be softer than their healthy counterparts 106,107. 
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As discussed previously, a rapidly growing body of work shows that cells utilize multiple 

strategies to sense mechanical signals and transduce them into biochemical signals.  One exciting 

challenge now is to understand the role of mechanotransduction in the cell’s oncogenic activity. 

Promising studies are starting to show how physical cues are potential tumor growth regulators65. 

Breast cancer progression is promoted by ECM stiffening, where the latter is attributed to the 

deposition of collagenous components by activated stromal myofibroblast108. Also, sustain 

mechanical compressive stress enhances coordinated migration of cancer cells via the formation 

of leader cells109. Finally, interstitial fluid pressure in tumor produce mechanical forces that are 

believed to act as positive regulator of cancer cell proliferation110. 

The majority of cancers begin with the transformation of a single cell in epithelia following 

gene mutations111. Studies using Madin-Darby canine kidney (MDCK) epithelial cells with 

constitutively active oncogenic RasV12 have shown a dependence of the transformed cell’s fate on 

its interaction with neighboring normal cells47. When surrounded by normal cells, a RasV12-

transformed cell is either extruded from the epithelial sheet or grows invasive protrusions. In the 

majority of the cases, cells are extruded apically in a process involving the formation of 

cytoskeletal contractile rings. This is known as the epithelial defense against cancer (EDAC)112. The 

Ras proteins impact many signaling pathways, including Rho113,114, which most likely actively 

participate to the cytoskeleton remodeling of the transformed cell. Oncogenic extrusion can be 

driven by changes in the tension pattern at the cell-cell junctions100,101. Cell-cell junctional patterns 

of forces are significantly determined by the cortical F-actin networks. It is thus of prime interest 

to investigate cues from the microenvironment that have the potential of influencing the F-actin 

networks, such as mechanical strains. Finally, defects in the extrusion process that can change the 

direction of extrusion (from apical to basal) are believed to favorize the transformed cell survival 

and to promote its invasiveness potential115 (see Fig. 1.2).  
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Figure 1.2 Basal vs apical cell extrusion. Cells are typically extruded apically into the lumen by 
contraction of actomyosin networks. Once fully detached, the cells usually die, deprived from the 
survival signals of the matrix. Apical extrusion of transformed cells is believed to represent a 
defense mechanism against cancer. However, because of their upregulated survival signals, tumor 
cells can be extruded from the epithelium in a death-independent manner. Also, some mutations 
in tumor cells can redirect their extrusion basally (toward the organ), which may constitute an 
oncogenic mechanism to initiate invasion. Adapted from115. 
 

1.2 ELEMENTS OF MICROFLUIDIC PHYSICS AND MICROSTRETCHERS 

The miniaturization of fluidic systems allows precise manipulation of nano- and microliters of 

solutions as well as small objects. Microfluidic platforms find applications in a vast array of fields 

including proteomics, forensics, clinical treatments, molecular diagnostics, DNA manipulations, 

organ-on-a-chip research, etc28. The study of the cellular responses to complex substrate strain 

fields can also be advantageously performed in microfluidic-based stretchers, for reasons that will 

be evidenced throughout this work. Concurrently, additional considerations and challenges also 

result from scaling down the cell stretching device and using microfluidic channels for various 

operations (membrane functionalization, cell loading, culture media exchange, drug addition, 

fluorescence staining procedures, etc). In this section, elements of microfluidic physics are 

presented briefly to assess in particular the importance of fluid shear stress, since it can perturb 

cellular behaviors116. A special attention must be paid to such external microenvironment factor 

if the effect of strain fields is to be properly interpreted. This section also includes physical and 

chemical specificities of the cell substrate and the overall culture environment. Finally, an 

introduction to strain formalism is presented to set the ground for Chapters 2 and 4, where the 

microstretchers are described in details. 
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1.2.1 FLUID DYNAMICS IN MICRODEVICES 

Even on the scale of microdevices, fluid dynamics is typically described using the macroscopic 

approach of modelling matter as a continuum material. In fluid dynamics, one is generally 

concerned with finding the velocity field 𝑢𝑢�⃗  characterizing the flow under study, given boundary 

conditions. The general strategy is to determine the forces acting on a small fluid element and 

apply momentum conservation and mass continuity equations. The continuity equation simply 

states that the change in mass within a control volume is equal to the net flux of mass across its 

surfaces. For an incompressible flow, which is a good approximation for the fluids used in our 

work, the density ρ is constant and the continuity equation can be written as117: 

 ∇ ∙ 𝑢𝑢�⃗ = 0 (1) 
   

Fluid motion is governed by the Navier-Stokes equations, which is essentially the continuum 

version of Newton’s second law expressed per unit volume. For an incompressible Newtonian 

fluid with uniform viscosity 𝜂𝜂, when body forces (Coulomb and gravitational forces) are negligible, 

the equation can be written as: 

 𝜌𝜌
𝜕𝜕𝑢𝑢�⃗
𝜕𝜕𝜕𝜕

+ 𝜌𝜌𝑢𝑢�⃗ ∙ ∇𝑢𝑢�⃗ = 𝜂𝜂∇2𝑢𝑢�⃗ − ∇p 

 
(2) 

where p is the pressure. The left-hand side corresponds to the acceleration terms and the right-

hand side to the sum of forces. More specifically, the first left term is the temporal change in 

momentum in a given fixed control volume. In contrast, the second term represents the 

acceleration (multiplied by the density) of a fluid element that results from its change in position 

in the velocity field. In other words, it is the net momentum convected out of (or in) the control 

volume. The force terms on the right arise from the stress on the surface of the control volume. 

There are two contributions: the viscous force and the pressure force (both per unit volume), 

respectively. The specific form of the viscous force in equation (2) results from the linear 

relationship between the viscous stress and the strain rate (essentially a measure of the velocity 

gradient) assumed in Newtonian fluids.  

In general, the Navier-Stokes equations must be solved numerically, mainly because of 

the non-linear convective acceleration term 𝑢𝑢�⃗ ∙ ∇𝑢𝑢�⃗  .  Analytical solutions exist for simplified 

geometries, for example when the fluid velocity and the velocity gradient are orthogonal, in which 

case the non-linear term vanishes. This is essentially the case in long microchannels having a 

uniform cross-section. In fact, the convective acceleration term can often be neglected in 
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microfluidics, independently of the channel geometry, since it is typically negligible compared to 

the viscous forces. The Reynolds number (Re) captures the relative importance of these two 

terms; it corresponds to the ratio of inertial forces to viscous forces: 

 𝑅𝑅𝑅𝑅 =
𝜌𝜌𝜌𝜌𝜌𝜌
𝜂𝜂

 

 
(3) 

where 𝑈𝑈  is the characteristic velocity, and 𝑙𝑙  the characteristic length scale. In microfluidic 

systems, Re is often ≪ 1, leading to linear flows28. Low Re numbers result in laminar flows, which 

are smooth and stable to perturbations, as opposed to transitional or turbulent flows. For typical 

flow velocities (Uchannel ~ 101 mm/s and Ucell chamber ~ 100 mm/s) and considering the device geometry 

used in our work (Fig. 1.3c,d and Fig. 2.1), the Re is on the order of 100, ensuring laminar flows.  

1.2.2 FLOW PROFILES AND BOUNDARY CONDITIONS 

It is informative to consider the velocity profile of a pressure-driven flow in a circular 

microchannel. This is known as the steady Hagen-Poiseuille flow118. The unsteady term of 

equation (2) vanishes, as well as the convective acceleration term due to geometry 

considerations. The Navier-Stokes equation can be solved by direct integration. There are two 

boundary conditions: i) the velocity in the center of the channel must be finite; ii) the velocity of 

the fluid in contact with the wall is zero. This is the no-slip condition, consistent to a large degree 

with observations in most microfluidic systems117. The Hagen-Poiseuille flow equation for a 

channel of radius R and oriented along the z-axis is: 

 𝑢𝑢𝑧𝑧(𝑟𝑟) = −
1

4𝜂𝜂
𝜕𝜕𝜕𝜕
𝜕𝜕𝜕𝜕

(𝑅𝑅2 − 𝑟𝑟2) 

 
(4) 

where 𝑢𝑢𝑧𝑧 is the axial velocity as a function of the radial position r. The simulated velocity profile 

is shown in Fig 1.3a. Channels are usually rectangular in lithography-based microfluidic devices. 

The velocity profile for a pressure-driven flow in such channel geometry is qualitatively similar, as 

shown in Fig. 1.3b. In the microstretchers that we developed (Fig. 2.1), the cross-section area of 

the cell chamber at its maximum width is ~10 times larger than that of the loading microchannels. 

Considering incompressible flows, the velocity is correspondingly smaller in the cell chamber (Fig. 

1.3c). Importantly, the cell chamber can be viewed roughly as a local enlargement of the 

rectangular microchannel. Although this geometry results in a non-vanishing convective 

acceleration, the cross-sectional velocity profile can be expected to remain qualitatively similar to 
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the Hagen-Poiseuille flow since the flow remains laminar and its profile is determined largely by 

the no-slip condition (Fig. 1.3d). 

 

Figure 1.3 Velocity profiles of pressure-driven flows. The profiles are simulated in SimScale, for 
different channel geometries (laminar flows and no-slip conditions at the walls were assumed).  
The scale of the lower left image was saturated to increase the visibility of the flow profile within 
the diamond-shaped cell chamber; the corresponding inset shows the unsaturated scale. Note 
that each flow profile has been normalized independently. SimScale information: Mesh: hex-
dominant and moderate fineness; Simulation: incompressible, laminar, and steady-state; 
Boundary conditions: no-slip at the surface of walls, fixed inlet velocity, and fixed outlet pressure. 

1.2.3 SHEAR STRESS ON CELLS 

For a Newtonian fluid, the viscous stress associated with a cylindrically symmetric unidirectional 

flow uz(r) is given by117: 

 𝜏𝜏𝑧𝑧𝑧𝑧 = 𝜂𝜂
𝜕𝜕𝑢𝑢𝑧𝑧
𝜕𝜕𝜕𝜕

 

 
(5) 

Using equations (4), the shear stress on adhered cells (at r=R) that results from a pressure-driven 

flow in a cylindrical microchannel is thus: 

 𝜏𝜏𝑧𝑧𝑧𝑧 =
4𝜂𝜂𝜂𝜂
𝜋𝜋𝑅𝑅3

 

 
(6) 
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where Q is the volumetric flow rate (product of cross-section and mean velocity). This equation is 

very similar (within a factor 2) to that of a rectangular channel of equal cross-section119 and 

therefore can be used to estimate the shear stress in our microstretchers. 

Depending on the experimental protocol used, fluid flow in our microstretchers can occur 

during cell seeding, culture medium exchange, drug addition, and fluorescence staining. The flow 

velocity employed during these processes are somewhat of a compromise between minimizing 

the shear stress exerted on the cells and completing the operation in a reasonable time.  It can be 

inferred from Fig 1.3c that the shear stress in the cell chamber is maximum in the regions 

immediately adjacent to the input and output channels. In contrast, the shear stress is minimum 

(near-vanishing) in the opposite corners of the cell chamber. Considering a maximum flow rate of 

approximately 10-1 mm3/s, the shear stress is varying between ~0 and ~10-1 Pa (never above 1 Pa 

during our experiments). How significant is this? Interstitial flow occurring in vivo is known to 

modulate critical cellular functions such as gene expression, migration, morphology, proliferation, 

intracellular signaling events, protein secretion, etc116,120,121. Effects on cell behaviors were 

observed with magnitudes ranging from ~10-3 - 102 Pa, over a few minutes to many days. 

Importantly, the direction of laminar fluid flow has been shown to guide the orientation of the 

cell body and the direction of their intercellular stress. Fluid shear stress on the order of 1 Pa 

applied to endothelial cell activate integrins (within a few minutes) and induces cell body and 

cytoskeleton alignment (after several hours) in a Rho-dependent manner122,123. Although 

minimizing fluid flow is advantageous in the context of our studies, it had negligible effects in our 

case since fluid flow was limited to a few minutes during an experiment (many hours) and it was 

under 0.1 Pa over most of the cell chamber. Moreover, the open-top capabilities (see Chapter 2, 

section 2.6) were typically employed for critical processes such as fixing and staining to prevent 

bias. Finally, we evaluated the maximum fluid shear stress caused by the motion of the vacuum 

cavities to be on the order of 10-4 Pa.  

1.2.4 DIFFUSION AND MIXING 

The velocity profiles within the external input tube, the device microchannel, and the cell chamber 

of our devices are non-uniform. This raises the question of how practical it is to expose all cells 

across the membrane to drugs or immune-fluorescence staining solutions. When a new solution 

is inserted in the input tube, its front (i.e. the interface of the two fluids) progresses forward non-
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uniformly according to the Poiseuille flow profile. In absence of diffusion, this would result in a 

parabolic front stretching indefinitely. Similarly, given the laminarity of the flow and its Poiseuille 

profile, a fluid element going through the center of the cell chamber has previously travelled 

approximately through the center of the input tube. Likewise, a fluid element passing within a 

few microns of the cell chamber’s membrane has previously travelled within a few microns of the 

walls in the input external tube and in the device microchannel. We can consider the flow profiles 

shown in Fig 1.3c to estimate the time required for a fluid element to travel from the entrance of 

the external tube to the downstream end the cell chamber. Limiting the average velocity in the 

microchannel to ~ 101 mm/s and considering a typical external tube length of ~ 102 mm, we can 

calculate such travel time. It varies between ~ 101 s for elements in the center of the flow profile 

and ≫ 102 s for elements in the vicinity of the solid interfaces. Flushing times of several minutes 

are thus required. But even then, one may wonder if the full cell chamber membrane can ever be 

in contact with new solutions, given the no-slip condition? First, the no-slip condition is an 

approximation; in reality, the tangential velocity is not necessarily zero at the wall, depending on 

the surface chemistry28,124. Second, diffusion smears out the interface between two solutions.  

This results from Brownian motion. The characteristic time 𝜏𝜏𝑑𝑑𝑑𝑑𝑑𝑑𝑑𝑑 required for a solute to diffuse 

across a length 𝑙𝑙𝑑𝑑𝑑𝑑𝑑𝑑𝑑𝑑 is on the order of117: 

 𝜏𝜏𝑑𝑑𝑑𝑑𝑑𝑑𝑑𝑑 =
𝑙𝑙𝑑𝑑𝑑𝑑𝑑𝑑𝑑𝑑

2

𝐷𝐷
 

 
(7) 

where 𝐷𝐷  is the diffusivity. For a spheroidal particle in a viscous fluid, the diffusivity can be 

approximated by the Stokes-Einstein relation: 

 𝐷𝐷 =
𝑘𝑘𝐵𝐵𝑇𝑇

6𝜋𝜋𝜋𝜋𝜋𝜋
 

 
(8) 

where 𝑘𝑘𝐵𝐵  is the Boltzmann’s constant, 𝑇𝑇  is the temperature, and 𝑎𝑎  is the particle radius. The 

larger the particule, the lower the diffusivity and the longer the diffusive time. In the studies 

presented in Chapters 3 to 5, the molecular sizes of the drugs and immunofluorescence stains 

employed were typically on the order of 1 nm diameter (or less), leading to a diffusivity on the 

order of 103 μm2/s. The time required to diffuse across a few microns is thus ≪ 1 s (and it is ~101 s 

over a characteristic length of 100 μm). Consequently, a few minutes after the introduction of a 

new solution, all areas of the cell chamber’s membrane will indeed be exposed.  
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The challenge of mixing solutions in microfluidic devices, in which flows are essentially 

always laminar, is addressed extensively in literature28. In our case however, as shown above, it 

was not necessary to implement mixing-specific elements in our design considering that our 

experimental conditions typically involved exposure times well above the characteristic diffusion 

times. 

1.2.5 MICRODEVICES AS CELL HOSTS 

Cell culture in microdevices is becoming more prevalent with the increasing popularity of 

microfluidics as biological exploration tools. They are particularly useful to precisely deliver 

physical cues (e.g. fluid flow, ECM topography and stiffness) and chemical cues (e.g. drug and 

growth factors). Importantly, they also allow to probe the associated cellular responses. 

Polydimethylsiloxane (PDMS) is a widely used material to this end since it offers many advantages 

such as biocompatibility, optical transparency down to 230 nm, low autofluorescence, and 

elasticity125. Importantly, this silicone based organic polymer permits the fabrication of various 

microstructures integrated into multiple layers, increasing the versatility in design and operating 

functions126. For cell culture applications, its permeability to gases facilitates the maintenance of 

adequate culture medium pH, while its impermeability to water allows fluid manipulation. Cell 

cultures generally require maintaining the microdevices at the physiological temperature of 37oC, 

hence evaporation has to be minimized to avoid changes in cell medium concentration. This can 

be achieved by ensuring that the ambient gas has a humidity level sufficiently high. All-PDMS 

platforms also have downsides for biological applications that must be carefully considered127. 

First, hydrophobic molecules from the serum contained in the media can be absorbed into PDMS, 

thus decreasing the concentration of certain growth factors. Using high volume of media, as we 

did in Chapters 3-5, minimize this effect. Second, uncured oligomers from the polymer may 

interact with the cellular membranes. Special care was taken when mixing and curing PDMS to 

minimize their presence. 

As mention in section 1.2.3, if the effect of shear stress is not a parameter under study, 

special care is required to minimize it since physiological shear stress amplitudes are easily 

reached in microfluidics. Others physical parameters to consider when designing a microdevice 

for cell culture are the substrate stiffness and the platform topography/confinement. For 

example, mesenchymal stem cells specify their lineage and phenotypes directly according to the 
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ECM stiffness17. Also, a single geometric degree of confinement was shown to drive the formation 

of spherical cell mass (embryogenesis) in embryonic stem cells128. Finally, the biochemical 

composition of the substrate should also be taken into consideration since it is the primary 

physical link between the cell’s integrins and the microenvironment. The ECM composition in vivo 

is known as one of the most important cellular regulators129. For example, changes in biochemical 

ECM composition can lead to loss of polarity in epithelia, which in turn can increase cellular 

proliferation and drive tumor development130. Substrate functionalization in the microdevice is 

usually achieved with a fibrous protein or glycoprotein coating such as collagen and/or 

fibronectin. 

In the work presented in this thesis, cells are largely constrained to a 2D environment. It 

is known that the dimensionality of the microenvironement impacts the cellular behavior. For 

instance, fibroblasts, osteoblasts, and endothelial cells are known to reorient preferentially 

parallel to the stretching direction in 3D cultures, as opposed to the near-perpendicular alignment 

observed on membranes131. In the context of cancer development, independently of stretching, 

the importance of dimensionality is well illustrated by the case of human mammary fibroblasts 

(HMFs). Their progression was observed to be more invasive when cultured in 3D scaffolds rather 

than on 2D substrates132. This was attributed to increased levels of several paracrine factors in 

response to the former geometry. In this thesis, we focused our exploratory work on complex 2D 

strain fields in order to build upon the particularly large body of work addressing the 

mechanoresponse of cells cultured on stretched membranes. In future studies, it would be 

relevant to investigate how the cellular gradient sensing and response observed in Chapters 3-4 

hold in 3D environments. The 2D geometry of our device is biologically relevant in certain 

contexts, like in the work presented in Chapter 5 since in vivo epithelial cells form very thin layers 

enveloping organs. 

Microfluidics are indeed powerful tools to create in vitro environments exhibiting 

physiological properties such as complex strain fields. The following section presents concepts 

related to the physics of material deformations that will be particularly useful for Chapters 2 to 4. 

1.2.6 CHARACTERIZATION OF COMPLEX STRAIN FIELDS 

The intrinsically dynamic nature of living organisms gives rise to a myriad of internal forces. Since 

biological tissues are for the most part compliant materials, these forces result in deformations 
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varying from less than one percent (human bone) up to tens of percent (heart, lung)133–135.  In this 

thesis, the amplitudes of the applied deformations have been carefully determined based on 

previous in vitro studies operated under similar conditions. Amplitudes of 3-10% have been 

previously shown to induces cellular responses for both fibroblast34,136 and epithelial30,137 cells and 

are biologically relevant, as presented in Chapters 3-5. Substrate deformations can be quantified 

by mapping the strain field. A strain represents the relative deformation of a material resulting 

from an applied force. In one dimension, the strain ε of an elongated material is defined as: 

 𝜀𝜀 = 𝛥𝛥𝛥𝛥 𝐿𝐿0⁄  (9) 

where 𝛥𝛥𝛥𝛥  is the change in length and 𝐿𝐿0  is the original length. In the context of biophysical 

studies, a common strategy employed to investigate the effect of strain on cellular behaviors 

consists in growing adherent cells on a stretchable membrane. In two dimensions, in addition to 

the longitudinal strain described above, one can define the shear strain. Consider the two-

dimensional element represented by a square in Fig. 1.4a. A purely longitudinal strain would 

correspond to its elongation in X or Y while retaining four right angles. In contrast, a shear strain 

would correspond to a change in angle. The Green strain tensor can be used to described strains 

beyond one dimension. When a thin membrane is being stretched, the following equation allows 

the calculation of the Green strain components 𝜀𝜀𝑖𝑖𝑗𝑗  at a given point on the membrane138: 
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where 𝑢𝑢 is the displacement vector and 𝐻𝐻 is the position vector. Considering the two-dimensional 

element shown in Fig. 1.4b, the strain components can be approximated by: 
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where AB, AC, abx, aby, acx, acy are defined in Fig. 1.4b. It is always possible to define a coordinate 

system in which the shear strain is zero. This is accomplished by diagonalizing the Green strain 

matrix. The resulting eigenvalues correspond to the principal strain amplitudes and the 

eigenvectors give the principal strain directions. In the context of a stretched membrane, the 

maximum principal strain corresponds to the direction of maximum stretch and the minimum 

principal strain corresponds to the direction of minimum stretch (or maximal compression). The 

coordinate system of the principal strain is used to describe the strain fields in Chapters 3 to 5. 
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Figure 1.4 Strains in two dimensions. a) Deformations of a square element corresponding to a 
pure longitudinal strain and a pure shear strain. b) Definition of the lengths used in equations (11) 
and (12) for a combination of longitudinal and shear deformations. 

Due to their scale and flexibility, microdevices are highly efficient platforms for mimicking 

various aspects of the complex mechanical landscape in which cells evolve in vivo. In particular, 

the cellular microenvironment is generally non-static and non-uniform, giving rise to spatially and 

temporally varying strain gradients. Reproducing the complexity of the strain fields occurring in 

vivo does not only require achieving similar strain amplitudes but also representative strain 

gradient amplitudes. It was reported by Richardson et al.139 that strain gradients in vivo can range 

from 0 to ~102% mm-1. If one wanted to produce a constant strain gradient of 10% mm-1 over a 

membrane length of 10 cm, it would imply a strain amplitude reaching at least 1000%. Evidently 

such high strain amplitude is not representative of typical in vivo environments and would lead to 

cell death or permanent damage (reported to occur around 40% strain for red blood cells140 and 

50% strain for rat primary alveolar epithelial cells141). Furthermore, very few materials can sustain 

this amplitude of deformation. Since the gradient amplitudes achieved with a given non-uniform 

strain pattern scales inversely with the device dimension, an effective solution is to use 

microdevices. For instance, the same gradient of 10% mm-1 can be achieved with a strain varying 

smoothly between 0 and 10% over a membrane length of 1 mm. This range of strain amplitudes 

is known to induce cell responses in the context of cyclic stretching35,36,142. 
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In order to study the influence of complex strain fields on cellular behavior, we adopted 

such strategy of using microstretchers. The non-uniformity of the strain field requires a point-by-

point characterization. Specifically, for each cell, it is of primary interest to extract the local 

maximum principal strain direction (θstrain(x, y)) and amplitude (ε1(x, y)), as well as the gradient 

amplitude (|∇ε1(x, y)| ) and direction (θgradient(x, y) ). The gradient direction represents the 

direction for which the strain amplitude is changing most rapidly. The four local strain parameters 

noted above are determined directly from the local Green strain components ε xx(x,y), ε yy(x,y) and 

ε xy(x,y), as explained above. The latter are calculated with equations (11) and (12), based on the 

experimentally determined local membrane displacements upon stretching (the methodology is 

explained in Chapter 2). 

1.3 OPTICAL MICROSCOPY IN MICROFLUIDIC DEVICES 

To study the cellular response to membrane deformations, wide field phase contrast microscopy 

and confocal fluorescence microscopy were both used extensively in this work. Their working 

principles are now briefly described, along with their theoretical performances. The objective is 

to show their suitability to image the cells and cell components studied in this thesis and to 

investigate the consequence of imaging cells inside microfluidic devices.  

1.3.1 WIDE FIELD PHASE CONTRAST MICROSCOPY 

Optical contrast in standard brightfield microscopes arises from light absorption by the sample 

(naturally occurring or as a result of staining) which straightforwardly renders darker the image 

areas where the sample is more absorptive. When dealing with transparent samples such as most 

cells are, a label-free alternative can be employed: phase contrast microscopy. In the latter, 

contrast arises from variations in refractive index within the sample143,144. As the incident 

wavefront propagates through the sample, scattering objects having refractive indices different 

from the surrounding medium cause a fraction of the light to be diffracted and phase-shifted. The 

optical system is designed such as to convert these phase shifts into intensity differences upon 

interference with a reference wavefront (namely the fraction of light unperturbed by the 

scattering elements). It is worth noting that other than potentially degrading the resolution, the 

presence of a PDMS layer between the microscope objective and the cells does not affect one’s 

ability to perform phase contrast imaging.  The reason is that such object of uniform refractive 
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index will produce a uniform phase shift of the incident wavefront and it will not cause significant 

diffraction. A PDMS layer is thus essentially invisible. 

1.3.2 CONFOCAL FLUORESCENCE IMAGING 

Rather than relying on phase shifts, fluorescence microscopy involves the absorption by the 

sample of an incident photon at a given wavelength and its reemission at a red-shifted 

wavelength143. Such strategy allows high resolution imaging of specific sub-cellular structures 

upon labelling. This generally requires the attachment of fluorophores to the targeted sub-cellular 

structures. Fluorophores are fluorescent particles that have high quantum yields, i.e. a high ratio 

of number of photons emitted per number of photons absorbed. Attachment specificity is 

typically accomplished with immunofluorescence strategies which involve the use of antibodies 

to which the fluorophores are chemically linked. As mentioned in section 1.2.3, fluorescence 

staining via microfluidic channels unavoidably create shear stress on cells, thus increasing the 

chance of compromising their integrity. It is crucial to minimize perturbations to the cells in order 

to prevent immunofluorescence measurement artifacts which are associated with delocalization 

or extraction of proteins under study145. 

The capacity of scanning confocal fluorescence microscopes to acquire high-contrast and 

high-resolution images results from two key properties146. First, the fluorescence excitation is 

largely localized to a small volume within the sample due to the use of a laser and pinhole system 

that enables tight focusing. Second, only the fluorescence light emitted from the corresponding 

focal volume is efficiently collected, while the light emitted from other regions (in particular out-

of-focus light) is rejected. This is achieved by introducing a second pinhole in front of the high-

sensitivity detector. This pinhole is the conjugate of the excitation pinhole. The 2D image of each 

Z-slice is recorded point-by-point using a scanning system.  

1.3.3 RESOLUTION OF OPTICAL MICROSCOPES AND THE EFFECT OF IMAGING WITHIN A 
MICROFLUIDIC DEVICE 

The resolution of a microscope refers to the smallest distance for which two point-like objects are 

still resolvable. If the resolution of microscopes was not limited, an infinitesimal volume within 

the sample would form an infinitesimal point at the image plane. Due to the wave properties of 

light, this is not possible. The collection optics (mainly the objective) have finite apertures which 

produce a diffraction pattern.  The image of a point within the sample thus becomes spatially 
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extended at the detector. For a uniformly illuminated circular aperture, which is essentially the 

case here, the transverse profile of the diffraction pattern is the Airy function143,146. The smaller 

the aperture (or more precisely the smaller the numerical aperture (NA)), the wider the imaged 

spot is. Consequently, the images of two points that are too close within the sample will overlap 

at the detector so they will not be individually resolved. The 3D diffraction pattern associated with 

the light emanating from an infinitesimal volume within the sample is called the point spread 

function (PSF). Note that it is typically reported with respect to the object scale even if the PSF is 

formed at the image plane. The theoretical lateral (X and Y) resolution of a microscope is often 

defined as the distance between the zero-order peak of the PSF and the first minimum in the 

lateral direction. The axial (Z) resolution is expressed similarly. These definitions are based on the 

Rayleigh criterion. In practice, the analysis of the effective resolution is complexified by the 

excitation geometry and the use of pinholes, but the general ideas apply nevertheless146. In 

particular, the achievable contrast directly affects the resolvability of two closely spaced point-

like objects and thus it affects the usable resolution. For instance, the presence of significant out-

of-focus light in a widefield microscope strongly limits one’s ability to use the theoretically 

available resolution, in contrast to a confocal microscope. 

The theoretical diffraction-limited lateral resolutions of a wide-field microscope can be 

estimated by the following equation143: 

 𝑟𝑟𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙_𝑤𝑤𝑤𝑤 ≈ 0.6
𝜆𝜆
𝑁𝑁𝑁𝑁

 

 
(13) 

where 𝜆𝜆 is the wavelength of the source. The numerical aperture is defined as 𝑁𝑁𝑁𝑁 = 𝑛𝑛𝑛𝑛𝑛𝑛𝑛𝑛(υ), 

where n is the refractive index of the immersion medium and υ is the half angle of the objective’s 

acceptance light cone. Using a common 𝑁𝑁𝑁𝑁 = 0.6 water immersed objective operated with green 

light (𝜆𝜆~0.5 𝜇𝜇𝜇𝜇), the theoretical optimal lateral resolution of a wide-field microscope is on the 

order of 0.5 μm, well below the typical width and length of adhered cells. Consequently, even if 

the resolution is lower than the above estimate in practice, it is fully sufficient to resolve the 

cellular morphology. Along with the elements discussed in section 1.3.1, this makes the phase 

contrast microscope well suited to study the lateral morphology of living cells cultured on a flat 

surface within the microfluidic devices. Due to the lack of specificity and poor effective axial 

resolution of this microscopy technique, it is not always suitable however for imaging some sub-

cellular components.  
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The theoretical diffraction-limited lateral and axial resolutions of a confocal microscope 

(with an optimally selected pinhole size) can be estimated by the following equations143: 

 𝑟𝑟𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙𝑙_𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐 ≈ 0.4
𝜆𝜆
𝑁𝑁𝑁𝑁
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 𝑟𝑟𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎𝑎_𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐 ≈ 1.4
𝑛𝑛𝑛𝑛
𝑁𝑁𝑁𝑁2
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Using a 1 NA water immersed objective operated with green light, the theoretical optimal lateral 

and axial resolutions are on the order of 0.2 μm and 0.8 μm, respectively. The full width at half 

maximum (FWHM) of the PSF’s zero-order peak is similar (within 20%) to the resolution as defined 

above147. Experimentally, the PSF (and thus the resolution) of fluorescence microscopes is often 

determined by measuring the profiles of fluorescent beads which diameters are significantly 

smaller than the resolution. The lateral and axial resolutions are then directly determined (upon 

deconvolution) from the FWHMs of the corresponding measured profiles.  

When imaging structures having dimensions as small as a few microns or less (such as the 

FAs and the F-actin, both imaged in the studies presented in Chapters 3 to 5), sub-micron 

resolution is evidently desired laterally. Importantly, an axial resolution on the order of 1 micron 

is also required to isolate the plane of interest for achieving a high signal-to-background ratio. 

This is crucial for properly imaging fine structures and for studying with good precision the height 

profile of various structures in cell population. A confocal microscope is thus well suited as long 

as aberrations do not significantly worsen the theoretical estimates mentioned above.  

Optical aberrations typically cause the experimental resolution to be lower than the 

above diffraction-limited estimates. Microscope objectives are designed to minimize aberrations 

for specific immersion media such that near-diffraction limited imaging can be achieved under 

optimal conditions. The presence of a layer having a different refractive index between the cells 

and the microscope objective negatively impacts the resolution, in particular axially. This can be 

attributed largely to the introduction of spherical aberrations which cause the focal volume 

associated with both the excitation and the fluorescence collection to be elongated axially (and 

to a lesser extent laterally) (Fig. 1.5). Multilayer all-PDMS devices typically introduce such a 

refractive index mismatched layer (nwater ≈ 1.33, nPMDS ≈ 1.42)148, strongly compromising the 

confocal imaging performances achieved within them. Such degradation in resolution is 
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quantified in Chapter 4 (section 4.3.1 and 4.3.2), and the microfabrication strategy developed to 

overcome this issue is presented. 

 

Figure 1.5 Spherical aberration. Impact of introducing of a planar slab of material between the 
cells and the objective of a confocal microscope. From a ray optics point of view, the objective is 
designed such as to converge all the incident rays towards a single point for a given immersion 
medium (left). Similarly, the light transmitted through the detector pinhole is meant to originate 
from this single point also. Upon introduction of a slab of material having a mismatched refractive 
index, refraction causes the inner and outer rays to converge at different points. This elongates 
and smears out the focal volume, strongly affecting the resolution, in particular axially (right). 
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CHAPTER 2 | CELL STRETCHING MICRODEVICE 

This chapter is a summary of my contribution to the following article, together with additional 

technical information (note that the manuscript is not included in this thesis): 

Tremblay D., Chagnon-Lessard, S., Mirzaei, M., Pelling, A.E., Godin, M. A microscale 
anisotropic cell stretching device for applications in mechanobiology. Biotechnology 
Letters 36, 657-665 (2014). 

The main advance discussed in this article is of a technical nature; it presents the design and 

characterization of a cell stretching device mimicking the cells’ microenvironment by producing 

biologically relevant strains. The present chapter focuses on the methodology and techniques that 

I have employed both for my contribution to this article and for the subsequent work presented 

in Chapter 3 to 5. 

 The initial device design and fabrication strategies published in Tremblay et al.44 were 

conceived by Dr. Godin,  Dr. Mirzaei, and Dr. Tremblay. Sections 2.2 and 2.3 briefly presents this 

design and its working principle, as well as the standard microfabrication strategies we employed. 

Dr. Tremblay and I both fabricated a large number of microdevices to carry out the experiments 

of this paper.  One proof-of-concept experiment (performed by Dr. Tremblay) is included in the 

paper (but not showed in this chapter). Importantly, the article also demonstrates the technical 

capabilities of the device44. This work represents most of my contribution to the article and is 

summarized in sections 2.4 and 2.5 of this chapter. The experimental control system that I have 

assembled to perform the device characterization experiments is first briefly discussed (section 

2.4). Section 2.5 presents the strain calibration curves of the εxx and εyy components as well as a 

map of the membrane strain amplitude. This section also includes details of the methodology that 

I have employed to obtained these results, including data acquisition, extraction and processing. 

I have also performed the work (experiments and analysis) related to the attenuation of the 

Poisson ratio effect in the central region of the stretched membrane. The resulting strain 

calibration curves are presented in section 2.5. They show that the effect of the Poisson ratio can 

be greatly compensated by programming a specific stretching pattern by activating both the X 

and Y axes simultaneously. 

 Following the publication of the paper by Tremblay et al.44, I modified the initial device 

design to improve its efficiency and capabilities such as to enable the studies presented in the 
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Chapter 3 to 5. Section 2.6 presents this modified design, while the details of its fabrication and 

imaging capabilities are given in Chapter 4. 

2.1 EXPERIMENTAL TOOLS TO ASSESS CELLULAR MECHANICAL PROPERTIES 

A rapidly growing body of work shows that cellular responses to mechanical stimuli constitute 

regulatory mechanisms of many fundamental biological functions1,13,56,149,150. Better 

understanding these mechanisms can uncover the cause of certain human pathologies since many 

are related to defects in mechanotransduction4,5. The development of a cell stretching device 

reproducing in vivo strains more accurately is part of this effort by filling a technology gap. 

To mechanically stimulate and probe cells and their microscopic components, many 

experimental tools have been developed with resolution ranging from microns to picometers25,29. 

To name a few, they include atomic force microscopy (AFM), Brillouin spectroscopy, optical 

stretchers, and magnetic/optical tweezers that enable precise manipulations and/or mechanical 

quantifications of diverse biostructures104. Common difficulties encountered during this type of 

measurements are: i) the influence of the experimental tool itself on the mechanical state of the 

specimen under study, ii) low throughput due to the complex sample preparation or tool 

utilization, and iii) some tools require to expose cells to condition that are far from physiological. 

It is relevant here to consider the case of optical stretchers, which enable controlled 

deformation of suspended cells. In this method, the micromanipulation of a cell or another 

dielectric material allows for precise determination of its viscoelastic properties151. The photons 

of two slightly divergent laser beams coming from opposite directions transfer momentum to the 

surface of the object, generating surface forces. The net force on the object is zero, but the surface 

forces are additive, leading to cell stretching along the beam axis152. While cells in optical 

stretching experiments are easily characterized over their whole body, they have to be suspended 

in solution which represents an unusual condition for most cell types. 

The motivations for using microfluidic stretchers have been outlined in Chapter 1. Above 

all, their small scale can naturally give rise to complex, biologically relevant non-uniform strain-

fields45.  The benefits of using microfluidics also include the potential for performing high-

throughput screening experiments while using low reagent quantities, the ability to integrate 

multiple on-chip functions, and lower risk of contamination. Various strategies are currently 



33 

employed to cyclically or statically stretch adhered cells in microdevices153: piezoelectric 

actuations, electromagnetic actuation, and pneumatic actuation. Piezoelectric actuation can 

generate a broad range of stretching amplitudes with high precision154. However, this stretching 

strategy generally requires a direct contact with cells, thus limiting its versatility. Electromagnetic 

actuation methods employ controlled electromagnetic motors to stretch the cells’ substrate155. It 

offers high stretching precision with a relatively simple setup. The disadvantages include 

overheating and potential contamination that originate from the lubrification. Finally, pneumatic 

actuation is particularly simple, it can be integrated at low costs, and it generally involves no 

contact of potential actuator-related contaminants with the cells or the media 11,153,156. Precise 

calibration is required to ensure that the applied pressure results in the desired strain amplitude 

for every device. In this context, the degree of uniformity among the devices’ performance is 

critical. Therefore, well-developed and precise microfabrication protocols were elaborated in this 

work to ensure consistency. 

The devices presented in this chapter builds upon previously reported pneumatic-based 

microstretchers developed by Huh et al.11, Kim et al.157, and Huang et al158. In contrast to previous 

designs, however, our microstretcher can impose changing and time-varying non-uniform strain 

fields with independent bi-axial control. This advance enables to better mimic the complexity 

occurring in vivo. 

2.2 WORKING PRINCIPLE AND FIRST DESIGN 

The microfluidic stretcher which we developed consists of a multi-layer PDMS device. It includes 

a suspended 10 μm thick deformable membrane on which the cells are cultured. This membrane 

is sandwiched between two thicker layers which exhibit precise patterns forming chambers and 

channels (Fig. 2.1a,b). Cells are seeded via microfluidic channels which are connected to the cell 

chamber. To stretch the cells, low pressure is applied cyclically to one or multiple vacuum 

chambers (typically a sinusoidal waveform is applied synchronously to two opposite vacuum 

chambers). The working principle is presented in Fig. 2.1c,d, which shows schematics and pictures 

of the relaxed and stretched states. Upon application of partial vacuum in the chambers, the walls 

are deformed inward which pulls on the thin membrane, hence stretching the adhered cells. A 

similar working principle was employed in the previous designs from which our device was 

inspired, as well as in our second design which will be discussed in section 2.6 and in Chapter 4. 
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Figure 2.1 Microfluidic cell stretcher design and working principle. a,b) Cross-section presenting 
the three PDMS layers forming the device. Low pressure is applied to the red channels to deform 
the thin walls in which the membrane (10 μm thick) is anchored. The four vacuum chambers 
(circled ‘‘L’’ indicates low pressure) allows to stretch independently the four sides of the square 
cell chamber (800 mm x 800 mm). A picture of an assembled device (inset of a)) exhibits the 
microfluidic tubes allowing cell seeding (top channel in red) and media flowing (bottom channel 
in blue) to equilibrate pressure. c) Representative top view images of the membrane before and 
after vacuum activation (in two oppositely-located vacuum pumps). The adhered cells are human 
fibroblasts. d) The working principle is depicted via schematics of the side view, in both the relaxed 
and stretched states. Adapted from44. 

2.3 MICROFABRICATION 

The microstretcher described above is fabricated with standard lithography and PDMS replication 

procedures. The key steps are briefly described below. For the most part, the modified 

microstretcher described in section 2.6 and in Chapter 4 utilizes the same fabrication steps, except 

for a few additional procedures which is outlined therein. 
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As mentioned previously, the microstretchers are made entirely of PDMS, a rubber-like 

biocompatible elastomeric polymer essentially transparent in the visible region159. The bottom 

and top layers of the device are produced by casting PDMS into master molds that are fabricated 

by proximity photolithography. Robust fabrication methodology insured high platform 

reproducibility. Precise protocols were elaborated, for example to achieve consistent master 

mold features and PDMS shrinkage. 

2.3.1 MASTER MOLD FABRICATION 

First, the patterns are designed in a graphics software and printed to scale (CAD/Art Services, Inc) 

onto a transparent sheet of plastic. This photomask is used as a pattern generator during the 

master mold fabrication. A magnified view of the photomask used to produce the modified 

microstretcher is shown in Fig. 4.6a of Chapter 4. 

The master mold is composed of two layers: a polished silicon wafer which acts as an 

ultra-flat substrate, and a photosensitive polymer which forms the features. The master mold 

fabrication begins with thorough chemical wet cleaning and baking in order to remove 

contaminants and adsorbed water160. Contaminants can be detrimental in various ways, including 

with respect to pattern quality and adherence. A spin coater is then employed to spread one (or 

multiple) uniform layer(s) of permanent epoxy-based negative photoresist (MicroChem, SU-8) 

onto the silicon wafer. Evaporation of most of the solvent is then achieved by a baking step called 

soft-bake. A mask aligner is utilized to bring the resist-covered wafer in contact with the 

photomask and expose the assembly under UV light. This results in cross-linking of the unmasked 

photoresist regions, rendering them insoluble. Optimal exposure parameters are required to 

obtain vertical side walls161. It is interesting to note that the high reflectivity of the silicon wafer 

results in the creation of a standing wave due to the interference of the incident and reflected 

light during exposure162. Post-exposure baking promotes diffusion of photo-generated molecules 

in order to smooth out potentially undesired cross-linking modulations. During the development 

process, the prescribed solvent etches away the soluble (non-exposed) regions, while the stable 

cross-linked (exposed) regions are left intact. It is worth noting that although passive immersion 

is typically prescribed, we recently found that the deep and narrow trenches in our design are 

much better developed by attaching the master to a stirring bar (400 rpm). A final baking step, 

the hard bake, hardens the resist, reduces surface cracks, and helps with overall feature adhesion. 



36 

Finally, silanization of the master mold is performed in a vacuum chamber to deposit an 

antiadhesive layer to facilitate the eventual PDMS unmolding. Fig. 2.2 summarizes the steps 

described above. 

 

Figure 2.2 Fabrication of the microstretcher. Main steps to produce the master mold (left) and 
the PDMS microfluidic device (right). 

2.3.2 MOLDING OF THE TOP AND BOTTOM LAYERS, MEMBRANE FABRICATION, AND DEVICE 
ASSEMBLY 

PDMS molding is now outlined. After standard mixing and degassing steps, uncured PDMS is 

poured over the SU-8 master mold. It is then further degassed (air removal) prior to being 

thermally cured. Demolding, cutting, and hole punching complete the preparation of the top and 

bottom layers of the device prior to assembly. 

The 10 μm thick membrane (which will eventually serve as the stretchable cell substrate) 

is prepared by spin coating uncured PDMS (mixed with fluorescent microspheres, see section 

2.5.1) onto a cleaned, salinized silicon wafer. After curing, the membrane is plasma treated, 
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together with the bottom layer, in order to render their surface chemistry suitable for strong bond 

formation160. Namely, oxygen plasma treatment turns a fraction of the methyl groups (CH3; low 

reactivity) into hydroxyl groups (OH; high reactivity) on the PDMS surfaces. After permanently 

bounding the membrane and the bottom layer, strategic membrane holes are perforated. Finally, 

further plasma treatments and the use of an alignment system insure strong adhesion and precise 

positioning of the top layer onto the membrane-bottom layer. 

2.4 EXPERIMENTAL CONTROL SYSTEM 

The major components of the experimental control system employed to operate the 

microstretchers are schematically depicted in Fig. 2.3. There are two principal functionalities: 

regulation of the rate of fluid flow in the microfluidic system and control of the strain pattern 

generated on the membrane. A home-made labview program† is used to the control pressure 

regulators and vacuum controllers, as well as to read the vacuum sensors via data acquisition 

cards (DAQs). Various circuit elements (not shown) are included to provide accurate voltage levels 

and ensure stability of these apparatuses. The precise control of the flow rate via pressure 

regulators permits cleaning operations, membrane functionalization, cell loading, drug and media 

loading, cell fixing, and staining. These procedures are usually performed under a phase contrast 

microscope, while the cyclic stretching experiments are run inside an incubator (a commercial 

instrument or portable home-made version when time-lapsed microscopy is needed). The 

pressure within the vacuum chambers is precisely controlled (and monitored) in order to achieve 

the desired membrane strain direction, amplitude, waveform frequency and shape, etc. 

                                                           

 

 

† Adapted from the initial version written by D. Tremblay. 
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Figure 2.3 Experimental control system to operate the microstretcher. The top branch controls 
the rate of the fluid flow in the microfluidic channels. The bottom branch controls the pressure 
applied to the vacuum chambers to stretch the membrane. The experiment preparation is usually 
carried out under a microscope while the experiment itself is run inside the incubator for optimal 
temperature, humidity, and ambient gas composition.  

2.5 CALIBRATION OF THE MEMBRANE STRAIN FIELD 

The strategy adopted to extract the membrane strain field consists in tracking the displacements 

of embedded fluorescence beads upon a complete stretched cycle. 

2.5.1 EXPERIMENTAL METHOD 

Water-suspended beads (FluoSpheres 200 nm, Invitrogen) are first re-suspended in isopropanol 

using standard vortex, centrifuging, and sedimentation procedures. The beads are incorporated 

in the PDMS curing agent using a vortex, prior to adding and mixing the monomers. This mixture 

is used to fabricate the membrane, which is then integrated to other layers such as to form a 

complete device as outline in section 2.3.2. The experimental control system described in section 

2.4 is employed to stretch the membrane while the bead positions are monitored using an 

epifluorescence microscope (10X objective). Ten frames are acquired as the system is 

programmed to evolve stepwise from the unstretched (relaxed) state to the fully stretched state.  
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2.5.2 IMAGE ANALYSIS 

The bead displacements are extracted from the experimental series of images in order to apply 

the strain equations (11) and (12) provided in Chapter 1. A standard image analysis program, 

Image J (general purpose Particle Tracker tool), was first tested. While it was possible to find 

settings enabling the successful monitoring of a large fraction of the bead displacements, a non-

negligible number of errors systematically prevented the accurate construction of the strain 

maps. The main issues encountered resulted from the bead-to-bead intensity variations, the 

frequent occurrence of multiple beads in close proximity, and the slight changes in bead intensity 

profiles from one image to the next. These factors resulted in the loss or artificial separation of 

certain particles upon threshold application (even if local thresholding was applied), and more 

generally they resulted in tracking errors. A custom bead-tracking program, integrated to the 

subsequent strain calculations, was written in Matlab to tailor the analysis to the specificities of 

our experimental data. In particular, it benefits from using gaussian fits as well as a large number 

of carefully optimized bead identification and bead tracking criteria. 

A representative map of extracted bead paths is shown in Fig. 2.4, for X-stretching. In 

addition to the dominant horizontal displacement, we note a small vertical component despite 

the fact that only the horizontal pumps are activated. Orthogonal compression upon uniaxial 

stretching is typical of deformable membranes. It is characterized by the Poisson ratio 

(−εlateral/εaxial)163, which is known to greatly influence the orientation of certain cell types142. 

For strains below 45%, the Poisson ratio of (unconstrained) PDMS is reported to be approximately 

0.5159,164. The interpolated horizontal displacement map averaged over 5 devices is also shown in 

Fig. 2.4. Using such maps, the strain field can be directly calculated from equations (11) and (12). 

Additional details about the strain map calculation are given in sections 3.3.1 and 3.3.6. 
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Figure 2.4 Method for calculating the strain field. 1) The cell microstretcher’s membrane is 
stretched using the desired vacuum chambers while the beads are imaged using a fluorescence 
microscope. 2) Each bead profile, in every frame, is characterized using a gaussian fit to facilitate 
the particle identification during tracking. 3) Using a series of criteria, the displacement of each 
bead is monitored from the relaxed to the fully stretched states. The fluorescent beads are shown 
in blue and their displacements in red. 4) From the collection of paths obtained in 3), interpolation 
and averaging allow to get a full map of bead displacements (only the X-displacement map is 
shown here). 5) The complete strain field can then be calculated. The principal strain amplitude 
ε1(x,y) is represented here by the colormap. The black lines show the local direction and amplitude 
of the maximum principal strain, while the pink lines show the local direction and amplitude of 
the strain gradient. 

2.5.3 CALIBRATION CURVES 

Fig. 2.5 shows the near-linear relationship obtained between the pressure applied to the vacuum 

chambers and the average strain in the central region of the membrane, upon synchronized 

activation of the left and right pumps. Varying the air pressure with a given waveform thus 

translates into a membrane strain of similar waveform, thus facilitating the control of the strain 

modulation. It is also interesting to note that our device can greatly attenuate the orthogonal 
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compression resulting from uniaxial stretching in cases where purely uniaxial deformations are 

wanted. This is enabled by our independently controlled bi-axial design. Explicitly, it is 

accomplished by activating slightly the orthogonal vacuum pumps in order to compensate for the 

orthogonal compression generated by the principal stretching (Fig. 2.5). While this capability is 

useful in various context, we did not pursue this avenue since our primary interest is to study cell 

behavior in a strain field that mimics the complexity occurring in vivo. 

 

Figure 2.5 Calibration of the average membrane strain amplitudes (𝜀𝜀xx and 𝜀𝜀yy components). The 
averaged area is limited to the central ~ 20%. The deformation of the PDMS membrane is 
displayed as a function of the pressure applied to the low-pressure chambers, for horizontal 
stretching in a) and vertical stretching in b). The average non-zero orthogonal compression in this 
region is determined by the PDMS’ Poisson ratio and the specific geometry of the system. This 
orthogonal compression can be almost completely eliminated by slightly activating the low-
pressure chambers that are orthogonal to the principal stretching direction. In c), the principal 
stretching direction is horizontal (red x-axis) and the orthogonal stretching direction to 
compensate the compression is vertical (blue x-axis). Adapted from44.  
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2.6 DEVICE DESIGN MODIFICATIONS 

The first version of the device enabled successful proof-of-concept experiments and set the 

ground for the following studies. However, various issues were encountered in subsequent work, 

limiting our ability to perform comprehensive biological investigations. Depending on the 

specificities of the biological system under study, using a permanently closed microfluidic device 

can introduce various difficulties. Upon seeding, two factors often result in the premature 

abortion of the experiment. First, it is difficult to achieve a precise cell density and uniform 

spreading. Second, the occurrence of clogging is frequent when a high cell density is required. Cell 

fixing and staining are also prone to be compromised in a purely microfluidic device. Reasons 

include the very large number of steps required, the need for precise and uniform exposure to 

the solutions, and the unavoidable occurrence of non-uniform shear stresses. Overall, the 

experimental data throughput achieved with our first design was relatively low in practice, in 

particular considering the small size of the cell chamber and the fact that experiments were done 

individually. Finally, while suitable for phase contrast microscopy, the presence of a PDMS layer 

in the optical path reduces significantly the resolution achievable in a confocal microscope. This 

is explained and characterized in Chapter 4.  

The challenges and shortcomings described above led to the modification of the initial 

design. The development of this improved platform was required to perform the studies 

described in the following three chapters of this thesis. Below is a summary of the design 

modifications implemented to achieve higher experimental throughput and better imaging 

capabilities: 

• Ability to switch from a close- to an open-top device: The principal improvement consists 

in modifying the cell chamber geometry by extending its height such as to leave a thin 

layer (~200 μm) of PDMS as a top sealant (Fig. 2.6). This membrane can be removed with 

tweezers at any point during the experiments: at the beginning for complex cell seeding 

procedures, or rather just before cell staining/imaging to decrease the non-uniformity of 

the shear stress on the cells and to increase the imaging resolution. This design 

modification results in increased adaptability of the device such that it can be tailored to 

meet specific experimental requirements. Additional details on the strategies developed 

to resolve the associated fabrication challenges are given in Chapter 4. 
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• Scaling up the cell chamber size: The area where the cells are cultured and stretched is 

increased by a factor 4. 

• Implementation of an array: 4 microstretchers are integrated into a single chip. The 

photomask design of the top PDMS layer is presented in Fig. 4.6 of Chapter 4. 

 

Figure 2.6 Adaptability of the modified design. Note that the device can be made open-top at 
any step along the course of the experiments, including in step 1), in order to facilitate complex 
cell seeding procedures. 
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CHAPTER 3 | CELLULAR ORIENTATION IS GUIDED BY STRAIN GRADIENTS 
 
Manuscript published in Integrative biology on May 23rd 2017. The supplementary information 
is presented in Appendix A. Reproduced with the permission from: 
  
Chagnon-Lessard, S., Jean-Ruel, H., Godin, M., Pelling, A.E. Cellular orientation is guided by 
strain gradients. Integrative Biology 9, 607-618 (2017). 
 
Copyright 2017, Royal Society of Chemistry (RSC) Publishing. 
 
 
Motivation/objective: Having fully characterized and optimized the microstretcher, we apply 

its complex non-uniform strain field to human fibroblasts in cyclic stretching experiments. A 

point-by-point analysis of the cellular response as a function of the local strain allows to 

understand and decouple the effect of different strain components on the cell behavior. 

 

 
 

3.1 ABSTRACT 

The strain-induced reorientation response of cyclically stretched cells has been well characterized 

in uniform strain fields. In the present study, we comprehensively analyze the behavior of human 

fibroblasts subjected to a highly non-uniform strain field within a polydimethylsiloxane 

microdevice. Our results indicate that the strain gradient amplitude and direction regulate cell 

reorientation through a coordinated gradient avoidance response. We provide evidence that 

strain gradient is a physical cue that can guide cell organization. Specifically, our work suggests 

that cells are able to pinpoint the location under the cell of multiple physical cues and integrate 

this information (strain and strain gradient amplitudes and directions), resulting in a coordinated 

response. To gain insight into the underlying mechanosensing processes, we studied focal 

adhesion reorganization and the effect of modulating myosin-II contractility. The extracted focal 

adhesion orientation distributions are similar to those obtained for the cell bodies, and their 

density is increased by the presence of stretching forces. Moreover, it was found that the myosin-

II activity promoter calyculin-A has little effect on the cellular response, while the inhibitor 

blebbistatin suppresses cell and focal adhesion alignment and reduces focal adhesion density. 
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These results confirm that similar internal structures involved in sensing and responding to strain 

direction and amplitude are also key players in strain gradient mechanosensing and avoidance. 

3.2 INTRODUCTION 

A rapidly growing body of evidence has established that mechanical forces and force gradients 

can act as key drivers of biological processes at the molecular, cellular, and organismal 

scales13,149,150,165–167. The web of interactions between the cell and its microenvironment involves 

a complex interplay between mechanical forces and biochemical signals. These interactions are 

made possible by the cell’s ability to sense external mechanical cues, transduce them into 

intracellular biochemical signals, and generate short and long-term responses that orchestrate 

crucial cellular functions. Such mechanisms have been reported to be involved in the regulation 

of a variety of cellular functions such as cell migration, division, apoptosis, differentiation, and 

gene expression56. 

Another relevant example, which has become a case study for mechanosensitivity and 

response, is cell reorientation under cyclic stretching. Such stretching is experienced by cells in 

vivo during many processes including the pumping of the heart, the contraction of the muscles, 

and the expansion of the lungs. Through tissue matrix deformations and cytoskeleton-adhesion 

interfaces, many cell types are thus cyclically stretched, including human fibroblast12. It has been 

shown in numerous studies that adherent cells subject to cyclic uniaxial strain via a deformable 

extracellular matrix reorient themselves approximately perpendicularly to the strain direction to 

a degree that depends on the strain amplitude30,34–41,44,68. This was observed for frequencies above 

~0.1 Hz, although the characteristic time of the response was found to be frequency dependent34. 

Over the last few decades, different models and refinements have been proposed to describe 

cellular reorientation and explain the underlying mechanisms behind this phenomenon35,36,142,168–

171. It is also well established that the cytoskeletal and FA dynamics are central to this process, as 

they form the contractile and mechanosensing machinery. Specifically, the disruption of 

contractile activity can lead to the inhibition of cellular alignment172–174. Nevertheless, a complete 

understanding of the mechanism by which applied physical forces influence the FA structures and 

the cytoskeletal remodeling, individually and as concerted dynamics, has yet to be reached59,175–

177. 
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Simple strain fields can be approximated as being uniform, i.e. with a constant strain 

amplitude as well as a non-varying strain direction. In contrast, in complex non-uniform strain 

fields, the strain amplitude and potentially the strain direction vary spatially. This gives rise to a 

strain gradient field, also described by a specific gradient amplitude and gradient direction at each 

spatial location. In the majority of cases, advancements in the field have been achieved by using 

simplified substrate strain fields30,34–40. More recently, various other studies have employed 

ingeniously designed macro-devices with stretchable membranes that generate non-uniform 

strain amplitudes, both in the context of static and cycling stretching41–43,139,178–183. In a few 

cases41–43, this approach allowed for the successful analysis of cell reorientation (among other 

responses) as a function of the strain amplitude over a single non-uniformly stretched membrane. 

In most cases, the strain field is examined with reference to the average principal strain direction, 

taken as the x- or y-axis, therefore ignoring local variations in strain direction. Moreover, the strain 

gradients that arise in non-uniform and complex strain fields are rarely considered. Importantly, 

in all of these studies, strain gradient dependence was not reported in the context of cell 

reorientation.  

While simple systems generating uniaxial stretching have the benefit of isolating specific 

mechanical cues, they do not reproduce the complexity and the non-uniformity of the strain fields 

occurring in vivo179,184,185. Moreover, the strain gradients in the body span multiple orders of 

magnitude (~100-102 % mm-1)139 and are oriented along multiple directions with respect to the 

principal strain. Importantly, it is known that cells are able to sense chemical gradients186 as well 

as substrate stiffness gradients187, which were both demonstrated in the context of preferential 

cell migration. Therefore, we hypothesize that the strain gradient plays a key role in the 

phenomenon of cellular reorientation in non-uniform strain fields. Such a finding would imply that 

cells are able to sense multiple components of a complex strain field (amplitude and direction of 

the principle strain and strain gradient) and integrate these diverse mechanical cues in their 

response.  

Here, we present a PDMS stretching microdevice (an earlier version of which was 

reported previously 44) that allows for the generation of a highly non-uniform strain field across 

the membrane surface, non-uniform principal strain directions, and non-uniform gradients. The 

necessity for a microdevice arises from the need for generating significant strain gradient 

amplitudes on the cellular scale while maintaining a maximum strain amplitude of approximately 
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10%. This falls in the amplitude range known to induce cell alignment following cyclic 

stretching35,36,142. Therefore, the design of our microdevice allows us to mimic complex in vivo 

physical forces that can play a critical role in cell biology. 

Comprehensive analysis of human foreskin fibroblast (HFF) cell reorientation under cyclic 

stretching in the device employed in this study indicates that the final orientation of the cells is 

determined by both the strain and the strain gradient fields experienced by the cells individually. 

We found a strong correlation between the strain amplitude and the degree of cell normal 

alignment with respect to the principal strain direction (i.e. the degree to which the elongation 

axis of the cells aligns perpendicularly to the principal strain direction). More importantly, we 

were able to clearly demonstrate a similar correlation between the strain gradient amplitude and 

the degree of cell normal alignment with respect to the maximum principal strain gradient 

direction. To further investigate this cellular behavior under cyclic non-uniform anisotropic strain, 

we examined the influence of the myosin-II activity on the cell reorientation as well as on the FA 

density and orientation. Under our experimental conditions, we discovered that the effect of the 

stretching force alone leads to a slight increase in FA density, while their orientation follows the 

direction of cell elongation. We also show that myosin-II contractility is a major player of the 

phenomenon of cell sensitivity to strain gradients arising in complex cyclic strain fields. 

3.3 RESULTS 

3.3.1 DESCRIPTION OF THE MICRODEVICE’S NON-UNIFORM ANISOTROPIC STRAIN 

In order to produce biologically relevant strain gradients with directions that are decoupled from 

those of the strains, we developed a PDMS stretching microdevice. A schematic of this device is 

presented in Fig. A.1 (Appendix A), and details of its fabrication, working principle, and thorough 

characterization are provided in section 3.6 and in the Appendix A. At any position on the 

membrane, the direction and the amplitude of the maximum principal strain ε1(x,y) (maximum 

stretch) were extracted. The non-uniformity of the maximum principal strain gives rise to a 

gradient, ∇ε1(x,y), which can also be described by an amplitude and a direction. This amplitude 

represents the local rate of change of the maximum principal strain amplitude, and its direction 

points toward that of greatest change. Fig. 3.1 provides a visual guide to the key parameters 

involved in the cell orientation analysis. The underlying color map of Fig. 3.1a is that of the 

maximum principal strain amplitude profile ε1(x,y). In Fig. 3.1b, the lengths and directions of the 
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blue lines represent the maximum principal strain vector ε1(x,y), amplitudes and directions 

respectively (Fig. 3.1b). ε1 is maximal near the top and bottom vacuum pumps (not shown) and is 

relatively constant in the central region. The red lines represent the amplitudes and directions of 

the gradient ∇ε1(x,y). The gradient directions are orthogonal to the lines of strain equi-amplitude 

(color lines in the amplitude map). It should be noted that the effect of the gradient on the cellular 

reorientation is most likely to be observed where the gradient amplitude is large while the strain 

amplitude is low, such as near the corners. 

The complex strain field generated by this device enables the differentiation between the 

cellular response induced by the strain field and that induced by the strain gradient field. Many 

previous studies have employed a largely uniform and anisotropic strain, which allowed them to 

report the data on a fixed axis30,35–40. In our case, the non-uniformity of the field requires a 

different analysis method. Since the maximum principal strain direction varies, the cell orientation 

angle with respect to a single arbitrary axis are inappropriate if cells from different locations on 

the membrane are to be included in the same analysis. This is especially important when the 

gradient direction is considered in the description of cell orientation. In the sections that follow, 

the orientation of the cell normal is computed against either the local maximum strain orientation 

or against an empirical model that we have developed that considers both the local strain and its 

gradient. The definitions of the different angles used in the analysis are summarized in Fig. 3.1c. 

 

Figure 3.1 Description of the non-uniform anisotropic strain field and of the angle definitions. 
a) Color map of the experimentally determined maximum principal strain amplitude ε1(x,y) across 
the 1.6 mm wide square membrane. A phase contrast image of adhered HFF cells on the 
microdevice membrane is overlaid on the strain map. The cells have been subjected to 11 hours 
of vertical cyclic stretching at 1 Hz. They do not simply reorient away from the strain direction 
(mainly vertical as seen in b) but they rather largely follow lines of equal strain amplitude. Note 
that the presented area is cropped slightly to exclude the potential edge effects (8% wide on each 
side). The scale bar is 350 μm. b) A representation of the amplitude and direction of the maximum 
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principal strain (blue lines) and its gradient (red lines) is displayed. c) Scheme of a fictional cell 
located in the bottom right corner of the device (dotted square shown in b) presenting the 
definitions of the angles used in the analysis. The angles Δθmodel  and Δθstrain  are used to 
construct the reorientation histograms. Note that the relative weight of θgradient and θstrain to 
obtain θmodel depends on their relative amplitude, as explained in the main text. 

3.3.2 CELL REORIENTATION DEPENDS ON BOTH THE STRAIN AND THE STRAIN GRADIENT FIELDS 

Multiple experiments were performed to investigate the reorientation behavior of HFF cells. Fig. 

3.1a shows a representative image of adhered cells on the membrane embedded in the 

microdevice after 11 hours of cyclic stretching with the non-uniform strain field. The cells were 

initially randomly oriented (not shown), and after cyclic stretching they were approximately 

perpendicular to the maximum strain direction in the region of constant strain (central region). 

Interestingly, outside of the central region, the cell orientations approximately followed the 

underlying color map, which represents the principal strain amplitude profile. More specifically, 

they appeared to align preferentially along lines of equal strain amplitude. In other words, they 

seemed aligned perpendicularly to the strain gradient direction, especially in the region of strong 

gradient amplitude (rapid change of color). 

Fig. 3.2a-c (excluding the inset of a) present the histograms of the angle differences 

between the cell normal directions and the principal strain directions (Δθstrain) considering three 

different regions of the membrane. The full membrane surface is examined in Fig.3.2a while only 

the regions of high strain amplitude (> 7%) are analyzed in Fig. 3.2b, which correspond to the 

vacuum pump neighboring regions (orange and red regions in Fig. 3.1a). The histogram of Fig. 3.2a 

confirms that the cells largely reoriented perpendicularly to the strain direction and the larger 

degree of alignment observed in Fig.3.2b shows that this reorientation is sensitive to the strain 

amplitude. In contrast, Fig. 3.2c considers regions of simultaneously high gradient amplitude (> 

7% mm-1) and low strain amplitude (< 5%) (green and turquoise regions near the corners of Fig. 

3.1a). Under these conditions, a decrease in cell normal alignment with the strain direction is 

observed, suggesting that this description is incomplete. In particular, in these regions, the cell 

normal directions seem to depart from the principal strain directions and align partly with the 

gradient directions. It should be noted that in our device, the principal strain and gradient 

directions are largely decoupled, allowing this observation. 
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In an attempt to describe the cell reorientation under such a complex strain field, a simple 

empirical model was used. Building on our results and recurrent observation that cells seem to 

align largely with equal strain amplitude lines, we incorporate the following ideas: i) cellular 

avoidance of stretching (strain) in regions of strong applied strain amplitude and ii) cellular 

avoidance of strain gradient in regions of strong applied gradient amplitude (identified in this 

paper). To take into account these effects, we consider the simplest empirical model possible, 

namely a linear combination of θstrain(x, y) and θgradient(x, y) weighted by the strain amplitude 

ε1(x, y)  and the strain gradient amplitudes |∇ε1(x, y) |, respectively. To investigate our data, the 

following equation is thus suggested to express the preferential orientation of the cell normals: 

 θmodel = 𝛼𝛼 �ε1θstrain + β|∇ε1|θgradient� (16) 

where 𝛼𝛼 = (𝛽𝛽|∇ε1| + ε1)−1is the normalization factor including the weighting parameter β. Fig. 

3.2d presents the histogram of the angle differences Δθmodel   (differences between  

θcell normal(x, y) and θmodel(x, y)), considering again the regions of high gradient and low strain 

amplitudes (same areas as in Fig. 3.2c). The parameter β was optimized here (and kept constant 

for all subsequent analysis) by minimizing the mean squares ∑ Δθmodel𝑛𝑛
2𝑁𝑁

𝑛𝑛=1 /N, considering the 

data from six distinct stretching experiments. Importantly, the optimal β value remains similar 

(within ~ 13%) whether we consider the full membrane or the regions of interest in 2D. 

Interestingly, while the model provides a slight improvement over the full membrane (Fig. 3.2a 

inset), it is not comparable to the excellent improvement obtained from Fig. 3.2c to Fig. 3.2d. The 

reason is that the gradient is relatively low over a large portion of the membrane, where the strain 

is thus dominant, resulting in a dilution of the gradient effect. In the regions where the gradient 

effect is most important (Fig. 3.2c,d), the experimental and “predicted” orientations are in good 

agreement only when the model is considered. It is interesting to note that for the regions 

considered in Fig. 3.2d, the average contributions of the strain and strain gradient (considering 

the optimal β value) are respectively 63% and 37%. This confirms the significance of the effect of 

the strain gradient on the cellular reorientation in our strain field. Finally, for Fig. 3.2a-d, the 

controls were randomly oriented. 

3.3.3 CELL ALIGNMENT WITH THE GRADIENT DIRECTION DEPENDS ON THE GRADIENT AMPLITUDE 

We now further assess the dependence of the cell reorientation on the strain gradient in order to 

test its accuracy. First, Fig. 3.3a indicates that as the strain amplitude ε1(x, y) increases, the mean 
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cell normal direction increasingly aligns with the principal strain direction (showed by a decreasing 

Δθstrainvalue). A similar relationship for the strain gradient is successfully reported in Fig. 3.3b. It 

indicates that as the strain gradient amplitude |∇ε1(x, y)|  increases, the mean cell normal 

direction increasingly aligns with the gradient direction (showed by a decreasing Δθgradient 

value). To verify that the latter dependency cannot be attributed to a correlation between the 

strain and the strain gradient fields, two additional relationships were extracted. First, the mean 

Δθstrain was plotted as a function of the gradient amplitude|∇ε1(x, y)| (Fig. 3.3c). Second, the 

average angle difference between the strain and the gradient directions, < θstrain − θgradient >, 

was also plotted as a function of the gradient amplitude (Fig. 3.3c inset). In both cases, the 

unambiguous trend observed in Fig. 3.3b is not reproduced, indicating the genuine role of the 

gradient. In other words, the increased alignment of the cell normal with the strain gradient 

direction observed in Fig. 3.3b cannot be explained by the relationship between θstrain  and 

θgradient. Importantly, for strain gradient amplitudes greater than ~2% mm-1, the mean Δθgradient 

in Fig. 3.3b is systematically lower (“better”) than < θstrain − θgradient > (Fig. 3.3c inset). To our 

knowledge, this is the first reported demonstration of cell alignment with the underlying strain 

gradient. 
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Figure 3.2 Reorientation analysis of the HFF cells after 11 hours of cyclic stretching. Normalized 
incidence histograms of Δθstrain (a) to c)) and Δθmodel  (d), and inset of a)) for both unstretched 
controls and stretched experiments. All the cells are included in a) (main figure and inset), only 
the cells located in the regions of high strain amplitude (> 7%) are included in b), and only cells 
located in the regions of simultaneously high gradient amplitude (> 7% mm-1) and low strain 
amplitude (<5%) are included in c, d). It should be emphasized that for all the histograms, the cell 
normal angles are not reported with respect to the fixed x-axis, but rather with respect to the 
underlying maximum principal strain directions or to the empirical model directions, as specified. 
The inset of d) shows the optimization curve of the β value via mean square minimization of the 
Δθmodel values. Each histogram comprises the combination of 6 unstretched control experiments 
as well as the combination of 6 cyclically stretched experiments. The number of cells analyzed in 
each histogram is nstrain=1078 and ncontrol=1244 for a), nstrain=132 and ncontrol=200 for b), nstrain=181 
and ncontrol=187 for c,d).  Fig. A.2 of the Appendix A explicitly shows the different regions used to 
generate Fig. 3.2a-d, and table A.1 summarizes the number of cells analyzed in each case for both 
the control and stretched experiments. 

3.3.4 MYOSIN-II ACTIVITY INHIBITION SUPPRESSES CELL ALIGNMENT WHILE ITS PROMOTION 
DOES NOT IMPACT THE FINAL REORIENTATION 

To assess how myosin-II activity affects the orientation response of HFF cells in a non-uniformly 

strained microenvironment, experiments were performed in which calA or blebbistatin 

treatments were applied immediately before activating the substrate cyclic stretching 174,188,189. 

Fig. 3.4a shows that upon stimulation of myosin-II contractility through inhibition of myosin light 

chain phosphatase (calA), the cells reoriented in a similar fashion to their untreated counterparts 
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(DMSO, strain, Fig. 3.2a, inset), with no significant difference. Conversely, the inhibition of myosin-

II contractility largely prevented stretch-induced alignment under cyclic stretching, as shown by 

the near-random distribution of cell orientations displayed in Fig. 3.4b. It should be reiterated 

that the weighting parameter β employed in the orientation analysis of Fig. 3.4 was not re-

optimized. However, it is very interesting to note that an optimization of the β value on the calA-

treated cells of Fig. 3.4a would result in a β value that defers by only ~ 8%. 

 

Figure 3.3 Dependence of the cell reorientation direction on the strain amplitude and strain 
gradient amplitude. The data were binned in equal amplitude range sizes and the error bars 
represent the standard error of the mean within each bin. a) Mean angle difference between the 
experimental cell normal orientation and the principal strain direction as a function of the strain 
amplitude. b) Mean angle difference between the experimental cell normal orientation and the 
strain gradient direction as a function of the strain gradient amplitude. c) Mean angle difference 
between the experimental cell normal orientation and the principal strain direction as a function 
of the strain gradient amplitude. The inset shows the average angle difference between the strain 
and the gradient directions as a function of the gradient amplitude. The number of cells analyzed 
is n=1078. 
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Figure 3.4 Effect of myosin-II activity on HFF reorientation after 11 hours of cyclic stretching. 
Normalized incidence histograms of  Δθmodel  for cells treated with calA (2 nM) in a) and 
blebbistatin (10 μM) in b). Each histogram comprises the combination of 6 unstretched control 
experiments as well as the combination of 6 cyclically stretched experiments. The number of cells 
analyzed in each histogram is nstrain=1231 and ncontrol=1255 for a), and nstrain=1319 and ncontrol=1091 
for b). The insets diplay phase constrast images of representative cells from the corresponding 
experiments. Scale bars are 100 μm. 
 

3.3.5 FOCAL ADHESIONS REORIENT ALONG THE CELL ELONGATION DIRECTION UNDER CYCLIC 
STRETCHING AND THEIR REORGANIZATION IS MYOSIN-II DEPENDENT. 

To gain insight on the cellular reorientation mechanism, the behavior of the FA complexes was 

also assessed since they sense and transmit to the cell the physical signals from the extracellular 

matrix. Fluorescence images of a representative stretch-induced reoriented cell inside a 

microdevice are displayed in Fig. 3.5e-f. It can be seen that the actin filaments were largely aligned 

with the cell elongation direction, as expected 39,142,177. This qualitative observation applied to all 

untreated and calA-treated cells, but not to those treated with blebbistatin, in which case the 

alignment was less obvious. The FA protein vinculin, shown in Fig. 3.5f, also exhibited strong 

alignment with the cell direction. This is quantitatively assessed in Fig. 3.5a, in which the FA 

normals are seen to predominantly follow θmodel  directions, in accordance with the cell 

elongation directions (Fig. 3.2a, inset). An equivalent FA orientation behavior was observed for 

the cells with increased myosin-II contraction (calA, Fig. 3.5b), but little preferential alignment 

was found in the case of those with decreased contractility (blebbistatin, Fig. 3.5c). Interestingly, 
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this is also reflected in the FA density (Fig. 3.5d). In comparison to the untreated cells, there was 

a significant loss of FAs in blebbistatin-treated cells, but not in those treated with calA. Finally, in 

all cases, the FA density was slightly strain-dependent; more specifically the applied stretching 

forces appeared to promote FA assembly. 

 

Figure 3.5 FA reorganization after 11 hours of cyclic stretching. Normalized incidence histograms 
of the angle difference between each FA normal and the direction θmodel , for cells without 
treatment in a), with calA in b), and with blebbistatin in c). d) Average FA densities among the 
cells under six different cases (the error bars represent the standard deviation). Statistical 
differences were found between strain and control experiments for all 3 treatments, as well as 
between treatments (unpaired t-tests, p < 0.05), except between calA and DMSO (unpaired t-
tests, p > 0.05). The number of FAs analyzed in each histogram is nstrain=7568 (61 cells) and 
ncontrol=2607 (35 cells) for the drug-free condition in a,d), nstrain=5164 (71 cells) and ncontrol=4119 
(44 cells) for the calA condition in b, d), and finally nstrain=1904 (62 cells) and ncontrol=889 (29 cells) 
for the blebbistatin condition in c, d). Table A.2 of the Appendix A specifies the number of FAs 
analyzed in each case for both the control and stretched experiments. e,f) Immunofluorescence 
images of a HFF cell following 11 hours of cyclic stretching along the x-axis (1 Hz) on the 
fibronectin-coated PDMS membrane embedded in the microdevice. Immediately after the 
stretching process, the cells were fixed and stained for actin filaments (red) in e,g), vinculin (green) 
in f,g), and DNA (blue) in g). The images from the laser scanning confocal microscope were post-
processed with ImageJ to perform the z-projection, background removal, and contrast 
enhancement. The scale bar is 25 μm. 
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3.4 DISCUSSION 

3.4.1 CELLS AVOID LARGE POSITIVE AXIAL STRAINS 

Our results show that in the region of constant strain amplitude and direction (central region, see 

Fig. A.2, Appendix A), the cells reoriented approximately perpendicularly to the stretching 

direction, which is in general agreement with a large body of work performed mainly with uniform 

strain amplitude devices30,34–39,44,68. Theoretical models have been proposed to describe the 

reorientation response of cells to cyclic stretching. For high frequency stretching (~1 Hz) and 

moderate strain amplitudes (~5-15 %), different experiments and models suggest several possible 

preferential orientations. Various studies corroborate models in which the preferential cell 

orientation is the minimum absolute strain direction, i.e. the direction minimizing length changes 

along the major cell body axis10,17,19. Building upon previous work68, Kaunas et al. proposed a 

model with this predicted preferential orientation, based on the premise that the disassembly 

rate of the stress fibers should be the smallest along this direction190. Considering a simplified 

model where FAs are treated as catch bonds destabilized by cyclic stretching, Chen et al. arrived 

at similar conclusions with respect to the preferential orientation171. On the other hand, Safran 

and De developed a comprehensive model based on effective free energy considerations and in 

which cells are treated as force dipoles169. Their model is adaptable to allow for two possible 

preferential orientations: minimum absolute strain direction or minimum stress direction. In the 

latter case, the corresponding preferential orientation is perpendicular to the maximum principal 

strain direction, rather than along the minimal absolute strain direction. Based on empirical 

observations, Neidlinger-Wilke et al. had also proposed previously that cells should preferentially 

reorient along this direction36 (even if this requires undergoing axial compression), and several 

experimental studies corroborate such alternative predictions30,37–39. Finally, Livne et al. recently 

proposed a model based on dissipative relaxation of stored elastic energy which was highly 

successful in explaining their experimental results142. Importantly, since uniaxial stretching of a 

deformable membrane generally results in orthogonal compression, the non-zero Poisson ratio 

greatly impacts the predicted preferential orientation in many of the models noted above. In our 

case, the membrane’s Poisson ratio was approximately 0.5 and so was the actual ratio of X-

compression over Y-stretching in the central portion of the membrane. The resulting minimum 

absolute strain direction (zero-strain direction) is 35o with respect to the x-axis, which is not the 

preferential orientation we observed (see Fig. A.3 (right) of the Appendix A). The preferential 

orientation predicted by the model of Livne et al. is ~30o, which is also markedly different from 
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what we observed. We rather observed that the fraction of cells subjected to an approximately 

uniform strain field in our device preferentially oriented themselves perpendicularly (0o) to the 

maximum principal strain direction. Interpreted from the point of view of the model by Safran 

and De169, our results thus suggest that HFF cells stretched in our device preferentially align along 

the minimal stress direction rather than that of the zero strain. The lack of consensus concerning 

the exact preferential orientation under uniform strain field suggests a dependence on the cell 

type and experimental conditions. Finally, we note that in general, the broadness of the observed 

orientation distributions in cyclic stretching experiments can be attributed to stochastic 

contributions associated with the statistical nature of the chemical reactions involved in the 

mechanosensing process and variations in the cell population118,169. 

The extent of cell alignment in our experiments was found to increase with the amplitude 

of the strain (Fig. 3.3a), as reported previously for human fibroblasts36,118 and for other cell 

types35,41,191. A feature of this relationship identified in previous studies is the presence of a strain 

amplitude threshold, under which no significant alignment is observed. It was reported to be ~4 

% for human fibroblasts36. This behavior is in qualitative agreement with our data, although Fig. 

3.3a suggests a slightly lower threshold. A more precise threshold analysis would not be relevant 

here because of the strain gradient interplay.  

3.4.2 CELLS SEEK TO AVOID STRAIN GRADIENT 

The cell reorientation behavior in a non-uniform strain field has been investigated previously, but 

other studies failed to show a dependence upon the strain gradient. This can be explained by the 

low gradient amplitudes applied, the gradient direction being systematically along that of the 

strain, or the absence of comprehensive analyses of cellular reorientation with respect to the 

strain gradient field. In our case, the successful observation of this effect was made possible by 

the combination of biologically relevant strain gradient amplitudes (0 to 14% mm-1) and the 

complex strain field geometry at a scale similar to cell sizes in which the strain and the gradient 

directions are decoupled. Importantly, as shown above (Fig. 3.1a, 3.2d, and 3.3b), in regions of 

large gradient amplitudes, cells tended to align perpendicularly to the gradient direction. This 

observation suggests that cells respond to the gradient to avoid being subjected to different strain 

amplitudes throughout its different adhesion sites. This apparent avoidance of the strain gradient 

is analogous to the previously established avoidance of length increases (or changes) during cyclic 
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stretching. Interestingly, cell reorientation is dependent on the strain gradient amplitude and the 

strain amplitude, respectively shown in Fig. 3.3b and 3.3a. These relationships are reflected in the 

choice of the simple empirical model. 

It is worth mentioning previously reported observations enabled by different devices 

producing non-uniform strain fields. In particular, the use of uniaxial devices allowed the 

generation of membrane strain gradients, which were used to demonstrate the influence of the 

strain amplitude under static stretching42,43. However, in these cases, the strain gradient was 

oriented along the stretching direction, preventing investigation of its influence on cell 

orientation. In other instances, radially deformable membranes producing radial strain gradients 

showed that under cyclic stretching, cells orient themselves perpendicularly to the principal strain 

direction179 and the alteration of mRNA expression is strain amplitude dependent139,181. 

Interestingly, while no gradient-dependent reorientation was observed, likely due to the device’s 

radial symmetry, gradient-dependent mRNA expression was observed (which is compatible with 

our results). Also relevant to the present study, Morita et al. studied human bone marrow 

mesenchymal stem cell reorientation in a non-uniform cyclic strain field41. The strain gradient was 

on the order of 0.5 %mm-1, and it was mainly in the stretching direction. They methodically 

analyzed the potential dependence of the cell reorientation on the strain gradient but found none 

under their conditions. Finally, Ohashi et al. employed a cyclically stretched membrane exhibiting 

a very large gradient (200% mm-1) in the stretching direction to study stress fiber formation180. 

Interestingly, it was found that variations in the local development of intracellular stress fibers 

are associated with variations in applied strain amplitude underneath this cell (local response). 

It must be noted that the cell alignment response to strain gradient found in our study is 

distinct by its non-local manifestation. In general, the capacity for a body to sense a strain gradient 

requires it to spatially locate and compare different strain amplitudes. Although speculative, we 

hypothesize that the global cellular response to strain gradient implies that cells are be able to 

pinpoint this information at each adhesion site, and coordinate these signals (strain amplitude, 

strain direction, and location under the cell) to determine optimal alignment. In this context, the 

cell exhibits a coordinated and integrated global response that is partially based on the spatial 

variation in strain amplitudes sensed locally in different cell areas. This is particularly easy to 

observe in our device because at the scale of a single cell, both the gradient and strain directions 

are relatively constant, only the strain amplitude varies significantly. 
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3.4.3 CONTRACTILITY IS CENTRAL IN THE CYCLIC STRETCHED-INDUCED CELL ALIGNMENT 

FA analysis and drug treatment experiments were also performed in this study. The prestress 

condition and actomyosin contractility are directly involved in cell reorientation168,174,192. 

Therefore, reagents affecting the actomyosin cytoskeleton are most likely to strongly impact 

stretch-induced cellular reorientation173. Two such reagents are calA and blebbistatin, which 

promote188 and inhibit174,189 contractility through the modulation of myosin-II activity, 

respectively. Our observation is similar to that of Zhao et al.174 who reported a high degree of 

perpendicular reorientation among the calA-treated fibroblast cell population. In their case, this 

response was faster than without the pharmacological treatment, but their trends converged 

after several hours. In our case, after 11 hours of stretching, the reorientation responses of the 

calA-treated cells and the untreated cells were not significantly different. It was also previously 

reported that a sufficient concentration of blebbistatin largely suppresses the reorientation of 

3T3 fibroblasts cells and stress fibers under cyclic stretching173,174. This behavior, involving stress 

fiber tension reduction, is in qualitative agreement with our results, which supports the notion 

that contractility is central to cellular reorientation.  

3.4.4 THE REORIENTATION OF FAS IS PRIMARILY DRIVEN BY INTERNAL FORCES UNDER OUR 
CONDITIONS 

The cell machinery enabling the sensing and transduction of extracellular mechanical cues 

comprises not only the cytoskeletal network but also the FAs; the two are intrinsically 

connected59,176. The investigation of FA density and orientation under cyclic stretching, following 

a change in myosin-II activity, can provide insight on their roles in cellular reorientation. Our 

results show that the FAs mostly reorient perpendicularly to the strain direction upon cyclic 

stretching, in agreement with previously reported studies170,177,193. As well, we quantitatively show 

that FAs align parallel to the actin stress fibers, since the later mostly follow cell orientation, as 

expected142,194. On a broader level, it was proposed that the FAs elongate by growing in the 

direction of a pulling force195. This suggests that in our experiment, the primary forces driving FA 

reorganization are internal (rather than substrate stretch); i.e. they are mainly associated with 

actin assembly and actomyosin contraction. 
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3.4.5 CONTRACTILITY AFFECTS FA DENSITY AND REORIENTATION BEHAVIOR 

We found that under cyclic stretching, the inhibition of cell contractility via blebbistatin treatment 

resulted in the inhibition of FA alignment and a significant reduction in FA density. The 

blebbistatin-induced loss of FA density is in agreement with a previously reported study176. Our 

results further suggest the strong dependence of the FA fate on the actin-induced forces. 

Moreover, we observe a small – but statistically significant – effect of the substrate strain itself 

on the FA density following 11 hours of cyclic stretching (for all three contractility conditions). In 

contrast, a larger increase in FA density, induced by stretching, has been reported for other cell 

types when studied on different time scales196–198. Furthermore, calA (without stretching) was 

previously shown to increase FA density but only on a short time scale199. This is in contrast with 

the absence of significant difference in FA density observed here between the calA-treated and 

non-treated cells, when studied over our much longer time scale (11 hours). Overall, our results 

highlight the fact that FAs are not only implicated in the mechanosensing process, but their 

behavior is also an integral part of the mechanoresponse.  

3.4.6 POTENTIAL MECHANISMS INVOLVED IN STRAIN GRADIENT SENSING 

Forces acting on the ECM-integrin-cytoskeleton complex are believed to be sensed via numerous 

mechanisms2. In the context of uniform strains, it has been shown that forces exerted by the ECM 

on the cell can promote cytoskeleton and FA assembly and reorganization. The exact mechanisms 

for tension-mediated FA maturation upon mechanical stimulation are not fully understood, but 

they are known to involve diverse protein recruitment and integrin clustering200. A specific 

example may include the reinforcement of the integrin-actin linkage by unfolding specific talin 

domains via stretching, thus allowing vinculin binding201. This mechanism was recently revealed 

to be involved in force transmission and transduction in the context of substrate stiffness sensing 

through the actin-talin-integrin-fibronectin clutch49,202. Stabilization of integrin adhesions through 

the vinculin recruitment induced by myosin-dependent tension has also been shown via FAK and 

SRC-mediated phosphorylation of paxillin200. More recently, in fibronectin-based 

microenvironments, mechanosensing is believed to involve αV-class integrins which were shown 

to play a role in the structural cell adaptation to forces203. Interestingly, the expression of αVβ3 

was specifically shown to be upregulated in cyclically stretched in endothelial cells198. Moreover, 

α5β1 was demonstrated to enable force generation and the cooperation of the latter with αV-class 

integrins was shown to enable rigidity sensing203. We note that the mechanosensing machinery 
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enabling strain sensing bears similarities with that associated with stiffness sensing. Importantly, 

in both cases, stiffness- or stretching-induced signal transduction cascades activate the RHO-ROCK 

pathways which in turns regulate the myosin light chain phosphorylation and thus enable tension 

and traction force generation via the actomyosin cytoskeleton2. 

Through the above molecular mechanisms, cells are able to probe and respond to the 

spatial profile of the ECM stiffness, possibly at the scale of the individual FAs204 and thus with 

micron precision. This enables cells to sense stiffness gradient and undergo gradient-guided 

migration (durotaxis)187,205. In a similar way, it was previously shown that cells are sensitive to the 

underlying strain profile at the sub-cellular scale180, and thus again possibly at the scale of 

individual FAs. Although our data suggest that the preferential alignment of the FAs is affected by 

both the strain and the strain gradient properties of the ECM, it is difficult to know if the latter 

behavior results from the direct guidance of the ECM external force onto the FAs individually, or 

if it rather results from the action of the internal cytoskeleton tension adapting to the external 

strain gradient. 

We speculate that the exact underlying mechanisms that ultimately govern strain-

gradient sensing and avoidance are likely highly similar to the pathways identified above. 

However, we note that these pathways are highly dependent on the cell type, ECM and stretching 

conditions. Therefore, it is currently beyond the scope of this study to attempt to generalize a 

specific mechanism. Following the logic of Tse and Engler205 in the context of stiffness gradient 

sensing, we suggest that the strain gradient sensing process involves the creation intracellular 

signaling gradients such as gradients of RHO-ROCK activity. Another possibility would be a 

gradient of talin-mediated force transmission resulting from spatial variations in the duty cycles 

of vinculin-binding site exposition across the cell, directly correlating with different stretching 

amplitudes. We hypothesize that such signaling gradients, together with direct variation of force 

imposed across the cell, result in increased cytoskeleton tension gradients within the cell. This will 

be explored in future work utilizing the framework we have now presented and established in this 

study. It is well established that cells seek to maintain mechanical homeostasis under changing 

ECM properties2. Therefore, gradient avoidance suggests that cell homeostasis also includes a 

certain degree of spatial tension uniformity across the cytoskeleton, possibly at the expense of 

deviating from the preferential orientation determined by the average strain direction. 
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3.5 CONCLUSION 

In summary, cyclic stretching experiments under diverse conditions were performed in micro-

fabricated devices exhibiting a unique highly non-uniform strain field. These experiments revealed 

that fibroblast cells seek to avoid strain gradients similarly to the way they avoid stretching. The 

degrees of these avoidances are shown to depend on the strain gradient amplitude and the strain 

amplitude respectively. Importantly, by identifying the strain gradient as a subtle mechanical cue, 

our results demonstrate that cells can integrate diverse physical signals simultaneously and 

exhibit a coordinated response. Furthermore, we demonstrated that under non-uniform strain 

field, human fibroblast FAs also reorient in a similar fashion to the cells, and that their density is 

affected by stretching forces. Finally, myosin-II contractility was shown to impact FA and cell 

reorientations, since its inhibition prevented the alignments of both and yielded a reduced FA 

density. 

Our work reveals that strain gradients are mechanical cues capable of influencing and 

modulating global cellular organization and orientation. This opens a new line of investigation 

regarding the role of the strain gradient in regulating certain cell functions and how this regulation 

can be compromised by cell or cell matrix defects. This study paves the way to a better 

understanding of certain in vivo pathologies which may lead to new pharmaceutical approaches, 

in addition to providing new insights on the fundamental interactions between the cells and their 

microenvironment. 

3.6 MATERIALS AND METHODS 

3.6.1 MICRODEVICE GEOMETRY AND FABRICATION 

The cells were immobilized on a thin suspended PDMS (Sylgard184, Ellsworth Adhesives Canada 

Corporation, Stoney Creek ON, Canada) membrane and cyclically stretched within microdevices 

which have a modified design similar to the one we previously reported44. The chip size and 

geometry allow for high strain gradient amplitudes (from 0 to 14 %mm-1) to be generated on the 

membrane, while keeping the strain amplitude relatively low (from 2 to 10%, see Fig. 3.1a,b). The 

unique strain field pattern was achieved by stretching a 1.6 mm x 1.6 mm x 10 μm membrane 

with four fixed boundaries, using 4 vacuum chambers, all embedded in the PDMS chip. The action 

of the vacuum chambers deforms the cell chamber side walls (120 μm thick) in which the 

membrane is anchored, allowing the stretching motions. The device comprises three layers 
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consisting in a suspended membrane inserted between the micro-patterned top and bottom 

parts. The membrane’s stiffness is estimated to 0.5 MPa based on previously characterized PDMS 

substrates prepared under similar conditions to ours206,207. Additional fabrication details are 

provided in the Appendix A (see Fig. A.1). 

3.6.2 MEMBRANE STRAIN FIELD CALCULATION 

The non-uniform nature of the strain field requires a detailed point-by-point characterization to 

accurately analyze the cell reorientation based on the local field applied to each cell. Fluorescent 

beads (FluoSpheres, 200 nm, Invitrogen, CA, USA) were incorporated in the floating 10 μm thick 

membrane for precise strain field characterization. The full stretching motion of the substrate was 

divided in 10 frames (by applying different pressure in the vacuum chambers) and imaged with 

an EPI fluorescence microscope. The beads displacements were tracked with a homemade Matlab 

program in which the Green strain matrix elements were subsequently calculated for each initial 

bead position. From these, two principal strain directions and amplitudes can be extracted. In 

such coordinate systems, the shear strain is zero. First, the maximum principal strain ε1(x,y) is 

associated with the direction of maximum stretch at a given membrane position. Second, the 

minimum principal strain ε2(x,y) (with direction that is orthogonal to that of ε1(x,y)), is associated 

with the direction of minimum stretch (or maximal compression in the case of negative ε2). Note 

that ε1(x,y) is of primary interest here since it largely dominates ε2(x,y) across the membrane. The 

gradient of ε1 (x, y)  was then calculated to produce the gradient amplitude |∇ε1(x, y)|  and 

gradient angle θgradient(x, y) maps (see Fig. 1 b). Additional details on the strain calculations are 

provided in the Appendix A. 

3.6.3 EXPERIMENTAL PROCEDURES 

The assembled microdevices were air-plasma treated (Glow Research, Tempe, AZ, USA) for 5 

minutes at 70 W prior to sterilization with 70% ethanol for 5 minutes. After flushing the ethanol 

with autoclaved phosphate buffered saline (PBS) solution, the membrane was functionalized for 

4 hours at 37oC with a solution of fibronectin 10 μg/ml of HEPES-buffered salt solution (HBSS; 

20 mM HEPES at pH 7.4, 120 mM NaCl, 5.3 mM KCl, 0.8 mM MgSO4, 1.8 mM CaCl2 and 11.1 mM 

glucose). A solution of suspended cells in the culture medium with a density of 5x104 cells/ml was 

injected into the 5.2 μl device’s cell chamber. The devices containing the cells were left in a 

standard incubator for 15 hours to let the cells attach and spread on the fibronectin-coated 
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membrane to achieve a cell density of ~ 200 cells/chamber (chamber size: 1.6x1.6 mm2). The well 

adhered cells were then cyclically stretched for 11 hours at 1 Hz by activating the vacuum pumps 

while keeping the microdevice in the incubator during the whole experiment. No significant cell 

loss was observed upon stretching activation. The stretching time of 11 hours was chosen to be 

well above the characteristic time for the strain-induced reorientation of fibroblasts under our 

conditions34 and the stretching frequency was chosen for its physiological relevance12,208–210. Cell 

density only changed slightly during the 11 hours of stretching. Importantly, the cell density of 

control and strain experiments were highly similar, ensuring that the observed differences are 

fully attributed to the strain field (no contribution from cell density discrepancy). The maximum 

strain amplitude field varies from 2% to 10% across the membrane, as depicted in Fig. 3.1a. A 

homemade Labview program controlled the maximum amplitude and frequency of the sinusoidal 

stretching wave form. 

3.6.4 CELL PREPARATION AND DRUG TREATMENT 

HFF cells (American Type Culture Collection (ATCC), Manassas, VA, USA) were cultured in 

Dulbecco’s Modified Eagle’s Medium (DMEM) supplemented with 10% fetal bovine serum (FBS) 

and 1% streptomycin/penicillin (Hyclone Laboratories, Logan, UT, USA). All cells were maintained 

at 37°C and 5% CO2 in a standard incubator. The drugs (Sigma Aldrich, St. Louis, MO, USA) used 

were stored in dimethyl sulfoxide (DMSO) stock solutions and were added to the cells 

immediately before starting the stretching process. DMSO with the same final concentration 

(0.1%) was also added to the control experiments that were ran without pharmacological 

treatment. The drug treatments were applied to cells for the entire time of the experiments (11 

hours). The final concentration of calA (2 nM) was based on previous studies199,211,212 and by 

considering the long duration of the treatment (11 hours). More specifically, it was selected to 

avoid cell detachment from the substrate and rapid morphology changes (rounding) caused by 

the increased myosin-II contraction213,214. The final blebbistatin concentration (10μM) was chosen 

to enable relevant comparisons with related studies177,212,215. 

3.6.5 CELL FIXING, IMMUNOFLUORESCENCE STRAINING, AND IMAGING  

Immediately after the 11 hours stretching process, the cells were fixed with 3.5% paraformal-

dehyde (PFA) and permeabilized and permeabilized with 0.5% TritonX-100. The cells enclosed in 

the microdevice were then kept in a cold PBS solution and imaged with a Nikon TiE inverted phase 
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contrast EPI microscope with a long working distance 10x objective in order to acquire the cell 

orientation data. Actin filaments were then stained with Phalloidin conjugated to Alexa Fluor 546 

(Invitrogen) and the DNA with DAPI (Invitrogen). A monoclonal mouse anti-vinculin antibody and 

a rabbit anti-mouse IgG secondary antibody conjugated to Alexa Fluor 488 (Invitrogen) were used 

to stain vinculin. The details of the immunofluorescence staining protocols have been published 

previously216,217. These protocols have been adapted to suit the microdevice environment (see 

Appendix A for details). An upright laser scanning multiphoton confocal microscope with a long 

working distance 25x objective (NA=1.1) was employed to image the actin fibers, the nuclei, and 

the vinculin proteins. 

3.6.6 CELL ORIENTATION AND FA ANALYSIS 

The phase contrast images of the cells and the fluorescent images of the FAs were post-processed 

in ImageJ. The fluorescence images were first z-projected. To correct for background noise, a Fast 

Fourier Transform bandpass filter was applied to the phase contrast images, while the subtract 

background tool was employed for the fluorescent images. In both cases, binary images were then 

obtained from the adaptive threshold plugin which optimally captures the cell and FA 

morphologies despite the non-homogenous images intensities. Finally, the analyze particles tool 

was used for the extraction of the cell and FA positions, sizes, and orientations. More precisely, 

elliptical fits of the objects were performed and the determination of their major axis provided 

the cell and FA orientations. 

A homemade Matlab program was developed to carry out the analysis. The cells and FAs 

located within 8% of the edges of the devices were excluded to discard edge effects. The 

orientation of each cell (or FA) was compared to the local strain parameters. More precisely, we 

computed the angle difference between the cell (or FA) normal and either the maximum principal 

strain angle or the model angle. The equation of the latter, which is presented in the Results 

section (equation (16)), includes the weighting parameter β. All the analysis was performed with 

the same β value after its initial optimization with the data set of Fig. 3.2d. To construct the 

histograms, the angles were converted to a 0 to 90o range. 
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Motivation/objective: Two distinctive cellular responses under a complex strain field have 

been identified in Chapter 3. Using our multi-axial microstretcher, we impose sudden changes 

in stretching direction to human fibroblasts in order to understand the temporal evolution of 

their stretching and gradient avoidance responses. We explore how the strain history can 

influence the overall cell behavior.  

 
 

4.1 ABSTRACT 

Exposing cells to an unconventional sequence of physical cues can reveal subtleties of cellular 

sensing and response mechanisms. We investigated the mechanoresponse of cyclically-stretched 

fibroblasts under a spatially non-uniform strain field which was subjected to repeated changes in 

stretching directions over 55 hours. A polydimethylsiloxane microfluidic stretcher array optimized 

for complex staining procedures and imaging was developed to generate biologically relevant 

strain and strain gradient amplitudes. We demonstrated that cells can successfully reorient 

themselves repeatedly, as the main cyclical stretching direction is consecutively switched 

between two perpendicular directions every 11 hours. Importantly, from one reorientation to the 

next, the extent to which cells reorient themselves perpendicularly to the local strain direction 

progressively decreases, while their tendency to align perpendicularly to the strain gradient 

direction tends to increase. We demonstrate that these results are consistent with our finding 

that cellular responses to strains and strain gradients occur on two distinct time scales, the latter 

being slower. Overall, our results reveal the absence of major irreversible cellular changes that 

compromise the ability to sense and reorient to changing strain directions under the conditions 

of this experiment. On the other hand, we show how the history of strain field dynamics can 
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influence the cellular realignment behavior, due to the interplay of complex time-dependent 

responses. 

4.2 INTRODUCTION 

The use of lab-on-a-chip218,219 strategies allows mimicking complex in vivo physical cues and thus 

can facilitate the study of cellular behaviors in specific microenvironments. Cells in living 

organisms are constantly subjected to various mechanical forces such as compression and 

stretching (mechanical strains) due, for example, to muscle contractions, fluid pressure, pumping 

of the heart, and breathing. Such mechanical signals are known to be involved in the regulation 

of many fundamental biological processes such as cell migration, division, differentiation, and 

apoptosis13,57,149,150. Another example extensively studied to further our understanding of 

mechanotransduction processes is the cellular reorientation induced by cyclic stretching. More 

specifically, cyclically stretched cells were shown to exhibit elongation118,220, alignment 

perpendicular to the stretching direction26,30,34–36,39,142, and more recently fibroblasts were also 

demonstrated to exhibit strain gradient avoidance45. 

In vivo microenvironments are known to impose an array of time-dependent mechanical 

strains on cellular systems. For example, some studies have highlighted the role of complex 

mechanoresponse pathways related to embryonic development, or in articular cartilage 

development and degeneration. In these cases, not only are the mechanical forces known to play 

a key role51,221,222, but they can be non-uniform and rapidly changing. There are also contexts in 

which the stiffness is perturbed locally, thus inducing strain gradients, for instance following the 

insertion of coronary artery stents179. In general, the complex microenvironment in which cells 

evolve in vivo gives rise to non-uniform, time-varying, anisotropic strain fields139,184,185,223. 

Importantly, in our previous work45, we have clearly demonstrated that cells have an ability to 

sense and respond to both strain and strain gradients. Yet, the large majority of previous cyclic 

stretching studies have focused on stretch patterns with nearly-uniform strain amplitude and 

direction30,34–36,39,220. Although the present study does not aim to directly mimic a specific in vivo 

condition, it investigates the effect of biologically relevant strain fields with artificial discontinuous 

events, considering that sudden mechanical alterations can occur in living organisms. By studying 

cell responses to an unconventional sequence of mechanical cues we aimed to reveal subtle 

aspects of their mechanosensitivity. In particular, it is poorly understood if cells would continue 
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to exhibit the expected reorientation response if the strain field was repeatedly altered multiple 

times over the course of several days. Moreover, key insights on subtle cellular mechanisms can 

be gained by determining whether the cellular response to strain remains constant or if it changes 

over time with an increasing number of reorientation events. 

This work investigates the influence of alternating the stretching axis of a complex strain 

field on the degree of cell alignment with the strain direction, the degree of cell alignment with 

the strain gradient direction, and the cell morphology. Sudden changes in stretching directions 

are achieved by employing a biaxial device which allows independent control over perpendicular 

stretching directions. In this context, we developed a highly versatile polydimethylsiloxane 

(PDMS) microfluidics device integrating an array of stretchable membranes. In particular, it can 

be made open-top at any point during a given experiment to facilitate imaging, circumventing 

disadvantages of typical microfluidic stretchers. Specifically, it enables complex staining 

procedures with minimal cellular perturbations, as well as near-diffraction limited imaging. 

Here, we use human foreskin fibroblasts (HFF) as a model system as we have previously 

shown that they are acutely sensitive to both strain and strain gradients45, thus being ideal for 

exploratory work. In the present study, we demonstrate that HFF cells possess the ability to 

reorient themselves when the imposed strain direction is changed, retaining this ability for at least 

five dramatic changes in strain direction. Our comprehensive analysis shows that the orientation 

distribution does vary with changes in stretching direction. Namely, we observed that the cells 

become progressively less oriented with the strain direction and conversely their alignment with 

the strain gradient direction improves as the experiment progresses. Furthermore, we show that 

this behavior is driven by a fascinating ability of these cells to respond to two separate, but 

simultaneous, mechanical cues over different time scales. Such complexity exists in vivo but is not 

widely reflected in fundamental studies as of yet due to the relatively few number of biaxial 

devices which allow for the production of complex strain fields. This study clearly highlights the 

importance of studying cellular behaviors in increasingly complex on-chip microenvironments. 

4.3 RESULTS AND DISCUSSION 

4.3.1 MICROFLUIDIC STRETCHER DESIGN  

Microfluidic devices offer many advantages over manual methods by enabling automated on-chip 

sample handling capabilities, decreasing contamination risks, reducing reagent quantities, and 
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enabling high fabrication reproducibility28. In principle, they also have the potential to enable 

high-throughput screening experiments. An often-overlooked advantage of microstretchers over 

macrostretchers in certain studies is that they naturally produce non-uniform strain fields with 

biologically relevant strain gradients, while maintaining the strain magnitude to desirably low 

levels224 (see Appendix B). This enables the study of mechanical cues which better mimics the 

complexity of the cell microenvironment in vivo. However, in applications where cells need to be 

cultured within the chip, such as for cyclic-stretching experiments, numerous experimental 

challenges225,226 (nonuniform cell seeding, clogging, apparition of air bubbles, accumulation of 

undesired residues, etc) often impact the reliability of the experimental approach. Microfluidic 

devices also have disadvantages in the context of cell immunofluorescence microscopy. The first 

is the inherent difficulty in performing complex and sensitive straining procedures without 

compromising the integrity of the cell components (due to fluid shear stress227). The second issue 

is the reduction in imaging resolution which results from the optical aberrations introduced by 

the presence of PDMS in the optical path228.  

To address these challenges, we built upon our previous design44 as well as those of 

others157,158  and we developed the 2x2 microstretcher array which working principle is 

summarized in Fig. 4.1. This new design allowed the study of ~4x200 cells per array, leading to 

robust measurements enabling the detection of subtle changes which could have remained 

unexposed without such parallelization. Cyclic stretching is achieved by using vacuum chambers 

that repeatedly deform the walls surrounding a suspended membrane on which cells are adhered. 

The throughput and ease-of-use were considerably increased by scaling it into an array and most 

importantly by allowing the microdevice to be easily made open-top at any point over the course 

of an experiment, i.e. when the microfluidic properties are no more required or beneficial. In 

several instances, it will be desirable to preserve the microfluidic nature of the device over the 

course of the actual experiment but to convert it into an open-top device before staining and 

imaging.  

Previous pneumatic-based microfluidic stretchers were generally permanently 

closed11,44,157,158. The general approach used here consists instead in extending the cell chamber 

height in such a way as to leave only a thin PDMS layer to act as the top sealant. When properly 

fabricated, this thin layer (on the order of 200 μm thick) can be easily peeled off under a 

microscope with tweezers. It is worth noting that the ability to switch from a closed-top to an 
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open-top microfluidic device is of general interest and has been addressed previously in other 

contexts by using a (non-PDMS) lid229,230. The all-PDMS strategy that we present here is an 

attractive alternative due to its fabrication and utilization simplicity, as well as its robustness with 

respect to eliminating leakage risks. Although disadvantageous for imaging, conserving the 

microfluidic properties can be highly beneficial in various studies investigating the combined 

effect of different stimuli, for instance shear flow stress or time-varying chemical concentrations, 

together with the underlying substrate strain156,231,232. The main fabrication steps are presented 

in section 4.5. 

 

Figure 4.1 Microfluidics stretcher working principle, membrane strain field map and angle 
convention. a) Side view of the design presented to show the unstretched (top) and the stretched 
(bottom) states. The schematic is not to scale and has been adapted from previous work224. b) 
Three-dimensional view, partially transparent to show the design. c) Left: Colormap of the 
experimentally determined maximum principal strain amplitude ε1(x,y) for x-stretching. The full 
membrane is shown (1.6 mm x 1.6 mm). Middle: The bottom right corner of the membrane is 
zoomed such that 25% of the total area is displayed. A representation of the amplitude (line 
length) and direction (line orientation) of the maximum principal strain (blue lines) and its 
gradient (red lines) is also presented.  Right: The bottom right corner is further zoomed in to depict 
a fictive cell (yellow) and the angle convention used throughout the article. The red arrow 
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represents the gradient direction and the blue is the strain direction. The angle difference 
between the cell normal and the gradient direction is identified as Δθgradient while the angle 
difference between the cell normal and the strain direction is given by Δθstrain. 

4.3.2 STRAIN FIELD CHARACTERIZATION AND DEVICE IMAGINING PERFORMANCE  

The membrane’s strain field generated in the microdevice is presented in Fig. 4.1c (for X-

stretching). It is based on the analysis of the fluorescent beads displacements as explained in 

section 4.5. Importantly, our device’s geometry and scale have the advantage of naturally 

producing smoothly-varying strain gradients (from 0 to 14%mm-1) of significant and biologically 

relevant magnitudes139 while maintaining the strain amplitude relatively low (2 to 10%), i.e. also 

biologically relevant to optimally induce the cellular responses 35,36,142. Moreover, our design 

produces a strain field for which the position dependent principal strain direction is largely 

decoupled from that of the gradient. This is an essential condition to properly study their 

respective effects. 

Efforts have been put recently in developing microfabrication strategies to allow high 

resolution microscopy in microfluidic devices by minimizing the optical path through PDMS which 

is known to introduce aberrations preventing diffraction-limited imaging228,233. Our approach 

presents an effective solution for micro-stretchers. Standard all-PDMS devices usually comprise 

>1mm thick layers to ensure structural integrity and proper external tubing connections44. Fig. 4.2 

demonstrates the imaging capabilities of our hybrid microdevice once it has been made open-

top. The image profile of a fluorescent bead obtained within the open-top chamber is compared 

with that obtained when a similar bead is covered with a ~800 um thick PDMS layer inserted in 

the light path (Fig. 4.2a). In average, the lateral FWHM resolution degrades by (30 ± 3)% with the 

insertion of the PDMS layer (Fig. 4.2b). This loss of lateral resolution is in qualitative agreement 

with that measured by Tonin et al., who used an oil-immersion objective with which they actually 

observed an even more detrimental effect despite testing thinner layers228. Importantly, the 

spread in the distribution of lateral FWHMs shown in Fig. 4.2b is also significantly larger in the 

closed-top case, rendering deconvolution-based image analysis strategies less reliable234. Axially, 

we measured an average four-fold increase of the bead’s profile width (Fig. 4.2c), demonstrating 

a dramatic decrease in one’s ability to resolve features depth-wise in closed-top PDMS devices. 

Finally, we note that open-top imaging is also beneficial with respect to photobleaching since 

lower laser excitation intensities are required (~five-fold in our case) to achieve similar peak signal 
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intensities. The overall deterioration in resolution (in particular axially) can be attributed primarily 

to the introduction of spherical aberrations which result from refractive index mismatch235–237. 

Additional explanation is provided in the Appendix B. Overall, our results show the advantage of 

using our design over a traditional closed-top microdevice. To illustrate the relevance of this high 

imaging capability in the context of cell biology, Fig. 4.2d shows the actin filaments and the FAs of 

an HFF cell imaged in our device via immunofluorescence staining. 

 

Figure 4.2 Imaging resolution improvement achieved by making the micro-stretcher open-top. 
a) Axial and lateral fluorescence profiles of a bead (diameter=200nm) imaged within the hybrid 
microstretcher made open-top and under a 800 μm thick PDMS layer. The scale bar is 500 nm. 
The distributions (nbeads=24 for each condition) of lateral (b) and axial (c) FWHMs show significant 
loss of resolution (and increased variations) upon the introduction of the PDMS layer in the light 
path. The average lateral FWHM of the bead profile is 0.57 (s.d. = 0.02 μm) in the open-top case 
while it is 0.72 (s.d. = 0.07 μm) in the closed-top case, translating into 0.53 (s.d. = 0.02 μm) and 
0.69 (s.d. = 0.07 μm) FWHM resolutions upon deconvolution of the bead size. d) 
Immunofluorescence composite image of a HFF cell adhered on the fibronectin-coated PDMS 
membrane of a hybrid microstretcher made open-top. The actin filaments are shown in red, the 
DNA in blue, and the vinculin in green. The inset magnifies a few FAs and attached actin filaments. 
The scale bar is 25 μm. All the images were acquired with a laser scanning confocal microscope 
using a 25X objective. 

4.3.3 CELL MECHANORESPONSES TO REPEATED CHANGES IN STRAIN DIRECTION 

It was previously demonstrated that the reorientation response of cells subjected to two 

subsequent periods of cyclic stretching along perpendicular directions was qualitatively 

similar44,191. Prior to the present study, the question remained however whether the responses 
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are quantitatively different and whether cellular realignment can be induced a larger number of 

times. Moreover, in both of these previous studies, only regions of approximately uniform strain 

(no strain gradient) were analyzed. Fig. 4.3a-f display normalized incidence histograms of the 

angle difference between the experimental cell normal orientations and the X-axis following 

seeding, and then 5 subsequent stretching periods (11 hours each), alternating between X- and 

Y-stretching. It can be observed that the cells are randomly oriented following seeding, and then 

they successfully realign perpendicularly to the stretching directions five successive times. Since 

the strain direction varies across the membrane, and to ease comparison from one reorientation 

to the other, Fig. 4.3g-l presents the same data as Fig. 4.3a-f but the orientations are reported 

with respect to the local principal strain direction. Moreover, considering that lower strain 

amplitudes are inefficient at inducing reorientation36,224, regions of sub-5% strain amplitude were 

excluded in Fig. 4.3g-l. As a result of these two considerations, a systematic narrowing is observed 

in the angle distributions from Fig. 4.3a-f to 4.3g-l. Interestingly, it can be seen from both sets of 

histograms that, although the cells do realign largely perpendicularly to the strain direction after 

each stretching periods, there is progressive broadening of the distributions (in Fig. 4.3, first from 

a to f, and then from g to l). This reveals a decrease in cell normal alignment with the principal 

strain direction as time progresses, and thus as the stretching direction alternates.  

The evolution of the cellular orientations and morphologies was further analyzed and the 

results are reported in Fig. 4.4. The average angle difference between the X-axis and the 

experimental cell normals are displayed in Fig. 4.4a. The control is stable around 45o since the 

cells are randomly oriented and the data are reported between 0o and 90o. In contrast, the mean 

orientation of the cyclically-stretched cells with respect to the X-axis oscillates between low and 

high values. It is worth noting that the means are 20o-25o away from the preferential orientations 

(~0o for X-stretching and ~90o for Y-stretching, as seen in the histograms 4.3a-f) because of the 

statistical nature of the realignments118 and the fact that the data are reported between 0o and 

90o (as opposed to between 0o and 180o). Fig. 4.4b shows the average angle difference between 

the local principal strain directions and the experimental cell normals, in regions of high strain 

amplitude (> 5%). The qualitative assessment that we noted previously is confirmed in this plot: 

the cell normal alignment with the principal strain direction decreases progressively. The near-

linear increase of mean Δθstrain in Fig. 4.4b, corresponding to a “poorer” alignment of the cell 
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normals with the local strain directions, can be explained by the presence of another mechanical 

cue. 

 

Figure 4.3 Reorientation analysis of HFF cells subjected to 5 changes in stretching direction over 
a period of 55 hours. a-f) Normalized incidence histograms of the angle difference between the 
experimental cell normals and the X-axis, considering the full membrane. g-l) Normalized 
incidence histograms of the angle difference between the experimental cell normals and the 
underlying maximum principal strain direction (considering the regions of high strain amplitude 
(> 5%)).  The histograms a) and g) show the orientation distributions after 15 hours of seeding. 
The histograms b-f) and h-g) show the orientation distributions (of the same cells) after each of 
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the five-successive cyclic-stretching periods of alternating directions (each lasting 11 hours). All 
the histogram in comprise the combination of 6 unstretched control experiments as well as the 
combination of 6 cyclically stretched experiments. For a-f) ncontrol ≈ 1.4x103 cells and nstrain ≈ 1.0x103 
cells while for g-l) ncontrol ≈ 8.5 x102 cells and nstrain ≈ 6.3x102 cells. 

The strain gradient has recently been identified as a genuine mechanical cue involved in 

the reorientation response of fibroblasts224 and it can indeed explain the trend observed in Fig. 

4.4b. The mean angle difference between the experimental cell normals and the principal strain 

gradient directions is displayed in Fig. 4.4c, considering the regions of larger strain gradient 

amplitude (> 7% mm-1). Interestingly, conversely to the cell normal alignment with respect to the 

strain, there is a slight improvement of the cell normal alignment with respect to the local strain 

gradient direction, as the experiment progresses. Since the improvement of one is on the same 

order of magnitude as the deterioration of the other (and the two membrane regions considered 

overlap greatly), we speculate that these two trends result largely from an interplay between the 

cellular mechanoresponse to these two cues (strain and strain gradient fields).  

To understand how a progressive improvement in cell normal alignment with the gradient 

is possible despite the drastic changes in the applied stretching direction (X or Y) imposed every 

11 hours, the average local change in membrane’s gradient direction is evaluated (Fig. 4.4d). In 

average, in the regions of large gradient amplitude considered in Fig. 4.4c, the direction of the 

strain gradient shifts by only ~20o for every change in stretching direction (due to the specific 

geometry of the strain field). Since this angle is relatively low, the trend observed in Fig. 4.4c could 

be explained by the fact that cells take longer to align with the strain gradient that they do with 

the strain itself. Their alignment progression over each stretching period is not abolished because 

the gradient direction only changes by 20o every 11 hours. In other words, they can slowly adapt 

even though the gradient response seems slower. In contrast, we determined from our extracted 

strain field that the direction of the strain shifts in average by ~ 80o between every change in 

stretching direction (in the regions of large strain amplitude considered in Fig. 4.4b). This angle is 

relatively high and as we will explicitly demonstrate in Fig. 4.5, 11 hours is sufficient for the cells 

to complete the strain-induced reorientation response. 

The effect of cyclic stretching on the cell morphology is examined in Fig. 4.4e where the 

distribution of aspect ratios is presented for non-stretched and stretched cells. It can be seen that 

cyclic stretching causes cell elongation, in agreement with previously reported studies118,220. 

Interestingly, we observe a narrowing of the distribution for the stretched cells. Fig. 4.4f displays 
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the evolution of the cell morphology over the course of the multiple reorientation experiment. 

Except for the first-time point (at t=0 hour), for which the control and strain data overlap, the 

stretched cells are systematically more elongated that the control ones. Moreover, the stretched 

cells’ morphology appears to further evolve following the initial elongation. We observe a 

significant recovery of the aspect ratio from 11 to 55 hours (p = 0.016, see caption Fig. 4.4f), once 

again suggesting a rather complex mechanoresponse involving possibly more than one time-scale. 

 

Figure 4.4 Evolution of cell orientation and elongation over the course of multiple 
reorientations. a) Mean angle differences between the experimental cell normals and the X-axis 
(mean Δθx-axis) as a function of time (and stretching direction), considering the full membrane area. 
ncontrol ≈ 1.4x103 cells and nstrain ≈ 1.0x103 cells. b) Mean angle differences between the 
experimental cell normals and the principal strain directions (mean Δθstrain) as a function of time 
(and stretching direction), considering the regions of large strain amplitude (> 5%). ncontrol ≈ 8.5 
x102 cells and nstrain ≈ 6.3x102 cells. c) Mean angle differences between the experimental cell 
normals and the principal strain gradient directions (mean Δθgradient) as a function of time (and 
stretching direction), considering the regions of large strain gradient amplitude (> 7% mm-1). 
ncontrol ≈ 6.2 x102 cells and nstrain ≈ 4.6x102 cells. In the plots a-c), the blue curves show the 
unstretched control experiments and the red curves show the cyclically-stretched experiments, 
while the doted lines show the expected mean angle for perfectly randomly oriented cells. The 
errors on the means in a-c) are systematically lower in average for the stretched cells since the 
alignment is consistently guided by the strain field. d) Mean rotation angle that the cells would 
need to cover (mean Δθshift) - as a result from a change in stretching direction - if they were to 
perfectly align with the strain direction (green) or with the strain gradient direction (purple), in 
the regions of large strain amplitude and large strain gradient amplitude, respectively. Since the 
cells are randomly orientated before stretching, the first angle is 45o. e) Normalized incidence 
histograms of the width-over-length ratio for the unstretched control experiments (blue) and the 
cyclically-stretched experiments (red), with the data from the 5 successive reorientations 
combined together. ncontrol ≈ 6.8 x103 cells and nstrain ≈ 5.1x103 cells. f) Mean width-over-length 
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ratio of the cells as a function of time (and stretching direction), considering the full membrane. 
The blue curve shows the unstretched control experiments and the red curve shows the cyclically-
stretched experiments. ncontrol ≈ 1.4x103 cells and nstrain ≈ 1.0x103 cells. In plots a-c) and f), the error 
bars represent the standard error of the mean within the 6 unstretched control experiments and 
the 6 cyclically-stretched experiments. The data points associated with 11 h and 55 h are 
statistically different in a), b), c), and f), with p-values of p=0.011, p=0.0004, p=0.016, and p=0.016, 
respectively. 

4.3.4 TIME-DEPENDENT CELL RESPONSE TO MECHANICAL CUES 

The characteristic cell behaviors observed in the multiple reorientation experiments (Fig. 4.3 and 

4.4) suggest the presence of a dual time-scale mechanoresponse which we now seek to explicitly 

investigate. Fig. 4.5a presents the temporal evolution of the cell orientations over 36 hours of X-

stretching (no change in stretching direction) in the region of high strain gradient amplitude (> 7% 

mm-1). The cell alignment with the strain direction (red) and the strain gradient direction (green) 

are both presented by showing the mean angle difference (mean Δθ) between the cell normal 

and the strain or the strain gradient directions, respectively. To quantitatively assess the temporal 

evolution of the cellular response to the strain field, exponential decay fits (Δθ = A[e-t/τ - 1]+45o) 

were performed resulting in time constant of τstrain = [1.6 ± 0.3] hours and τgradient = [5 ± 1] hours. 

Note that the last two time points were excluded from the fits to ensure that the cell density was 

approximately constant (<20% change).  

The mean Δθstrain initially drops abruptly, indicating a rapid realignment response with the 

strain direction, which is in qualitative agreement with previous studies34,174. It then reaches a 

minimum between 10 and 20 hours, after which it undergoes a slight increase, indicating a 

reduced alignment (p = 0.046, see caption Fig. 4.5). As suggested above, this rise can be explained 

by the concurrent increase in cell alignment with the strain gradient direction (p = 0.011, see 

caption Fig. 4.5). Since the mean Δθgradient exhibits a much slower drop, the relative importance of 

the gradient cues with respect to that of the strain cues only becomes significant at later time 

points. Consequently, as the cell normal alignment with the gradient direction continues to 

improve after 20 hours, the alignment with the strain direction worsen.  

Taken together, our results demonstrate a consistent cellular response to given 

mechanical cues (strain and strain gradient) despite drastic changes in strain direction, suggesting 

the absence of apparent major stretched-induced irreversible changes. They also reveal that the 

mechanoresponses associated with two different aspects of an applied strain field take place on 
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different time scales. This suggests that there might be subtle differences in mechanotransduction 

mechanisms involved in the cellular responses to strains and strain gradients. It has been 

suggested in a previous study that the strain gradient sensing mechanism possibly involves the 

creation of an intracellular biochemical gradient224. This could explain why the mechanoresponse 

of cells to the strain gradient takes place on a longer time scale. In this study, the cellular 

responses depend on the specific history of the mechanical cues: in the presence of non-uniform 

and time-varying strain fields, the interplay between cues can give rise to a complex cellular 

mechanoresponse with a temporal evolution that depends on previous events. 

 

Figure 4.5 Time-scale mismatch between the strain and strain gradient responses. a) Time-
dependence of the cellular response over 36 h of X-stretching. Temporal evolution of the mean 
angle differences between the experimental cell normals and either the strain directions (red 
curve) or the strain gradient directions (green curve) in the regions of large strain gradient 
amplitude (> 7% mm-1). Exponential fits are also displayed, considering only the first 18 hours to 
ensure near-constant cell density (<20% change). The error bars on the experimental points 
represent the standard error of the mean within the 5 unstretched control experiments and the 
8 cyclically-stretched experiments. The uncertainty on the exponential fits represent the standard 
error of the mean of the time constants extracted for the individual experiments. ncontrol ≈ 6.5 x103 
cells and nstrain ≈ 8.4x103 cells. The rise of the red curve beyond 12 h is statistically significant (p = 
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0.046, data of the last two time points compared to the data of the two previous points). The drop 
of the green curve beyond 12 h is statistically significant (p = 0.011, data of the last two time 
points compared to the data of the two previous points). b) Evolution of the cellular orientation 
in response to complex and varying strain field over 55 hours. 1) After 11 hours of cyclic X-
stretching, the cell normal is well aligned with the principal strain direction (not with the gradient 
direction). 2) 11 hours after changing the stretching direction, the cell normal is mostly aligned 
with the strain direction, but the effect of the gradient is starting to influence the cell direction. 
3-4) Over the subsequent changes of stretching direction, the cell normal continues to further 
align with the gradient direction and less with the strain direction. 5) 11 hours after the 
fifth change in stretching direction, the cell normal is approximately halfway between the 
gradient and the strain directions. This pattern of cellular reorientation can be explained by two 
elements. First, the geometry of the complex strain field is such that in average, each shift of 
stretching direction consist in a ~80o change of principal strain and a ~20o change of gradient 
direction. Second, the cell reorients more rapidly in response to strain than to the strain gradient. 

4.4 CONCLUSION 

We presented a microfluidic stretcher array developed to study the reorientation response of 

human fibroblasts in a non-uniform strain field subjected to repeated changes in stretching 

directions. Its improved capabilities and usability with respect to previous micro-stretcher designs 

make it a device of choice for future cyclic- or static-stretching studies aiming to investigate the 

effect of non-uniform strain fields. Using this device, we exposed the adaptability of cells to 

discontinuous mechanical cues by achieving multiple successive cellular reorientations. By 

demonstrating that two aspects of the strain field drive cellular responses on different time-

scales, we gained further insight on the physical interaction between a cell and its 

microenvironment. Such strategy of exposing cells to increasingly complex in vitro environment 

is key to understanding the interplay of different cues and how it affects the cells’ fate. 

4.5 MATERIALS AND METHODS 

4.5.1 MICROFLUIDIC STRETCHER DESIGN AND FABRICATION 

SU-8 master fabrication. Fig. 4.6 describes the device and its general fabrication strategy. PDMS 

microdevices were manufactured using a replica molding approach. To fabricate the master mold, 

a photomask pattern (Fig. 4.6a) was transferred to negative SU-8 photoresist (Microchem, MA, 

USA) using standard soft lithography procedures on a silicon wafer. The thickness of the pattern 

(340 μm) involved the deposition of two separate layers of 2050 SU-8 (2x170 μm). Standard 

cleaning, pre-baking, spin coating, soft baking, UV-exposure through the photomask, post-baking, 

developing, and hard baking procedures were employed (consistent with manufacturer’s 
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recommendations). Note that the design includes deep (340 μm) and narrow (120 μm) trenches 

between the cell chambers and the vacuum chambers (Fig. B.1, Appendix B), making conventional 

SU-8 development procedures insufficient. Instead, we used a more efficient strategy which is 

presented in the Appendix B. 

 

Figure 4.6 Microfluidic device and general fabrication strategy. a) Photomask of the top PDMS 
layer, showing the microdevice’s pattern which includes the microfluidic loading channels, the 
vacuum pumps, and the cell chambers. The scale bar is 5 mm. b) Picture of the photoresist master 
used to mold the top layer of the device, after positioning of the PDMS pillars. c) Picture of the 
hybrid microfluidic stretcher during high resolution fluorescence imaging. d) Schematics of the 
main fabrication steps (showing one of the four cell chambers), which involve in particular the 
fabrication of chemically treated PDMS pillars (see Appendix B). The microfluidic device comprises 
three PDMS layers: two micropatterned layers and one thin (10 m) membrane, which is assembled 
on the PDMS bottom layer. 
 

Augmented master combining SU-8 and PDMS for molding the top layer. To expand the 

design possibilities, we combine this master with movable chemically-treated PDMS sub-molds 
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(pillars in our case, see Appendix B for fabrication method). Specifically, the movable PDMS sub-

molds are straightforwardly positioned onto the desired master features (on the cell chamber in 

our case), under a microscope (see Fig. 4.6b). The chemical treatment of the PDMS sub-molds 

prevents their polymerization with the uncured PDMS to be molded. Interestingly, it also 

facilitates the precise positioning of the sub-mold onto the SU-8 feature by providing an excellent 

balance between adhesion (to ensure that it stays in place when pouring uncured PDMS) and 

slipperiness (to ease fine repositioning). In practice, it is easy to achieve sub-100 μm positioning 

resolution with tweezers only, but higher precision tools (mask aligner or micro-positioners) can 

be used if greater resolution is needed. The details of the PDMS pillars fabrication method and 

chemical treatments are provided in the Appendix B. We note that an alternative method to 

achieve PDMS features of different heights would be to fabricate a multi-layers master via 

strategic photoresist layering and UV exposition patterning steps238,239. However, the SU-8 feature 

heights achievable (and thus PDMS open-top features) are typically limited to a few hundred 

microns and it becomes increasingly challenging with the number of different heights. Producing 

mm-thick PDMS layers is often desirable in order to ensure structural integrity upon 

manipulations and connection to external tubes. In contrast, the PDMS sub-mold strategy we 

used and outlined above has no such limitations (maximum height and number of different 

heights) in addition to be fast and simple, making it a method of choice for complex cell-scale 

device features. A summary of the other methods that we considered for the PDMS top layer 

fabrication is presented in Table B.1 of the Appendix B. 

Device molding and assembly. The PDMS (Sylgard 184 silicone elastomer) top and 

bottom layers were molded using the microfabricated master described above. They were aligned 

and bounded using an air-plasma system (Glow Research, Tempe, AZ, USA) and a mask aligner 

(OAI, CA, USA). Prior to assembly, the bottom layer was bonded to a 10 μm thick PDMS 

membrane, which was spin coated onto a clean silicon wafer. The top layer is composed of 

features having two significantly different heights (~2 mm for the cell chambers, and 340 μm for 

other features). Uncured PDMS was then poured onto the augmented master mold described 

above (SU-8 features and positioned pillars) until PDMS barely covered the pillars. 
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4.5.2 CELL CULTURE, STRETCHING EXPERIMENTAL PROCEDURES, AND IMAGING 

The cells were cultured in a standard incubator (37°C, 5% CO2) and kept in DMEM with 10% FBS 

and 1% streptomycin/penicillin added (Hyclone Laboratories, Logan, UT, USA). Each microdevice 

was air-plasma treated (Glow Research, Tempe, AZ, USA) for 5 minutes at 70 W for hydrophilicity 

and to reduce the risk of trapping air bubbles. Flushing the microchannels with 70% ethanol for 5 

minutes and then with autoclaved PBS solution ensured sterilization and removal of ethanol from 

the microdevice, respectively. Prior to cell seeding, in order to promote the cell adherence to 

PDMS, each membrane was functionalized via incubation for 4 hours in a solution of fibronectin 

10 μg/ml of HEPES-buffered salt solution (HBSS; 20 mM HEPES at pH 7.4, 120 mM NaCl, 5.3 mM 

KCl, 0.8 mM MgSO4, 1.8 mM CaCl2 and 11.1 mM glucose). A density of adhered cells of ~300 

cells/membrane was achieved by injecting a solution of culture medium with 5x104 cells/ml, and 

using an incubation time of 15 hours. Note that two different seeding methods can be employed 

with our device. First, the cells can be loaded into the device’s stretching chamber via the 

microfluidic channels using pressurized vials. Second, a micropipette can be used to directly 

deliver the cell solution if the PDMS layer acting like a top sealant has been peeled off beforehand 

(which is the case when the microfluidic properties are not required during the experiment, see 

section 4.4).  

All the stretching experiments were carried out within the incubator to ensure optimal 

environmental conditions. The vacuum pumps were controlled via a Labview program creating 

sinusoidal stretching waveforms (2 to 10% strain amplitude across the membrane, 0.5 Hz). To 

acquire the cell orientation data over the course of the experiments, the cells were imaged before 

and between stretching periods by interrupting the cyclic stretching momentary (~10 minutes). A 

Nikon TiE inverted phase contrast EPI microscope (long working distance 10X objective) was 

employed to image the living cells within the devices. Immediately after imaging, cyclic stretching 

was reinitiated to continue the experiments. Fig. 4.2d was obtained in separate experiments by 

immunofluorescence staining and imaging the cells directly within the microfluidic device, 15 

hours after seeding. Details of the staining protocols are given in the Appendix B. 

4.5.3 MEMBRANE STRAIN FIELD CALCULATION  

The detailed method to extract the strain field was published previously224.  First, fluorescent 

beads (FluoSpheres, 200 nm, Invitrogen, CA, USA) embedded in the elastic membrane were 
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repeatedly imaged with an EPI fluorescence microscope as the membrane was stretched. Their 

displacements were then extracted with a custom Matlab script in order to calculate the maps of 

the Green strain matrix elements, and subsequently the maps of the maximum (ε1(x,y)) and 

minimum (ε2(x,y)) principal strain fields138. The interpolated and boxcar smoothed strain fields of 

5 devices (and their mirror images, since the device is symmetrical) were averaged together to 

provide an accurate representation of the device population. For every position across the 

membrane, the maximum principal strain field is associated with the direction of maximum 

stretch while the minimum principal strain field is associated with the direction of minimum 

stretch or maximal compression. In our device, the amplitude of the former largely dominates 

that of the latter across the full membrane. Therefore, in the orientation analysis, the cell normals 

were reported with respect to the maximum principal strain direction when specified as Δθstrain. 

Finally, the gradient field (of the maximum principal strain) was calculated everywhere across the 

membrane.  

4.5.4 CELL ORIENTATION AND ELONGATION ANALYSIS 

The background noise was reduced from the phase contrast images with a Fast Fourier Transform 

bandpass filter using ImageJ. To capture the cell morphologies, binary images were generated 

with the adaptive threshold plugin. The cell orientations, positions and elongations were obtained 

via the Analyze Particles tools of ImageJ. The analysis of the extracted cell data was achieved with 

a custom Matlab script. In particular, the orientation of each cell normal was reported with 

respect to either the X-axis (Δθx-axis), the local strain direction (Δθstrain), or the local strain gradient 

direction (Δθgradient). The cells located within 150 μm of the chamber’s walls were not considered 

to eliminate possible edge effects. At the end of the analysis, all angles were reported between 0 

and 90o in order to produce Fig. 4.3 to 4.5. 

4.5.5 STATISTICAL ANALYSIS 

Statistical significances were determined using unpaired two-tailed t-test, assuming unequal 

variances.  The number of samples and the number of independent experiments are specified in 

each figure. The t-test were performed by considering the averages extracted from the 

independent experiments (as opposed to considering every single cell orientation from all 

experiments). The error on the degradation of the average lateral FWHM represents the standard 

error on the mean. 
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CHAPTER 5 | MECHANICAL STRAINS DRIVE NEWLY TRANSFORMED 
EPITHELIAL CELLS TOWARD INVASIVENESS 
 
Manuscript in preparation. The supplementary information is presented in Appendix C. 
  
Authors: Chagnon-Lessard, S., Jean-Ruel, H., Godin, M., Pelling, A.E. 
 
 
Motivation/objective: Previous studies indicate that RasV12-transformed cells leave epithelial 

sheets in a non-cell-autonomous manner and that cytoskeletal forces play a key role in this 

dynamic. Having demonstrated in Chapters 3 and 4 the impact that mechanical deformations 

can have on the overall cell behavior and cytoskeleton, we utilize our microstretcher to assess 

the effect of a biologically relevant strain field on RasV12-tranformed cells co-cultured with 

normal epithelial cells. 

 
 
 

5.1 ABSTRACT 

Apical extrusion is an epithelial defense mechanism against transformed cells, the efficiency of 

which depends on the ability of the surrounding normal cells to sense and eliminate them. This 

cellular competition process relies on forces generated by the cells’ cytoskeleton, which is known 

to be remodeled by external mechanical forces. How external forces affect epithelial defense and 

transformed cell invasion is thus of primary interest, but little is known currently. Using 

microfluidic stretchers, we show that biologically-relevant strains jeopardize the epithelial 

defense mechanisms against RasV12 transformed MDCK cells. Cyclic stretching favors RasV12 

protrusion formation and impedes RasV12 cell apical extrusion. Concurrently, it prevents the 

formation of strong circumferential belts of actin in RasV12 cells, previously established as a 

primary step of apical extrusion under static conditions. Taken together, our results indicate that 

external forces remodel key mechanical structures differently in RasV12 than in normal cells, 

demonstrating that RasV12 cells have different sensitivity to strain. We propose that these 

remodeling mismatches in actin cytoskeleton and adhesion complexes change the interaction 

between RasV12 and normal cells, steering the system toward invasiveness. Inhibition of ROCK 
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partially restores RasV12 apical extrusion under strain, suggesting together with other evidences 

the implication of the Rho-ROCK pathway in the strain-induced invasive phenotype of RasV12 cells. 

5.2 INTRODUCTION 

Although they are one of the simplest tissues present in complex multicellular organisms, 

epithelial mono- and bi-layers play a crucial role as first-line protection of organs and the cavities 

they envelop46,240. Epithelial cells form tight physical barriers constituting an efficient defense 

against pathogens and preventing the passage of other cells and macromolecules93. The 

monolayers maintain their integrity and barrier function despite continuous cell division and 

death (normal epithelial cell turnover). Apical extrusion is the mechanism by which a dying cell is 

eliminated, but this cellular process is also a part of normal cell competition 94,97,241. Certain cells 

exhibiting abnormal activities, such as some oncogenic expressions, are also apically extruded, 

although in a death-independent manner115,242. The majority of human cancers result from the 

transformation of a single cell following alteration in its genome111. Mutations converting a gene 

belonging to the Ras family into an active oncogene is found in 20% of human tumors243. Ras 

proteins influence numerous signalling pathways, such as Rho113,114, leading to changes in actin 

cytoskeleton configuration as well as, among others, cell shape, contractility, adhesion, motility, 

and division. Previous studies showed that H-RasV12-transformed cells can be recognised and 

eliminated via apical extrusion by the concerted action of the surrounding wild type (WT) 

cells47,112,242. This has been referred to as epithelial defense against cancer or transformed cells. 

Diversion of the extrusion direction from apical to basal extrusion is observed in certain oncogenic 

cells, and is a potential mechanism to initiate metastasis115,244–246. Although the majority of RasV12 

cells are apically eliminated, some rather initiate basal invasions by remaining in the monolayer 

and growing protrusions. In certain cancers, their prominence has been linked to invasiveness247. 

Importantly, these RasV12-transformed cellular extrusion and protrusion behaviors are only 

observed when surrounded by WT cells. 
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Mechanical forces are intrinsic to the microenvironments in which biological systems 

evolve‡, and physical cues are known to regulate a variety of cellular functions 248. In this context, 

understanding of the mechanical contribution to tumor initiation and development is required for 

a holistic comprehension of cancer biology104,249. Cells are constantly sensing and responding to 

mechanical forces and properties of the surrounding extracellular matrix (ECM)2. Not only do cells 

actively adapt their biophysical properties, but they also remodel their microenvironment. This 

mechanical equilibrium regulates critical cell functions involved in cancer progression such as 

motility, differentiation, and proliferation109,250. For the recognition and elimination of 

transformed cells, epithelial defense against transformed cells relies on many cytoskeletal 

proteins and cell-generated contractile forces in both normal112  and transformed cells100,101. Given 

that external forces can remodel the cytoskeleton architecture, it raises the question whether or 

not external forces also regulate the RasV12 cells’ fate within the epithelial monolayer. 

Here we used polydimethylsiloxane (PDMS) microfluidic stretchers which mimic the 

complexity of the strain field present in vivo to study the early stage of epithelial cancer 

development in a model system. We examined the extrusion process and protrusion formation in 

cyclically stretched Madin-Darby Canine Kidney (MDCK) H-RasV12-WT co-cultures. Considering 

that contractile forces generated by cells are extensively involved in RasV12 apical extrusion, it is 

of primary interest to investigate the interplay of external mechanical forces with this process. 

We demonstrated that the application of external strains triggers RasV12 cell basal invasion by i) 

significantly reducing their apical extrusion and ii) promoting protrusion formation. We explored 

how the RasV12 and WT cellular mechanoresponses differ and found that the strain-induced 

perturbations to their relative cytoskeletal organization drive the RasV12 cells toward an invasive 

phenotype. 

                                                           

 

 

‡ Epithelial cell sheets throughout the body are subjected to repeated forces either via direct 
deformation of the organ they envelop or indirectly via tissue matrix deformation.  
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5.3 RESULTS 

5.3.1 EXTERNAL MECHANICAL FORCES PROMOTE RASV12 INVASIVENESS 

To generate a biologically relevant strain field, we employed an all-PDMS pneumatic-based 

microfluidic stretcher which we reported previously45. Cells were cultured on a thin suspended 

membrane encased in a cell chamber. This membrane was cyclically stretched via the deformation 

of the cell chamber walls, upon the activation of vacuum chambers. The co-culture of MDCK H-

RasV12-WT (1:75) cells was seeded on the type-I collagen-treated membrane (relaxed state), and 

incubated in a tetracycline-free environment until a monolayer was fully formed (10 h). Cyclic 

stretching (1 Hz) and RasV12 expression (induced with tetracycline) were then simultaneously 

initiated. The systems were imaged after 24 hours of stretching. A set of automated image analysis 

programs was developed to precisely characterize the strain-induced changes of key cellular 

components throughout the co-culture. Fig. 5.1a-c present the working principle of the device 

and a portion of the image analysis. 

We first examined the RasV12 cell behavior within the WT monolayer when no strain was 

applied within the microfluidic device. We observed the formation of small basal protrusions and 

found that a significant fraction of the Ras V12 cells were extruding as expected47. Fig. 5.1e shows 

that their average height was above that of the surrounding WT cells (see also Appendix C, Fig. 

C.1). An example of an extruding cell is shown in Fig. 5.1d. To study the impact of external 

mechanical forces on the system, we then examined the RasV12 cell behavior under cyclic 

stretching and we observed a dramatic effect. Firstly, the average height of the RasV12 cells 

dropped below that of the WT cells (Fig. 5.1e), suggesting a preponderance of basal – rather than 

apical – extrusion. Secondly, the average size of basal protrusions increased significantly (Fig. 

5.1f), indicating increased aggressiveness in our model system. A representative example of a 

RasV12 cell growing long protrusions under cyclic stretching is shown in Fig. 5.1d. The dependence 

on strain amplitude of the average protrusion size and RasV12 cell height indicates that the degree 

of invasiveness is modulated by the force amplitude (Fig. 5.1h). As the resulting variation is small 

in our system, data were simply grouped as either strain or static elsewhere. Overall, our results 

demonstrate that biologically relevant forces trigger an invasive RasV12 cell phenotype and impede 

the monolayer’s ability to eliminate transformed cells. 
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Pharmacological treatments were used to interfere with the mechanical stability of cells. 

Blebbistatin and ROCK inhibitor Y-27632, which respectively inhibit myosin II activity and 

actomyosin contractility, both decreased RasV12 extrusion under static conditions (Fig. 5.1e). This 

agrees with previous observations which demonstrated the importance of ROCK in the apical 

extrusion process47. Under cyclic stretching, both blebbistatin and ROCK inhibitor significantly 

reduced the effects of strain on RasV12 cell behavior (Fig. 5.1e,f). This indicates that myosin II 

activity and actomyosin contractility are involved in the increased invasiveness induced by 

strain. We found that inhibiting FAK with PF-573228 also decreased the effect of strain, albeit 

more moderately (despite having the strongest impact on cell shape (see Appendix C, Fig. C.2). 

FAK stabilizes the actin cytoskeleton via the ROCK pathway and regulates the central proteins of 

focal adhesions251, thus playing a key role in mechanosensing and transduction252–254. FAK 

inhibition is being investigated as a new therapeutic cancer target104,255 and has been shown to 

bypass some extrusion defects245. Interestingly, it is only when stretching is applied that we 

observe a reduction of RasV12 invasiveness upon FAK inhibitor addition. These results show that 

the structural integrity of the cytoskeleton strongly affects the process by which substrate strains 

change the system dynamics and trigger RasV12 invasive behavior. 



91 

 

Figure 5.1 Cyclic stretching increases protrusion formation and hinders apical extrusion. a) Top: 
confocal image of the MDCK co-culture (RasV12 and WT cells, static condition) with GFP-RasV12 cells 
in green, actin in red, and nuclei in blue. Scale bar is 35 μm. Middle and bottom: image analysis 
output showing the nucleus centres (yellow), the cellular contours (red), the RasV12 cell bodies 
(dark blue), associated protrusions (middle) and the junctional regions (bottom: RasV12-RasV12 in 
green, RasV12-WT in orange, and WT-WT in blue). b,c) Monolayer grown in a PDMS pneumatic-
based microfluidic stretcher in its relaxed (b) and stretched (c) states (phase contrast mode). The 
insets (bright field mode) show the empty device with the strain map superimposed in the 
stretched case (dark blue: 3%, dark red: 9%). The cell chamber width is 1.6 mm. d) Confocal images 
of GFP-RasV12 transformed cells in WT monolayers 24 h after tetracycline addition followed by F-
actin (red) and nuclei (blue) staining. Scale bar is 25 μm. Top: representative example of RasV12 
cell forming large protrusions obtained in a stretched experiment. Bottom: representative 
example of extruding RasV12 cell obtained in a static control. e) Average height difference between 
the RasV12 and WT cells for the static controls and stretched experiments. f) Average protrusion 
area relative to the cell body (i.e. excluding the protrusions) for the static controls and the 
stretched experiments. The drug-free case (DMSO) and three drugs were tested: FAK inhibitor, 
blebbistatin, and ROCK inhibitor. Data are mean ± s.e.m. *** P<0.0001, **P<0.005, *P<0.05. Stars 
above the individual bars relate to the corresponding DMSO condition. Stars above the horizontal 
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lines refer to the significance between the control and strain data. From left to right in e,f), n = 
234, 188, 78, 139, 268, 233, 237 and 334 cells each from 3 or 4 independent experiments. g) 
Correlation between the average RasV12 cell height and the average protrusion area for the 8 
conditions presented in e,f). h) Average RasV12 cell height (red) and average protrusion area (blue) 
as a function of the strain amplitude, for the DMSO condition. The zero-strain points correspond 
to the average of the control data, and the non-zero strain points were obtained by binning the 
data of the stretched experiments into five bins each containing an equal (37-38) number of cells. 

In consideration of all conditions tested (DMSO, blebbistatin, ROCK and FAK inhibitions, 

each combined to both static and cyclically stretched substrates), we found a strong correlation 

between the average protrusion size of the RasV12 cells and their average height relative to the 

surrounding WT cells (Fig. 5.1g). The decrease in apical extrusion is consistent with the facilitated 

protrusion growth of RasV12 cells under strain. From a mechanistic point of view, it is more difficult 

for the WT cells to “squeeze out” a transformed cell which has increased adhesive contact area 

with the substrate, as hinted by Gudipaty et al.46. 

5.3.2 THE STRONG CORTICAL ACTIN BELTS AROUND RASV12 CELLS VANISH UNDER STRAIN 

The process by which epithelial monolayers expel dying cells to maintain their integrity is now 

believed to begin with the formation of a cortical contractile F-actin belt in the dying cell itself97. 

The cortical actomyosin cytoskeleton of a cell produces contractile forces that are coupled to 

neighboring cells via E-cadherin adhesions101,240,256. Specific patterns of intercellular tension are 

controlled in part by the cortical F-actin network. Dysregulation of this pattern of contractility at 

the cell-cell junctions has been shown to drive oncogenic extrusion100,101. An increase in cortical 

contractile F-actin within the RasV12 cells was also found to be actively implicated in their extrusion 

by the surrounding WT cells100,101. Since these previous results indicate that cortical actin is critical 

in determining the fate of RasV12 cells, we investigated the effects of strain on the remodeling of 

cortical actin throughout the co-culture. We observed, in agreement with previous studies47,100, 

the presence of a strong cortical actin belt in RasV12 cells under static conditions (Fig. 5.2a,b). In 

contrast, upon cyclic stretching (in the drug-free case), the difference in cortical actin intensities 

between RasV12 and WT cells vanishes. Hence, when physiological mechanical forces are applied, 

the RasV12 mutation in MDCK cells is generally not sufficient to trigger the formation of the strong 

cortical actin belt associated with apical extrusion. This suggests that external strains at least 

partially alter the extrusion mechanism by preserving uniformity among the actomyosin 

contractile patterns in RasV12 and WT cells. Upon the addition of FAK inhibitor, blebbistatin, and 

ROCK inhibitor, the strain-induced alteration of the actin ratio is largely suppressed. That is, the 
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formation of a strong actin belt is not eliminated (Fig. 5.2b and Appendix C, Fig. C.3b). This shows 

that the abolition of the strong actin belt via external strains is at least partially regulated by the 

Rho-ROCK pathway. It also further supports the importance of the actin belt in the extrusion 

process, as highlighted by the strong correlation between the junctional actin intensity ratio 

RasV12-RasV12/WT-WT and the extruding RasV12 height (Fig. 5.2c). Importantly, these results show 

that strain remodels the cytoskeleton differently in RasV12 and WT cells, specifically at their 

junction, thus affecting their interaction. 

5.3.3 THERE IS A RELATIVE DEPLETION OF THE E-CADHERIN ADHESIVE BELT IN RASV12 CELLS UNDER 
STRAIN 

Previous studies have shown that the loss of e-cadherin is an important step in the development 

of cancer257 and that the loss of cell-cell adhesions is related to more invasive phenotypes258,259. 

For instance, activating RhoA and ROCK was found to promote cancer cell invasion via the 

disruption of e-cadherin adherent junctions260. We investigated the effects of strain on junctional 

e-cadherin signal intensity (Fig. 5.2f,g, C.4c and C.6 from Appendix C). We observed that strains 

induce changes in e-cadherin differently in WT than in RasV12 cells. In the static control, the 

accumulation of e-cadherin at RasV12-WT (or RasV12- RasV12, see Appendix C , Fig. C.3c) interfaces 

is greater than that at the WT-WT interfaces. This e-cadherin intensity mismatch diminishes upon 

cyclic stretching. This relative depletion of the e-cadherin adhesive belt in RasV12 cells is coherent 

with a model in which increased RhoA-ROCK activity, in our case via mechanical strains, promotes 

a more invasive phenotype. 

5.3.4 STRAINS PROMOTE BASAL SF FORMATION IN WT CELLS BUT NOT IN RASV12 CELLS 

To further investigate the mechanical landscape in which RasV12 cells evolve, we analyzed the 

basal actin network of the monolayer. Almost no basal actin stress fibers (SFs) were visible in the 

static DMSO control (Fig. 5.2a). In contrast, upon stretching, they were largely promoted in the 

WT cells as shown in Fig. 5.2a,d. Indeed, the activation of the RhoA-ROCK pathway (and the 

subsequent increase in myosin phosphorylation) following the application of substrate strain on 

cells promotes the formation of the actomyosin cytoskeleton261. Sahai et al.90 showed that the 

generation of contractile forces via the Rho-ROCK pathway disrupts cell-cell junctions. From 

mechanical considerations, a well-developed actomyosin network exerting high tension tends to 

reduce cell-cell contact and adhesion strength256,262. This suggests that the WT-WT cell adhesion 
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integrity is altered by the increased actomyosin network following cyclic stretching. Since the fate 

of RasV12 cells depends on their interaction with the surrounding WT cells, we propose that this 

remodeling of the monolayer facilitates the progression of RasV12 protrusions, since they grow 

preferentially at the WT-WT interfaces (see details below). 

For both the drug-free condition and the three pharmacological treatments, no significant 

difference in RasV12 basal actin was observed between the static and stretched conditions (Fig. 

5.2a,e). This significant discrepancy with WT cells further demonstrates the mismatch in strain 

mechanoresponsiveness between RasV12 and WT cells, and is a first hint that the former appear 

less responsive. 

5.3.5 STRAIN-INDUCED CELLULAR REORIENTATION IS DIFFERENT IN RASV12 AND WT CELLS 

To further demonstrate the strain sensitivity mismatch between RasV12 and WT cells we analyzed 

cellular reorientation, a common signature of mechanoresponse upon cyclic-stretching. Although 

it is generally studied in elongated cells such as fibroblasts, it has also been observed in epithelial 

cells, including in MDCK cells30,137. Interestingly, we have found that while WT cells preferentially 

reorient perpendicular to the stretching direction, RasV12 cells exhibit a nearly random distribution 

(Fig. 5.3a). These results further support the interpretation that WT cells are more 

mechanoresponsive to cyclic stretching than RasV12 cells (in the drug-free case). This reorientation 

mismatch was smaller (or non-existent) upon addition of pharmacological treatments. Fig. 5.3b 

shows a positive correlation between the reorientation mismatch (RasV12 vs WT) and the degree 

of RasV12 cell invasiveness for the four pharmacological conditions investigated (DMSO, FAK 

inhibitor, blebbistatin, and ROCK inhibitor). A greater reorientation mismatch coincides with 

larger basal protrusions and a lower average RasV12 height. While we do not suggest causality 

between these parameters, it is consistent with our general results showing that RasV12 and WT 

cells have a different sensitivity to strain, which plays a key role in triggering invasiveness. 

Additionally, we found a lower level of basal vinculin intensity in RasV12 cells than in WT cells under 

cyclic stretching, suggesting differences in the connections between the substrate and F-actin 

networks263 (Appendix C, Fig. C.5a,c). 
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Figure 5.2 Cyclic stretching promotes actin and e-cadherin reorganization differently in WT and 
in RasV12-transformed cells. a) Confocal images of the RasV12-WT culture for a static control (top) 
and a stretched experiment (bottom). GFP-RasV12 cells are in green. Junctional and basal actin 
images (red) were obtained as described in the Materials and Methods section. Scale bar is 25 
μm. b) Ratio of the junctional actin intensity, RasV12- WT interface over WT-WT interface. c) 
Correlation between RasV12 extrusion height and the junctional actin intensity ratio RasV12- RasV12 
over WT-WT. The data from each of the 8 conditions (DMSO and three drugs, static (c) and strain 
(s)) were separated in three bins each of equal number of cells. d,e) Average basal actin intensity 
of the WT (d)  and RasV12 (e) cells. Both are normalized to the actin intensity summed over all 
stacks and averaged over the full image. f) Representative confocal images of the RasV12-WT 
culture under strain showing a GFP-RasV12 cell (green), junctional actin (red) and e-cadherin 
(magenta). Scale bar is 25 μm.  g) Ratio of the e-cadherin junctional intensity, RasV12-WT interface 
over WT-WT interface. For b,d,e,g), three drugs were tested in addition to the drug-free case 
(DMSO): FAK inhibitor, blebbistatin, and ROCK inhibitor. Data are mean ± s.e.m. *** P<0.0001, 
**P<0.005, *P<0.05. Stars above the individual bars relate to the corresponding DMSO control or 
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DMSO strain condition. Stars above the horizontal lines refer to the significance between the 
control and strain data. From left to right, n = 43, 48, 29, 44, 56, 56, 53, and 57 images, each from 
3 to 4 independent experiments. The average ratios of each image were compiled and they were 
used to determine the mean and the s.e.m. of the data points reported; the total number of RasV12 
cells contained in each set of images is given in Fig. 5.1e,f. 

5.3.6 THE SURROUNDING WT CELLS GUIDE THE RASV12 PROTRUSION GROWTH DIRECTION 

The ability of transformed cells to grow protrusions is known to facilitate and guide their 

invasion and progression247,264,265. We observed that the application of strain promotes protrusion 

formation in our model system, although it is as yet unclear what influences their growth 

direction. We analyzed their orientation with respect to the strain direction and found a nearly 

random distribution (not shown). Interestingly, we observed that protrusions grow preferentially 

parallel to the strain-induced basal SF network of the neighboring WT cells (Fig. 5.3d). As the 

driving force for protrusion growth is associated with the polymerization of localized actin 

filaments264, it is possible that less resistance is encountered along that direction. Protrusion 

formation is thus guided at least partially by their interaction (either mechanical or chemical 

nature) with the surrounding WT cells, which organization is modified by strains. We also found 

that RasV12 cell protrusions grow preferentially along WT-WT interfaces (Fig. 5.3c). This effect is 

particularly pronounced in thinner protrusions. The apparent facilitated protrusion progression 

under cyclic stretching (Fig. 5.1f) is thus consistent with the strain-induced promotion of the 

actomyosin contractile apparatus, demonstrated in other studies to weaken intercellular 

junctions261. These findings demonstrate that the structure of the WT monolayer modulates 

RasV12 protrusion progression under cyclic stretching. They also suggest that the tissues 

comprising the microenvironement of transformed cells, and importantly the way that they are 

shaped by physiological forces, are critical in guiding cancer invasion. 



97 

 

Figure 5.3 Orientation analysis. a) Cellular reorientation response to cyclic stretching. Normalized 
incidence histogram of the angle difference between the cell body direction and the stretching 
axis for the WT (top) and RasV12 (bottom) cells. nWT control = 5261 cells, nWT strain = 5076 cells, nRas control 
= 287 cells, and nRas strain = 189 cells from 3 independent strain and 3 independent control 
experiments. b) Correlation between the reorientation mismatch and the strain-induced changes 
in average RasV12 cell height and protrusion area. Each point corresponds to one pharmacological 
condition (DMSO, FAK inhibitor, blebbistatin, and ROCK inhibitor). The reorientation mismatch is 
the difference between the strain-induced reorientation of the WT cells (Δθ𝑎𝑎𝑎𝑎𝑎𝑎 𝑊𝑊𝑊𝑊) and that of 
the RasV12 cells (Δθ𝑎𝑎𝑎𝑎𝑎𝑎 𝑅𝑅𝑅𝑅𝑅𝑅 ), where Δθ𝑎𝑎𝑎𝑎𝑎𝑎 = θ𝑎𝑎𝑎𝑎𝑎𝑎 𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠 − θ𝑎𝑎𝑎𝑎𝑎𝑎 𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐𝑐 . When the mismatch is 
zero, the degree of cell reorientation under strain is the same for RasV12 and WT cells. When it is 
higher than zero, the reorientation response is greater in WT cells. c) Top: rather extreme example 
of RasV12 cell with protrusions growing preferentially at the WT-WT junctions. Scale bar is 11 μm. 
Bottom: the average WT junctional actin intensity is greater above the RasV12 protrusions than it 
is in average elsewhere. Control and strain DMSO conditions combined together, n = 91 images 
(each image contained 1 to 10 RasV12 cells from 1 to 4 clusters, and hundreds of WT cells) from 3 
independent control and 3 independent strain experiments. Data are mean ± s.e.m., *** 
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P<0.0001. d) Top: representative confocal images of basal actin (red) and GFP-RasV12 (green) 
showing a protrusion growing parallel to neighboring actin SFs. The arrows point at the same SF 
in two different views. Scale bar is 6 μm. Bottom: normalized incidence histogram of the angle 
difference between the protrusions and the neighboring WT actin filaments (under strain only). 
This analysis could not be performed for the static condition due to the scarcity of basal actin 
filaments in the absence of stretching. n = 190 protrusion segments from 3 independent 
experiments. 

5.4 DISCUSSION 

By introducing an external mechanical stimulus which mimics in vivo conditions, we uncoverd a 

greater potential for invasion of RasV12-transformed cells. The apical extrusion process is known 

to involve the generation and transmission of forces via the cytoskeleton and cell-cell 

adhesions100,101,112. Many studies reported that the interactions (mechanical and 

chemical) between WT cells and transformed epithelial cells drive apical extrusion in a non-cell-

autonomous fashion112,266,267. The ensemble of our results reveals that substrate deformations act 

as a critical mechanomachinery regulator which impacts the outcome of these interactions. Strain 

affects key mechanical structures differently in WT and RasV12 cells, including the cortical actin, e-

cadherin, basal SFs, cell body orientation, vinculin, and vimentin (vimentin intensity is higher in 

RasV12 cells than in WT cell under static condition, but this difference nearly vanishes under strain, 

see SI Fig. S5). Overall, our results indicate that the different sensitivity to strain of RasV12 and WT 

cells profoundly impacts the system’s dynamic, allowing cells with the RasV12 mutation to invade 

more aggressively. Removing physiological strains by maintaining the co-culture in a static 

microenvironment favors elimination of the abnormal cells from the monolayer via apical 

extrusion (Fig. 4). 

Cyclic stretching is known to induce actin cytoskeleton remodeling and increase 

actomyosin contractility via the activation of the Rho-ROCK signaling pathway, downstream 

phosphorylation of the myosin light chain kinase (MLCK), and myosin II activation261. It is also 

recognized that reorganization of the cytoskeleton is involved in the process of cancer cell 

invasion and metastasis46,104,105. A direct link has been established between the activation of the 

Rho signaling pathways (in particular targeting actin remodeling) and the ability of a tumor cell to 

initiate invasion265,268. RhoC and localized RhoA have been shown to play critical roles in 

protrusion growth247,268. Hence, we suggest that cyclic stretching drives the system toward 

RasV12 invasiveness, at least partially via the Rho pathway through the activation of cytoskeleton-

modifying proteins. This is further supported by our observation that pharmacological treatments 



99 

inhibiting ROCK or myosin II activity hinder the effects of strain on the system. Interestingly, while 

ROCK inhibition and ROCK activation (via strain) suppress apical extrusion when applied 

independently, their combined effects partially restore it. Since both of these conditions are 

known to interfere with ROCK in opposite ways, it suggests that a precise cytoskeleton mechanical 

configuration is required to enable apical extrusion. 

 

Figure 5.4 Summary of the proposed model. 

The process by which transformed epithelial cells escape their primary site is not fully 

understood. Apical extrusion is the typical mechanism by which epithelial cell turnover takes 

place. In contrast, oncogenic mutations can alter this process, resulting in basal extrusion, and 

potentially enabling invasion and escape towards the tissue they envelop115,244–246. For instance, 

K-Ras cells (not studied here) were shown to be predominantly basally extruded via degradation 

of S1P, preventing the formation of the strengthened contractile belt in the surrounding WT 

cells244. S1P is also known to be required for the H-Ras apical extrusion267. Its binding to S1PR2 

receptors in WT cells leads to filamin accumulation (a force generator) via the Rho-ROCK pathway. 

Here we found that although apical extrusion is preponderant in H-Ras cells under static 

conditions, cyclic stretching drives cell extrusion basally. In light of this, it would be relevant to 

study the S1P levels in the system to determine if they are involved in the mechanism by which 

strain promotes basal invasion. It was also proposed in the context of oncogenic expression that 

basal extrusion could result from the hyperactivation of Rho, which would cause the transformed 
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cell to contract apically where the highest concentration of actin and myosin II is observed115. This 

is consistent with what we observed in the context of cyclic stretching, but further investigation 

is needed to further our understanding of the mechanism governing basal extrusion of H-RasV12 

cell under strain. 

The results described in this work were obtained using an impenetrable solid PDMS 

membrane as the substrate, which is different from in vivo conditions. Nevertheless, the impact 

of external forces on RasV12 cell invasiveness is unambiguous in our model system and therefore 

highlights the importance of exploring in depth this avenue using in vivo models in future studies. 

5.5 CONCLUSION 

The capacity of epithelia to eliminate newly transformed cells via competition-like processes is a 

critical defense mechanism to eradicate the initial stage of carcinogenesis. Our results establish a 

direct link between the presence of external mechanical strains and the inability of normal 

epithelial cells to apically extrude RasV12 transformed cells in our model system. The latter are also 

found to exhibit enlarged invasive protrusions upon cyclic stretching. The cytoskeleton and 

adhesion reorganizations which follow the application of mechanical strains are different in the 

RasV12 transformed cells than in the surrounding normal cells. This difference in mechanical 

remodeling seems to favor RasV12 cells in the cell competition. Better understanding of how these 

mechanically-induced reorganizations are orchestrated in transformed cells and in their normal 

neighbors could lead to the development of new cancer-preventive treatments, such as the 

trafficking of mechanical strain pathways. This study shows how external forces can be 

determinant factors in cancer cell invasion and should therefore be considered in the exploration 

of potential avenues for preventing the spread of cancer. 

5.6 MATERIALS AND METHODS 

Microfluidic device and strain characterization. A detailed description of the microfluidic device 

fabrication and characterization can be found in previously reported work45. Briefly, the PDMS 

(Sylgard184, Ellsworth Adhesives Canada Corporation) microfluidic stretchers were prepared 

using standard microfabrication techniques, including UV photolithography and soft lithography. 

Each device contains a thin square suspended PDMS membrane (1.6 mm x 1.6 mm x 10 μm) that 

is attached to four vacuum chambers (two were used here). The cyclic action of a pair of isolated 

vacuum chambers (sinusoidal wave form, controlled via a homemade Labview program) deforms 
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the walls in which the membrane is anchored, thus stretching the latter. The generated strain 

field pattern is biologically relevant with strain amplitudes varying from 3 to 9 % and strain 

gradient amplitudes varying from 0 to 12 % mm-1, mimicking in vivo strain non-uniformity 139. The 

strain field was locally determined by employing a point-by-point characterization method. 

Fluorescence beads (FluoSpheres, 200 nm, Invitrogen) were incorporated in the PDMS membrane 

and imaged for different stretched states (10 states) with an EPI fluorescence microscope (Nikon, 

Tokyo, Japan). A homemade Matlab program was generated to track the bead displacements and 

calculate the Green strain matrix elements. The estimated stiffness of the PDMS membrane is 0.5 

MPa based on previously reported characterizations of similar PDMS substrates206,207. 

Cell lines, cell culture, and inhibitors. MDCK and MDCK-RasV12 transformed epithelial cells 

were cultured in Dulbecco’s Modified Eagle’s Medium (DMEM) supplemented with 10% FBS, 

50mg/ml streptomycin, and 50U/ml penicillin antibiotics (Hyclone Laboratories, Logan, UT, USA). 

RasV12 is a stable MDCK cell line expressing in a tetracycline-inducible manner the oncogene Ras 

(GFP-tagged)47. All the cells were cultured in a standard incubator at 37°C with 5% CO2, initially on 

d=100 mm tissue culture dishes (Corning) and then on the microfluidic stretcher membranes. 

Prior to seeding the cells into the microdevice, the PDMS membrane was air-plasma treated (Glow 

Research, Tempe, AZ, USA) at 70 W for 5 minutes. Sterilization and washing were performed by 

flowing 70% ethanol for 5 minutes followed by autoclaved phosphate buffered saline (PBS) 

solution for another 5 minutes. The membrane was then coated with Rat-tail collagen I (5 μg cm-

2, Gibco) for 4 hours and rinses with PBS. A solution of suspended cells (ratio of 1:75 RasV12 to WT) 

was injected into the device and incubated for 10 hours to grow the monolayer. Cyclic stretching 

of the well-adhered co-culture was initiated immediately after RasV12 activation with tetracycline 

(2μg/ml). The monolayer was stretched for 24 hours at 1 Hz in the incubator. Inhibition studies of 

focal adhesion kinase (PF-573228, 10 µM, Selleckchem Inhibitor Expert, catalogue no. S2013), 

Rho-kinase (Y-27632; 10 µM, Sigma, catalogue no. Y0503), and myosin-II (blebbistatin; 10 µM, 

Sigma, catalogue no. B0560), were achieved by exposing the cells immediately before stretching. 

The pharmacological treatments used were stored in dimethyl sulfoxide (DMSO) stock solutions. 

The drug-free experiments were supplemented with 0.1% DMSO. 

Immunofluorescence Microscopy. Prior to DNA, actin, and e-cadherin staining, cells were 

fixed with 3.5% paraformaldehyde (15 min) and permeabilized with Triton X-100 (3 min) at 37°C. 

The DNA was labelled with DAPI (Invitrogen, catalogue no. D1306), the actin with phalloidin 

https://www.google.ca/search?num=20&safe=off&rlz=1C1JZAP_frCA680CA680&biw=1093&bih=530&q=Minato&stick=H4sIAAAAAAAAAOPgE-LUz9U3MC7ITStXAjONTJIKs7S0spOt9POL0hPzMqsSSzLz81A4VhmpiSmFpYlFJalFxQAzB5wnRAAAAA&sa=X&ved=0ahUKEwim-46FkfnQAhUirlQKHQJ1BWsQmxMI8gEoATAd
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conjugated to Alexa Fluor 546 (Invitrogen, catalogue no. A22283), and the e-cadherin with 

monoclonal rat anti-e-cadherin (Sigma, catalogue no. U3254) primary antibody followed by 

polyclonal anti-rat IgG secondary antibody conjugated CF-647 (Sigma, catalogue no. 

SAB4600186). Standard staining protocols were adapted to suit the microdevice environment. 

The details of these protocols, as well as the vimentin and vinculin staining methods, are given in 

the Appendix C. On-chip cell imaging was carried on with a long-distance 25x objective (NA=1.1) 

and an upright laser scanning multiphoton confocal microscope (Nikon A1RsiMP). The 

fluorescence signal of the images presented here have been optimized by adjusting the 

brightness/contrast settings using the program ImageJ. The despeckle function has only been 

used on images showing large cell components to remove salt and pepper noise. The maximum 

intensity z-projection of either the full stack or of a subset of slices is shown depending on the 

element of interest. 

Data analysis. Statistical significances were determined using unpaired two-tailed 

Student’s t tests, assuming unequal variances.  The number of samples and the number of 

independent experiments are specified in each figure. The image analysis was performed using 

homemade Matlab programs making use of the image processing toolbox. A detailed description 

of the image analysis is included in the Appendix C. 
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CHAPTER 6 | CONCLUSION 

The studies presented in this thesis highlight the importance of integrating increasingly complex 

physical conditions when performing cellular studies, in order to better reflect how our bodies 

are constructed. This was first accomplished by developing versatile microfluidic devices to 

implement complex physiological strains to the substrate, while retaining near diffraction-limited 

imaging capabilities. Secondly, these micro-engineered stretchers were employed to gain insight 

into the influence of mechanical forces on the organization and function of cell populations. 

                    Our work revealed that a cell can sense if one side of its body is being more stretched 

than the other. We showed that the presence of strain gradients triggers the reorientation of the 

cell body and its actin stress fibers in such a way as to avoid discrepancies in stretching 

amplitude. This coordinated cellular response suggests that mechanical cues, which are 

transmitted to the actin network via the FAs, are processed according to their respective location 

and amplitude through intracellular communication. We also demonstrated that even smaller 

structures like FAs align in accordance with the global cell body response, rather than with the 

direction of the local external force applied to them. We suggested that FA alignment is guided 

by the feedback cues coming from the actin cytoskeleton pulling on them. Overall, this study 

shows how cells, far from being ensembles of independent components executing individual 

functions, rather exhibit a high level of organization with intricate networks of interactions. 

Cellular constituents are completely interdependent, making the cell an integrated whole. 

                    In another study, we demonstrated that the history of mechanical cues can influence 

the apparent pattern of cellular response. Importantly, our work showed that cells can decouple 

the different components of a complex strain field (the strain and its gradient) and operate 

distinct mechanoresponses that occur on different time-scales. We suggested that the slower 

response to the strain gradient involves complex transduction mechanisms, potentially requiring 

the creation of an intracellular gradient of biochemical cues. This hypothesis can be tested in 

future work by monitoring the location and density of key proteins such as certain GEFs and Rho 

GTPases. Furthermore, future studies could also consider biochemical cell-cell communication in 

our non-uniform mechanical environment, to assess the potential role of the paracrine 

effect. Another important question remains. What are the cellular functions regulated by the 

strain gradients? Answering these questions might shed light onto certain pathologies caused by 
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mechanotransduction dysregulation. Better understanding the molecular mechanism of gradient 

mechanotransduction and identifying the physiological processes that it regulates could 

eventually lead to the development of new therapies. 

In future studies, it would be of interest to build a mechanistic model to collectively 

explain the observations of Chapters 3 and 4. Various models predicting the cell orientation in 

response to uniform strains have been developed, but many of them considered the cell as a 1D 

object. In order to sense strain gradients, these models would likely require to be extended to 2D 

and consider remodeling of sub-cellular structures. For example, certain models approximate the 

cyclically stretched cell as a dipole168,169. They consider an effective free energy which is minimized 

when the cell (via regulation of its contractile activity) aligns such as to maintain an optimal stress 

component (homeostatic set point) in the adjacent matrix. To address the gradient avoidance, 

another internal energy term could be added to tune this homeostatic set point, in addition to 

extend the model to 2D. Many of the current strain models consider an amplitude threshold (that 

we observed to be around 3%) below which no stretching avoidance is observed. Therefore, a 

small deviation from the strain-determined homeostatic set point, to accommodate the gradient 

avoidance, would not cause a major strain-related energy penalty for the cell. In Chapter 3, one 

of the hypotheses that we proposed to explain gradient sensing was the creation of an 

intracellular gradient of signaling events. Since the local signaling activity regulates the local actin 

remodeling77, we can hypothesize the creation of asymmetries in the cytoskeleton organization 

and density throughout the cell in the presence of a strain gradient. A previous study supporting 

this hypothesis has reported a gradient in the actin SFs density under strong strain gradient 

amplitudes180. Given that some existing strain models consider the elastic energy stored in the 

SFs170, the new gradient model could take into account such asymmetric spatial distribution of 

the SFs-associated energy and minimize it. Since the internal energy terms associated with the 

gradient would depend strongly on the evolution of sub-cellular structures, this model could 

reproduce the slower gradient response observed in Chapter 4. 

The last chapter of this thesis further showed the importance of integrating physical 

considerations to the existing landscape of cellular biochemistry research. This is crucial for 

understanding how cellular behaviors determine the fate of much larger systems, such as our 

organs or our whole body, especially in the context of human diseases. As mentioned previously, 

numerous currently incurable diseases result from mechanotransduction defects. The last chapter 
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demonstrated with a cancer cell model system that external mechanical forces can greatly 

promote the invasiveness of transformed cells in the early stage of development and jeopardize 

the defense mechanism of neighboring healthy cells. It also showed that such physical cues have 

profound impacts on cytoskeleton and adhesion configurations. Mechanoresponse differences 

between the healthy and transformed cells were shown to correlate with the extent of invasion, 

thus exposing the critical role of mechanotransduction dysregulation. Our results also suggest 

that the effect of strain on the invasion of transformed cells is driven in part by the Rho/ROCK 

pathway. Future research directions include testing different inhibitors to traffic this signaling 

pathway in order to bypass the effect of physical cues on the early stages of cancer propagation. 

In the past decades, advances in microfabrication and microfluidics have enabled the 

development of functional platforms precisely reproducing ensembles of in vivo conditions that 

are critical for various biological systems. Progress in this area has led to a better understanding 

of many human pathologies, to drug discoveries, and to better predict the human response to 

drugs during preclinical assays. Our work, in particular in Chapter 5, fits in this line of research. 

Various improvements can be implemented to our microstretcher depending on the system under 

study. For example, replacing the thin elastic membrane by a 3D stretchable scaffold would allow 

to investigate how our results carry over from a 2D to a 3D microenvironment. Such 

scaffold would also allow to construct more complex biological models, for example by layering 

various types of tissues. Another possible research avenue is to use a porous membrane in the 

context of our transformed cell study. This could reveal whether or not basally invading 

transformed cells end up being completely basally extruded (in our model this would correspond 

to cells escaping towards the organ). In the future, using a wide range of cell types coming from 

different organs (e.g. lung, heart, intestine) and employing microenvironments better 

reproducing in vivo conditions (e.g. stiffness, porosity, cellular heterogeneity, matrix 

dimensionality) will reveal if strain-induced invasiveness is a specific response of epithelial kidney 

cells or if mechanical forces are a determining factor for transformed cells progression throughout 

the body. Finally, the current design of our microstretcher permits to study the impact of fluid 

shear stress gradients on the cellular behavior, due to the velocity profile of the flow in the cell 

chamber. It would be particularly interesting to study the combined effect of non-uniform strain 

and flow fields on blood vessel cells, for instance. 
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The aforementioned technology developments have allowed us to better understand the 

interplay of physics and cell biochemistry. Through different investigations, we revealed new 

aspects of how mechanical coupling of the ECM and the cells orchestrates cellular fate. In the 

same way that we were inspired by a vast number of studies in this field, we hope that other 

research groups will build upon our work in the ongoing quest for uncovering how force-induced 

cellular responses impact biological systems. 
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APPENDIX A – SI OF CHAPTER 3 

Supplementary information for the manuscript entitled: “Cellular Orientation Is Guided by Strain 

Gradients” of Chapter 3. 

A.1 ADDITIONAL DETAILS ON THE MICRODEVICE WORKING PRINCIPLE AND FABRICATION 

As presented in Fig. A.1a, when the device is in the relaxed state, the cells are not subjected to 

external stretch (no strain). The sinusoidal activation of the vacuum chambers cyclically deforms 

the thin PDMS walls separating the vacuum chambers from the cell chamber, which in turn pull 

on the elastic PDMS membrane. Additional schemes of the device are presented in Fig. A.1b. The 

microdevice is composed of three PDMS layers, namely a thin membrane bounded between a top 

and a bottom pieces. They were fabricated and assembled in the following way. The membrane 

was made by spin coating PDMS on a silicon wafer prior to curing it. The top and the bottom parts 

were molded by soft lithography using PDMS on a micro-fabricated master mold. The latter was 

obtained through UV photolithography process, which allowed the transfer of a pattern from a 

printed photomask (see Fig. A.1a) onto a light sensitive SU-8 2050 negative photoresist 

(Microchem, MA, USA). Two photoresist layers were deposited onto a clean silicon wafer to 

achieve the thickness required to mold the channels (340 μm). The cell chamber was further 

extended to a height of 2 mm, using additional PDMS sub-molds, to facilitate direct cell access 

during the staining and imaging procedures, once the stretching experiments were completed. 

The complete fabrication procedure and description of the advantages of this technique are 

described in details elsewhere (article in preparation). Finally, the three separate PDMS layers 

(top, bottom, and membrane) underwent an air-plasma treatment prior to being aligned and 

assembled using a mask aligner (OAI, CA, USA). 
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Figure A.1 Microdevice geometry. a) Left: simplified scheme of the device (cross section) 
demonstrating its working principle. Right: photomask pattern of the top layer. b) 3D schemes of 
the device. The dimensions of the cell chamber’s membrane are 1.6 mm x 1.6 mm x 10 μm. Note 
that the device’s cell chamber can be opened at the end of the stretching experiment to facilitate 
fluorescent staining and high-resolution imaging. 

A.2 ADDITION DETAILS ON THE MEMBRANE STRAIN FIELD CALCULATION 

The beads displacements were tracked with a homemade Matlab program in which the Green 

strain matrix elements (εxx, εyy, and εxy) are calculated for each initial bead position. The εxx(x, y), 

εyy(x, y)  , and εxy(x, y)   fields were interpolated and boxcar smoothed throughout the membrane 

area (the membrane was divided into cells of ~0.6 μm2). The extracted strain fields of five devices 

were averaged together, as well as with their mirror images, to provide accurate strain fields 

representations of the overall device collection used for the experiments. The standard deviation 
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of the devices characterized (averaged over the membrane surface) was approximately 9%. The 

maximum and the minimum principal strains ε1(x,y) and ε2(x.y) were computed by diagonalizing 

the position-dependent Green strain matrices. For each point of the membrane, this process 

allows the determination of a coordinate system for which there is no shear strain, through the 

extraction of the eigenvectors. The eigenvalues are calculated from the matrices and correspond 

to the principal strain amplitudes ε1(x,y) (maximum strain) and ε2(x.y) (minimum strain). The 

direction of the maximum stretch θstrain(x, y)  at each point, which is called principal strain 

direction, is given by the direction of the eigenvector ε1(x,y). Finally, the gradient of ε1(x, y) was 

then calculated to obtain the gradient amplitude |∇ε1(x, y)|  and gradient angle θgradient(x, y) 

maps (see Figure 3.1b). Both θgradient(x, y)   and θstrain(x, y)    were kept between 0 and 180 

degrees. The strain field analysis was also performed using a homemade Matlab program. 

A.3 IMMUNOFLUORESCENCE STRAINING IN A MICRODEVICE 

Since the cells were contained in microdevices, two effects must be taken into account during the 

staining procedures. First, the fluid mixing is low in the cell chambers due to the microscale nature 

of the fluid volumes. Second, the loss of photons from PDMS scattering and surface reflection can 

weaken the fluorescent signal during the image acquisition. We found that doubling the 

incubation time of every straining step was sufficient to obtain good image quality. In between 

every step, the samples were also incubated in washing buffer (PBS solution with 5% horse serum) 

for 30 min. 
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A.4 MEMBRANE REGIONS, NUMBER OF CELLS, AND NUMBER OF FAS ANALYZED IN DIFFERENT 
FIGURES OF THE MANUSCRIPT 

 

Figure A.2 Regions analyzed in the histograms displayed in Figure 3.2 of the manuscript and in 
Figure A.3 of the Appendix A. The location of the cells corresponding to 6 cyclically stretched 
experiments are superimposed together. The legend on the left specifies the strain and strain 
gradient amplitudes conditions associated with each color. Fig. 3.2a and Fig. A.3a were generated 
with the cells of all 4 colors; Fig. 3.2b was generated with the cells shown in green; Fig. 3.2c,d 
were generated with the cells shown in dark blue; Fig. A.3b was generated with the cells shown 
in red. 

 

Pharmacological 
treatments 

Regions of the 
membrane 

Corresponding 
figures 

Number of cells 
in varying strain 

field (2-10%) 

Number of 
cells in control 

(0% strain) 
Control (DMSO 

0.1%) 
Full membrane 3.2a and 3.3a-c 1078 1244 

High strain 3.2b 132 200 
High gradient, 

low strain 
3.2c,d 181 187 

Low gradient A.3 366 409 
Blebbistatin 

(10μM) 
Full membrane 3.4b 1319 1091 

CalA (2 nM) Full membrane 3.4a 1231 1255 

Table A.1 Number of cells analyzed in different figures. 
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Pharmacological 
treatments 

Regions of the 
membrane 

Corresponding 
figures 

Number of FAs 
in varying strain 

field (2-10%) 

Number of FAs 
in control (0% 

strain) 
Control (DMSO 

0.1%) 
Full membrane 3.5a 7568 (61 cells) 2607 (35 cells) 

Blebbistatin 
(10μM) 

Full membrane 3.5c 1904 (62 cells) 889 (29 cells) 

CalA (2 nM) Full membrane 3.5b 5164 (71 cells) 4119 (44 cells) 

Table A.2 Number of FAs analyzed in different figures. 

A.5 CELL ORIENTATIONS REPORTED WITH RESPECT TO THE X-AXIS 

  

Figure A.3 Reorientation analysis of the HFF cells after 11 hours of cyclic stretching along the y-
axis. Normalized incidence histograms of the cell body orientation with respect to the x-axis 
considering the full membrane (left) and the central region (right) (more specifically the region 
for which the strain gradient amplitude is lower than 5 %mm-1 and for which the strain amplitude 
is greater than 4 %). It should be emphasized that in contrast to the histograms presented in the 
manuscript, it is the cell body orientations which are reported, rather than the cell normals, and 
a unique axis is considered rather than reporting each cell with respect to its local principal strain 
direction. Each histogram comprises the combination of 6 unstretched control experiments 
(insets, shown in turquoise) as well as the combination of 6 cyclically stretched experiments 
(shown in dark blue). 
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APPENDIX B – SI OF CHAPTER 4 

Supplementary information for the manuscript entitled: “Time dependence of cellular responses 

to dynamic and complex strain fields” of Chapter 4. 

B.1 ADDITIONAL DETAILS ABOUT THE MICROFLUIDICS DEVICE 

The microfluidics device was designed in such a way as to enable the simultaneous generation of 

biologically relevant strain and strain gradient amplitudes (varying from 2% to 10%, and from 

0% mm-1 to 14% mm-1, respectively). For a given non-uniform strain pattern, the achieved 

gradient amplitudes scale inversely with the device dimensions. Therefore, it would be possible 

to generate higher gradient amplitudes without increasing the strain amplitude (~10% being 

known as a cell responsive amplitude range35,36,142), simply by further scaling down the 

microdevice pattern. To study different cell mechanisms under strain gradients, microstrecher 

devices are thus better suited than their macro counterparts. Using arrays of cell chambers allows 

for high throughput fabrication and experiments, and their currently partially coupled channels 

could easily be re-designed for independent control if needed. Figure B.1a shows the working 

principle of the microstretcher. The vacuum chambers are periodically contracting and 

concurrently stretching the thin PDMS membrane on which cell are cultured. 

B.2 PHOTORESIST DEVELOPMENT PROCEDURE FOR THE MASTER MOLD FABRICATION 

Clean, uniform, and fully developed photoresist trenches could not be obtained by using manual 

shaking (or ultra-sonic bath) of the solution during the development process. We used a simple, 

efficient, and low-cost strategy to overcome difficulties associated with the thickness of the SU-8 

layers (see figure B.1b). We simply attached the master mold wafer to a stirring bar and immersed 

it in a beaker filled with developer solution. The speed of the stirring plate was set to 400 rmp. 

This method was found to be gentle on fine SU-8 structures (and thus ensure features’ integrity) 

while creating a fast-rotational motion of the solution such as to maximize the development 

process. 
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Figure B.1 Microfluidics SU-8 master mold. Representation of the SU-8 master mold (cropped 
view) showing the different parts of the design. The deep trenches between the cell chamber and 
the vacuum chambers require a special development procedure. 

B.3 PDMS PILLARS FABRICATION METHOD 

In order to fabricate the PDMS pillars, micro-milled aluminum molds were employed. Two 

important designing aspects need to be considered. First, the PDMS shrinks269 during the curing 

process (with our conditions, we increased all three pillar dimensions by ~1.5% to compensate for 

shrinking). Second, it is advantageous to include error margins to loosen the centering/positioning 

requirements onto the SU-8 features of the master (we decreased the pillar depth and width by 

~10%). To fabricate the PDMS pillars from the aluminum mold, uncured PDMS was simply poured 

into them and then degassed in a vacuum chamber. To ensure the production of pillars having all 

six surfaces flat, the top surface of the mold was then closed. A non-frosted acetate sheet was 

positioned directly onto the uncured PDMS (to facilitate demolding) after which a glass slide and 

a 500 g weight were placed on top of the acetate sheet to ensure a flat surface and to expelled 

extra PDMS, respectively (see Figure 4.6d). After curing and demolding, the PDMS pillars were 

chemically treated to prevent them from bounding to uncured PDMS during the fabrication of the 

device’s top layer. This chemical treatment consists in i) an air-plasma treatment (70W, 5 min), ii) 

two hours of soaking in methanol with 2% Trichloro(1H,1H,2H,2H-perfluorooctyl)silane (Sigma-

Aldrich) and iii) one hour of heating at 100oC to ensure solvent evaporation. 

B.4 ADDITIONAL DISCUSSION ON THE ADVANTAGES OF USING AN OPEN-TOP DEVICE FOR 
FLUORESCENCE IMAGING 

In the most common cases of oil-immersed objectives or water-dipping objectives, near-

diffraction limited resolution requires the refractive index (n) to be approximately constant 
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between the objective and the sample, namely ~1.52 or ~1.33, respectively. In both cases, the 

introduction of a PDMS layer (n≈1.42)148 is thus highly detrimental. Certain water-immersion 

objectives have correction rings which can compensate for the introduction of glass coverslips up 

to 0.17 mm thick and which could partially compensate for the spherical aberrations introduced 

by a PDMS layer. However, the latter are generally too thick and more importantly too non-

uniform in practice. Non-uniformities in the thickness or density of even a thin refractive index 

mismatched layer result in image deterioration237,270. Moreover, water-immersion objectives with 

correction rings are significantly more expensive than the other types mentioned above. For this 

reason, and because complex staining procedures strongly benefit from having an open access to 

the cell chamber, the alternative of using a permanently closed glass-top microstretcher, rather 

than an all-PDMS device with removable top, is not optimal in many contexts. 

B.5 ADDITIONAL DETAILS ABOUT THE STAINING AND IMAGING PROCEDURES 

The microfluidics top membrane (which acts like a lid to close the cell chamber) was peeled off 

prior to the performing the staining and imaging procedures. The cells were fixed using 3.5% PFA 

for 10 minutes and permeabilized with 0.5% TritonX-100 for 3 minutes. Phalloidin conjugated to 

Alexa Fluor 546 (Invitrogen) and DAPI (Invitrogen) were respectively employed to stain the actin 

filaments and the DNA. Vinculin was stained with a monoclonal mouse anti-vinculin antibody and 

a rabbit anti-mouse IgG secondary antibody conjugated to Alexa Fluor 488 (Invitrogen). Details of 

the staining procedures have been previously published216,217. Minor modifications were required 

to take into account the fact that cell staining is performed within the microdevices. The 

incubation time of every staining and washing (PBS solution with 5% horse serum) steps was 

doubled. This procedure was found to compensate for the low fluid mixing taking place in the cell 

chamber, as well as for the loss of photons arising from PDMS scattering and surface reflection 

during fluorescence imagining. After staining, the cells were immersed in cold PBS solution and 

imaged with an upright laser scanning multiphoton confocal microscope with a long working 

distance 25x objective (NA=1.1).  
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B.6 ALTERNATIVE METHODS TO FABRICATE THE TOP PDMS LAYER 
 

Fabrication methods 
investigated 

Pros Cons and fabrication difficulties 

3D printed mold to replace 
the SU-8/Si master mold 

• simple 
• no height limitations 

• typically lower resolution 
• material not necessarily compatible for 

PDMS molding 
Strategic photoresist 
layering and UV exposition 
patterning  

• retains high resolution • heights achievable typically limited to a 
few hundred microns 

• increasingly challenging when the number 
of different heights needed augments 

Fabricating two distinct 
SU-8 masters (in order to 
fabricate two distinct 
layers instead of one with 
multiple feature heights) 

• can retain high 
resolution 

• heights achievable typically limited to a 
few hundred microns 

• requires additional alignment and plasma 
bounding steps involving thin (easily-
deformable and damageable) layers; 

Post-fabrication punch-
holes 

• Simple and fast • low resolution 
• generally limited to circular holes 
• compromises the layer’s integrity and 

leaves residues on the hole’s edge 
• no microfluidics 

Post-fabrication laser 
ablation 

• high flexibility with 
respect to the shape 
and depth ablated 

• high resolution possible 

• requires a complex positioning and 
monitoring setup as well as access to an 
appropriate laser [PDMS is transparent 
over a large range of wavelengths271; it 
would require either a UV laser (<300 nm) 
for single-photon absorption, or a longer 
wavelength femtosecond laser (near-
infrared or visible) for multiphoton 
absorption] 

• potential melting damages 
Sub-molds (PDMS, metal, 
or other) glued to the SU-8 
features 

• no height limitations • high possibility of damaging the mold 
with the introduction of glue 

• all glue tested had poor adhesion with the 
SU-8 

• potential toxicity (glue residues) for the 
cells 

Chemically-treated PDMS 
sub-molds positioned on 
the SU-8 features 

• simple, cheap, and fast 
• high success-rate 
• no height limitations; 

• More challenging when higher resolution 
(~sub-50 um) features are desired 

Table B.1 Fabrication methods investigated to produce varying feature heights within a single 
PDMS layer.   
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APPENDIX C – SI OF CHAPTER 5 

Supplementary information for the manuscript entitled: “Mechanical strains drive newly 

transformed epithelial cells toward invasiveness” of Chapter 5. 

C.1 ADDITIONAL FIGURES 

 

Figure C.1 Effect of mechanical strain on RasV12 apical extrusion. The apical extrusion is quantified 
here by the fraction of the RasV12 cell clusters in which at least 75% of the cells are above the 
average surrounding WT height. In addition to the drug-free case (DMSO), three drugs were 
tested: FAK inhibitor, blebbistatin, and ROCK inhibitor. From left to right: n = 234, 188, 78, 139, 
268, 233, 237 and 334 cells each from 3 or 4 independent experiments. Data are mean ± s.e.m. 

 

 

Figure C.2 Effect of mechanical strain on the WT cell body size (μm2). In addition to the drug-free 
case (DMSO), three drugs were tested: FAK inhibitor, blebbistatin, and ROCK inhibitor. Data are 
mean ± s.e.m. *** P<0.0001, **P<0.005, *P<0.05. Stars immediately above the individual bars 
relate to the corresponding DMSO control or DMSO strain condition. Stars above the horizontal 
lines refer to the significance between the control and strain data. For each bar, n>2000 from 3 
to 4 independent experiments. 
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Figure C.3 Effect of mechanical strain on different actin and e-cadherin ratios. a) Ratio of the 
basal actin intensity, RasV12/ WT cells. b) Ratio of the junctional actin intensity, RasV12- RasV12 
interface over WT-WT interface. c) Ratio of the junctional e-cadherin intensity, RasV12- RasV12 
interface over WT-WT interface. In addition to the drug-free case (DMSO), three drugs were 
tested: FAK inhibitor, blebbistatin, and ROCK inhibitor. Data are mean ± s.e.m. *** P<0.0001, 
**P<0.005, *P<0.05. Stars immediately above the individual bars relate to the corresponding 
DMSO control or DMSO strain condition. Stars above the horizontal lines refer to the significance 
between the control and strain data. From left to right, n = 43, 48, 29, 44, 56, 56, 53, and 57 
images, each from 3 to 4 independent experiments. The average ratios of each image were 
compiled and they were used to determine the mean and the s.e.m. of the data points reported; 
the total number of RasV12 cells contained in each set of images is given in the caption of Fig. C.1.  
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Figure C.4 Junctional intensity of different cell components. a) Junctional actin intensity, RasV12– 
RasV12 interface over WT - WT interface, as a function of the local strain amplitude, for the DMSO 
(drug-free) condition. b) WT basal actin intensity as a function of the local strain amplitude, for 
the DMSO (drug-free) condition. For a) and b), the zero-strain points correspond to the average 
of the control data, and the non-zero strain points were obtained by binning the data of the 
stretched experiments into five bins each containing an equal (37-38) number of cells. c) 
Junctional e-cadherin intensity, RasV12- RasV12 interface over WT-WT interface, as a function of the 
junctional actin intensity, RasV12- RasV12 interface over WT-WT interface, for the DMSO (drug-free) 
and ROCK inhibitor conditions. The points were obtained by binning the data from the control and 
stretching experiments each into 5 bins containing an equal number of cells (37-67). d) Correlation 
between RasV12 extrusion height and the junctional actin intensity ratio of RasV12- WT interface 
over WT-WT interface. The data from each of the 8 conditions (DMSO and three drugs, static (c) 
and strain (s)) were separated in three bins each of equal number of cells (see Chapter 5 Fig. 5.1e 
for the number of cells analyzed). Data are mean ± s.e.m. 
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Figure C.5 Representative confocal fluorescence images of the RasV12-WT MDCK culture showing 
GFP-RasV12 cells (green), vimentin (cyan), and basal vinculin (red) for the control and the strain 
DMSO conditions (a). Scale bar is 30 μm. b) Ratio of the vimentin intensity, RasV12 cells over WT 
cells, for the control and the strain DMSO conditions. c) Ratio of the vinculin basal intensity, RasV12 
cells over WT cells, for the control and the strain DMSO conditions. b,c) Data are mean ± s.e.m. 
*P<0.05, **P<0.005. Stars immediately above the individual bars refer to the statistical 
significance between the ratio observed and a ratio of 1. Stars above the horizontal lines refer to 
the significance between the control and strain data.  The number of control and strain images 
that were analyzed were ncontrol=16 and nstrain=18, each from 3 independent experiments. 

 

 

Figure C.6 Representative confocal images of the RasV12-WT culture showing a GFP-RasV12 cells 
(green) and e-cadherin (magenta) for the control and the strain DMSO conditions. Scale bar is 
25 μm.  
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C.2 STAINING PROCEDURES 
 

Cell 
structures Excitation Fixation 

method Staining method Product ID 

  λ [nm]       

DNA 358 PFA or 
Methanol DAPI Invitrogen, catalogue 

no. D1306 

Actin 546 PFA 
Phalloidin conjugated to Alexa 
Fluor 546 (1:100 dilution for 30 
min) 

Invitrogen, catalogue 
no. A22283 

E-
cadherin 647 PFA 

1) Monoclonal anti-e-cadherin 
primary antibody produced in rat 
(1:1000 dilution for 30 min) 
2) Polyclonal anti-rat IgG (H+L) 
secondary antibody conjugated 
CF-647 produced in goat (1:200 
dilution for 30 min) 

1) Sigma, catalogue 
no. U3254 
2) Sigma, catalogue 
no. SAB4600186 

Vinculin 546 Methanol 

1) Monoclonal anti-vinculin 
primary antibody produced in 
mouse (1:200 dilution for 30 min) 
2) Anti-mouse IgG secondary 
antibody conjugated to Alexa 
Fluor 546 fluorophore produced 
in goat (1:200 dilution for 30 min) 

1) Sigma, catalogue 
no. V9131 
2) Invitrogen, 
catalogue no. A11003 

Vimentin 647 Methanol 

1) Monoclonal anti-vimentin 
primary antibody produced in 
rabbit (1:500 dilution for 30 min) 
2) Anti-Rabbit IgG (H+L) 
secondary antibody conjugated 
to Alexa Fluor Plus 647 (1:200 
dilution for 30 min) 

1) Abcam, catalogue 
no. AB92547 
2) Invitrogen, 
catalogue no. A32733 

GFP-Ras 488 PFA or 
Methanol NA NA 

Table C.1 Staining procedure summary. The PFA fixation method consists in employing 3.5% 
paraformaldehyde for 15 min at 37°C and Triton X-100 for 3 min for permeabilization. The 
methanol method consists in employing 95% methanol at -20°C for 3 min. Both of these methods 
are followed by 3 washing steps and 15 min incubation with PBS. Furthermore, following each 
staining step, the cells were washed 3 times and incubated for 15 min with blocking buffer [5% 
horse serum (Sigma) in phosphate buffered saline (PBS)] for actin, e-cadherin, vinculin, and with 
PBS only for DNA and vimentin. The antibodies were diluted in blocking buffer. Following the 
staining procedure, the devices were filled with PBS to maintain cell hydration before imaging. 
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C.3 DATA PROCESSING AND ANALYSIS 

For each RasV12 cell, 3-dimensional fluorescence imaging was performed with a Z-step size of 1 

μm. Each stack typically contained between 15 and 40 slices, depending the RasV12 cell extrusion 

level. Automated image analysis programs were developed in Matlab, taking advantage of the 

image processing toolbox. First, in each image, the X-Y-Z nuclei positions were extracted, the cell 

contours were determined, and the RasV12 cell bodies were identified. Visual inspection of each 

of these steps was carried out for every image, and manual corrections were performed when 

necessary. The majority of the subsequent analysis built upon this extraction. Specifically, the 

local stacks considered for the basal (-5 to -3 μm), mid-cell (-1 to +1 um), and upper-cell (>1 um) 

Z-slice projections were determined based on the local nuclei average height (“0-height”). The 

protrusion areas were determined based on the basal level GFP signal outside of the RasV12 cell 

bodies. The height difference between the RasV12 cells and the surrounding WT cells was 

determined from the apical maxima of the Z-profiles of the actin intensity averaged over the cell 

areas. The junctional regions were identified based on the extracted cell contours, considering 11 

pixel (~4 µm) wide regions centered on the cell frontiers. The actin and e-cadherin channels were 

summed over all Z-slices for determining the average junctional intensity ratios in Fig. 5.2b,g, Fig. 

C.3b,c, and Fig. C.4a,c,d. The actin channel was summed over the local basal slices for determining 

the basal actin in Fig. 5.2d,e, Fig. C.3a , and Fig. C.4b . For Fig. 5.3b, the orientation of the 

protrusion segments and basal actin SFs were both determined manually on different 

identification sessions. This was achieved by displaying in each case only the element to be 

characterized in that session (to prevent any bias). To compile the histogram in Fig. 5.4d, only the 

WT SFs which were outside a protrusion and which approached its major axis within 4 μm or less 

were considered. The actin channel was summed over the local upper-cell Z-slices in Fig. 5.3c (to 

exclude basal SFs). The regionprops function of Matlab was used to determine the cell body area 

in Fig. C.2, based on the cell contour extraction. Finally, for the vinculin and vimentin analysis of 

Fig. C.5, the RasV12 cell regions were determined based on the GFP channel alone (thus including 

both the protrusions and the cell bodies). The vinculin channel was summed over the local basal 

slices while the vimentin was summed over all Z-slices. Additional details are presented in the 

table C.2 (below). 
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Description Example of output image 
(DMSO control, static state) 

Convert the .nd2 stacks into a 4-dimensional Matlab 
array. 

 
GFP-RasV12 cells in green, junctional 

actin in red, and nuclei in blue 
Extract nuclei positions (X,Y,Z): 

• Isolate the DAPI channel, extract binary 
images for each Z-slice, and determine X,Y 
center of the identified particles; 

• Go up slice-by-slice to identify and correct 
nuclei which were erroneously merged 
together into a single particle; repeat in the 
other direction; 

• Regroup nuclei identified from different Z-
slices which belong to the same particle; 

• Determine the average X and Y positions, 
and find the Z position based on the Z 
intensity profile of a small region around the 
corresponding X,Y center; 

• Inspect image and “manually” remove or 
add nuclei if necessary; 

 
Identified nuclei shown with yellow 

dots 

Extract cell contours: 
• Isolate the actin channel and extract the 

projection of three stacks centered on the 
local average nuclei height to obtain optimal 
cell divisions based on the junctional actin 
signal; 

• Extract binary image and perform watershed 
to obtain the first iteration of the cell 
contours; 

• Scan through each newly identified cell; 
o if a cell contains no nucleus, 

reattribute its area to neighboring 
cells based on the actin profile and 
redefine cell contours; 

 
Extracted cell contours shown in 
yellow (overlaid on the junctional 
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o if a cell contains more than one 
nucleus, split it based on the actin 
profile and redefine cell contours; 

• Inspect image and “manually” correct cell 
divisions if necessary; 

actin signal in cyan), identified nuclei 
shown with yellow dots, 1 means 

there is 1 nucleus in the identified cell. 

Determine which cell bodies are RasV12 transformed 
cells: 

• Isolate the GFP channel and extract the 
projection of three stacks above the local 
average nuclei height to obtain the non-
basal GFP profile (i.e. excluding the roots); 

• Extract binary image and determine which 
cells (identified in the previous step) are 
significantly covered by the GFP signal; these 
are the transformed cells; 

• Inspect image and “manually” correct 
transformed cells identification if necessary; 

 
 

 
Identified cell contours in red, 

identified RasV12 cell contours in blue 
Protrusion extraction: 

• Isolate the GFP channel and extract the 
projection of the stacks 3-5 μm below the 
local average nuclei height to obtain the 
basal GFP profile, which was found to 
provide the optimal view of the protrusions; 

• Extract binary image of the basal GFP profile 
and compare it against the previously 
identified RasV12 cell contours: the GFP areas 
falling outside the transformed RasV12 cell 
body contours are considered to be 
protrusions; 

• Associate each protrusion section to the 
proper transformed cell;  

 

 
RasV12 cell bodies are in light blue and 
their protrusions are shown in other 

colors. 
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Extraction of other parameters: 
• Following the identification of the nuclei 

heights, the cell contours, the RasV12 
transformed cell bodies, and the RasV12 
protrusions, all the other parameters can be 
extracted, such as: 

o Height difference between a RasV12 
cell and the average surrounding WT 
cells, based on the apical maxima of 
the Z-profiles of the actin intensity 
(averaged in X-Y over the cell areas); 

o Area of the protrusions, normalized 
to the area of the corresponding 
RasV12 cell bodies; 

o WT-WT, RasV12-WT, and RasV12- 
RasV12 junctional actin or e-cadherin 
intensities, using the full Z-
projection (see example of 
junctional region identification on 
the right); 

o WT and RasV12 basal actin and 
vinculin intensities, using the 
projection of the stacks 3 to 5 μm 
below the local average nuclei 
heights; 

o WT cell body orientations using 
Matlab’s image processing toolbox 
to determine the major axis 
orientation; 

 
Light blue, green, and yellow regions 
are WT-WT, WT-RasV12, and RasV12-

RasV12 junctions, respectively. 

Table C.2 Image analysis summary. 
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