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Abstract 

Cells are complex active materials that display fascinating phenomena in response to changes in 

their physical environments. It is well established that the physical environment dictates cell fate 

and function; nevertheless, the standard method of culturing and studying cells is on stiff 2-

dimensional Petri dishes and glass cover slips. The difference in the magnitude of the stiffness of 

the substrate in addition to the 2-dimensional character, leads to an incomplete and perhaps 

misleading picture of the cellular process under scrutiny. As such, an entire field has been 

dedicated to developing materials that more closely match the characteristics of the natural cellular 

milieu: biomaterials. Despite significant progress in the field, we are still far from fully recapturing 

the native environment. Importantly, many of the current strategies for engineering 3-dimensional 

biomaterials have specific applications yet lack flexibility to be adapted to a wide variety of 

functions. Our approach is to repurpose existing complex, readily available materials to create a 

platform for biomaterial production; our biomaterials are derived from plant tissue. Plants have 

evolved over millions of years to attain structures with intricate geometries for specialized 

functions. Due to the wide variety of plant structures, one can easily select a plant-based material 

with analogous features to the tissue of interest. A series of investigations are presented on these 

novel biomaterials to demonstrate this approach, quantify the mechanical properties, and study the 

cellular responses. First, we developed a method of processing plant materials to yield 

decellularized, cellulose-based, biocompatible scaffolds that can be repopulated with mammalian 

cells. We then created composite materials by casting hydrogels around the cellulose-based 

scaffolds, which allowed us to incorporate distinct temporal and spatial cues to the local cell 

populations. Spatial organization of tissues and tissue interfaces remains a primary challenge in 

biomedical engineering, as tissue interfaces mark complex transitional zones between distinct cell 

populations. Replicating and repairing this intricate delineation of cell types and mechanical 

profiles has proven to be a major concern in regenerative medicine.  As such, we sought to develop 

a platform for engineered tissue interfaces, wherein components are combined in a modular 

fashion into a functional unit. The mechanical cues of the microenvironment affect a plethora of 

cellular processes, namely cell migration, proliferation, and differentiation. Consequently, the 

rheological properties of our decellularized, plant-based scaffolds were thoroughly investigated. 

An in-depth knowledge of the mechanics of the underlying substrate is required to guide future 

applications and refinements of this technology. The potential applications of these 3-dimensional 

constructs, as demonstrated through our findings, include designing in vitro models of tissue 

interactions, new biomaterials for in vivo applications, and studies on fundamental cellular 

processes. We highlight the significance of our results in a collection of scientific articles, which 

are presented in the body of this thesis (Chapters 2-5). This work is focused on the use of plant-

derived cellulose materials, which forms a subsection of the cellulose biomaterial field. A review 

article centered on the use of cellulose materials for tissue engineering serves as an introductory 

chapter.    
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Author’s note 

The scientific method is built upon the notion of forming questions, generating hypotheses, and 

testing these hypotheses. In order to accomplish this task, a set of objective investigations must be 

carried out meticulously and with a high degree of scrutiny. As research delves into new regimes, 

interdisciplinary approaches are required to carry out the objectives of the study and test the 

hypotheses thoroughly. In diverse fields, such as biophysics, biomaterials, and tissue engineering, 

the integration of knowledge from different disciplines is essential. In this thesis, we present an 

interdisciplinary approach to developing and studying novel cellulose-based biomaterials. Here 

we use techniques from cell biology, molecular biology, organic chemistry, material science, and 

physics to address specific questions associated with our hypotheses. The major tool used in this 

body of work is microscopy. Microscopy itself is an interdisciplinary field; advancements in 

optics, electronics, and biology have led to significant improvements in microscope designs. An 

excellent example is laser scanning confocal microscopy, which uses lasers and a pinhole to image 

thin planes within a specimen. The concept of the laser was first predicted by Einstein, and its use 

in combination with high precision lenses and electronic detection systems has resulted in the 

creation of a common tool for studying biological processes. In turn, developments in chemistry, 

biochemistry, and molecular/cell biology have enabled the visualization of specific structures 

within the cell. The results presented in this thesis would not be possible without the integration 

of knowledge from diverse areas of science. Scientific endeavors are made possible through 

collaboration and drawing on previous studies; therefore, we can gain an appreciation for 

accumulating knowledge for its own sake rather than for solving specific problems, as it is difficult 

to predict what this knowledge will be used for in the future.   

 

 

Figure P1. 3D laser scanning confocal microscopy image. 3T3 fibroblast cells on a 3D decellularized apple-

derived cellulose-based scaffold. Blue = Hoechst 33342 stained nuclei, green = green fluorescent protein 

within the cells, red = cellulose stained with Congo red, purple = microtubules stained with SiR-Tubulin. 

Scale = 211 x 211 x 50 𝜇𝑚.  
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Thesis overview and scope 

This thesis is comprised of novel research presented as scientific manuscripts and pertinent 

background knowledge. First, I present a review of the field of cellulose-based biomaterials to 

establish context for the subsequent chapters and the state of the current research. In Chapter 2, I 

provide a technical and theoretical background section to provide the reader with background 

information of the main tools and themes presented in this thesis. The experimental research 

components are contained in Chapters 3-6, which are formatted as manuscripts published, 

submitted, and prepared for scientific journals. In Chapter 3 we test the hypothesis that cellulose-

based biomaterials complexed with temporary and permanent hydrogels are biocompatible. We 

prove that temporary and permanent hydrogels can be used to provide spatial and temporal cues 

to cells on customized scaffold geometries. In Chapter 4, we investigate the hypothesis that 

engineered tissue interfaces (ETIs) can be created by combining highly porous, decellularized, 

plant-derived scaffolds in a modular fashion. We establish a platform for creating tissue 

interfaces from interlocking scaffolds for in vitro and in vivo models. In Chapter 5, we perform a 

rheological characterization of the novel biomaterial. As hypothesized, we show that the 

materials are viscoelastic and have a largely elastic contribution. In Chapter 6, we extend our 

research of cellular nuclear rotation that we previously performed on 2D gelatin hydrogels, 

which is included in the Appendix, and prove that our biomaterial can be used as an in vitro 

modelling system to further study this phenomenon in physiologically relevant contexts. Lastly, 

in Chapter 7, I comment on the future investigations and significance of this body of work. 

 

 

Thesis statement and hypotheses 

The overarching thesis statement for this body of work is that plant-derived cellulose-based 

scaffolds can be used as biomaterials for tissue engineering. Several specific hypotheses were 

developed to test this claim. In the following chapters, these hypotheses are identified and 

challenged with experimental data acquired using the scientific method.    
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1 Chapter 1  

Introduction: Cellulose Biomaterials for Tissue Engineering 
 

This chapter was previously published as a review paper: 

 

Hickey, R. J. & Pelling, A. E. Cellulose Biomaterials for Tissue Engineering. Frontiers in 

Bioengineering and Biotechnology. 7, 1–15 (2019). 

 

 

§1 Motivation  

The natural microenvironment of cells is drastically different from stiff glass or plastic culture 

plates; however, these substrates are the standard materials used to culture and study cells. 

Expanding to 3D cell culture on soft, porous materials is required to advance fundamental research 

and tissue engineering. Creating biomimetic microenvironments is critical as the physical and 

biochemical characteristics of the cellular niche dictates cell fate and function. Several groups have 

been testing the hypothesis that cellulose-based biomaterials constitute a viable class of materials 

for 3D cell scaffolds and tissue engineering. Here, I present a review paper to serve as an 

introductory chapter on the field of cellulose biomaterials. Recent advances in the field are 

highlighted, and different approaches for creating cellulose-based scaffolds and composites are 

discussed. The work of several key studies reveal that cellulose materials can be used as 

biocompatible 3D constructs both in vitro and in vivo. 

 

1.1 Abstract 

In this review, we highlight the importance of nanostructure of cellulose-based biomaterials to 

allow cellular adhesion, the contribution of nanostructure to macroscale mechanical properties, 

and several key applications of these materials for fundamental scientific research and biomedical 

engineering. Different features on the nanoscale can have macroscale impacts on tissue function. 

Cellulose is a diverse material with tunable properties and is a promising platform for biomaterial 

development and tissue engineering. Cellulose-based biomaterials offer some important 

advantages over conventional synthetic materials. Here we review cellulose-based biomaterials in 

the context of bottom-up approaches for tissue engineering. 
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1.2 Introduction 

A fundamental understanding of the nanoscale details of the environment is essential for designing 

biomaterials that mimic the natural cellular milieu. Many features of the local environment have 

profound influences on cell adhesion, proliferation, maturation, and differentiation. As such, small 

differences in nanostructure can have macroscale impacts on tissue function. In this review, we 

highlight the importance of nanostructure of cellulose-based biomaterials to allow cellular 

adhesion, the contribution of nanostructure to macroscale mechanical properties, and several key 

applications of these materials for fundamental scientific research and biomedical engineering. 

Cellulose is a diverse material with tunable properties and can be applied to systems with vastly 

different biochemical and biophysical environments. It should be noted that many polymers can 

be functionalized; therefore, polymers in general are diverse materials. Cellulose-based 

biomaterials offer some important advantages over conventional synthetic materials and show 

great promise to advance the frontier of scientific knowledge. Here we provide an up-to-date 

summary of the status of the field of cellulose-based biomaterials in the context of bottom-up 

approaches for tissue engineering. We anticipate that cellulose-based material research will 

continue to expand because of the diversity and versatility of biochemical and biophysical 

characteristics highlighted in this review.  

 

1.3 Cellular attachment at the nanoscale 
1.3.1 Cell adhesion 

It is well established that the extracellular matrix (ECM) not only allows for cell attachment, but 

also provides biochemical and biophysical cues to the nascent cells and tissues 1–6.  In order for 

cells to sense and respond to their physical environment, they must first establish a physical 

connection 7,8. This physical connection is often mediated by the integrin protein complexes that 

recognize the widely conserved tripeptide recognition sequence of the ECM 9. It is important to 

note that the integrin-based attachment to the RGD motif is not the only method of attachment; 

however, it has been studied in depth. The integrin receptor complexes constitute a variable class 

of proteins that are heterodimeric with two membrane-spanning subunits 9,11–13. The integrin 

receptors are linked to the cytoskeleton by focal adhesion complexes14. The focal adhesions are 

multi-protein complexes organized in specific strata. The base layer establishes a membrane-

apposed integrin signaling layer 10. The basal layer is followed by the force transduction zone 

(cytoskeletal adaptors), and the upper most layer mediates the cytoskeleton regulatory protein 

connections 10. Evidently, the physical cues of the environment on the nanoscale elicit specific 

responses and dictate cellular function 15–21. A schematic of the cell attachment is presented in 

Figure 1.1. Specifically, the topography, adhesion chemistry and localization, and mechanics play 

crucial roles in regulating cell fate and function 22–24. The cell adhesion machinery along with the 
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hydrophilic hydroxyl moieties of the cellulose and specialized cellulose binding domains allow 

cells to attach to cellulose 25–27. 

 

Figure 1.1: Schematic of the influence of the local physical and biochemical environment on cell 

fate and function. Mechanosensing and mechanotransduction are mediated by cell adherence to 

the substrate via integrins and the interaction of focal adhesions and the cytoskeleton. The ligand 

type, density, and distribution as well as the matrix stiffness, surface topography, and 

dimensionality provide distinct cues to the cell and elicit specific responses.  

 

1.3.2 Effects of the nanoenvironment  

The biochemistry of the surrounding environment has effects on cell morphology, adhesion, and 

proliferation 28. Cell attachment is dependent on the type of ligand in the ECM and the spacing of 

the ligand.  Cells can modulate their environment by secreting ECM proteins 29. The nanoscale 

distribution of adsorbed proteins in both area and clustering affects cell adhesion 30. The ligand 

density at the nanoscale level and integrin clustering affects spreading, focal contact formation, 

stress fibre arrangement, cell motility, and filopodia and lammelipodia development 31,32 . For 

example, different ligand densities give rise to the apparent paradoxal enhanced tumor growth with 

RGD analogues 32.  The paradoxal enhanced tumor growth with RGD analogues is the 

phenomenon where tumors grow and spread where contact and adhesion are suppressed.  It occurs 
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as the density is shifted from the optimal density to the permissive density region 32.  The 

permissive density mimics receptor blocking drugs and sheds light on the paradoxal enhanced 

tumor growth with RGD analogues 32. Nanostructure dimensions are important in addition to 

substrate rigidity 33. There has been debate over whether matrix stiffness or ligand density regulates 

differentiation; however, after decoupling the surface chemistry and stiffness effects, it was 

elucidated that matrix stiffness is an independent regulator of stem cell differentiation 34,35. Both 

the matrix stiffness and nanoscale spatial organization of the ligands direct stem cell fate 16,29,32,34–

36.  The physical cues are not restricted to elasticity; local changes in surface structure, 

hydrophobicity, roughness, and charge density lead to different cell adhesion and proliferation 

properties 37–39. Taken together, there is an integrated response to external and internal stimuli on 

the nanoscale, both physical and biochemical in nature 1 (Fig. 1.1). Mimicking the complexity of 

the nanoscale environment is essential for tissue engineering.  

 

1.4 The potential of cellulose as a biomaterial 
1.4.1 Suitability for biomaterials and scaffolding 

In order to replicate important aspects of the in vivo environment, biomaterials must be 

biocompatible and contain specific mechanical, biochemical, and physical properties. As a 

polymer of glucose subunits 40, cellulose is an ideal candidate for biomaterial manufacturing 

because of its tunable chemical, physical, and mechanical properties 41–44. The source material is 

abundant in nature and is easily produced; consequently, cellulose-based materials constitute a low 

cost platform for tissue engineering. Biocompatibility, bioactivity, and biomechanics are three 

integral requirements of any biomaterial; cellulose-based biomaterials satisfy each of these criteria 
41–43. The reader is encouraged to consider inertness as a requirement as well. A biologically inert 

material is desired to eliminate foreign body responses. Nevertheless, completely biologically inert 

materials do not exist. Hence we argue proper bioactivity is a key requirement to elicit certain 

responses. To that end, biodegradability is another feature to be considered. Cellulose is not 

biodegradable in humans. Thus, the regenerated new tissue cannot take the place of the cellulose. 

There is significant debate on the use of degradable materials compared to permanent constructs. 

Both have advantages and drawbacks. In the case of cellulose, a possible drawback is that the 

cellulose will occupy space that the tissue cannot. A potential advantage of using this long-lasting 

material is continuous structural support. Cellulose-based materials can be derived from bacteria, 

tunicates, and plants 41–43. The scaffolds can be naturally derived or synthetically manufactured. 

The nanoscale presentation of functional chemical groups and the associated physical properties 

are dependent on the source material along with the fabrication process.  
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1.4.2 Molecular and crystal structure 

The structure of cellulose is hierarchical, and the associated physical properties are a consequence 

of the different structural allomorphs and assemblies of elementary microfibrils 45–47. The 

allomorphs of cellulose arise from the different arrangements of the chains of β-(1,4’)-D-

glucopyranose monomers 48–53. Cellulose I, the native form of cellulose, is defined by specific 

intrachain, interchain, and intersheet hydrogen bonding  and van der Waals interactions. In 

cellulose I, the chains run parallel to one another and are present in two main crystal structures: 

cellulose Iα (triclinic) and cellulose Iβ (monoclinic) (Sarko and Muggli, 1974). Although both 

crystalline forms of cellulose I are present together, cellulose Iβ is the predominant form in higher 

plants, whereas cellulose Iα is in abundance in bacterial and algal cellulose 58. In contrast to the 

naturally occurring cellulose I, cellulose II is a synthetic material. Although the fundamental 

cellobiose subunits are the same as in cellulose I, the interchain and intersheet hydrogen bonding 

are altered due to its antiparallel arrangement 45–48,50,51,53,55–57. Cellulose II is derived from cellulose 

I with alkali treatment and is an irreversible transition (Gupta et al., 2013; Jin et al., 2016; Oudiani 

et al., 2011a, 2011b). The third class of cellulose structure, cellulose III, is characterized by 

hydrogen bonding between separate sheets 50,52,63,64. Moreover, cellulose III can be arranged in the 

parallel direction (cellulose IIII) or the antiparallel direction (cellulose IIIII) ). Cellulose III can be 

made by exposing cellulose I (parallel) or cellulose II (antiparallel) to liquid ammonia and amine 

treatment ). The formation of cellulose III is a reversible reaction; restoration to cellulose I and II 

respectively can be achieved with thermal treatment 50,64. The different crystal structures and 

hydrogen bonding arrangements are highlighted in Figure 1.2.   
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Figure 1.2: Crystal structure cellulose strands and the corresponding major hydrogen bonding 

arrangements. 52. Copyright 2004. Reproduced with permission from Elsevier Inc. 
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1.4.3 Nanostructure dictates physical properties  

The crystal structure and degree of crystallization have a profound effect on the mechanical and 

physical properties 46,49,66. Importantly, the different hydrogen bonding results in different Young’s 

moduli: cellulose I = 138 GPa, cellulose II = 88 GPa, cellulose IIII = 87 GPa, and cellulose IIIII = 

58 GPa 66. In addition to the different moduli, the stability of the different allomorphs is also 

variable; in general, the order of decreasing stability is cellulose I, II, III, then amorphous 65,67–72. 

In nature, cellulose exists as a mixture of crystalline and amorphous structures, plausibly organized 

in a fringed fibril arrangement 73. The combination of crystalline and amorphous elements results 

in the observed leveling off degree of polymerization, wherein the amorphous regions 

depolymerize before the crystalline domains 73–75. The stability and degradation rates are crucial 

factors for the design of biomaterials 76. These amorphous regions reduce the stiffness of the 

microfibril. Elementary microfibrils aggregate to form larger bundles; hence, an even greater 

diversity of mechanical and physical properties is available because of the different microfibril 

arrangements of the source materials. As such, the nanoscale properties such as the disorder and 

coalescence ratio along with the surface chemistry dictate the macroscopic properties. Cellulose-

based materials have been selected for use as biomaterials because of their diverse and tunable 

properties 41–43. 

 

1.5 Bacterial and plant cellulose 
1.5.1 Natural vs synthetic materials 

In general, cellulose-based materials can be divided into naturally derived and synthetic materials 

(Fig 1.3). As shown in Figure 1.3, naturally derived (such as bacterial and plant based scaffolds) 

as well as synthetic materials can be used as biomaterials. The naturally derived celluloses have a 

cellulose I crystal structure 50,72, whereas the synthetic materials are cellulose II and III 52,62. Pulp 

and paper is an entire industry dedicated to refining the production process and modifications of 

synthetic cellulose 77. A discussion of the vast processing of synthetic cellulose is beyond the scope 

of this review; however, we highlight that the crystal structure is different, and the different crystal 

structures lead to significantly different physical properties.  
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Figure 1.3: SEM images of cellulose biomaterials. (A) NIH 3T3 cells cultured on a bacterial 

cellulose film, scale = 10 μm. 78 Copyright 2013. Reproduced with permission from Elsevier Inc. 

(B) Schwann cells cultured on a synthetic electrospun cellulose matrix, scale =  100 μm. 79 

Copyright 2017. Reproduced with permission from Elsevier Inc. (C) C2C12 cells cultured on 

decellularized apple cellulose scaffolds, scale = 50 μm. 80 Copyright 2014. Reproduced with 

permission from PLOS. 

 

1.5.2 Nanostructure differences 

Although bacterial and plant based cellulose are both type I, the slight differences in the crystal 

structure and microfibril arrangements lead to considerably different material properties 50,66,69,72. 

The significant differences between bacterial and plant-based cellulose are the purity, water 

retention, mechanical characteristics, crystallinity, and porosity. Bacterial cellulose is pure 
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cellulose, while plant cellulose contains impurities such as hemicellulose and lignin 49,50,81,82. 

Moreover, plant based cellulose contains a higher fraction of cellulose Iβ and is less crystalline 
58,81,82. In general, the microfibrils of bacterial cellulose are smaller than those of plants; 

consequently, the bacterial cellulose is highly porous and exhibits extensive water retention 81,83. 

It should be noted that these are general statements and the actual physical parameters of each 

material are influenced by many factors, not just the choice of source material. Notably, the growth 

medium and production method (static vs agitated vs bio reactor/trickling bead method) lead to 

different nanoscale arrangements of microfibrils 50,83,84. Different strains and culture conditions 

produce different structures, mechanics, morphologies, crystallinity, and pore sizes 81,83,85,86. 

Cellulose is a diverse material as evidenced by the wide range of physical properties. The 

microfibril formation and crystallization can be adjusted by changing the culture conditions and 

the source organism 85. 

 

1.5.3 Mechanical properties 

The relatively high Young’s modulus of bacterial cellulose is attributed to the super-molecular 

nanostructure 81,87. The thinner ribbon structures compared to plant based and synthetic fibres are 

formed through intra- and inter-hydrogen bonding 81,87. For instance, bacterial cellulose sheets can 

have a Young's modulus greater than 15 GPa as well as a tensile strength of 250 MPa 87. The 

extensive hydrogen bonding leads to the high thermal stability, tensile strength, and Young’s 

modulus 81. Moreover, these materials  have suitable elastic properties and ultimate strengths, as 

evidenced by rheological analysis 81. Comparatively, plant-based cellulose also has a vast range of 

mechanical properties and porosities 49. Although modifications are feasible 76,80,88–90, the 

mechanical and physical properties can be selected by choosing specific source materials 49 (Fig. 

1.4). As cellulose is abundant in nature, the enumerations of different mechanical and physical 

parameters are extensive. Recently, it was shown that the existing structures of plant tissue can be 

exploited and repurposed for tissue engineering 76,80,88–90. This new angle on biomaterial design 

allows for the intricate structures of plant tissue that have been optimized for analogous functions 

through years of evolution to be selected for applications of interest. The nanoscale features of 

cellulose-based materials, both naturally derived and synthetic, can be chosen for specific 

biological and mechanical functions 82. These nanoscale features are integral components of the 

macroscopic 3D biomaterial as they dictate cellular form and function.  
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Figure 1.4: Young’s modulus of plant materials and human tissues. A small subset of plant 

candidates are compared to key biological tissue stiffnesses. The source material can be selected 

to match the elasticity of the native tissue. It should be noted that with processing and 

modifications the moduli of the plant candidates can be tuned. Adapted from 91 with permission 

from Cambridge University Press.  

 

 

1.6 Scaling up to 3D macrostructures with specific nano- and 
micro-features 

1.6.1 Engineering materials with features on different length scales 

The challenge of engineering biomaterials with high efficacy is incorporating particular features 

on the nano-, micro-, and macro-scale. Cellulose materials are highly attractive because of the 

customizability and control over the features at all levels 92. At the nanoscale, different 
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crystallinities can be obtained; moreover, the chemical structure of the cellulose can be modified 

to include specific functional groups to elicit particular cellular responses 42,44,92–94. For example, 

collagen can be chemically attached to the cellulose scaffold via linker molecules such as succinic 

acid 95. At the microscale, the porosities of the materials can be tuned to suit the intended 

application. In addition, hydrogels and other composites can be created to increase the 

functionality 42,90,92. On the macroscale, specific structural components and arrangements are 

required for proper tissue function. Bacterial and synthetic cellulose are often molded or fabricated 

into the desired configurations 96–98. Importantly, guided assembly-based biolithography (GAB) is 

a molding technique used to transfer nanoscale functional topographies to the surface of the 

cellulose 99. The mold is introduced at the gas/liquid interface where the cellulose is being 

synthesized, and the cellulose nanofibers are directionally assembled in a three-dimensional 

network dictated by the mold 99. Significantly, the 3D macrostructure of bacterial and synthetic 

cellulose can be controlled 84,85,99,100. For example, free standing, biocompatible hollow spheres 

and lenses with porous BC membranes can be synthesized 100; the control over the geometry is 

attained through tuning and patterning the hydrophobicity of the synthesis surface 100. Conversely, 

for plant derived scaffolds, the complex pre-existing 3D structures can be selected from nature and 

subsequently modified to suit the application of the biomaterial 49,76,80,82,89,90. The plant derived 

scaffolds, as in the case of bacterial and synthetic cellulose, can be tuned chemically and 

physically, are biocompatible, exhibit vascularization, and are widely available and feasibly 

produced 49,76,80,82,89,90.  

As a result, there are vast production methods available for producing 3D cellulose scaffolds 

engineered to have specific features at the nano-, micro-, and macro-scale. The advantage of the 

molding and fabrication approach is having control over the design of particular structures; the 

advantage to exploiting the existing structures in nature is the high complexity. Combining both 

approaches opens up even more possibilities and potential applications 76,80,88–90. Figure 1.5 depicts 

two approaches to create macroscopic ear structures: carving and 3D printing/molding. 

 

1.6.2 Characterization of nano- and micro-features in macrostructures 

Interestingly, incorporation of deuterium has been shown to have no significant differences in the 

molecular and morphological properties of bacterial cellulose 101. Consequently, small angle 

neutron scattering (SANS) methods can be used to probe cellulose structure and dynamics in 

addition to conventional techniques 101. Furthermore, Lee et al. have shown that the 

noncentrosymmetry and phase synchronization requirements of vibrational sum frequency 

generation (SFG) spectroscopy can be used to decipher the 3D organization cellulose of plants, 

tunicates, and bacteria 82. In plant cell walls, this signal is unique to cellulose, as all other matrix 

polymers in plant cell walls such as hemicellulose, pectin, and lignin are amorphous and do not 

produce detectable SFG signals 82. The cellulose structure and packing have been investigated on 

the mesoscale of plant cell walls, tunicate tests, and bacterial films 82.  Armed with the knowledge 
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of the characteristics of the cellulose material at each length scale of interest, researchers can 

design complex biomaterials for specific applications. In the subsequent sections, we highlight 

several key applications of these constructs.  

 

 

Figure 1.5: Human ear scaffolds carved out of plant-based cellulose (A) and 3D printed with 

nanofibrillated cellulose both cultured with human cells (HeLa and chondrocytes respectively). 

(A): (Hickey et al., 2018) Copyright 2018. Reproduced with permission from American Chemical 

Society. (B): (Markstedt et al., 2015) Copyright 2015. Reproduced with permission from American 

Chemical Society.  

 

 

1.7 Applications 
1.7.1 Skin and wound dressings 

Significant interest in using cellulose biomaterials for artificial skin and wound dressings stems 

from the tunable mechanical properties, high biocompatibility, versatile and customizable surface 

structure and chemistry, drug releasing capabilities, and moisture maintenance. As a result, several 

artificial skin products are commercially available.  

As such, topical features are required to guide cell infiltration, proliferation, and angiogenesis 99. 

These topical features of cellulose materials can be conferred with GAB methods 99. In another 

approach, nanocellulose can be used as a bioink for printing and modifying film surfaces 102. In 

this regard, chemically modified nanocellulose fibrils reduce the viscosity and yield a bioink with 

suitable rheological properties for printing and skin applications 102. The bioprinting allows for the 

construction of porous nanocellulose structures 102. For instance, C-Periodate nanocellulose has 
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been used to print highly porous, 3D track structures with the capacity to carry and release 

antimicrobial components 102.  

In an attempt to recreate the complexity of the in vivo nanoenvironment, electrospinning has also 

been employed 103,104. This technique allows for the creation of 3D porous matrices that mimic the 

natural structure of skin 103,104. Of particular interest is the electrospinning of composites of 

cellulose acetate and hydrogels such as gelatin and polyurethane to form the scaffold 103,104. The 

addition of the hydrogel can change nanoscale features of the cellulose material such as fibre 

diameter 103. Moreover, the porosity, stiffness, hydrophilicity, fluid uptake, and surface area can 

be tuned by varying the ratio of the constituents to increase the rate of wound healing 103,104. One 

common issue in designing artificial skins and wound dressings is that the material must adhere to 

the wound to support healing but then must be easily removed without damaging the regenerated 

tissue 103. Varying the relative amounts of constituents in composites can achieve the desired 

adherency features of the material 103. Notably, electrospun cellulose acetate/gelatin composites at 

a ratio of 25:75 promote cell proliferation and collagen deposition, while a ratio of 75:25 can act 

as a low-adherent wound dressing 103.  

Nanofibrillar cellulose has also been used in clinical trials 105. Functionalized nanofibrillar 

cellulose dressings have been applied to heal and regenerate skin for burn victims 105. The physical 

and mechanical properties of the nanocellulose dressings can be optimized to suit the patient’s 

needs 105.  Hakkarainen et al. demonstrated that functionalized cellulose dressings can be superior 

to the existing commercially available products such as Suprathel® 105. Epithelialized skin 

regeneration and a lack of inflammatory response to the cellulose dressing were observed 105. The 

dressing attaches easily to the wound, yet detaches on its own after skin regeneration is completed 
105. Although the dressing itself was not antibacterial, it did not promote bacterial growth 105. 

Bacterial nanocellulose is biocompatible and has been applied to full-thickness skin defect models 
78. Using these porous membranes stimulates an increase in the healing rate along with a decrease 

in inflammation 78. 

During the synthesis of the cellulose materials, the pore size can vary with the thickness of the 

membrane 78,96. For example, the bottom side of BC films has a looser and rougher structure than 

the top side 96. It has been shown that the increased porosity improved the wound healing rate and 

reduced the inflammatory response compared to control gauze and the more dense top side, as cell 

migration and diffusion were more permissible 96. The less porous top side was more effective in 

preventing infection and water-loss 96. Polyvinyl alcohol (PVA)/cellulose nanowhisker 

nanocomposite hydrogels have also been applied to wound healing applications 106. Including 

nanowhiskers endows greater control over the physical properties of the hydrogels 106. 

Specifically, the porosity can be tuned; the presence of the cellulose nanowhiskers decreases the 

pore size, but it does not affect the gel formation process 106. Adding cellulose nanowhiskers 

mechanically reinforces the composite materials 106. In the context of the skin application, the 

presence of nanowhiskers does not increase the drying rate beyond the in vivo optimal range 106. 

The composite materials offer protection from bacterial invasion as well 106. 
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As bacterial cellulose alone does not exhibit antibacterial properties, and infection prevention is 

vital for wound healing applications, antimicrobial agents such as octenidine and minocycline have 

been combined with cellulose biomaterials 107,108. For the use of thin films, a Fickian diffusion 

model is applicable; however, the swelling of the polymer often results in non-Fickian drug 

diffusion dynamics 107–110. The scaffold thickness, surface area to volume ratio, structure, and 

chemistry at the nanoscale influence the diffusion and release of the drugs 104,107,108. Mortiz et al. 

demonstrated that incorporating octenidine did not alter the mechanical properties or stability; 

nevertheless, this assumption cannot be assumed for different drugs or production methods 107. 

Combining cellulose nanowhiskers with hydrogels is an effective method of tuning the physical 

characteristics and drug release properties 108. By adding the nanoscale cellulose crystals, higher 

control over the drug release is obtained 108. These composite materials did not exhibit 

thrombogenesis or hemolysis 108. Conversely, protein adsorption, antibacterial, and antifungal 

properties were observed 108. When combined with antimicrobial agents, the resultant material is 

viable to cells, is antibiotic, and induces a low inflammatory response 104,107,108. Another approach 

to prevent bacterial infection is to incorporate silver nanoparticles 109,110. In particular, silver 

nanoparticles were generated and self-assembled on the surface of cellulose nanofibers 109,110. 

These materials are antibacterial and enable the proliferation of cells with low cytotoxicity 109,110. 

In addition, these materials have been applied to wound models 109,110. Significantly, these 

dressings regenerated epidermal and dermis more effectively than untreated wounds 109,110.   

 

1.7.2 Bone tissue 

As a consequence of the versatility of cellulose, these biomaterials can be adapted to be applicable 

to the stiff and mechanically demanding environment of bone 92,111,112.  

As discussed in the skin and wound healing section, templating the biomaterial structure is a viable 

approach used to build biomimetic constructs. In the context of bone, it has been shown that a 

reverse templating method can be used to create gyroidal cellulose scaffolds 113. This approach 

allows researchers to mathematically define and control pore geometries 113. As this review 

stresses, the nanoscale details dictate macroscopic properties; therefore, bottom-up methods of 

creating 3D scaffolds are instrumental.   

In contrast to templating, a popular method of creating nanocomposites for bone tissue 

replacements is electrospinning. As the mechanical properties of hydrogels are insufficient for 

withstanding the physical stress exerted on bones, they are often fortified with nanocellulose 114–

117. For example, cellulose nanocrystals can act as physical supports to electrospun matrices of 

poly lactic acid (PLA) and poly vinyl alcohol (PVA) hydrogels 114–116.  Modifying the surface 

chemistry with strategies such as maleic anhydride grafting, PEG grafting, and sodium dodecyl 

sulfate (SDS) improves the interfacial adhesion between the cellulose and PLA along with the 

tensile strength 115,116. Moreover, the nanocrystals reduce the diameter and polydispersity of the 
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matrix fibres 114. The mechanical and thermal stability increases with the addition of the cellulose 

nanocrystals 114. These scaffolds have a tensile strength >10 MPa and are biocompatible 114,115. 

The electrospun nanofibers with different weight ratios can be used to produce biomimetic bone 

structures 118.  

Natural bone is highly porous; therefore, methods of creating highly porous biomimetic materials 

for bone tissue engineering are integral 119. One approach of introducing pores is laser ablation of 

cellulose acetate electrospun fibres 119. Pore sizes ranging from 50-300 μm can be fabricated 

without affecting the surrounding material 119. These constructs can be further processed on the 

nanoscale to become mineralized to an extent that resembles in vivo hydroxyapatite levels 118,119. 

The porous mineralized scaffolds increase osteoblast attachment and cell density at the pore sites 
119.  

Natural bone consists mainly of collagen and minerals similar in composition to hydroxyapatite 
120. Mimicking this complex composition is essential for bone tissue engineering. Cellulose 

nanofibers/hydroxyapatite composites can be used to emulate natural bone, namely the 

compressive strength (0.1–12 MPa), compressive modulus (6–330 MPa), porosity, and 

biocompatibility 116,120–123. The proper dispersion of hydroxyapatite is required to emulate the 

natural environment 122. In the absence of other composites, hydroxyapatite aggregates and 

precipitates; hence, the colloidal stability must be increased prior to its use in 3D scaffolding 

materials. Cellulose oxidation with compounds such as 2,2,6,6-tetramethylpiperidine-1-oxyl 

(TEMPO) can be used to accomplish the desired dispersion 122. The oxidation yields negatively 

charged nanofibres onto which the hydroxyapatite adsorbs and creates a hydrogel that can be 

crosslinked 122. The modified cellulose structure yields a highly porous bioactive material 120,123. 

The mineralization of the macroporous scaffolds results in an environment resembling native bone 

tissues’ mineralized extra cellular matrix both topographically and chemically124. Messenchymal 

stem cells can proliferate and differentiate towards osteoblasts on these scaffolds, confirming the 

material as a potential candidate for use in bone tissue engineering 122–124. In vivo studies involving 

cellulose scaffolds combined with gelatin hydrogels that were subsequently coated with 

hydroxyapatite revealed that this approach enhanced new bone formation 123. 

Bone implant integration is a major concern in the field of bone tissue engineering. In an attempt 

to improve integration of implants, cellulose alternatives to conventional ceramic and metal 

implants have been proposed. The surface functionalization with 45S5 bioactive glass individually 

wrapped and interconnected with fibrous cellulose nanocrystals was deposited on 316L stainless 

steel 125. Rapid mineralization including hydroxapatite occurred in the presence of simulated body 

fluid 125. The mineralized scaffold expedited cell attachment, spreading, proliferation, 

differentiation, and ECM mineralization, showing cellulose-based implants are a promising 

alternative to conventional methods that are not viable long term 125.  

Carbon nanotubes (CNTs) have many potential applications in biology; however, a significant 

challenge is introducing them into a suitable 3D structure 126,127. Furthermore, similar to the issue 
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with the hydrophobic hydrogels and the hydroxyapatite, the CNTs tend to aggregate together. To 

circumvent this effect, an amphiphilic comb-like polymer (APCLP) can be adsorbed onto CNTs. 

In situ hybridization of CNTs coated with an APCLP with cellulose produces a homogeneous 3D 

microporous structure that is osteoconductive and osteoinductive 126,127.  

As cellulose fibres resemble the collagen fibres of bone tissue, cellulose has been implicated in 

bone tissue engineering applications 128. In particular, bacterial cellulose can serve as a localized 

delivery system to increase the local concentration of cytokines 128. It has been shown that the 

biocompatible scaffolds supported osteodifferentiation in the presence of bone morphogentic 

protein 2 (BMP-2) 128. Greater in vivo bone formation and calcium deposition was stimulated with 

BMP-2 loading 128. Likewise, cellulose nanocrystal – hydrogel composites can be implicated in 

the transport bioplymeric nanoparticles to bone marrow 117. 

Although further investigation is required to uncover the full potential of cellulose-based materials 

for bone tissue engineering, the current body of work contests that cellulose materials present a 

promising approach to solving a major biomedical issue. Significantly, cellulose membranes have 

been shown to guide bone regeneration in vivo 129.  

 

Neural applications 

Cellulose scaffolds are a suitable material for 3D nerve cell proliferation and differentiation 

because of the adjustable surface chemistry and mechanical/physical properties 130,131. Chemical 

modification and protein coating of cellulose materials can be used to enhance integrin based 

attachment and cell – scaffold interactions 130,131.  

Nerve tissue engineering presents an issue that is unique to a subset of cell types including neurons 

and myocytes: electrical stimulation. As a result, electroactive, flexible, 3D nanostructured 

biomaterials are required. To satisfy these criteria, cellulose scaffolds coated with conductive 

materials such as poly(3,4-ethylenedioxythiophene) (PEDOT) and multi-walled carbon nanotubes, 

or carbonization can be used 132,133. Such materials have tunable pore sizes, mechanical properties, 

and electrical conductivities; moreover, they are biocompatible and foster neural differentiation 
132,133.  

It is often desirable to incorporate growth factors into the surrounding nano- and micro-

environments of stem cells 134,135. Recently, cellulose bases scaffolds have been used to transport 

and release growth factors to guide neural differentiation and repair damaged tissue caused by 

strokes 134,135. Pharmacologically active microcarriers (PAMs) and stem cells can be delivered via 

cellulose-based biomaterials including scaffolds and injectable gels 134,135. Different release 

profiles, namely biphasic dynamics, of drugs can be designed by tuning the properties of the 

cellulose construct 134,135. Similarly, growth factor delivery in the context of spinal cord injuries 
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has been studied using tubular cellulose composite materials 136. Cellulose biomaterials implicated 

in spinal cord injury have been shown to promote the regeneration of neurons 137. 

In addition to growth factor loading, drug loading has important implications in psychiatry 79. 

Loading cellulose-based biomaterials with drugs is a promising avenue for drug delivery 79. The 

tunable mechanical properties, highly porous structure, adjustable stability, and excellent 

biocompatibility make cellulose an ideal candidate for nerve tissue repair and drug delivery 

systems 79,133,135,138,139. Significantly, it has been shown that cellulose constructs can be used as 

nerve guidance conduits for sciatic nerve defects in rats 79. The results of this study revealed that 

citalopram-loaded cellulose materials can mediate the functional recovery of the sciatic nerve 79.  

 

1.7.3 Blood vessels 

The two most commonly used vascular graft materials are expanded polytetrafluoroethylene 

(ePTFE) and poly(ethylene terephthalate) (PET). Despite the high success rate of these materials, 

their applicability to small vessels is limited due to thrombosis 140,141. As such, there is a need for 

blood compatible materials with appropriate biochemical and physical properties for vasculature 

engineering 140,141. In comparison to conventionally-used graft materials, bacterial cellulose 

constructs exhibit no significant difference in platelet consumption and coagulation, as compared 

with PET, ePTFE, and heparin coated PVC 140. However, it should be noted that the complement 

activation parameters sC3a and sC5b-9 were much higher for BC, as compared with the other 

materials for both 4 and 6 mm tubes diameter tubes 140. In addition, an in vivo model using 

hamsters demonstrates the high biocompatibility and low immune response to these materials 141. 

Likewise, in vivo implantation of a bacterial cellulose blood vessel in the carotid arteries of sheep 

showed epithelial cell coverage and patency for up to 13 months 142.  Nevertheless, the patency of 

the unmodified structures used in this study was inconsistent 142. On the contrary, bacterial 

cellulose blood vessels molded in oxygen permeable polydimethylsiloxane (PDMS) templates 

yield appropriate mechanical properties and high stability 97. These vessels have been successfully 

implanted into rabbit femoral arteries, and endothelialization was observed 97.   

In order to improve the adhesion of human microvascular endothelial cells (HMEC) to cellulose 

grafts, chimeric proteins containing both a cellulose-binding domain and an adhesion peptide motif 

can be incorporated 143. The recombinant proteins improve both the attachment and spreading of 

HMECs on the cellulose grafts 143. Blood vessels are complex structures that not only act as a 

transport system, but also involve the transvascular migration of different cell types and molecules 
144. Simulated vascular lumens consisting of human umbilical vein endothelial cells (HUVECs) 

and a cellulose/collagen scaffold can replicate the transvascular migration and hemodynamics of 

native vessels 144. 
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Nanocomposite materials consisting of nanocrystalline cellulose and fibrin are applicable to small-

diameter replacement vascular grafts (SDRVGs) 145. Chemical attachment of fibrin to the cellulose 

can be mediated and tailored with periodate oxidation of the cellulose 145. The nanocrystalline 

cellulose provides the elastic hydrogel with rigidity. Interestingly, the maximum strength and 

elongation of the composites were comparable to those of native blood vessels 145. Similarly, a 

composite material of cellulose nanowhiskers and cellulose acetate propionate can be used as an 

alternative to conventional synthetic blood vessels 146. The nanowhiskers act as reinforcements, 

while the cellulose acetate propionate provides the hydrogel matrix 146. Resultantly, the percolated 

structure with improved mechanical properties can withstand the physiological pressure surface 

features of human blood vessels 146.  

 

Figure 1.6: Applications of cellulose biomaterials. (A) Skin, (B) nerve, (C) tendon/ligament, (D) 

larynx, (E) cartilage, (F) bone, . (A): 105 Copyright 2016. Reproduced with permission from 

Elsevier Inc. (B): 79 Copyright 2017. Reproduced with permission from Elsevier Inc. (C): 158 

Copyright 2013. Reproduced with permission from John Wiley and Sons. (D): 147 Copyright 2011. 

Reproduced with permission from Elsevier Inc. (E): 151 Copyright 2015. Reproduced with 

permission from John Wiley and Sons. (F): 127 Copyright 2015. Reproduced with permission from 

Elsevier Inc. 
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1.7.4 Other applications 

This review highlights several key applications of cellulose-based materials that have been 

extensively investigated (Fig. 1.6). The fact that cellulose-based materials can be applied to such 

a wide range of tissue is a testament to its versatility and adaptability (Fig. 1.6). We stress that the 

potential uses of cellulose-based materials are not restricted to the categories reviewed here. For 

example, studies have shown that muscle, tendons/ligaments, cartilage, vertebrae disks, urinary 

tracts, and larynx tissues are applicable because of the tunable physical and chemical properties of 

cellulose 98,147–158 (Fig. 1.6).  

 

1.8 Remaining challenges and future directions 

Although substantial progress has been made in the field of tissue engineering, there are no 

materials that fully capture the intricacies of the native tissue nor restore function to an ideal level. 

As a result, the remaining challenges will be to innovate new composite materials with nanoscale 

engineering methods to produce fully biomimetic tissues. As the complexity of the application 

increases, such as in highly dynamic tissues, an active remodeling of the scaffolding will be 

required. Thus, the complex interplay between the cells and the artificial matrix will be paramount.  

 

1.9 Conclusion 

In order to recreate fully functional tissue, the biochemical and biophysical properties must be 

designed from the nanoscale up. The nanoscale features dictate cell function and scaffold 

applicability.  Here we have condensed a wealth of knowledge in the field of cellulose-based 

biomaterials in the context of bottom-up approaches for tissue engineering. Evidently, cellulose-

based materials have great potential to become the next generation of standard biomaterials 

because of their diversity and versatility of biochemical and biophysical characteristics. 
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2 Chapter 2  

Technical and Theoretical Background 
 

§1 Scope 

This section serves to provide an overview of the physical concepts behind some of the key 

techniques used in this body of work. As the techniques relate to complicated physical properties 

that entire theses and text books have been dedicated to, only the main topics are presented in this 

chapter. Three main techniques used to acquire data for this collection of studies were microscopy, 

rheometry, and atomic force microscopy.  

 

2.1 Microscopy 
2.1.1 Numerical aperture 

The numerical aperture indicates how much light can be gathered for a specific working distance. 

As light enters the objective as a light cone, the angle of the cone is dictated by the focal length of 

the objective. The numerical aperture is defined by the following equation: 

𝑁𝐴 = 𝑛𝑠𝑖𝑛(𝛼) , 

where NA is the numerical aperture, n is the refractive index, and 𝛼 is the half angle of the light 

cone. 

A larger numerical aperture corresponds to greater magnification as the cone angle increases. 

Furthermore, the NA tends to increase with additional correction factors for chromatic and 

spherical aberrations. The NA of the most commonly used objectives for the work presented in 

this thesis are included in Table I below. 
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Table I: NA of commonly used Nikon objectives 

Objective NA 

4X 0.13 

10X 0.30 

40X 0.60 

60X 1.2 

 

 

2.2 Resolution 

The resolution is the ability to distinguish two points as separate bodies. Light exhibits diffraction; 

therefore, there is a lower limit when the distance between two objects is insufficient for resolving 

their point spread functions as the diffracted light overlaps. The irradiance of the diffracted light 

for a circular aperture is given by the Fraunhofer diffraction1: 

𝐼(𝜃) = 𝐼(0) [
2𝐽1(𝑘𝑟𝑠𝑖𝑛(𝜃))

𝑘𝑟𝑠𝑖𝑛(𝜃)
]

2

, 

where I is the irradiance, J1 is the first order Bessel function, k is the wavenumber, r is the radius, 

and 𝜃 is the angle.  

The diffraction patterns of light form Airy disk diffraction patterns. Two objects cannot be resolved 

if their separation is less than the Airy disk. This phenomenon is highlighted in the Rayleigh 

Criterion2: 

sin(𝜃) = 1.22
𝜆

𝑑
 , 

where 𝜃 is the angle, 𝜆 is the wavelength, and d is the diameter of the aperture.  

In addition to the NA and the wavelength of light, the alignment of the optical system affects the 

overall resolution as does the sampling rate dictated by the Nyquist Theorem3. Clearly, the 

resolution depends on the experimental setup. In the context of confocal microscopy, the resolution 

exceeds that of standard wide field microscopy because confocal microscopy employs shared 

volume point scanning. In general, the resolution 𝑟 can be estimated as: 

   𝑟𝑙𝑎𝑡𝑒𝑟𝑎𝑙 = 0.61𝜆 𝑁𝐴⁄  widefield 
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𝑟𝑙𝑎𝑡𝑒𝑟𝑎𝑙 = 0.4𝜆 𝑁𝐴⁄  confocal 

𝑟𝑎𝑥𝑖𝑎𝑙 = 1.4𝑛𝜆 𝑁𝐴 ⁄ . 

Several techniques have been developed to work around the diffraction limit of light and are 

classified as super-resolution techniques. Although they are very powerful, they were not required 

to study the processes investigated in the studies presented here. 

 

2.2.1 Confocal microscopy 

Laser scanning confocal microscopy was widely used in the work compiled in this thesis. This 

technique allows for optical sectioning of specimens. Thin planes of light are collected, and the 

out of focus light above and below these planes are filtered out via a pinhole. The use of the pinhole 

effectively restricts the point spread functions to their central maxima for each plane; 

consequently, the blurring effects of the diffracted light from the planes above and below the 

section of interest are not collected as they do not pass through the pin hole.  

 

Figure 2.1. Confocal microscope light path. The use of the pin holes allows light from 

unfocussed planes to be filtered out. As a result, only light from a thin plane is collected. 3D 

reconstruction can be accomplished by imaging different planes and creating a z-stack of the in-

focus planes. 
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2.2.2 Phase contrast microscopy 

In addition to confocal microscopy, phase contrast imaging was extensively used in these projects. 

The principle of phase contrast microscopy is accentuating differences in the amplitude of the 

signal that arises from shifts in the light path due to variations in the refractive index of the 

medium. This phase shift is  

𝛿 =
2𝜋(𝑛2 − 𝑛1)𝑡

𝜆
 , 

where: 𝛿 is the phase shift, 𝜆 is the wavelength, n is the refractive index, and t is the thickness. 

As this equation reveals, the phase shift is very small for cell biology applications. The 

enhancement provided by this technique is the inclusion of a condenser annulus and a phase plate 

to increase the phase shift and enhance contrast. The condenser annulus is an opaque disk with a 

void annular ring. If the Köhler illumination is properly aligned, the rear focal plane of the 

objective contains the conjugate bright ring from the condenser annulus. Thus, the bright ring is 

superimposed over the phase plate; this alignment is essential for phase contrast imaging as it 

allows diffracted and undiffracted light to be segregated and shifted. The surrounding light is either 

advanced (positive) or retarded (negative) 90° in phase by the phase plate.  The surrounding light 

interferes with the diffracted light that has been retarded by 90° at the specimen destructively and 

constructively for positive and negative phase contrast systems respectively. As a result, large 

refractive index differences compared to the surrounding area produce dark spots in positive phase 

contrast, whereas the opposite occurs in negative phase contrast. Here, we exclusively used 

positive phase contrast. An excellent resource for more information on microscopy and interactive 

tutorials on each subject matter can be found on the Nikon MicroscopyU webpage 4. 

 

2.3 Rheology 
2.3.1 Context 

Rheology is defined as the study of the deformation and flow of matter. As the cells and tissue in 

our body are subject to a variety of internal and external forces, they deform and flow. It is well 

established that the physical environment affects cellular processes; thus, when designing a 

biomaterial, it is imperative to understand the rheological properties of the construct. Here we 

present a brief overview of some key concepts in rheology that are central for characterizing our 

cellulose-based scaffolds. For a more comprehensive discussion of rheology, we point the readers 

to Rheophysics by Patrick Oswald 5 and Physics of Continuous Matter by B Lautrup 6. 
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2.3.2 Hooke’s law of elasticity 

Hooke’s law relates the force needed to deform an elastic material and the distance that the material 

deforms. It can be visualized, in its most basic form, as the force required to extend or compress a 

spring a certain distance for a particular spring stiffness. This concept is readily applied to the 

uniaxial deformation of an elastic body 6. 

 

𝐹 = 𝑘𝑥 

𝑘 = 𝐹/𝑥 

𝐸 =
𝐹𝐿0

𝐴Δ𝐿
 

Where F is the force, k is the spring constant, x is the deformation, E is the Young’s modulus, , A 

is the area, L0 is the original length, Δ𝐿 is the change in length. 

 

 

Figure 2.2. Visualization of Hooke’s law. (A) A spring is stretched (𝚫𝒙) when a force (F) is 

applied to it. (B) The simple spring extension can be extended to general objects such as a cylinder. 

In this case, the force (F) is acting over a certain area (A) and the body extends (𝚫𝑳) from its initial 

length of (𝐋𝟎). 

 

In order to describe how materials deform and respond to forces, the strain and stress tensors are 

required. The strain tensor is necessary as vector displacements do not fully capture the change 

in spatial relations between local sections of a material. In other words, it is a quantity that 

captures both translation and rotation in addition to size changes. The strain tensor is therefore 

the symmetrized displacement gradient tensor, which is valid for small deformations: 

𝑢𝑖𝑗 =
1

2
(∇𝑖𝑢𝑗 +  ∇𝑗𝑢𝑖) 
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where 𝑢 is the displacement. 

 The stress tensor is composed of nine components corresponding to the forces acting on a 

surface element. For instance, a surface element dSx would have stress components 

𝜎𝑥𝑥, 𝜎𝑥𝑦, 𝑎𝑛𝑑 𝜎𝑥𝑧.  

The general form of Hooke’s Law is 

𝜎𝑖𝑗 = 2𝜇𝑢𝑖𝑗 + 𝜆𝛿𝑖𝑗 ∑ 𝑢𝑘𝑘

k

 

and upon inverting: 

𝑢𝑖𝑗 =
𝜎𝑖𝑗

2𝜇
−

𝜆

2𝜇(3𝜆 + 2𝜇)
𝛿𝑖𝑗 ∑ 𝜎𝑘𝑘  ,

𝑘

 

where 𝜎 is the stress tensor, 𝑢 is the strain tensor, 𝜆 and 𝜇 (shear modulus) are the Lamé 

coefficients, and 𝛿 is the Kronecker delta.  

 

2.3.3 Young’s modulus and Poisson’s ratio 

It is often more convenient and useful to express the strains and stresses in terms of the Young’s 

modulus (or bulk modulus for certain cases) and Poisson’s ratio. Poisson’s ratio is a measure of 

the tendency of a material to expand or contract in the direction that is perpendicular to the applied 

stress. A value of 0.5 corresponds to a perfectly isotropic incompressible material, and is the 

assumed value for many biophysical measurements. Here we present the Young’s modulus 

relationship to the Lamé coefficients as it was more pertinent for this collection of work than the 

bulk modulus 6. 

𝐸 =
𝜇(2𝜇 + 3𝜆)

𝜇 + 𝜆
 

𝜈 =
𝜆

2(𝜇 + 𝜆)
 

𝜆 =
𝐸𝜈

(1 − 2𝜈)(1 + 𝜈)
 

𝜇 =
𝐸

2(1 + 𝜈)
 

𝑢𝑖𝑗 =
1 + 𝜈

𝐸
𝜎𝑖𝑗 −

ν

E
𝛿𝑖𝑗 ∑ 𝜎𝑘𝑘

𝑘
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2.3.4 Elastic shear 

The generalized form of Hooke’s law extends beyond uniaxial deformation and includes shear 

components. From these general expressions, we can relate the stress to the strains of a body.  

As shear components are significant and relevant to the types of stresses that are applied in vivo, 

it is appropriate to present the underlying continuum mechanics equations for shear as well. The 

shear corresponds to the off-diagonal components of the stress and strain tensors. Like the Young’s 

modulus and Hooke’s spring law, the shear force can be expressed by the following relations: 

𝐺 =
𝐹𝐿

𝐴Δ𝑥
 , 

where G is the shear modulus,  which is 𝜇 from above, F is the force, A is the area, L is the distance 

between the two surfaces, and Δ𝑥 is the displacement of one plane relative to the other. 

 

Figure 2.3. Visualization of shear. An undeformed body (A) experiences an applied force on its 

top face (B). The material of height (𝑳) is sheared to the right (𝚫𝒙) when a force (F) is applied to 

the top face area (A). 

 

2.3.5 General equation of linear viscoelasticity 

The previous sections highlighted some important aspects of elastic theory. The materials used 

in this thesis were not perfectly elastic. They were hydrated materials, and therefore had a fluid 

component. Fluids can be classified as Newtonian and non-Newtonian; non-Newtonian fluids 

have strain rate dependence. Real materials are a combination of elastic and fluid components.  

From Figure 2.3, the quantity 
Δ𝑥

𝐿
 can be expressed as 𝛾, the strain. When the strains are small, 

they remain proportional to the stress. In general, the stress can be related to the shear rate with 

the stress relaxation modulus 𝐺(𝑡): 5 
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𝜎(𝑡) = ∫ 𝐺(𝑡 − 𝑡′)𝛾̇(𝑡′)𝑑𝑡′.
𝑡

−∞

 

The creep compliance 𝐽(𝑡) is given by 

𝛾(𝑡) = ∫ 𝐽(𝑡 − 𝑡′)𝜎̇(𝑡′)𝑑𝑡′ ,
𝑡

−∞

 

and relates the rate of applied stress to the shear. It is only the inverse of the shear stress 

relaxation modulus in specific and simple cases. Real viscoelastic materials often involve complex 

combinations and arrangement of both spring and dashpot elements. To complicate matters, 

nonlinear effects result in peculiar phenomena and make modelling large deformations arduous5.   

 

In practice, it is useful to investigate shear with oscillatory techniques. Moreover, oscillations are 

commonplace in vivo as well. In this case the shear strain and stress can be defined respectively 

as 

𝛾(𝑡) = 𝛾0𝑒𝑖𝜔𝑡 

𝜎(𝑡) = 𝑖𝜔𝛾0 ∫ 𝐺(𝑡 − 𝑡′)𝑒𝑖𝜔𝑡′
𝑑𝑡′,

𝑡

−∞

 

and a simple variable change results in  

𝜎(𝑡) = 𝑖𝜔𝛾0𝑒𝑖𝜔𝑡 ∫ 𝐺(𝑢)𝑒−𝑖𝜔𝑢𝑑𝑢 .
∞

0

 

In this form, it is immediately clear that the shear modulus is a complex function; therefore, it 

can be expressed as 

𝜎(𝑡) = 𝐺∗𝛾(𝑡) 

𝐺∗(𝜔) = 𝐺′(𝜔) + 𝑖𝐺"(𝜔) . 

The G’ is referred to as the storage modulus as it pertains to the ability to store elastic energy. The 

G” is the loss modulus as it is the viscous dissipation contribution. As the complex modulus 

contains both components, it is used to characterize viscoelastic materials. A purely elastic material 

would have 𝐺"(𝜔) = 0, whereas a purely viscous fluid would have 𝐺′(𝜔) = 0. From the equations 

above, it is evident that an elastic material is in phase with the strain, and a viscous fluid is 90° out 

of phase with the strain because it is in phase with the strain rate.  
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2.3.6 Loss factor 

The materials that this thesis is focused on are viscoelastic in nature. Therefore, it is valuable to 

consider the relative contribution of each factor in the rheology of these materials. The loss factor 

𝑡𝑎𝑛𝛿 is a convenient measure of the proportion of each component. A perfectly elastic material 

would have 𝛿 = 0 and 𝐺" = 0. Likewise, a solely viscous fluid would have 𝛿 = 𝜋/2 and 𝐺′ = 0. 

𝑡𝑎𝑛𝛿 = 𝐺"/𝐺′. 

 

2.3.7 Viscosity  

Our materials contain both elastic and fluid components. When the material deforms, friction with 

the fluid as well as the solid components results in resistance. The viscosity (𝜂) of the material is 

formally defined as 5 

𝜂 = 𝜎/𝛾̇ 

which is also a complex function under oscillatory conditions: 

𝜂∗(𝜔) = 𝜂′(𝜔) − 𝑖𝜂"(𝜔) 

𝜂∗(𝜔) =
𝐺∗(𝜔)

𝑖𝜔
 

𝜂′ = 𝐺"/𝜔 

𝜂" = 𝐺′/𝜔 . 

The 𝜂′ is commonly referred to as the dynamic viscosity.  

 

2.3.8 Maxwell Model 

Real materials are complex, and in order to model them, the elastic and viscous components are 

arranged in different combinations. Two main models are the Maxwell model and the Kelvin-

Voigt model. The simplest form of the Maxwell model involves a spring (s) in series with a 

dashpot (d). As a result, the strain is additive 5.  

𝛾 =  𝛾𝑠 + 𝛾𝑑 

𝛾̇ =  𝛾𝑠̇̇ + 𝛾𝑑̇ 

The spring component yields a stress 

𝜎𝑠 = 𝐺𝛾𝑠 , 
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whereas the dashpot has a stress that is dependent on the strain rate 𝛾̇ 

𝜎𝑑 = 𝜂𝛾̇𝑑 . 

Therefore, the strain rate can be expressed as 

𝛾̇ =
𝜎̇

𝐺
+

𝜎

𝜂
 , 

which can be rewritten as 

𝜎 + 𝜏𝜎̇ = 𝜂𝛾̇ 

𝜎(𝑡) =
𝜂

𝜏
∫ exp [−

𝑡 − 𝑡′

𝜏
] 𝛾̇(𝑡′)𝑑𝑡′

𝑡

−∞

 

𝜎(𝑡) = 𝜂𝛾̇[1 − exp (−
𝑡

𝑡′
)].   

This model can then be extended to multiple variations wherein Maxwell elements are connected 

together and a distribution of relaxation times are present5.  

The Maxwell and Kelvin-Voigt models both capture aspects of the observed behaviours of 

viscoelastic materials. Namely the Maxwell model predicts stress relaxation, but fails to include 

creep; the opposite occurs in the Kelvin-Voigt model. 

 

2.3.9 Kelvin-Voigt 

In contrast to the Maxwell model, the Kelvin-Voigt model involves spring and dashpot elements 

connected in parallel. In this arrangement, the stress is additive 5. 

𝜎 = 𝜎𝑠 + 𝜎𝑑  

𝜎 = 𝐺𝛾 + 𝜂𝛾̇ 

Upon rearranging, the relaxation time 𝜏 = 𝜂/𝐺 is evident. 

𝜎

𝐺
= 𝛾 + 𝜏𝛾̇ 

This is formally equivalent to the Burgers model, which consists of two Maxwell elements in 

parallel. One of the elements has infinite viscosity, and the other has infinite stiffness. The 

constitutive equation for the Burgers model is 5 

(𝜂1 + 𝜂2)𝛾̇ = (𝜂1𝜏2 + 𝜂2𝜏1)𝛾̈ = 𝜎 + (𝜏1 + 𝜏2)𝜎̇ + (𝜏1𝜏2)𝜎̈ . 
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As a result, many of the quantities derived from the Maxwell model including those presented 

above are applicable to viscoelastic solids. The Kelvin-Voigt model is better suited for modelling 

viscoelastic solids, as it successfully models creep, which is evident from the parallel arrangement 

of the spring and dashpot elements. The materials used in this thesis are viscoelastic solids. As 

shown in the subsequent chapters, the elasticity dominates the viscous component and the 

materials experience a small amount of creep5.  

 

2.4 Atomic force microscopy 
2.4.1 Concept 

Atomic force microscopy (AFM) is a technique that can probe and image fine features of a sample. 

The basic concept of AFM is that a cantilever probes the surface features and a laser reflects off 

of the cantilever and its deflection is monitored on a detector. There are a variety of different 

applications of AFM including imaging, force mapping, object manipulation, and force 

spectroscopy. Unlike the other microscopy techniques used in this thesis, AFM does not use lenses 

or beams, and therefore is not impeded by the diffraction limit. Instead, tip-sample interactions 

such as Van der Waals forces, electrostatic forces, and dipole-dipole interactions are measured. In 

this body of work, AFM was used for force spectroscopy: measuring the Young’s modulus.  

 

 

Figure 2.4. Schematic of AFM. As the cantilever deflects from surface interactions, the laser is 

deflected onto different regions of the photodiode. As a result, the deflection of the probe and the 

tip sample interaction force can be measured. Inset: force-distance curve of a soft gelatin hydrogel. 
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2.4.2 Force-distance measurements 

The AFM measures force-distance data with a fixed lateral position. The cantilever acts as a spring; 

therefore, estimates of the elasticity of the surface can easily be calculated from geometrical 

arguments. The z position of the cantilever can be adjusted via several methods. Here we used the 

JPK Nanowizard II AFM, which employs piezoelectric control. The characteristic force-distance 

curve for a force spectroscopy experiment has five distinct regions7:  

1. Approach from distant position 

2. Tip snaps to contact (attractive force) 

3. Increase in repulsive forces until the setpoint is reached 

4. Retraction while in contact with the surface 

5. Removal from the surface 

Clearly there is hysteresis, and the approach curve and retraction curve contain different 

information.  

 

2.4.3 Calibration 

In order to extract data from the force-distance curves, the device must be calibrated. The raw data 

consists of the position of the reflected laser spot on the photodiode, and the value is reported in 

volts (V). This voltage signal is converted into a physical length in nanometers (nm) by measuring 

the sensitivity of the cantilever. When a hard surface, such as glass, is used, a linear relationship 

between the distance and the voltage is obtained. It should be noted that the surrounding medium 

affects this conversion factor. When using live cells or measuring the stiffness of biological 

samples that are immersed in fluid, the calibration should be repeated in the appropriate medium. 

The other calibration that is required is the spring constant calibration of the cantilever. Several 

methods can be employed to measure the spring constant; here the thermal noise method was used. 

In this method, the resonant frequencies and the corresponding harmonic frequencies arising from 

thermal fluctuations are used in conjunction with the equipartition of energy theorem8.  

𝐻 =
𝑝2

2𝑚
+

1

2
𝑚𝜔0

2𝑞2 

〈
1

2
𝑚𝜔0

2𝑞2〉 =
1

2
𝑘𝐵𝑇 , 

where H is the Hamiltonian of the harmonic spring oscillator, p is the momentum, m is the mass, 

q is the displacement, 𝜔0 is the resonant frequency, kB is Boltzmann’s constant, and T is the 

absolute temperature. 
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Naturally, the force constant is given as: 

𝑘 = 𝑚𝜔0
2 ; 

hence, the mean-square displacement can be used to calculate the force constant: 

𝑘 = 𝑘𝐵𝑇 . 

Fitting the resonance peak with a Lorentz curve enables the spring constant to be calculated. These 

calibrations are integral for accurate data collection and must be repeated every time. The reported 

values of the spring constant from the manufacturer are a guide, but should not be used as the 

actual value.  

The thickness (t), length (L), width (w), and elastic modulus (E) of the cantilever are used to 

calculate the spring constant (k): 

𝑘 =
𝐸𝑤𝑡3

4𝐿3
 . 

As evidenced by the preceding relationship, the spring constant is highly dependent on the 

thickness of the cantilever; the thickness is the parameter that is most difficult to obtain a high 

precision during fabrication. Moreover, the thickness of the cantilever is linearly related to the 

resonance frequency (fn):  

𝑓𝑛 = 𝜔0 =
𝛼𝑛

2

2𝜋√12

𝑡

𝐿2
 √

𝐸

𝜌
 ,  

where: n is the mode number, 𝜌 is the density, and 𝛼𝑛 is the flexural vibration modes solution. 

Therefore, the spring constant is proportional to the resonant frequency to the third power9  

𝑘 ∝ 𝑓𝑛
3 . 

 

2.4.4 Young’s modulus  

Upon successful calibration, the force-distance curves can be collected and used to measure the 

Young’s modulus of the material by considering geometric properties of the tip. The Sneddon-

Hertz model for a cone was used to solve the deformation profile of the sample, which was 

modelled as an isotropic infinite half-space elastic material. In this body of work, the pyramidal 

tip geometry was used. The geometries of the pyramid shape and cone are similar and yield nearly 

identical expressions relating the force, Young’s modulus, and deformation; therefore, the tip can 

be modelled as a conical indenter10. 
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𝐹𝑐𝑜𝑛𝑒 =
2

𝜋

𝐸

1 − 𝜈2
tan 𝛼 𝛿2 

𝐹𝑝𝑦𝑟𝑎𝑚𝑖𝑑 =
1

√2

𝐸

1 − 𝜈2
tan 𝛼 𝛿2 

𝐹𝑐𝑜𝑛𝑒

𝐹𝑝𝑦𝑟𝑎𝑚𝑖𝑑
=

2√2

𝜋
 

≅ 0.9 , 

where: F is the force, E is the Young’s modulus, 𝜈 is the Poisson’s ratio, 𝛿 is the deformation, 

and 𝛼 is the opening angle of the cone. 

 

2.4.5 Analyzing force curves for cells and soft materials 

AFM force curves on biological samples and soft materials are commonly modelled with a 

variation of the Hertz model. The Hertz model describes the shape and deformation profile of two 

curved bodies under stress. This model is widely applicable as the assumptions that the material is 

an isotropic linear elastic solid are simple to use and approximate the data well; nevertheless, this 

is an oversimplification. This model fails to include the intrinsic viscous component of these 

viscoelastic materials. This viscous component is clearly visible as the loading and unloading force 

curves display hysteresis. As the relaxation time depends on the viscous component of the material, 

different measurement rates and penetration depths will yield different Young’s moduli. In 

addition, the assumption of homogeneity does not hold when investigating complex structures, 

such as cells, which are comprised of a collection of heterogenous components. Despite the 

shortcomings of the oversimplified view of soft and biological samples, the Hertz model provides 

important and useful information on the elastic character of the materials. When fitting the force 

curves, another assumption is used: the Poisson’s ratio is often set to 0.5. This approximation is 

valid for soft and small samples where the volume changes are minute. Moreover, the experiment 

set-up usually requires the substrate to be modelled as an infinite half space in order to apply the 

Boussinesq solution and to avoid underlying surface effects. Practically, this results in indentations 

on the order of 200 nm for cells10–12. Here, we present the Sneddon-Hertz model used to analyze 

the force-distance curves in this thesis. Rico et al. provide the complete derivation10.  

Starting from the force (F) – indentation (𝛿) relationship: 

𝐹 = ∫ ∫
𝑝∗(𝑟, 𝜙)𝑓(𝑟, 𝜙)

𝛿∗
𝑟𝑑𝑟𝑑𝜙 ,

𝐴

 

where 𝑝∗ is the pressure distribution, and f is the interpenetration function. 

As 𝑝∗ only has a known analytical solution for the elliptical contact geometry, the blunted 

pyramidal tip can be approximated as a circle of radius a. 
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Therefore, 

𝑝∗(𝑟, 𝜙) =
𝐸𝛿∗

𝜋(1 − 𝜈2)(𝑎2 − 𝑟2)
1
2 

 

𝐹 = ∫ ∫
𝐸

𝜋(1 − 𝜈2)(𝑎2 − 𝑟2)
1
2 

𝑓(𝑟, 𝜙)𝑟𝑑𝑟𝑑𝜙
𝐴

 

𝐹 =
𝐸

𝜋(1 − 𝜈2) 
∫ ∫

𝑓(𝑟, 𝜙)

(𝑎2 − 𝑟2)
1
2 

𝑟𝑑𝑟𝑑𝜙
𝐴

 . 

 

For four-sided pyramidal tips:  
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where 𝑅𝑐 is the spherical cap of the blunted pyramidal tip, b is the radial distance of the transition 

from the spherical cap to the pyramidal face. 

In the limit of b = 0 (no defect), the ideal four-sided pyramid equation is derived: 

𝐹lim 𝑏→0 =
1

2
1
2

𝐸 tan 𝜃

(1 − 𝜈2)
𝛿2 . 
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3 Chapter 3  

 

Customizing the Shape and Microenvironment Biochemistry 
of Biocompatible Macroscopic Plant-Derived Cellulose 

Scaffolds 
 

This chapter is a reprint of a previously published research paper: 
 

Hickey, R. J., Modulevsky, D. J., Cuerrier, C. M. & Pelling, A. E. Customizing the Shape and 
Microenvironment Biochemistry of Biocompatible Macroscopic Plant-Derived Cellulose 

Scaffolds. ACS Biomaterials Science & Engineering 4, 3726–3736 (2018). 
 

 

§1 Motivation 

There is a need for engineering new and augmented artificial tissues, and these new constructs 

must capture the physical cues that dictate cell and tissue function. Our group has pioneered the 

use of plant-derived scaffolds for mammalian cell culture in an attempt to solve these issues. The 

novel plant-derived, cellulose-based biomaterials exploit the existing structure of plants that are 

stripped of their cellular content with decellularization techniques. Functionalizing and 

customizing these materials to create composite scaffolds provides an advancement to the field of 

tissue engineering and adds another layer of complexity to this class of material. In the body, cells 

reside in complex environments with many different components; therefore, creating composites 

is an essential progression towards materials that recapitulate the native environment.  

 

§2 Hypothesis and Objectives 

The goal of this study was to create composite cellulose scaffolds to confer customizability to the 

biocompatible base material. We hypothesized that different hydrogels could be used to provide spatial 

and temporal cues to the residing cells. We investigated both temporary and permanent hydrogel 

composites along with a new preparation and fabrication approach.   
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3.1 Abstract  

Plant-derived cellulose scaffolds constitute a highly viable and interesting biomaterial. They retain 

a high flexibility in shape and structure, present the ability to tune surface biochemistry, display a 

high degree of biocompatibility, exhibit vascularization, and are widely available and easily 

produced. What is also immediately clear is that pre-existing cellulose structures in plants can also 

provide candidates for specific tissue engineering applications. Here we report a new preparation 

and fabrication approach for producing large scale scaffolds with customizable macroscopic 

structures that support cell attachment and invasion, both in vitro and in vivo. This new fabrication 

method significantly improves cell attachment compared to our previous work. Moreover, the 

materials remain highly biocompatible and retain vascularization properties in vivo. We present 

proof-of-concept studies that demonstrate how hydrogels can be temporarily or permanently cast 

onto the macroscopic scaffolds to create composite plant-derived cellulose biomaterials. This 

‘inverse moulding’ approach allows us to provide temporary or permanent biochemical cues to 

invading cells in vitro. The development of a new-generation of rapidly and efficiently produced 

composite plant-derived biomaterials provides an important proof that such biomaterials have the 

potential for numerous applications in tissue engineering. 

 

3.2 Introduction  

Designing biomaterials that support cell growth and function is essential for tissue engineering and 

regenerative medicine. As such, biomaterials are often designed to be intricate constructs with 

tuneable structural, chemical, and mechanical properties 1. Moreover, substantial research has 

focused on developing 3D biomaterials that resemble the complex in vivo cellular 

microenvironment 2.   

Biomaterials typically consist of two main classes: synthetic and naturally derived scaffolds 3,4. 

The synthetic biomaterials are often constructed with the use of synthetic polymers that mimic 

structural characteristics of the extracellular matrix (ECM), sometimes even functionalized with 

ECM proteins 5. On the other hand, naturally derived scaffolds involve repurposing existing 

biological materials and structures 6. Natural biomaterials can often be acquired using 

decellularization techniques 7. Decellularization refers to the process of removing the existing 

cellular structures while leaving behind an intact ECM 8. The remaining ECM is then used as a 3D 

biocompatible scaffold 9.   

For many years there has been a significant interest in synthetic, bacterial, and plant-derived 

cellulose as a potential biomaterial for tissue engineering applications 10–27. Cellulose is widely 

available in many forms and easily incorporated into composite materials. It is now well 

established that bacterial and synthetic cellulose can act as scaffolds in a variety of tissue 
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engineering applications, both in vitro and in vivo 28–30. Importantly, synthetic/bacterial cellulose 

is often moulded or cast into a desired shape, and requires synthesis or cell culture protocols to 

produce scaffolds 31. On the other hand, the pre-existing structures of plant-derived cellulose 

scaffolds can be exploited directly with minimal processing and expense 32,33.  

Several years ago we demonstrated that native plant tissue can be decellularized, and the remaining 

cellulose scaffold can be used as a suitable platform for in vitro mammalian cell culture and also 

as an implantable in vivo biomaterial 32,33. Our work 32,33 and recent studies 34,35 have shown that 

a multitude of plant-derived cellulose scaffolds are suitable in vitro. The choice of the specific 

plant depends on the chemical, physical, and mechanical properties of the plant and the intended 

application 32–35. Although not necessary for in vitro cell growth, biofunctionalizations of the plant-

derived cellulose scaffolds have also been employed as steps in preparing cellulose scaffolds as 

we and others have shown 32,34,35. In addition, the similarities between the vascular structures of 

plants and animal tissues have been exploited via perfusion based decellularization 35. However, 

as shown previously, the need for a pre-existing vascular template is not a requirement for the 

vascularization of plant-derived cellulose biomaterials in vivo. In fact, we have shown that 

decellularized, yet otherwise unmodified, plant cellulose is biocompatible and pro-angiogenic in 

vivo 33. In this case 33, vascularization occurs in the highly amorphous and porous plant-derived 

cellulose scaffolds without any necessary functionalization or dependence on pre-existing vascular 

structures.  

Extending our previous work, here we report a new preparation and fabrication approach for 

producing large scale scaffolds with pre-defined structures and improved cell attachment and 

invasion, both in vitro and in vivo. Specifically, we demonstrate that apple-derived scaffold 

biomaterials can be hand- or machine-cut into desired shapes as opposed to approaches that might 

rely on the use of 3D printing, moulding, or casting 7,8. We also present proof-of-principle studies 

that demonstrate how hydrogels can be temporarily or permanently cast onto the macroscopic 

scaffolds. Similar approaches have been employed in tissue engineering 36,37; however, to our 

knowledge, this is first time they have been used in combination with decellularized plant 

scaffolds. These ‘inverse moulding’ approaches allowed us to provide temporary or permanent 

biochemical cues to invading cells in vitro. 

Moving beyond simple in vitro studies of plant-derived cellulose scaffolds, we also demonstrate 

that these biomaterials maintain their ability to become vascularized in vivo while improving cell 

invasion as compared to our previous in vivo study 33. We show that these plant-derived cellulose 

scaffolds continue to display high biocompatibility in vitro and in vivo, with cell invasion 

occurring much more rapidly and completely 33. Using decellularized cellulose scaffolds as 

biomaterials is a promising approach because of their availability, versatility, and ease of use 32–

35. What is also immediately clear is that pre-existing cellulose structures in plants can also provide 

candidates for specific tissue engineering applications.  
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The results of this study and our previous work 32,33 suggest cellulose scaffolds constitute a highly 

viable and interesting biomaterial. Specifically, they tend to overcome many of the complications 

that often arise with other traditional biomaterials, while also retaining a high flexibility in shape 

and structure, presenting the ability to tune surface biochemistry, displaying a high degree of 

biocompatibility, exhibiting vascularization, and being widely available and easily produced. This 

is the first time that this new-generation of plant-derived biomaterial has been combined with 

hydrogels. These composite cellulose-based biomaterials provide a very important proof that such 

a platform can potentially be applied to many tissue engineering applications. The new fabrication 

process reported here is simple and supports high cell growth. Moreover, the processes and 

protocols described in our study really open up dramatic new possibilities for biomaterial 

engineering with respect to the large size and geometric complexity that are now attainable. The 

biomaterials we describe are simply produced by hand or even on a computerized numerical 

control (CNC) machine within minutes, without molding, complex chemistry, and restrictions to 

small sizes. The materials for these composites are easily and cheaply sourced, biocompatible in 

vitro, and once implanted are biocompatible and display clear vascularization. No special coatings 

or functionalization are required, and all studies were conducted in immune-competent animals. 

This study contributes many significant advantages to the field and opens up new possibilities for 

existing hydrogels and biopolymers to be used in combination with plant-derived cellulose 

biomaterials. 

 

3.3 Results  
3.3.1 Improving cell attachment on minimally processed plant-derived 

cellulose scaffolds 

Decellularization with the surfactant sodium dodecyl sulfate (SDS) was used to obtain 3D cellulose 

scaffolds void of any native apple cells or nucleic acids 32,33. With smaller scaffolds (as used 

previously 32,33), the concentration of SDS required was low; however, larger objects require higher 

concentrations of SDS to undergo complete decellularization 2,6,7,34,35. We have found that the 

removal of all remaining SDS at higher concentration is very time consuming through washing 

alone. Here, a Ca2+ salt buffer was added to induce phase separation of the detergent due to a 

change in cloud point. This was carried out after washing steps in order to further remove any 

residual SDS 38. However, due to the need of a sufficiently high salt concentration to stimulate 

micelle formation 39, a salt residue does form on the cellulose surfaces (Fig. 3.1A). The resulting 

salt residue was then removed by incubating the scaffold in dH2O (Fig. 3.1B), though several other 

techniques were found to be effective, such as incubation with acetic acid, DMSO or through 

sonication (data not shown). A significantly increased number of cells was found to attach to the 

scaffolds after treatment as compared to the control (Fig. 3.1C,D). Two days after the cells were 

seeded onto the biomaterial, cell density was quantified with the use of the CCK-8 cell counting 
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kit (Fig. 3.1E). A significantly greater number of cells were found attached to the treated scaffolds 

(3.7x101 ± 2.9 cells/mm3) compared to the controls (2.6x101 ± 2.5 cells/mm3) (P = 1.8x10-2, N = 

5). We also showed that when preparing small biomaterial constructs, the remnant SDS can 

alternatively be removed with extensive washing without using the salt pre-treatment, and a 

comparable viable cell attachment can be achieved; this method is time-consuming and ineffective 

with larger samples (Supporting Information Fig. S3.1) (P = 9.2x10-1, N = 4).  

 

Figure 3.1: CaCl2 pre-treatment. A CaCl2 pre-treatment was used to remove remnant surfactant 

from the scaffold. (A) The salt/micelles crash out of solution onto the scaffold. (B) Removal of the 

salt residue. (C) C2C12 myoblasts cultured on the scaffold without the CaCl2 pre-treatment. (D) 

C2C12 myoblasts cultured on the scaffold with the CaCl2 pre-treatment. (E) CCK-8 quantification 

of cell density shows an increased number of viable cells attached to the SDS + salt treated 

scaffolds (3.7x101 ± 2.9 cells/mm3) compared to SDS alone (2.6x101 ± 2.5 cells/mm3) (P = 1.8x10-

2, N = 5) after 2 days of culture. All values are mean ± s.e.m. Scale = 200 μm.  
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3.3.2 Construction of macroscopic cellulose scaffolds and surface 

modification 

Here we show how decellularized cellulose can be further processed by cutting them into 

macroscopic ring shapes from bulk hypanthium tissue (Fig. 3.2). Many studies produce large 

scaffolds utilizing gel casting or 3D printing techniques 36. Here, as a proof-of-concept, we created 

ring shaped scaffolds (Fig. 3.2). A ring was chosen simply as a model of a “complex” feature that 

would typically be created through other techniques. Of course, a broad array of desired shapes 

can conceivably be created (Supporting Information Fig. S3.2). Although the ring was chosen only 

as a proof-of-concept structure, this shape has complex properties that are of significant biological 

relevance. The ring contains two flat faces, two curved surfaces, two radii of curvature, four sharp 

edges connecting each face to the curved surfaces, and a porous 3D interior (Fig. 3.2).  

First an apple was sliced into thin (1.2 mm sections) using a mandolin slicer (Fig.3.2A). A 5 mm 

diameter disk with a 1.2 mm thickness was then carved out of the slice using a 5 mm biopsy punch. 

To complete the ring, a 2 mm biopsy punch was used to remove a 2 mm disk from the centre of 

the 5 mm disk (Fig. 3.2B). After fabrication, the samples were transferred to a 0.1% SDS solution 

and decellularized as described above for 48 h while being shaken at 180 RPM (Fig. 3.2C). A 

distinct change in transparency was observed during decellularization.  
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Figure 3.2: Schematic of biomaterial preparation. (A) The apple was cut and sliced on a 

Mandolin slicer. (B) A 5 mm biopsy punch was used to cut out a disk from the apple slice; a 2 mm 

biopsy punch was used to cut out a disk from the 5 mm disk to make the ring. (C) The ring was 

decellularized in 0.1% SDS for 48 h, washed, incubated with salt buffer for 24 h, and washed and 

sterilized. (D) Seeding the scaffold with cells in media, gelatin, and collagen. 

 

C2C12 mouse myoblast cells were seeded onto the scaffolds, and the cells were allowed to 

proliferate and invade the structure for 2 weeks (Fig. 3.2D and Fig. 3.3). After 2 weeks, the rings 

were found to be completely invaded by cells (Fig. 3.3). We note that at this stage, no deliberate 

surface functionalization has been required to achieve these results as opposed to other studies 
34,35. These results demonstrate that complex 3D cellular constructs can be simply produced in 

plant-derived cellulose scaffolds. 

The ring scaffolds also present another potential use in tissue engineering applications. We now 

show that hydrogels can be cast onto the macroscopic structure, after which the gel assumes the 
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shape of the scaffold itself as opposed to the traditional approach of casting hydrogels into moulds 
29,40,41. In this “inverse-moulding” scenario, we chose to cast a gelatin or collagen hydrogel onto 

the scaffolds simply to demonstrate feasibility (Fig. 3.3). In the case of gelatin hydrogels, a 10% 

(m/v) gelatin solution in Dulbecco’s Modified Eagle Medium (DMEM) was first prepared. Gelatin 

has a melting temperature of 32°C 42; therefore, the gelatin solution was kept at 37°C in order to 

remain in its liquid state until the cells were introduced into the solution and the gelatin-cell 

suspension was cast around the cellulose ring (Fig. 3.2D). The gelatin solution then cooled below 

its melting temperature and was left to gel for 15 minutes at room temperature. Here, the hydrogel 

containing the cells was left on the scaffold in its gelled state for a further 45 minutes. Following 

this period, the sample was immersed in culture media and placed in the incubator at 37°C and 5% 

CO2. Once above the melting temperature, the gelatin gel slowly diffuses out of the scaffold while 

the cells remain on the biomaterial (Fig. 3.3B). In this temporary inverse moulding scenario, the 

cells are temporarily exposed to a distinct biochemical cue during the attachment process. 

Conversely, the cellulose scaffold can also act as an inverse mould for permanent gels. Cellulose 

rings were covered in a 1.5 mg/mL collagen solution containing cells in a method very similar to 

the gelatin scenario (Fig. 3.2D). The collagen solution rapidly polymerizes and forms a permanent 

gel containing the biomaterial and the cells. After 15 minutes of incubation at room temperature, 

culture media was added to the collagen coated cellulose ring. The sample was then placed in the 

incubator at 37°C and 5% CO2. After incubation, the collagen gel was not observed to melt (as 

expected) and was also found to fill the hole in the ring as a compacted structure (Fig. 3.3C,D). 

This creates a composite biomaterial in which cells are found in two distinct regions: in the 

cellulose and collagen ring, or in the collagen gel suspended in the ring-hole. 
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Figure 3.3: Ring structures with temporary and permanent hydrogels. C2C12 myoblasts were 

grown on the ring scaffolds for 2 weeks after being seeded with culture media (A), gelatin (B), and 

collagen (C and D). The scaffolds were stained for the nuclei (blue), cell membrane (green), and 

cellulose (red), and imaged using confocal microscopy. The permanent collagen hydrogel created 

a compacted collagen suspension over the ring-hole (C and D). It should be noted that the collagen 

gel suspended over the ring-hole contained cells as well. Scale = 1000 μm.  
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3.3.3 Cell invasion and proliferation 

The CCK-8 assay was used to quantify and compare the initial attachment of the cells (1 day post-

seeding) on the scaffolds with the temporary and permanent hydrogels. It was found that a 

significantly greater population of viable cells remained in the biomaterial used in combination 

with the permanent hydrogel (Fig. 3.4) (P = 1.2x10-3 and P = 1.1x10-2 for the collagen compared 

to the control and gelatin samples respectively, N= 4). The CCK-8 cell counting kit is a powerful 

assay used to measure cell proliferation and viability; however, there is a maximum number of 

cells that can be detected. After 2 weeks of cell growth, the number of cells on the biomaterial 

exceeded the detection limit of the CCK-8 assay. As a result, the live:dead cell ratio was calculated 

to further assess the biocompatibility of the cellulose based biomaterials (N = 3 scaffolds for each 

condition). After two weeks, no statistically significant difference in the ratio of live:dead cells 

was observed (Fig. 3.4) (P > 0.05, N = 6 images for each condition), and the spatial distributions 

of the live and dead cells were uniform for the limit of detection. 
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Figure 3.4: Initial cell attachment and viability. (A) The initial attachment of the cells 1 day 

post-seeding was quantified using CCK-8. A significantly greater initial cell density was obtained 

with the permanent collagen hydrogel (P = 1.2x10-3 and P = 1.1x10-2 for the collagen compared to 

the control and gelatin samples respectively, N= 4). (B) The cells on the biomaterials were stained 

after two weeks of culture with Hoechst 33342 (stains all cell nuclei) and propidium iodide (stains 

only dead cell nuclei) and were imaged with confocal microscopy to assess cell viability (N = 3 

scaffolds for each condition). Scale = 200 μm. (C) No statistically significant difference in the 

ratio of live:dead cells was observed (P > 0.05, N = 6 images for each condition). 
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In addition to assessing the in vitro biocompatibility, the mechanical properties of the biomaterial 

were also investigated (Supporting Information Fig. S3.3). Employing bulk compression testing, 

the Young’s moduli of the scaffolds were measured after 2 weeks of culture using a custom-built 

device. The Young’s modulus of the scaffolds without the CaCl2 treatment (8.0 ± 1.7 kPa) was 

significantly lower than that of the treated samples (1.7x101 ±  1.1 kPa) (P = 4.9x10-2, no CaCl2: 

N = 5, CaCl2: N = 6). Moreover, although the addition of the hydrogels did increase the moduli, 

they were not significantly different from the CaCl2-treated scaffolds (1.5 x101 ± 3.6 kPa, 2.3x101 

± 1.7 kPa, gelatin and collagen respectively, P > 0.05, N=6). Importantly, the mechanical 

properties of all the scaffolds fall well within the range of native animal tissues such as muscle 
44,45. 

Confocal laser scanning microscopy was used to image the top and bottom of the scaffolds after 

cells were allowed to proliferate for 2 weeks (N = 6 scaffolds for each condition). Both sides of 

the ring were imaged to confirm that cell invasion was similar on both faces revealing complete 

penetration. Figure 3.5A-C shows the xy and zy projections of the cells on the cellulose 

biomaterial. The nuclei of the cells were found along the cellulose cell walls. Orthogonal views of 

confocal scans reveal that the cells invaded the scaffold to the limit of detection (~300 μm imaging 

depth). In order to assess how well cells penetrated the entire 1.2 mm thickness of the biomaterial, 

the scaffolds were also cut perpendicular to the ring diameter (Fig. 3.5D), and the cross-sectional 

areas of the rings were imaged (N = 3) (Fig. 3.5E-G). Confocal imaging for cell invasion and 

proliferation revealed similar cell density under all conditions reported above. Quantification of 

confocal data allowed the number of cells in randomly selected 2.7x107 um3 volumes to be 

calculated. We observed no statistical differences in cell numbers under any of the three ring 

fabrication conditions (P > 0.05, N = 12 images for each condition) (Supporting Information Fig. 

S3.4). Importantly, temporary and permanent inverse moulding does not appear to impair cell 

proliferation after 2 weeks of culture when compared to bare scaffolds. However, it should also be 

noted that C2C12 myoblasts deposit their own ECM when cultured on 3D scaffolds 43. 

Consequently, the three different techniques – bare scaffold, temporary gelatin functionalization, 

and permanent collagen functionalization – can be used interchangeably without affecting cell 

invasion and proliferation in the scaffolds with the particular size and geometry used in this study, 

all while exposing cells to three distinct biochemical cues. The result of this proof-of-concept study 

is that the decellularized cellulose biomaterials can be used in combination with temporary and 

permanent inverse moulding hydrogel techniques. Naturally, this concept is not restricted to 

gelatin and collagen: a wide variety of temporary and permanent biochemical cues can be supplied 

through the use of other polymers, proteins, and biomolecules. The use of specific proteins will of 

course depend on the goals and interests of individual investigators who might employ this 

approach. 
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Figure 3.5: Cell invasion and proliferation. (A-C) XY and XZ maximum projection confocal 

images of C2C12 myoblasts on the ring scaffolds. C2C12 myoblasts were grown on the ring 

scaffolds for 2 weeks after being seeded with culture media (A), gelatin (B), and collagen (C). (D) 

The rings were cut with a razor blade to expose the cross-sectional areas. (E-G) Cross-sectional 

areas XZ and XY maximum projections of confocal images of the control (E), gelatin (F), and 

collagen (G) biomaterials. Blue = nuclei, red = cellulose. Scale = 50 μm. 
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Total cell growth after 2 weeks was not statistically different under the three conditions described 

here. As a result, the 2 week time period was sufficient for full invasion of the biomaterials used 

in this study. However, when compared to our original protocol 32, a drastic improvement in the 

cell invasion and proliferation is apparent. After 2 weeks, the samples with the calcium chloride 

incubation purification process (1.5x102 ± 8.2 cells) showed comparable cell invasion  

(P = 3.4x10-1, N =3) to that of our previous study after 12 weeks (1.8x102 ± 2.3x101 cells) despite 

the greater cell density seeding used in our previous study. 

 

3.3.4 In vivo biocompatibility of subcutaneously implanted scaffolds 

We next sought to confirm that the addition of the salt treatment to our protocol did not create any 

negative impact in vivo, however unlikely33. Although we have shown that the scaffolds support 

cell growth in vitro, a true test of biocompatibility requires an in vivo study. Here, we 

subcutaneously implanted salt treated plant-derived cellulose scaffolds under the skin of wild type 

mice (N = 8 mice with two 5 mm x 5 mm x 1.2 mm scaffolds implanted per mouse). As with our 

original subcutaneous study which employed a different decellularization protocol 33, here there 

were no cases of mice exhibiting behaviour indicative of pain induced by the cellulose scaffold 

throughout the study. The cellulose constructs were then resected after 4 weeks. Histological 

analysis was used to investigate the cell infiltration, proliferation, collagen deposition, and 

angiogenesis. Importantly, 4-weeks post-implantation, healthy tissue can be observed surrounding 

the cellulose scaffold. Moreover, significant cell infiltration into the scaffold is readily apparent 

(Fig. 3.6). In fact, the inclusion of a CaCl2 buffer in our preparation promoted greater cell 

proliferation and invasion compared to our previous report 33. The scaffolds also displayed 

vascularisation, which is reflected in a number of clearly visible blood vessels (with blood cells) 

in the Masson’s Trichrome images (Fig. 3.6A,B,C). We further confirmed vascularization with 

CD-31 staining for endothelial cells (Fig. 3.6D,E,F). It is important to recognize that 

vascularization was able to occur even in the absence of any templating physical structures or need 

for biochemical functionalization of the cellulose scaffolds with pro-angiogenic factors. These 

results confirm the biocompatibility of salt treated plant-derived cellulose scaffolds and indicate 

their applicability as a possible platform for tissue-engineering applications. While we explored 

the use of inverse molding techniques for hydrogels, gelatin and collagen functionalization were 

only employed as a proof-of-concept rather than an end-product or application of these materials. 

Ultimately, investigators will have to assess the in vitro and in vivo biocompatibility of any 

cellulose scaffold functionalized with their target bio-molecules in a manner as described above.  
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Figure 3.6: In vivo biocompatibility of CaCl2 treated samples. Cross-sectional images of 

decellularized apples treated with CaCl2 subcutaneously implanted into mice for 4 weeks. Samples 

were stained with Masson’s Trichrome (A-C) and CD 31 (D-F). Scale (A,D) = 1000 μm. Scale 

(B,E) = 100 μm. Scale (C,F) = 25 μm. 

 

3.4 Discussion 

The use of cellulose scaffolds as biomaterials has many advantages such as low cost, ease of 

production, biocompatibility, functionalization, tunable mechanical properties, and successful 

subdermal implantation within relatively static tissues. In recent years, there have been major 

advances in 3D cell culture and scaffolding techniques that aim to capture the complexity of the 

in vivo microenvironment 46,47. Numerous methods have now been developed for the production 

of biomaterial scaffolds for tissue engineering and regenerative medicine applications, each with 

their own benefits and drawbacks 46,47. In general, biomaterial scaffolds should provide structural 

support, promote cell invasion and proliferation, prevent or minimize severe immune responses, 

and be pro-angiogenic and induce vascularization of the scaffold in order to support cellular 

function. 

Several years ago, we pioneered the production of biomaterials derived directly from plants and 

proved the efficacy both in vitro and in vivo 32,33. This early work has now inspired other recent 

studies 34,35. Biomaterials derived directly from plants carry several interesting advantages, 

including straightforward production methods, widespread availability of material, and the 

potential for utilizing pre-existing microstructures within plant tissues 32,33. Moreover, we have 

shown that the cellulose based biomaterials remain stable in vivo 33. Taken together, it is now clear 
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that many cell types will attach and proliferate on plant-derived cellulose scaffolds. In recent work, 

the contraction of a small group of cardiac cells was examined on leaf cellulose scaffolds 35. 

However, it was clear from the study that the scaffolds appeared unable to support complete 

invasion and proliferation. As revealed in the same study, the contractile dynamics of cardiac cells 

were impaired on cellulose scaffolds as compared to traditional substrates and biomaterials 35,48,49. 

These results point to the need for robust strategies for the preparation of plant-derived cellulose 

scaffolds that are optimized for a high degree of cellular invasion and proliferation both in vitro 

and in vivo. 

Here, we present a preparation and fabrication approach for producing highly novel macroscopic 

plant-derived cellulose scaffolds with pre-defined structures. For the first time, we demonstrate 

that this new-generation of plant-derived biomaterials can be combined with hydrogels. 

Consequently, this study establishes a platform that can potentially be applied to many tissue 

engineering applications. This new platform for composite cellulose biomaterials combines the 

advantages of hydrogel-based biomaterials with the ease of production and efficiency of the 

cellulose based scaffolds. In this proof-of-concept study, we show how plant based scaffolds with 

complex features can be hand- or machine-crafted, and then repurposed for new biological 

characteristics.  

The anionic detergent SDS was used to decellularize the apple hypanthium tissue to obtain the 

cellulose scaffold 7,32. Hence, an effective way to remove SDS prior to cell seeding was required. 

In this study we added a salt treatment to our previous protocol to promote any residual SDS 

molecules to form micelles 38. Several salt buffers can accomplish this task, but divalent cations 

form tighter micelles than their monovalent counterparts 38. The addition of the salt alters the 

critical micelle concentration of the surfactant 39; at a certain concentration known as the cloud 

point, a phase transition occurs, and the micelles become insoluble and can be easily washed away 
50. The salt treatment can be useful in cases where simple washing is not practical. For instance, 

large 3D constructs (several centimeters in size) can require high concentrations of SDS (~5%) for 

complete decellularization (Supporting Information Fig. S3.2). This high concentration of SDS 

makes removing remnant surfactant difficult. Recently two other studies have taken advantage of 

the structures of decellularized plant tissues for 3D mammalian cell culture 34,35.  In these studies, 

harsh decellularization conditions were used to render the scaffold free of the native plant cells 

and nuclear content 34,35. Moreover, both studies show incomplete cell proliferation and invasion 

of the plant-derived constructs. It is possible that remnant detergents and chemicals are responsible 

for the incomplete invasion of the scaffolds; however, experimental validation is required to 

confirm this speculation. Importantly, it also remains unclear if the production methods described 

in these previous studies result in biocompatible and pro-angiogenic scaffolds in vivo as animal 

studies were not carried out by the authors 34,35. The new fabrication process reported here is simple 

and supports high cell growth. Moreover, the processes and protocols described in our study, really 

open up dramatic new possibilities for biomaterial engineering with respect to the large size and 

geometric complexity that are now attainable. The biomaterials we describe are simply produced 
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by hand or even on a computerized numerical control (CNC) machine within minutes, without 

molding, complex chemistry, and restrictions to small sizes. 

Many synthetic 3D biomaterials rely on moulding techniques to achieve their intended shape 51. 

An advantage of using decellularized plant cellulose as a 3D biomaterial is that it can simply be 

cut into the desired shape. Here, we demonstrated the production of cellulose rings as scaffolds for 

tissue engineering in vivo. Of course, the maximum size of the construct (without any further 

processing) will be limited by the plant being employed as a starting material. We presented proof-

of-concept studies to show how the versatility of the biomaterial can be further increased by casting 

temporary or permanent hydrogels onto the macroscopic scaffolds with inverse moulding 

techniques 51. While this technique has been previously applied to synthetic tissue engineering 
36,37, this appears to be the first time it has been used to exploit the pre-existing structures of plants. 

This approach allowed us to provide temporary or permanent biochemical cues to the invading 

cells. The molding techniques can be particularly useful if intricate features of the biomaterial need 

to be populated with cells. Conventionally, cells are suspended in culture media and are seeded 

onto the substrate 52. The cell culture medium is of low viscosity; therefore, the media can easily 

pass through the porous scaffold without allowing enough time for cell attachment. This problem 

can be overcome by using temporary or permanent inverse moulding techniques. Temporary 

moulding is advantageous when a standalone cellulose biomaterial with complex features is 

desired. As evidenced by our gelatin experiments, the temporary mould can extend the time the 

cells are in contact with the biomaterial and then melt away after its function is complete. 

Moreover, the temporary mould can supply biochemical cues to the cells that are desirable for only 

a short period of time. On the other hand, in other scenarios it is desirable to create a permanent 

gel encompassing the biomaterial. Unlike gelatin, collagen remains in its gel state at 37°C, which 

is particularly useful for cell culture applications that require a permanent gel or persistent 

biochemical cues.  

Importantly, cell invasion was comparable for the three different conditions: bare cellulose, gelatin 

temporary mould, and collagen permanent mold. The significance of these findings is that the same 

result can be obtained regardless of the moulding technique that is used. As this work and our 

previous studies 32,33 demonstrate, plant-derived cellulose scaffolds are inert, and simply provide 

a stable 3D structure on which cells can proliferate and function. Therefore, the choice of bio-

functionalization seeding technique depends on the intended application of the material. It should 

be noted that different cells deposit and require varying extracellular matrices 43. Therefore, the 

outcome of using the plant-based decellularized biomaterial in conjunction with hydrogels 

containing cells that produce an insufficient ECM may increase cell invasion and proliferation in 

comparison to culturing the cells on bare scaffolds. Our in vitro results reveal that the scaffolds 

are highly biocompatible. The live:dead cell ratios confirm the presence of mostly viable cells. 

However, we urge researchers to employ caution when interpreting the results of the live and dead 

cell experiments. The scaffold size and geometry used here certainly affect the results. Although 

not found in this study, we do expect a necrotic core to be present in larger biomaterials with 



65 
 

insufficient porosity or without supplemented perfusion as a result of hypoxia and inadequate 

diffusion of metabolites 53. When compared to the physiological condition at approximately 1x108 

cells/mL 54, our in vitro experiments have a lower cell density. Nevertheless, our in vivo results 

show a relatively high cell density, similar to the surrounding native tissue. Many factors influence 

cell density, such as cell type, mechanical properties, structural characteristics, and biochemical 

features. It should be noted that our motivation for presenting these proof-of-principle experiments 

was to establish a potential tissue engineering platform with plant-derived cellulose scaffolds. 

Increasing the cell seeding density to approach the physiological limit or determining the 

maximum limit was unnecessary; the in vivo results address this issue. It is important to note that 

matching cell density in vitro is not our end goal. Rather, we are developing implantable 

biomaterials; therefore, in vivo biocompatibility, vascularization, and cell invasion are of primary 

concern. In future work, specific tissue engineering goals will be examined, as opposed to fully 

exploring the landscape of possibilities of employing gelatin/collagen in the present study. To that 

end, the composite material can be selected to match the mechanical and physical properties of the 

local microenvironment. In our case, the gelatin and collagen hydrogels did not appear to alter the 

pore size or pore size distribution of the cellulose pores, consistent with our previous studies 32,33. 

Obviously, the physical properties, such as porosity, depend on the choice of the material. Here 

the choice of composite material was arbitrary; extensive characterization of the physical 

properties was unnecessary. Nevertheless, the mechanical properties are of significant interest; 

thus, the Young’s modulus was quantified. Interestingly, the treatment with the CaCl2 increased 

the Young’s modulus, while the addition of the hydrogels did not have a significant effect. The 

increase in the Young’s modulus after the salt treatment was likely the result of remnant salt 

adsorbed on the surface. We note however, the mechanical properties of the scaffolds which vary 

between ~5-20 kPa fall well within the range of native animal tissues such as muscle 44,45. 

Our in vivo results also show that the scaffolds never become calcified or fibrotic. Rather, collagen 

matrix deposition is observed concomitantly with extensive cell invasion 33 Crucially, the plant-

derived cellulose biomaterial exhibited vascularization, which results in the formation of blood 

vessels that supply the invading cells with nutrients. Apple-hypanthium tissue is highly porous and 

sponge-like in structure, and lacks the presence of pre-existing vascular structures, which might 

act as a template for blood vessel formation. Despite this, and existing hypotheses that such 

templating structures are important 29,35,41, we show that such pre-existing structures are not a 

requirement for vascularization. In fact, it is likely that the highly porous nature of plant-derived 

cellulose biomaterials is the critical element which promotes vascularization 55. Although, plant-

derived cellulose scaffolds are stable and robust as subdermal implants and in tissues/structures 

that are relatively stable 33, it is unclear how applicable they will be in applications that involve 

the repair of cardiac and/or muscle tissues. Such tissues are mechanically dynamic, which leads to 

the application of large stresses to any implanted biomaterial. Plant-derived cellulose scaffolds, 

without any further processing, are highly brittle and likely inappropriate for such applications, 

especially when other more effective biomaterials have already been developed 56,57. It is also 

unclear at this point if such plant-derived cellulose scaffolds will be effective for de novo organ 



66 
 

engineering. At present, these materials do appear to be highly effective in tissue 

engineering/repair strategies within certain criteria as discussed here. Future studies will continue 

to elucidate the full potential of these plant-derived cellulose biomaterials in regenerative 

medicine. 

Combining the scaffold with hydrogels expands the potential applications of these materials, and 

we anticipate this work will have significant impacts in the field. We stress that this study is a 

proof-of-concept study that will provide the foundation for more sophisticated investigations in 

the near future. Improved cell adhesion, both in vitro and in vivo, combined with inverse moulding 

provides an important platform for future tissue engineering applications. The materials for these 

composites are easily and cheaply sourced, biocompatible in vitro and in vivo, and display clear 

vascularization. This study opens up new possibilities for existing hydrogels and biopolymers to 

be used in combinations with plant-derived cellulose biomaterials. The choice of gelatin and 

collagen as the comparison materials was quite arbitrary as there are many biomaterials available. 

The combination of scaffolds with temporary or permanent hydrogels will be useful in delivering 

biochemical cues (matrix proteins, growth factors, small molecules, etc.) to attract or promote the 

growth of specific cell types. Control over the organization and invasion of specific cell types 

remains an important challenge in 3D tissue engineering. Future work will focus on combining the 

inverse moulding techniques with in vivo experiments in order to direct and template specific cells 

in 3D space. Nevertheless, emerging plant-derived cellulose scaffolds present an affordable, 

accessible, easy to use, and versatile 3D biomaterial that holds important promise for future 

applications. The simplistic approach to biomaterial fabrication is a very attractive feature of this 

novel biomaterial, and we anticipate that it will benefit the continued development of novel 

biomaterials by many different research groups. 

 

3.5 Materials and methods 
3.5.1 Scaffold production 

A mandolin slicer was used to slice McIntosh Red apples (Canada Fancy) into thin 1.2 mm 

sections, measured with a Vernier caliper. A 5 mm diameter disk with a 1.2 mm thickness was 

then carved out of the hypanthium tissue of the slice using a 5 mm biopsy punch. A 2 mm biopsy 

punch was used to remove a 2 mm disk from the centre of the 5 mm disk. Thus, a macroscopic 

ring was obtained with an inner diameter of 2 mm, an outer diameter of 5 mm, and a thickness of 

1.2 mm. The samples were transferred to a 0.1% SDS solution and decellularized for 48 h while 

being shaken at 180 RPM. After decellularization, the samples were washed three times with 

dH2O. Next, the rings were incubated in 100 mM CaCl2 for 24 h at room temperature to remove 

any surfactant residue. The samples were washed three times with dH2O to remove the salt residue, 

and then they were incubated with 70% ethanol for sterilization. After the removal of the ethanol, 
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three washes with dH2O were performed to yield a sterile ring, free of contaminants. Alternatively, 

the samples can be autoclaved to be sterilized.  

 

3.5.2 Cell culture 

C2C12 mouse myoblast cells were maintained at 37°C and 5% CO2. The cells were cultured in 

Delbecco’s Modified Eagle Medium – High Glucose (DMEM), supplemented with 10% fetal 

bovine serum and 1% penicillin/streptomycin (100 U/mL and 100 μg/mL respectively) (Hyclone 

Laboratories Inc.). The C2C12 myoblast cells cultured on cell culture plates were trypsinized and 

resuspended in DMEM. The cells were counted and centrifuged in order to separate the cells from 

the trypsin and the media. The supernatant was aspirated, and the pellet containing 5x104 cells was 

resuspended in either fresh culture medium, a 10% (m/v) Porcine Type-A Gelatin (GE) (Sigma-

Aldrich) solution in culture medium, or a 1.5 mg/mL collagen solution. The collagen gel was made 

by mixing 50% (v/v) of 3 mg/mL type 1 collagen (Gibco) with 1.25% of 1N NaOH, 10% of 150 

mM D-ribose, 1% FBS, 10% of 10X DMEM, and 27.25% autoclaved dH2O at 4°C. In each 

condition, C2C12 mouse myoblast cells were seeded onto the biomaterial, and the cells were 

allowed to proliferate and invade the scaffold for 2 weeks. The culture media was replaced every 

2 days and the samples were transferred to new culture plates after 1 week of growth.  

The GE solution was used as a temporary inverse mould. The resuspension in the GE solution was 

performed at 37°C. After the gelatin-cell solution was pipetted onto the scaffold, the gelatin 

solution cooled below its melting temperature was left to gel for 15 minutes at room temperature. 

Here, the hydrogel containing the cells was left on the scaffold in its gelled state for a further 45 

minutes. Following this period, 2 mL of room temperature cell culture medium was added to the 

Petri dish containing the gelatin coated ring. The sample was then placed in the incubator at 37°C 

and 5% CO2.  

The collagen solution was used as a permanent inverse mould. Here, the inverse principle applied: 

the gel was in its liquid form at 4°C and solidified at room temperature. A collagen gel-cell mixture 

was produced by resuspending the pellet of cells in a 4°C collagen solution. The collagen solution 

rapidly polymerizes within 5 minutes and formed a permanent gel containing the biomaterial and 

the cells. After 15 minutes of incubation at room temperature, 2 mL of room temperature culture 

medium was added to the Petri dish containing the collagen coated ring. The sample was then 

placed in the incubator at 37°C and 5% CO2.  

 

3.5.3 Staining 

Prior to staining, the cells were washed 3 times with PBS and then fixed with 3.5% 

paraformaldehyde for 10 minutes. Staining of the decellularized apple scaffold was accomplished 
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as described previously 32,58. Briefly, the samples were rinsed with water and incubated in 1% 

periodic acid (Sigma-Aldrich) at room temperature for 40 minutes. The tissue was rinsed again 

with water and incubated in Schiff reagent (100 mM sodium metabisulfite and 0.15 N HCl) with 

100 μg/mL of propidium iodide (Invitrogen) for 2 hours. The samples were then washed with PBS. 

The myoblast cell membranes and nuclei were stained with a solution of 5 μg/mL wheat germ 

agglutinin (WGA) 488 (Invitrogen) and 1 μg/mL Hoechst 33342 (Invitrogen) in PBS respectively 

for 30 minutes.  

 

3.5.4 Microscopy 

The cells and biomaterials were imaged with epi-fluorescence and laser scanning confocal 

microscopy. A Nikon Eclipse TiE epi-fluorescence and phase contrast microscope (Nikon, 

Canada) with a CCD camera (Photometric Cool Snap HQ2), and 4X and 10X objective lenses were 

used to image the biomaterials. In addition, the samples were imaged with a Nikon TiE A1-R high 

speed resonant scanner confocal microscope with a 10X objective. ImageJ (Fiji) was used to 

process the images. Confocal images presented here are maximum intensity projections of 

confocal volumes. Brightness/contrast settings were adjusted to maximize the fluorophore signal; 

otherwise, no other image manipulations were performed. 

 

3.5.5 In vitro cell invasion and proliferation quantification 

Cell Counting Kit-8 (CCK-8) (Dojindo Molecular Technologies, Inc.) was used to measure the 

number of viable cells in the scaffold after the initial seeding. A standard curve (R2 = 0.998) was 

produced by creating serial dilutions of 5x104 cells with a dilution factor of 2 in a 96-well plate for 

a final volume of 100 μL of cells and media + 10 μL of CCK-8 reagent, after a pre-incubation of 

12 h. The absorbance of the solution was measured at 450 nm after 3 h of incubation at 37 °C, 5% 

CO2. For the experimental measurements, the rings were seeded with cells as described above, 

then transferred to a 96-well plate with 100 μL of media + 10 μL of CCK-8 reagent after a pre-

incubation period of 12 h. The absorbance of the solution was measured at 450 nm after 3 h of 

incubation at 37 °C, 5% CO2. The values presented are mean values ± the standard error of the 

mean (s.e.m.). 

The confocal images of the cell nuclei were thresholded using the ImageJ (Fiji) adaptive threshold 

plugin, and the analyze particles plugin was used to count the number of cells in a 300 μm x 300 

μm area (analysis after 2 days of culture) or a 300 μm x 300 μm x 300 μm volume (analysis after 

2 weeks of culture). The values presented are mean values ± the standard error of the mean (s.e.m.).  
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3.5.6 Live/dead cell analysis 

After 2 weeks of culture, the scaffolds were incubated with 10 μg/mL of Hoechst 33342 

(Invitrogen) and 1 μg/mL of propidium iodide (Invotrogen) for 20 min in order to stain the nuclei 

of the live and dead cells respectively. The biomaterials were then imaged with confocal 

microscopy. The images of the cell nuclei were thresholded using the ImageJ (Fiji) adaptive 

threshold plugin, and the analyze particles plugin was used to count the number of cells. Here, the 

live:dead cell ratio expression is unitless. The values presented are mean values for multiple 

volumes ± the standard error of the mean (s.e.m.).   

 

3.5.7 Young’s modulus 

The Young’s modulus was measured after 2 weeks of culture by compressing the material to a 

10% strain, at a strain rate of 50 μm/s, using a custom-built compression device and LabVIEW 

software. The force-indentation curves were converted to stress-strain curves, and they were fitted 

in Origin 8.5 to calculate the Young’s modulus.    

 

3.5.8 Animals  

Wild-type immunocompetent C57BL/10ScSnJ mice (males and females; 6–9 weeks old; N = 8) 

were purchased from The Jackson Laboratory (Bar Harbor, Maine, USA) and bred in our facilities. 

The mice were housed at constant room temperature (22°C) and humidity (52%), fed a normal 

chow diet, and kept under a controlled 12 hours light/dark cycle. The subcutaneous implantation 

procedures and related protocols were approved by the Animal Care and Use Committee of the 

University of Ottawa. 

 

3.5.9 Cellulose implantation 

The mice were anesthetized using 2% Isoflurane USP-PPC (Pharmaceutical partners of Canada, 

Richmond, ON, Canada). The eyes of the mice were kept from drying with the application of 

ophthalmic liquid gel (Alco Canada In., ON, Canada). The breathing of the mouse was constantly 

monitored to ensure that the animal was in the correct plane of anesthesia. The mouse dorsal 

ventral region was shaved with the underlying skin cleaned and sterilized using ENDURE 400 

Scrub-Stat4 Surgical Scrub (chlorhexidine gluconate, 4% solution; Ecolab Inc., Minnesota, USA) 

and Soluprep (2% w/v chlorhexidine and 70% v/v isopropyl alcohol; 3M Canada, London, ON, 

Canada). Animal hydration was maintained via subcutaneous injection (s.c.) of 1 ml of 0.9% 

sodium chloride solution (Hospira, Montréal, QC, Canada) on the opposite side of the cellulose 
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implantation site. Throughout the surgical procedures, the body temperature of the mouse was 

maintained at 37oC to maximize recovery of the animal. All strict sterility measures were upheld 

for survival surgeries. To implant the scaffolds, two 8 mm incisions were cut on the dorsal section 

of each mouse (upper and lower). Two cellulose scaffold samples were separately and 

independently implanted into each mouse. The incisions were then sutured using Surgipro II 

monofilament polypropylene 6–0 (Covidien, Massachusetts, USA), and transdermal bupivicaine 

2% (as monohydrate; Chiron Compounding Pharmacy Inc., Guelph, ON, Canada) was topically 

applied to the surgery sites to prevent infection. Additionally, buprenorphine (0.03mg/ml; Chiron 

Compounding Pharmacy Inc. Guelph, ON, Canada) was administrated s. c. as a pain reliever. All 

animals were then carefully monitored for the following 3 days by animal care services and 

received replicate pharmacological treatments. 

 

3.5.10 Scaffold resections 

At 4 weeks post-implantation, the mice were euthanized using CO2 inhalation and exsanguination 

via heart dissection.  The dorsal skin was carefully resected and immediately immersed in sterile 

PBS solution. The underlying skin containing cellulose scaffolds was then photographed, cut, and 

fixed in 10% formalin for at least 48 hours. The samples were then kept in 70% ethanol before 

being embedded in paraffin by the PALM Histology Core Facility of the University of Ottawa. 

 

3.5.11 Histology 

For histological analysis, serial 5 μm thick sections starting 1 mm inside the cellulose scaffold 

were cut.  The sections were stained with Masson’s Trichrome. For immunocytochemistry, heat 

induced epitope retrieval was performed at 110°C for 12 min with citrate buffer (pH 6.0). Anti- 

CD31/PECAM1 (1:100; Novus Biologicals, NB100-2284, Oakville, ON, Canada) primary 

antibodies were incubated for an hour at room temperature. The blocking reagent (Background 

Sniper, Biocare, Medical, Concord, CA, USA) and the MACH 4 detection system (Biocare 

Medical, Concord, CA, USA) were used according to manufacturer specifications. A Zeiss 

MIRAX MIDI Slide Scanner (Zeiss, Toronto, Canada) with 40x objective was used to image slices 

for cell infiltration, extracellular matrix deposition, and vascularisation (angiogenesis). The 

micrographs were analysed with the Pannoramic Viewer (3DHISTECH Ltd., Budapest, Hungary) 

software.  
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3.5.12 Statistical analysis 

In order to assess statistical differences between the cells cultured on the biomaterials under the 

different conditions, one way ANOVA tests were used. The Tukey post hoc analysis was 

performed to determine the statistical difference between the individual samples. For the 

comparison of more than two samples, the one-way ANOVA was used instead of multiple 

Student’s t-tests to reduce the risk of type 1 statistical errors. When only two samples were 

compared, the Student’s t-test was used. All values presented are the mean ± the standard error of 

the mean (s.e.m.). When dealing with biological samples it is not possible to study the whole 

population; the standard error of the mean was used instead of the standard deviation because a 

representative sample is used as an estimate for the population. Statistical significance (indicated 

by an asterisk) refers to P < 0.05.  
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3.8 Supplementary Figures 

 

Supporting Information Figure S3.1: CaCl2 pre-treatment and excessive washing. A CaCl2 pre-treatment 

along with excessive washing was used to remove remnant surfactant from the scaffolds. CCK-8 

quantification of cell density shows that on small samples, excessive washing to remove the remnant 

surfactant yields comparable results to the salt pre-treatment protocol after 2 days of culture  

(P = 9.2x10-1, N = 4). All values are mean ± s.e.m. 

 

Supporting Information Figure S3.2: Cells cultured on a biomaterial carved out of apple hypanthium tissue 

in the shape of an ear (Scale = 2 cm). 
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Supporting Information Figure S3.3: Young’s modulus. The Young’s modulus was measured after 2 weeks 

of culture by compressing the material to a 10% strain, at a strain rate of 50 µm/s, The Young’s modulus 

of the scaffolds without the CaCl2 treatment was significantly lower than that of the treated samples 

(1.7x101 ± 1.1 kPa) (P = 4.9x10-2, no CaCl2: N = 5, CaCl2: N = 6). The addition of the hydrogels did not 

significantly alter the moduli from the CaCl2-treated scaffolds (1.5 x101 ± 3.6 kPa, 2.3x101 ± 1.7 kPa, gelatin 

and collagen respectively, P > 0.05, N=6). 
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Supporting Information Figure S3.4: Cell invasion and proliferation quantification. The cell density in the 

ring-shaped biomaterials that were either bare or created with temporary (gelatin) and permanent 

(collagen) hydrogels after 2 weeks of culture. No statistical differences in cell density under any of the 

three ring fabrication conditions were observed (P > 0.05, N = 12 images for each condition). (A) 

Top/bottom face of the ring. (B) Cross-section of the ring. All values are mean ± s.e.m. 
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4 Chapter 4  

Engineered Tissue Interfaces for In Vitro Modelling and In Vivo 
Regeneration 

 
This chapter is a manuscript in preparation: 

 
Hickey, R. J., Leblanc Latour, M., Harden, J. L. & Pelling, A. E. Engineered Tissue Interfaces – A 

Platform for Tissue Engineering. Manuscript in preparation (2020). 
 

 

§1 Motivation 

Although significant efforts have been focused on creating single tissue types, tissue interface 

design is lacking, which constitutes a gap in knowledge. Tissue interfaces mark transitional zones 

between tissues and microenvironments, and are inherently complex. As there are many tissue 

interfaces in the body, a platform for creating and studying these interfaces that can be adapted to 

suit or model specific applications is needed.  

 

§2 Hypothesis and Objectives 

Here I hypothesize that engineered tissue interfaces (ETIs) can be created by combining highly 

porous, decellularized, plant-derived scaffolds in a modular fashion. Our objective was to establish 

a platform for creating tissue interfaces from interlocking scaffolds for in vitro and in vivo models. 

  



81 
 

4.1 Abstract  

In regenerative medicine, the healing of the interfacial zone between tissues is a major challenge, 

yet approaches for engineering and studying the complex microenvironment of this interface 

remain lacking 1–3. Here, we create and study these complex living interfaces by manufacturing 

modular “blocks” of decellularized plant-derived scaffolds4–6 with varying shapes and sizes with 

a computer numerical controlled mill. Each block can then be seeded with different cell types 

and easily assembled in a manner akin to LEGOTM bricks to create an engineered tissue interface 

(ETI). As a proof-of-concept study we utilize ETIs to investigate the interaction between lab 

grown bone and connective tissues. We also demonstrate how ETIs are biocompatible in vivo, 

stimulating the formation of blood vessels, cell infiltration, and tissue integration after 

implantation. This work creates possibilities for new tissue design avenues for understanding 

fundamental biological processes or the development of synthetic artificial tissues. 

 

4.2 Main 

The body consists of a variety of tissues , and the interface between them presents a unique 

juxtaposition of interacting cellular environments 7–9. Traditionally, bioengineers design 

scaffolds for one environment, but there is a need to develop model systems to create and 

investigate tissue interfaces 10–14. We constructed living engineered tissue interfaces (ETIs) by 

combining highly porous, decellularized, plant-derived scaffolds in a modular fashion. Plant-

derived scaffolds can be selected to mimic natural human structures in vitro and in vivo 4–6,15–23. 

Intense research has been focused on designing biomaterials to enhance tissue integration in 

specific cases 24–27; however, the widespread potential of this technology necessitates a platform 

that can be adapted to suit particular biomedical needs. We hypothesized that the modular 

assembly of biomaterial subunits could create ETIs. We found that combining scaffolds in a 

LEGO-like fashion is a viable approach for establishing an ETI platform. 

In order to create ETIs, we combined subunit components without the use of additional 

crosslinkers or glues. Interlocking composite pieces were fabricated to yield scaffolds that could 

be repopulated with distinct or identical cell types and subsequently re-combined into a single unit 

(Fig. 4.1) 6. To create such scaffolds, we employed 3D milling with a computer numerical 

controlled (CNC) router to reproducibly carve the structures from apple hypanthium tissue (Fig. 

4.1a, Supplementary Video 4.1, Supplementary Table 4.1). A simple design for interlocking 

materials is the common stud and anti-stud geometry of LEGO bricks (Fig. 4.1b and 

Supplementary Fig. 4.1). We designed single stud and anti-stud bricks, wherein the stud subunit 

consisted of a 5 mm x 5 mm x 2 mm base with a 2 mm (height and diameter) cylindrical peg 

protruding from the center, and the anti-stud subunit had a 2 mm diameter cylindrical hole in the 

center of the 5 mm x 5 mm x 2 mm base (Fig. 4.1b). Tissue interface formation was a direct 
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consequence of interlocking the components together (Fig. 4.1c). Prior to assembly, the individual 

subunits were decellularized, processed, and repopulated with mammalian cells as previously 

described 6 (Fig. 4.1d and Supplementary Fig. 4.2).  

 

 

Figure 4.1: Interlocked biomaterials for ETI formation. (a) A CNC router was used to carve 

the interlocking materials. Scale = 15 mm. (b) Geometry of the single stud and anti-stud 

interlocked units as well as the decellularized subunits and the combined entity. Scale = 2.5 mm. 

(c) Maximum z-projected confocal image of the top view and side view of the interlocked unit 

with one subunit stained with Calcofluor white (cyan) and the other stained with Congo Red 

(magenta), scale = 500 µm. (d) Tissue interface formation: left = side view of interlocked unit, 

right = maximum z-projected confocal image of the two cell populations. White = Hoechst 33342 

stained nuclei of NIH 3T3 cells, green = GFP NIH 3T3 cells. Scale = 500 µm. Fibroblast cell 

(green) migration across the interface (magenta) of the interlocked unit with (e) one subunit 
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preloaded with cells and the other void of cells, and (f) both loaded with cells (only one population 

transfected with GFP). Scale = 500 µm. (g) Quantification of cell migration across the interface. 

White = bare | fibroblast, grey = fibroblast | fibroblast, N = 12. 

 

Cells must be able to traverse the interface and interact with the adjacent population when required 
28. Controlled in vitro cell migration assays were carried out, which revealed that when a scaffold 

pre-loaded with fibroblast cells was interlocked with a bare subunit, the cells migrated across the 

interface and invaded the bare scaffold (Fig. 4.1e). The proliferation was monitored weekly for 3 

weeks, and each week presented a significant increase in cell infiltration (P <  0.001) (Fig. 

4.1e,g). After 3 weeks of culture, the initially barren scaffold had a comparable cell number density 

to the pre-seeded subunit (Fig. 4.1e,g). In the absence of an existing cell population, such as an 

implanted biomaterial void of cells, this extensive cell migration and infiltration is usually 

desirable 29. We repeated the cell migration assays with fibroblasts loaded on both subunits. The 

two fibroblast groups were distinguishable, as only one population contained green fluorescent 

protein (GFP) (Fig. 4.1d-f). We found that GFP-labelled cells crossed the interface; however, when 

comparing the dual and single cell migration assays, there was significantly less migration when 

both scaffolds were pre-loaded with cells (P < 0.002), in which case the cells did not fully invade 

the adjacent scaffold. Therefore, the two cell populations remained largely distinct away from the 

interface on their respective sides but were well integrated at the interface (Fig. 4.1e-g). This result 

is pertinent for tissue interfaces, as a uniform co-culture of cells does not replicate entheses in vivo.  

Two obstacles in entheses design are the achievement of adequate cell invasion and the creation 

of an appropriate transitional zone between segregated microenvironments 30–32. The modular 

assembly with porous scaffolds enables cells from two distinct regions to form an intermediate 

zone at the interface between the subunits 33. ETIs can be designed to replicate specific tissue 

interfaces, such as the bone-connective tissue interface, which delineates two separate regimes. A 

lack of integration of the two regions is a key factor in implant failure 2. Bone cells are surrounded 

by a mineralized extracellular network; however, this mineralization is absent in the connective 

tissue 1–3,24–27. Several models have been developed in an attempt to recreate this interface; the 

approach consists of creating different environments within a single stratified material or two or 

more adjacent components 1–3,24–27. Nevertheless, a universal “plug and play” system has not been 

established for engineering and designing models of interfaces. To investigate this specific 

application of our ETI platform, we replicated the bone/connective tissue interface (Fig. 4.2). This 

was achieved by culturing MC 3T3 E1 subclone 4 pre-osteoblasts on one subunit to confluency 

followed by differentiation into osteoblasts, which mineralized the scaffold. An opposing scaffold 

was also cultured until confluence with mouse NIH 3T3 fibroblasts and interlocked with the 

calcified subunit (Fig. 4.2).  
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Figure 4.2: Bone-connective tissue ETI. (a) Top view of scaffolds stained to reveal alkaline 

phosphate. Purple = positive for alkaline phosphatase activity, orange/red = negative. (b) Top view 

of scaffolds stained for the presence of calcium staining. Deep red = calcified scaffold, light red = 

non-calcified. (c) Top view of SEM of bone-connective tissue ETI with smooth mineralized peg 

inserted into the non-mineralized fibroblast covered subunit. Corresponding side views of the 

scaffolds stained for (d) alkaline phosphatase amd (e) calcium. (f) Corresponding side view of the 

scaffold imaged with. Scale bar (a-f) = 1 mm. (g-i) EDS chemical analysis of the corresponding 
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regions (magenta = bone subunit, blue = fibroblast covered subunit adjacent to the interface, green 

= fibroblast covered subunit). (j) Compressive moduli of the bone-fibroblast ETI compressed in 

the series and parallel directions, N = 5. (k) Local mechanical probing: nanoindentations with 

AFM. (l) Fibroblast cell (GFP NIH 3T3) migration across the bone-connective tissue ETI, scale = 

500 µm. (m) Quantification of cell migration, N = 10. 

 

As osteoblasts deposit calcium and mineralize their extracellular matrix, there are different 

biochemical and physical environments of the two cell populations forming the bone-connective 

tissue ETI. Alkaline phosphatase and calcium staining revealed that the composite was comprised 

of two distinct regions away from the interface (Fig. 4.2a,d;b,e and Supplementary Fig. 4.3). We 

then probed the local cellular environments using scanning electron microscopy (SEM) and 

electron dispersion spectroscopy (EDS). SEM revealed two distinct surface topographies (Fig. 

4.2c,f and Supplementary Fig. 4.4). On the bone component, a smooth coating was deposited on 

the scaffold (Fig. 4.2c,f and Supplementary Fig. 4.4). This coating was absent on the fibroblast 

side; instead, thick layers of cells were observed (Fig. 4.2c,f and Supplementary Fig. 4.4). EDS 

was employed  to confirm that the smooth coating on the differentiated bone component was 

mineralization. The characteristic X-rays confirmed the presence of calcium (~3.69 keV) and 

phosphorous (~2.01 keV) on the bone scaffolds (Fig. 4.2g). These elements were not present to a 

detectable level on the fibroblast side (Fig. 4.2h,i). The interfacial region was also devoid of 

mineralization. In vivo, there is a similar zone in the enthesis known as the uncalcified avascular 

fibrocartilage zone, which is a non-mineralized, avascular region found between the fibrous 

connective tissue and the tidemark separating the hard and soft tissues 34.  

The separation of the mineralized and non-mineralized tissue resulted in two regions with 

different mechanical profiles (Fig. 4.2). All tissue interfaces in our bodies experience stress 

shielding when the mechanical environments of the constituents vary. The phenomenon of stress 

shielding is the difference in the stress applied to each body in a cohesive system. The composite 

is composed of materials with different elastic moduli; therefore, an effective Young’s modulus 

can be obtained from the geometry, direction of applied force, and the moduli of the constituents 

(Fig. 4.2j). ETIs consisting of components with different mechanical profiles allows stress 

shielding biomaterials to be formed 7,35,36 (Fig. 4.2j and Supplementary Fig. 4.5). For example, 

two prototype geometries can be considered: two bricks are stacked on top of one another and a 

force is applied normal to the interface (series orientation) or parallel to it. The effective Young’s 

modulus in the series arrangement was 13.8 ± 3.3 kPa which was significantly less than the 

parallel conformation with a value of 44.2 ± 8.4 kPa (P <  0.001). In addition to macroscale 

compressions, atomic force microscopy was used to probe the local mechanics in both regions 

(Fig. 4.2k); the two stiffness regimes observed were comparable to the reported literature values 

for bone and fibroblast cells 37,38. The bone component had a Young’s modulus of 1.15 x 102 ±

8.2 kPa, whereas the fibroblast component had a significantly lower modulus of 3.88 ±

0.3  kPa (P < 0.001). Interestingly, there was an intermediate stiffness found in the interfacial 
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region with a modulus of  2.17 x 101 ± 1.7  kPa, as expected for a region composed of 

fibroblasts, undifferentiated pre-osteoblasts, and differentiated osteoblasts surrounded by their 

mineralized matrix. A cell migration assay from the fibroblast component onto the bone section 

demonstrated that cells intermixed at the interface and exhibited a 13% proliferation increase as 

in the previous experiment (P = 0.971 compared to the dual fibroblast migration assay), which 

is similar to the natural bone-connective tissue interface 34,39 (Fig. 4.2l,m).   

 

 

Figure 4.3. Mechanical testing of ETIs. (a-c) Cartoon illustrations of the three classes of 

mechanical tests that were performed: compression, tension, and shear. (d-f) Interlocked ETIs 

under compressive, tensile, and shear stresses. Scale = 4 mm. (g) Compressive Young’s modulus 

with (N = 36) and without fibroblast cells (N = 7) with cells.  (h) Maximum tensile stress prior to 

subunit separation with (N = 39) and without fibroblast cells (N = 15). (i) Shear stress  vs strain 

 in a controlled steady shear rate experiment at a strain rate of 0.01 s-1, N = 3. Black = without 

cells, grey = with cells. The red dashed line is provided as a guide for the linear regime.  Power-

law behavior is observed at low strains: ~y  for y =0.74  0.02 without cells and y =0.72  0.02  

with cells. 
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Mechanical characterization is integral for designing tissue interfaces with specialized structure-

function relationships 39.  Three separate mechanical characterizations are of particular interest for 

these interlocked composite materials: compression, tension, and shear (Fig. 4.3a-f).  We examined 

scaffolds with and without added fibroblast cells in the blocks. Compression tests probe the bulk 

elastic properties of the two blocks in series, and the interface between blocks plays a minor role. 

It was found that the presence of cells had no significant impact on the apparent stiffness of the 

material: 2.44 x 101 ± 1.3 kPa, P = 0.68 (Fig. 4.3g), as intrinsic cell elasticity is relatively weak 

compared to that of the matrix material. Under tension, the mechanical response is dominated by 

the cohesiveness of the interfacial region.  This can be seen clearly in Fig. 4.4e, which shows a 

progressively decreasing contact area between blocks as two blocks separate under the applied 

tension.  In this case, the stress required to initiate separation of the two subunits was greater when 

fibroblasts were seeded on the scaffolds (cells: 1.56 ± 0.10 kPa, control: 0.60 ± 0.05 kPa, P <

0.001) (Fig. 4.3h), as cell-matrix and cell-cell adhesion both contribute to the mechanical integrity 

of the interfacial region. Applied shear provides direct probe of interfacial cohesion and integrity. 

Controlled steady shear rate experiments were characterized by an initial reversible response, 

where stress  is found to be a sub-linear power law of applied strain , ~y with y  3/4, followed 

by subsequent strain softening (Fig. 4.3i).  The lack of a linear stress-strain relationship at low 

strains is indicative of mechanics dominated by stick-slip events at the interface.  For larger strains, 

eventually transient failure in the slip plane of the interface occurs, which is followed by a steady 

state friction response (Supplementary Fig. 4.6).  Interestingly, the power-law stress-strain 

response was found to be reversible even after failure in the slip plane for both relatively slow and 

fast applied strain rates (Supplementary Fig. 4.6), which may serve as a valuable design feature 

for preventing the scaffolds from irreversible fracturing under large loads in situ. In shear 

conditions, the presence of fibroblast cells did not qualitatively change the stress-strain 

relationship; however, samples with cells were found to be somewhat more compliant (Fig. 4.3i).  

An interfacial region containing cells, which have a relatively lower intrinsic modulus, would be 

more compliant than an interface composed of pure matrix.  A different dependence on cells would 

be plausible for other scenarios such as different cell types and/or different interlocking geometries 

(e.g. multi-post blocks). The potential applications of ETIs are not limited to in vitro studies of 

tissue interfaces; we foresee ETIs playing an essential role in biomaterial implant design. As a 

proof-of-concept experiment, we implanted the interlocked composite materials subcutaneously 

in an immunocompetent rat model for 4 weeks 5,6 (Fig. 4.4a). The subunits remained interlocked 

despite simply being placed under the skin (Fig. 4.4b). Histological analysis revealed that the cells 

invaded the peripheral regions of the biomaterials, and blood vessel formation was clearly 

observed (Fig. 4.4c-f and Supplementary Fig. 4.7) 5,6. The invading fibroblasts from the 

surrounding animal tissue laid down their own collagen network within the cellulose-based 

scaffold (Fig. 4.4d,f).  
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Figure 4.4. In vivo implantation of ETIs. (a) Schematic showing the location of three 

subcutaneous implanted ETIs in a rat model. (b) ETI sample resection showing the subunits 

remained interlocked and underwent compression after 4 weeks. (c,e) H&E staining revealing 

substantial of the cell invasion in the outer regions of the interlocked biomaterial. (d,f) Masson’s 

Trichrome staining showing collagen deposition (blue) on the scaffold. Scale (c,d) = 500 μm, (e,f) 

= 50 μm. 
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As demonstrated in this study, ETIs establish a novel approach for studying and implementing 

tissue interface models. Significant insights in matrix composition, mechanical loading, and cell 

organization have been gained from specific tissue interface models of entheses, such as the lack 

of transition and insertion zones at interfaces post-operations 1,2,39,3,7,24–28,33, yet platforms to study 

tissue interfaces are lacking. We have shown that decellularized plant-derived scaffolds can be 

shaped into complementary interlocking subunits. Cells were shown to migrate across the interface 

between such subunits, and we highlighted the specific example of creating a bone-connective 

tissue interface. Spatial organization and transitional zones within tissues and tissue interfaces are 

highly complex and integral to proper function; thus, the ability to combine them in a spatially 

controlled manner is essential. The modular assembly of components into a functional unit allows 

customizable designer interfaces to be formed. The modular assembly approach of ETIs presented 

here ultimately provides an exciting new framework for the design of living tissues.  
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4.4 Supplementary Material 

 

Supplementary Fig. 4.1: Classic 3x2 LegoTM block design. Two blocks were made from 

decellularized apple hypanthium tissue and were stained with Congo Red (magenta) and 

Calcofluor White (cyan). Scale = 1.5 cm. 
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Supplementary Fig. 4.2: Maximum intensity z-projected confocal images of interlocked ETIs 

and fibroblasts. (a) Top view of interlocked peg (blue stained with Calcofluor white), hole (red 

stained with Congo Red), and GFP NIH 3T3 cells (green) on both subunits. (b) Side view of 

interlocked subunits. Subunit 1 (blue stained with Calcofluor white), subunit 2 (red stained with 

Congo Red), and GFP NIH 3T3 cells (green) on both subunits. Scale (a,b) = 500 µm. (c) Hoechst 

33342 stained nuclei (blue), GFP NIH 3T3 cells (green), and scaffold stained with Congo Red 

(red). (d) 3D view of GFP NIH 3T3 cells on the cellulose-based scaffold. Blue = Hoechst 33342 

stained nuclei, green = GFP, red = cellulose. Scale (c,d) = 50 µm. 
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Supplementary Fig. 4.3: Von Kossa staining of in vitro bone-connective tissue ETI. (a) Cross-

section of outer region of the interlocked composite. (b) Inner cross-section showing the peg and 

hole geometry of the stud and anti-stud subunits. Black = mineralized scaffold. Scale = 1 mm. 
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Supplementary Fig. 4.4: SEM of bone-connective tissue ETI. (a,c,e,g) MC 3T3 differentiated 

osteoblast seeded subunit. (b,d,f,h) NIH 3T3 fibroblast seeded subunit. Scale: (a,b) = 200 µm, 

(c,d) = 100 µm, (e,f) = 50 µm, (g,h) = 10 µm. 
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Supplementary Fig. 4.5: Stress shielding with different source materials. Apple and carrot-

derived scaffolds were interlocked (a) and compressed in the series and parallel configurations (b). 

The effective Young’s moduli for the materials and the isolated components (c), N =4. The series 

and parallel composites were not statistically significantly different (P > 0.05) than the simplified 

model of two elastic rectangular prisms arranged in series (
1

𝐸𝑚𝑖𝑥
=

𝑋𝐴

𝐸𝐴
+

𝑋𝐶

𝐸𝐶
) and parallel (𝐸𝑚𝑖𝑥 =

𝑋𝐴𝐸𝐴 + 𝑋𝐶𝐸𝐶) with individual moduli of the isolated apple and carrot components. 
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Supplementary Fig. 4.6: Repeat controlled steady shear rate testing. Controlled steady shear 

rate testing at a strain rate of (a) 0.001 s-1 and (b) 0.01 s-1. The black curve is the initial 

measurement, and the grey curve depicts a repeat trial on the same sample after a 5 min incubation 

period. The red dashed line is provided as a guide for the linear regime. The slow shear resulted in 

a failure point that was not as abrupt as it allowed time for more viscous dissipation.  Reversible 

power-law behavior is observed at low strains: ~y  with (a) y =0.72  0.02 at 0.001 s-1 and (b)  y 

=0.75  0.02 at 0.01 s-1. 

 

Supplementary Fig. 4.7: Angiogenesis in the biomaterials in vivo. (a) Masson’s Trichrome 

staining showing red blood cells flowing through a large vessel inside the scaffold. (b) CD 31 

staining for endothelial cells lining the blood vessel. Scale = 25 μm. 
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4.5 Materials and Methods 
4.5.1 Scaffold production 

A Shapeoko 3 CNC router with a 0.8 mm, 180° drill bit was used to carve McIntosh Red apples 

(Canada Fancy) into arrays of complementary stud and anti-stud geometries. Cutting was 

performed at a speed of 1 mm/s. A Mandolin slicer was then used to cut the arrays of the subunits 

to their desired thickness. The stud piece consisted of a 5 mm x 5 mm x 2mm base with a 2 mm 

cylindrical peg protruding from the center, and the anti-stud subunit had a 2 mm cylindrical hole 

in the center of the 5 mm x 5 mm x 2mm base. As done previously, the samples were transferred 

to a 0.1% SDS solution and decellularized for 48 h while being shaken at 180 RPM, then were 

washed three times with dH2O. Following the washes, the subunits were incubated in 100 mM 

CaCl2 for 24 h and were then washed three times with dH2O to remove the salt residue. To sterilize 

the samples, a 70% ethanol incubation was performed, followed by three more wash cycles with 

dH2O. 

4.5.2 Cell culture 

All cells were maintained at 37°C and 5% CO2. NIH 3T3 fibroblast cells were cultured in 

Delbecco’s Modified Eagle Medium – High Glucose (DMEM), supplemented with 10% fetal 

bovine serum and 1% penicillin/streptomycin (100 U/mL and 100 μg/mL respectively) (Hyclone 

Laboratories Inc.). Conversely, the MC 3T3 E1 Subcone 4 pre-osteoblast cells were culture in 

MEM-alpha supplemented with 10% fetal bovine serum and 1% penicillin/streptomycin (100 

U/mL and 100 μg/mL respectively). In order to invoke differentiation of the pre-osteoblasts, 4 

mM inorganic phosphate (Sigma) and 50 μg/mL ascorbic acid (Sigma) were added. For sub-

culturing, cells cultured on cell culture plates were trypsinized and resuspended in the 

appropriate medium. The cells were counted and centrifuged in order to separate the cells from 

the trypsin and the media. The supernatant was aspirated, and the pellet containing 5x104 cells 

was resuspended in fresh culture medium. The cells were seeded onto the biomaterial, and the 

cells were allowed to proliferate and invade the scaffold for 2 weeks prior to interlocking the 

complementary subunits. After 2 weeks, the subunits were manually clicked together using 

sterile tweezers by pressing down the stud subunit into the hole of the anti-stud piece. The 

culture media was replaced every day and the samples were transferred to new culture plates 

after 1 week of growth.  

4.5.3 Confocal microscopy 

The biomaterials were imaged with a Nikon TiE A1-R confocal microscope. The plant-derived 

scaffold was visualized with Calcofluor white staining (30 min, 1 µg/mL, Sigma) and Congo Red 

(30 min, 0.1 µg/mL, Sigma). Cell nuclei were stained with Hoechst 33342 (Invitrogen) (5 min 

incubation, 10 µg/mL). ImageJ (Fiji) was used to process the images; brightness/contrast settings 

were adjusted to maximize the fluorophore signal. 
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4.5.4 Alkaline phosphatase staining 

Prior to fixation, the scaffolds were washed with PBS. They were then fixed for 90 s with 3.5 % 

paraformaldehyde and then washed with wash buffer (0.05% Tween in PBS). The BCIP-NBT 

SigmaFastTM). During the staining, the samples were kept into the dark and were monitored. Once 

the staining was complete, the samples were washed and photographed.  

4.5.5 Alizarin Red S staining 

Alizarin Red S (Sigma) was prepared by adding 1 g of the powder to 45 mL of dH2O. The pH was 

then adjusted to 4.3 with HCl and NaOH before raising the volume to 50 mL. Prior to staining, the 

samples were fixed as outlined above, except the duration of the fixation process was > 1h. The 

biomaterials were then washed with PBS. Calcium staining was performed with a 0.22 µm filtered 

Alizarin Red S stain pH 4.3 at a concentration of 200 mg/mL. The samples were submerged in the 

stain and incubated for 45 min. Following the calcium staining, the samples were thoroughly 

washed with dH2O until the colour ceased to run out of the samples. The samples imaged shortly 

afterwards.    

4.5.6 Cell migration assays 

The confocal images of the GFP 3T3 cells were thresholded using the ImageJ (Fiji) adaptive 

threshold plugin, and the analyze particles plugin was used to measure the proliferation area on 

the adjacent scaffold. The data was normalized to the average scaffold area. The values presented 

are mean values ± the standard error of the mean (s.e.m.). 

4.5.7 Compression and tension testing 

The compressive Young’s modulus and the maximum tensile stress were measured using the 

compression and tension modes of a custom built dynamic mechanical analysis (DMA) device 

and LabVIEW. During the compression tests, the material was compressed to a 10% strain, at a 

strain rate of 50 μm/s. The force-displacement curves were converted to stress-strain curves, and 

they were fitted in Origin 8.5 to calculate the Young’s modulus. Likewise, the tensile 

measurements involved recording the minimum force required to separate the subunits at the 

same motor speed).      

4.5.8 SEM and EDS 

Samples were fixed with 3.5 % paraformaldehyde for 48 h and washed with PBS. The samples 

were serially dehydrated with ethanol as indicated in Intech Open’s sample preparation guide40. 

The samples were dried with a samdri-PVT-3D critical point drier, and then gold-coated in a 

Hitachi E-1010 ion sputter. Scanning electron microscopy (SEM) and energy dispersive X-ray 
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spectroscopy (EDS) were performed on a JOEL JSM-7500F field emission SEM at the Centre for 

Advanced Materials Research (CAMaR) at the University of Ottawa. The SEM images were 

recorded at 3 kV, and the EDS spectra were recorded at 15 kV.  

4.5.9 AFM 

A Nanowizard II atomic force microscope (AFM) (JPK Instruments, Germany) was used to 

determine the substrate elasticity in all experiments. PNP-TR-50 cantilevers were used for each 

measurement and had an experimentally determined spring constant of 63.5 ± 7.2 mN/m. Force-

indentation curves were acquired on substrates at 546 Hz with a set point of 1.0 nN. Substrate 

elasticity was calculated by fitting the force curves to the Sneddon-Hertz model for a conical 

indenter for shallow 200 nm indentations, assuming a Poisson ratio of 0.5 (PUNIAS 3D Software). 

For each substrate, N = 3 plates were prepared and 10 force curves were acquired at 25 random 

locations on the substrate for a total of 250 force curves.    

4.5.10 Rheometry 

An MCR 301 Anton Paar Rheometer was used to determine the shear properties of the materials. 

The samples were measured using a parallel-plate geometry with a circular 12 mm diameter. The 

samples were glued to the surface using Permabond Instant Adhesive 102 Medium Viscosity 

General Purpose Glue: a thin layer of the glue was evenly spread on the surface and the samples 

were gently pressed onto it and were incubated for 10 minutes prior to experimentation. Repeat 

runs of frequency sweeps revealed the samples were well adhered and did not slip. The samples 

were hydrated with CO2 independent media (25 mM HEPES) to prevent the samples from drying 

and resulting changes to scaffold mechanical properties.  

4.5.11 Animal surgeries and implantation 

The subcutaneous implantation protocol was similar to what we have used previously. Briefly, 

immunocompetent rats were anesthetized using 2% Isoflurane USP-PPC (Pharmaceutical partners 

of Canada, Richmond, ON, Canada). ENDURE 400 Scrub-Stat4 Surgical Scrub (chlorhexidine 

gluconate, 4% solution; Ecolab Inc., Minnesota, USA) and Soluprep (2% w/v chlorhexidine and 

70% v/v isopropyl alcohol; 3M Canada, London, ON, Canada) were used to prepare the shaved 

dorsal ventral area. Three 8 mm incisions were cut on the dorsal section of each rat, and a combined 

barren scaffold was placed in each incision. The incisions were then sutured using Surgipro II 

monofilament polypropylene 6–0 (Covidien, Massachusetts, USA). Transdermal bupivicaine 2% 

(as monohydrate; Chiron Compounding Pharmacy Inc., Guelph, ON, Canada) was topically 

applied to the surgery sites to prevent infection, and buprenorphine (0.03mg/ml; Chiron 

Compounding Pharmacy Inc. Guelph, ON, Canada) was administrated to alleviate pain. Animals 

were monitored and the sutures were removed after one week. 
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4.5.12 Scaffold resections 

At 4 weeks post-implantation, the mice were euthanized using CO2 inhalation and exsanguination 

via heart dissection.  The dorsal skin was carefully resected and fixed in 10% formalin for at 72 h. 

The samples were then kept in 70% ethanol before being embedded in paraffin by the PALM 

Histology Core Facility of the University of Ottawa. 

4.5.13 Histology 

Serial 4 μm thick microtome sections starting at the edge of the cellulose scaffolds were cut at 100 

μm levels. The sections were stained with Hematoxylin and Eosin (H&E) and Masson’s 

Trichrome. For immunohistochemistry, the sections stained with Rabbit anti-CD45 (Abcam) or 

Rabbit anti-CD31 (Novus) were pre-treated using heat mediated antigen retrieval with a citrate 

buffer (pH 6.0, epitope retrieval solution 1) for 20 minutes. The sections were then incubated using 

a 1:1600 dilution (CD45) or 1:100 (CD31) for 30 minutes at room temperature and detected using 

an HRP conjugated compact polymer system. The slides were then stained with DAB as the 

chromogen, counterstained with Hematoxylin, mounted, and cover slipped. 

4.5.14 Statistical analysis 

For multiple samples, one-way and two-way ANOVA tests were used to assess the statistical 

differences for samples with one or two factors respectively. The Tukey post hoc analysis was 

used to determine the value of the statistical difference between the individual samples. In the 

cases where only two sets of data were compared, the Student’s t-tests was used. All values 

presented are the mean ± the standard error of the mean (s.e.m.). Statistical significance refers to 

P < 0.05. 
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5 Chapter 5  

Apple-derived Biomaterials are Viscoelastic Scaffolds – A 
Rheological Study  

 
This chapter is a manuscript in preparation: 

 
Hickey, R. J., Harden, J. L. & Pelling, A. E. Apple-derved biomaterials are viscoelastic scaffolds 

– A rheological study. Manuscript in preparation (2020). 
 

§1 Motivation 

Our previous work reveals that the decellularized plant-derived scaffolds have a Young’s modulus 

that is comparable to that of various human tissues and cell types; moreover, as indicated in the 

introductory review chapter, specific plant candidates can be chosen to mimic particular structures 

in the body. Nevertheless, simple compression measurements fail to fully characterize the 

mechanical properties of these scaffolds. As such, an in-depth rheological investigation of these 

materials is required. In the body our tissues are subjected to complex shear forces in addition to 

simple tensile and compressive loads. 

 

§2 Hypothesis and Objectives 

The main objective of this study was to provide a more thorough mechanical characterization of 

our biomaterial. We hypothesize that these materials are viscoelastic materials that behave largely 

as elastic bodies.   
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5.1 Abstract  

A mechanical investigation of plant-derived, cellulose-based biomaterials beyond simple 

compression has yet to be performed. The forces exerted on the tissues of the body are rarely 

purely compressive; however, the response of the material to shear is poorly understood. Here, we 

quantify the limits of the linear viscoelastic regime and characterize the yield point of the material. 

We show how these viscoelastic biomaterials are largely elastic bodies, and that the shear moduli 

of these constructs are biologically relevant. The soft compliant nature of these scaffolds results in 

the alteration of the rheological properties in the presence of mammalian cells. This timely 

rheometric study provides a preliminary material characterization to launch further investigations 

and serves as a platform to direct future tissue engineering endeavors. 

 

5.2 Introduction 

The physical environment affects many cellular processes including differentiation, migration, 

force generation, proliferation, spreading, alignment, and gene expression1–4. The interplay 

between the physical characteristics of the microenvironment and biochemical signaling is 

complex, and intense research has been dedicated to elucidating the mechanisms responsible for 

these phenomena5. A significant physical set of parameters that dictate cell fate and function are 

the mechanics of the cellular niche. An entire field has been dedicated to the integration of 

mechanical cues to intracellular signaling. Mechanosensing and mechanotransduction enable 

exogenous forces to be converted into endogenous biochemical responses6,7.  

There is a large body of evidence endorsing the transition from standard glass and plastic culture 

conditions to biomimetic constructs that more closely match the mechanical properties of the 

native environment of the cell8. As cells and tissues function differently on artificially stiff 

surfaces, this transition is necessary to gain a more accurate and complete understanding of how 

cells and tissues function in vivo. It is important to note that the use of substrates with vastly 

different mechanical properties does not only fail to capture the biologically relevant response of 

the process under scrutiny, but it may also misguide researchers as processes that would not 

normally occur can be elicited9. Moreover, mechanical matching with the surrounding 

environment has been shown to be integral for effective biomaterial design and performance10–12. 

In an attempt to develop a viable biomaterial platform, we have pioneered the use of decellularized 

plant tissue for mammalian cell culture and biomaterial design13. In this approach, the natural 

complexity of the cellulose and extracellular architecture of the plant material is exploited to yield 

a porous 3D scaffold. This class of biomaterial is biocompatible in vitro and in vivo, and significant 

research has been dedicated to the use of this platform for designing and studying new 

biomaterials14–17. Although simple tensile and compression measurements have been completed, 
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an in-depth rheological study has yet to be performed. The forces exerted on the cells and tissues 

in our bodies are rarely purely compressive or tensile. The vast majority of the forces involve a 

shear component as well; therefore, a more complete rheological investigation is necessary18–20. 

We hypothesize that these materials are viscoelastic. Cells and tissues are viscoelastic in nature as 

well, and we anticipate that mechanical profiling of the scaffolding material will advance the 

potential applications of this technology and guide future studies through the development of 

mechanobiomimetic materials. This report entails a rheological characterization of apple-derived, 

cellulose-based biomaterials.  

 

5.3 Results 
5.3.1 Cellulose scaffolds 

The scaffolds used in this study were created with the same procedure as used previously, with 

one modification: the size of the samples was adjusted to match that of the tool for the rheometer. 

Using computer numerical controlled (CNC) milling, 12 mm disks of apple hypanthium tissue 

were carved and then cut to a thickness of 1.2 mm. The samples were then decellularized, 

processed, and sterilized; all samples, including the controls, were immersed in cell culture media. 

The cell laden scaffolds consisted of C2C12 myoblasts cells which grew extensively throughout 

the material as expected (Fig. 5.1).  

 

5.3.2 Oscillatory strain sweeps and the linear viscoelastic region 

The first characterization step when performing rheometry is usually a strain sweep to decipher 

where the linear viscoelastic region (LVR) lies. Refer to Chapter 2 for a brief discussion of linear 

viscoelasticity.  

For a viscoelastic deformation, the shear modulus 𝐺 dictates the relationship between the stress 

(𝜎) and strain (𝛾) and is defined as 

𝜎(𝑡) = ∫ 𝐺(𝑡 − 𝑡′)𝛾̇(𝑡′)𝑑𝑡′.
𝑡

−∞

 

Viscoelastic materials contain both viscous and elastic components. This proportional relationship 

is valid for small deformations. Beyond the LVR, the deformations exceed those required for the 

Cauchy strain tensor and nonlinearities arise. Measurements within the LVR allow material 

parameters to be calculated within the range of deformations that do not destroy the sample. 

An oscillatory strain sweep carried out at an angular frequency of 1 Hz was used on the bare 

scaffolds (Fig. 5.2). It was found that the material did not display a completely linear region. (Fig. 
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5.2 and Supplementary Fig. 1). Nevertheless, for small strain amplitudes, the resultant curves were 

reproducible. This indicated that although the material was not behaving in an elastic manner for 

the small deformations tested, likely due to microfractures in the material, large scale material 

destruction did not occur in this regime. 

 

 

Figure. 5.1. Cell laden, plant-derived, cellulose scaffolds. The decellularized scaffolds were 

investigated as bare scaffolds and as cell-seeded biomaterials. The scaffold was stained with 

Congo Red, and the C2C12 myoblasts nuclei were stained with Hoechst 33342 to identify the 

mammalian cells. Scale = 200 μm (A), 25 μm (B). 
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Figure 5.2. Linear viscoelastic region. An oscillatory strain sweep was used to investigate the 

presence of a LVR. (A) The storage (black) and loss (red) moduli of the bare scaffolds as a function 

of strain. (B) The loss factor as a function of strain. N = 10, values are mean and s.e.m. 

 

5.3.3 Frequency dependence of the storage and loss moduli 

The bare scaffolds were first characterized without cells to investigate the baseline mechanical 

properties of the material. An oscillatory frequency sweep experiment with a strain amplitude of 

0.1% was performed to investigate the frequency dependence of the storage and loss moduli. In 

this case the shear strain and stress can be defined respectively as 
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𝛾(𝑡) = 𝛾0𝑒𝑖𝜔𝑡 

𝜎(𝑡) = 𝑖𝜔𝛾0 ∫ 𝐺(𝑡 − 𝑡′)𝑒𝑖𝜔𝑡′
𝑑𝑡′

𝑡

−∞

 , 

and a simple variable change results in  

𝜎(𝑡) = 𝑖𝜔𝛾0𝑒𝑖𝜔𝑡 ∫ 𝐺(𝑢)𝑒−𝑖𝜔𝑢𝑑𝑢 ,
∞

0

 

where 𝛾 is the shear strain, 𝑡 is the time, 𝜔 is the angular frequency, 𝜎 is the shear stress, and 𝐺 is 

the shear modulus. In this form, it is immediately clear that the shear modulus is a complex 

function; therefore, it can be expressed as 

 

𝜎(𝑡) = 𝐺∗(𝜔)𝛾(𝑡) 

𝐺∗(𝜔) = 𝐺′(𝜔) + 𝑖𝐺"(𝜔) . 

 

The real part, G’, is referred to as the storage modulus, as it pertains to the ability to store elastic 

energy; the imaginary part G”, is the loss modulus, as it is the viscous dissipation contribution. 

It was found that the plant-derived scaffold’s moduli were affected by the frequency of oscillation 

(Fig. 5.3A). As complex shear modulus is a combination of the storage and loss moduli, both the 

elastic and viscous contributions could be assessed. The storage moduli ranged from 45 ± 3 kPa to 

58 ± 4 kPa, while the loss moduli ranged from 5.5 ± 0.3 kPa to 5.9 ± 0.3 kPa (Fig. 3a). Clearly, as 

shown in Figure 5.3, the material is viscoelastic. The material primarily consists of a porous 

cellulose scaffold (elastic component) that is hydrated with cell culture media (viscous 

component). The oscillatory frequency sweep allowed the complex viscosity (𝜂∗) to be 

investigated; it ranged from 4.5x105 ± 3x104 Pa s to 5.9x103 ± 4x102 Pa s (Fig. 5.3A). The complex 

viscosity is the sum of the dynamic viscosity (𝜂′) and the out of phase viscosity (𝜂"), where they 

correspond to the real and imaginary parts respectively. The dynamic viscosity is the ratio of the 

loss modulus to the angular frequency and can be interpreted as the internal resistance to flow in 

the material.  

𝜂∗(𝜔) = 𝜂′(𝜔) − 𝑖𝜂"(𝜔) 

𝜂∗(𝜔) =
𝐺∗(𝜔)

𝑖𝜔
 

𝜂′ = 𝐺"/𝜔 

𝜂" = 𝐺′/𝜔 

The viscoelastic nature of the material can be further evaluated by comparing the relative 

contribution of the elastic and viscous components. The loss factor tan(𝛿) = 𝐺"/𝐺′ measures the 

ratio between the two components of the shear modulus (Fig. 5.3B). The results indicate that the 

elastic moduli were greater than the loss moduli for the frequency range investigated here, and the 
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material was viscoelastic with a dominating elastic response. The loss factor was nearly uniform 

and significantly below 1 for the range of frequencies measured.  

 

 

Figure 5.3. Frequency sweep. (A) An oscillatory frequency sweep was used to determine the 

frequency dependence of the storage (squares) and loss (circles) moduli as well as the complex 

viscosity (triangles). Both the bare scaffolds (shaded) and the cell laden constructs (hollow) were 

investigated. (B) The loss factor as a function of frequency. N = 10, values are mean and s.e.m. 
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5.3.4 The effect of cells on the shear moduli and viscosity 

Next, the shear moduli and viscosity measurements were repeated for scaffolds that had been 

loaded with C2C12 myoblast cells. The frequency sweeps revealed that the presence of cells 

significantly reduced the apparent moduli (Fig. 5.3A). Interestingly, the loss factor remained fairly 

stable regardless of the addition of the cells (Fig. 5.3B). The loss factor is more instructive as it 

shows that the ratio between the viscous and elastic components is the same for both the cell laden 

and unadorned scaffolds. The most probable explanation for the moduli reduction is that the cells 

interfered with the adherence to the tool surface. Reduced adherence can lead to slip and a 

reduction in the torque values. The loss factor also demonstrates that the materials are solid-like 

with some imperfections stemming from the low viscosity media.   

 

5.3.5 Step stress and biomaterial ringing   

As shown, both the bare scaffold and the cell infiltrated scaffolds are viscoelastic materials. An 

interesting property of such materials is the phenomenon of hydrogel ringing. Normally, rheology 

takes the overdamped limit. However, it is possible to probe the transient regime as well. This 

phenomenon, the ringing, stems from the fact that the material is not perfectly elastic. A perfectly 

elastic body subjected to a sudden force or torque would oscillate forever, but when small viscous 

elements are included, the strain oscillates about its equilibrium value, analogous to overshooting 

and overcompensating around a target value.  In other words, the viscous components damp the 

elastic oscillations. The higher the ratio between the elastic and viscous components, the greater 

the "ringing". An increased viscous component leads to more damping, so the oscillations are not 

as noticeable. The relative contributions affect both the amplitude period of the ringing. In essence 

the ringing is a property that pertains to the relative contributions of the elastic and viscous 

character of the material, and the ringing is highly sensitive to changes in viscosity.  In order to 

assess the response of the material to a sudden step strain, a constant shear stress was applied and 

the resultant strain response was recorded (Fig. 5.4 and Supplementary Fig. 5.2). Normally, 

viscoelastic materials are too damped to observe this process, but as the highly elastic body used 

here contained fluid that moved in and out of the porous scaffold, the material exhibited 

oscillations on short timescales before stabilizing (Fig. 5.4 and Supplementary Fig. 5.2). Creep 

was observed to a minor extent on longer timescales (Supplementary Fig. 5.2) as the viscous and 

elastic regimes dominate at short and long timescales respectively.  
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Figure 5.4. Step-stress ringing. A step-stress experiment was conducted at 1 Pa. Ringing was 

observed as the strain oscillated around an equilibrium that experienced a minor degree of creep. 

N = 10, values are mean and s.e.m. 

 

5.3.6 Continuous shear strain 

Another important characterization is the relationship of the shear stresses and strains in a 

continuous, rather than oscillatory, mode where the strain rate was held at a constant rate of 1x10-

3 s-1. Moreover, the extension into the nonlinear viscoelastic regime and mechanical breakdown of 

the material was included (Fig. 5.5). As shown in Figure 5.5, the stress increases, but then strain 

softening is observed. After considerable deformation, close to the extension limit of the material, 

strain hardening is observed until failure occurred. The red dashed line is presented as a guide for 

deviations from linearity (power law = 1). At a strain of 45 % the biomaterial reached its yield 

stress of 4 kPa (Fig. 5.5).  

 

5.4 Discussion 

The use of plant-derived cellulose-based biomaterials is becoming increasingly widespread and is 

an established platform for biomaterial design21. Preliminary investigations employing uniaxial 

compression and tension revealed that the stiffnesses of these materials is within the biologically 

relevant regime21. Although the results from these studies are promising, a more rigorous 

rheological investigation is required in order to develop a deeper understanding of the mechanics 

of these materials. It is well known that the mechanical properties of the microenvironment play 
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key roles in cell biology. Moreover, injured and diseased tissues often display altered mechanical 

profiles; even healthy cells invading the abnormal site will function differently than in their native 

environment 22. A simple example is the formation of scar tissue, which has vastly different 

elasticities than the surrounding tissue, and can lead to impaired functionality23.  

 

 

Figure 5.5 Continuous shear. A continuous shear experiment was performed at a constant strain 

rate of 1x10-3 s-1. (A) The shear stress (black) as a function of time. The red dashed line is provided 

as a reference (linear). (B) the relaxation modulus as a function of strain during the constant strain 

rate experiment. N = 10, values are mean and s.e.m. 
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Cells and tissues are viscoelastic materials; therefore, a biomaterial designed for in vitro modeling 

or in vivo implantation should share the same viscoelastic properties. Our apple-derived constructs 

consist of a hydrated cellulose-based scaffold. As expected, these two components contribute to 

both elastic and viscous character; hence, the material is viscoelastic. The congruency of the 

cellulose-based, plant-derived material and several natural tissues reinforces the suitability of this 

class of material for tissue engineering24.  

The oscillatory frequency sweeps used in this study are pertinent to the frequencies of oscillations 

regularly experienced by the tissues in our bodies23; consequently, the range of values of the 

storage and loss moduli can be compared to those of natural tissues25–27. The frequency dependence 

of the shear moduli results in different material responses in difference scenarios. This 

phenomenon is a common occurrence in the body and it essential for proper tissue function28. 

Another important factor to be considered is the loss factor: the relative contribution of the storage 

and loss moduli, which correspond to the elastic and viscous components respectively. It is critical 

that the internal friction within the material in addition to the elastic character match that of the 

native tissue. The internal friction and viscosity affect many processes such as energy dissipation, 

flow type, and diffusion, all of which are variables that alter cell fate and function29.  

Interestingly, the moduli of the cell-laden constructs were less than those of the bare scaffold. As 

the presence of the cells may have interfered with the contact and adhesion of the scaffold to the 

tool, it is plausible that slip could occur, or a reduced effective area could lead to the apparent 

reduction in the moduli. As cells are viscoelastic materials as well, and they modulate the effective 

porosity of the scaffold, it was hypothesized that the presence of cells would result in a biomaterial 

with different storage and loss moduli. In this report we demonstrate how the presence of 

myoblasts reduced the storage and loss moduli. However, when investigating the loss factor, it is 

clear that the ratio between the two moduli remains the same with or without cells. This important 

result suggests that the shift in the moduli is due to the disruption of the adherence since the ratio 

of the moduli is the same in both conditions. Another potential effect is the role of the pH of the 

highly proliferative cell population on and in the biomaterial30–32. 

The relative contributions of the elastic and viscous components resulted in the presence of 

hydrogel ringing on short timescales in response to a step stress. Although the ringing has limited 

implications on macroscopic tissue function, it highlights the fact that minute differences in the 

rheological properties of the material can result in unique phenomena; therefore, slight mechanical 

mismatch between the biomaterial and the surrounding native tissue may lead to impaired tissue 

performance. It is commonplace to consider the elastic modulus of the material of interest; 

however, the viscoelastic properties of the biomaterial should not be ignored and plays an 

important role in biomaterial function33.  
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A direct consequence of the materials falling within the mechanical profiles of soft human tissues, 

is that the scaffolds can be designed and adapted to fit a variety of applications. Future 

investigations will focus on specialized differentiated tissues such as bone, cartilage, tendons, and 

ligaments; these tissues involve matrix and mineral depositions that drastically affect the stiffness 

of the material. An in-depth rheological characterization with additional fatigue testing will assess 

long term viability of these materials as well as establish a more complete mechanical profile. This 

study presents a preliminary rheometric analysis of plant-derived, cellulose-based biomaterials 

beyond simple compression and tensile characterization.  

 

5.5 Materials and methods  
5.5.1 Scaffold production 

Disks of apple (McIntosh - Canada Fancy) hypanthium tissue with a 12 mm diameter and a 

thickness of 1.2 mm were carved with a Shapeoko 3 CNC router. A 1 mm, 180° drill bit was used 

at a speed of 1 mm/s. The thickness was specified by a Mandolin slicer. As done previously, 

decellularization was accomplished with a 0.1% SDS solution incubation for 48 h while being 

shaken at 180 RPM. The samples were washed in triplicate with sterile dH2O and then immersed 

in 100 mM CaCl2 for 24 h. After another round of washing with dH2O to remove the salt residue, 

a 70% ethanol sterilization solution was added, which was followed by three more wash cycles 

with dH2O. 

5.5.2 Cell culture 

C2C12 myoblast cells were cultured in Delbecco’s Modified Eagle Medium – High Glucose 

(DMEM), supplemented with 10% characterized fetal bovine serum (Hyclone) and 1% 

penicillin/streptomycin (100 U/mL and 100 μg/mL respectively) (Hyclone). The cultures were 

maintained at 37°C and 5% CO2 prior to experimentation. During rheometric experiments, the 

media was supplemented with 25 mM HEPES to render the media CO2 independent over the 

mechanical testing period. Sub-culturing occurred on cell culture plates and was accomplished 

with trypsinization (Hyclone). Cell seeding on the scaffolds was performed by pipetting 5x104 

cells onto the decellularized cellulose-based material. Seeding rounds were replicated three times 

in three-day intervals. The cells proliferated on the scaffolds for 3 weeks prior to experimentation. 

The culture media was replaced every day and the samples were transferred to new culture plates 

after 1 week of growth.  

5.5.3 Confocal microscopy 

Maximum intensity z-projections were obtained by taking z-stacked images with a Nikon TiE A1-

R confocal microscope. The cells were visualized with nuclear staining. Cell nuclei were stained 



115 
 

with Hoechst 33342 (Invitrogen) (5 min incubation, 10 µg/mL). The decellularized apple scaffold 

was stained with Congo red (30 min, 0.1 µg/mL, Sigma). ImageJ (Fiji) was used to process the 

images; brightness/contrast settings were adjusted to maximize the fluorophore signal. 

5.5.4 Rheometry 

Rheometry was performed on an MCR 301 Anton Paar Rheometer. A parallel-plate geometry with 

a circular 12 mm diameter was used. Slip was prevented by gluing the samples to the surface of 

the plate with Permabond Instant Adhesive 102 Medium Viscosity General Purpose Glue. After 

the glue was applied, the samples were gently pressed onto it and were incubated for 10 minutes 

prior to experimentation. Repeat runs of frequency sweeps within the linear viscoelastic regime 

(LVR) revealed the samples were well adhered and did not slip. CO2 independent media (complete 

cell culture media supplemented with 25 mM HEPES) was pipetted on the periphery of the scaffold 

to prevent the samples from drying after the samples had adhered to the plates. Oscillatory strain 

(amplitude) sweeps were conducted at 1 Hz. Frequency sweeps were performed at a strain 

amplitude of 0.1%. Step-stress tests were carried out at 1, 5, and 10 Pa. In continuous shear mode, 

the samples were sheared at a constant rate of 1x10-3 s-1.  
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5.7 Supplementary Figures 

 

Figure S5.1. Amplitude sweep. An oscillatory strain sweep was used to determine if there was a 

LVR. The storage (squares) and loss (triangles) moduli of the bare scaffolds were measured as a 

function of strain. N = 3. 

 



119 
 

 

Figure S5.2. Creep. A step-stress experiment was conducted at (A) 5 Pa and (B) 10 Pa. Ringing 

was observed on short time scales, and creep occurred on longer time scales. N = 5. 
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6 Chapter 6  

Cellular Nuclear Rotation on Soft 3D Scaffolds 
 

This chapter is a short report manuscript in preparation: 
 

Hickey, R. J. & Pelling, A. E. Cellular nuclear rotation on soft 3D scaffolds (2020).  
 

§ 1 Motivation  

The phenomenon of nuclear rotation has been observed for several decades; however, its 

functional role, if any, remains unknown. In our previous study published in Cytoskeleton1, which 

is included as an Appendix, we revealed another layer of complexity to this process: nuclear 

rotation is dependent on the elasticity of 2D substrates. The substrate stiffness dependence in 2D 

was elucidated with a series of experiments conducted on traditional gelatin hydrogels with a 

physiologically relevant elastic modulus and compared to those performed on glass coverslips. We 

found that the rotation was drastically reduced on soft substrates that mimic soft tissue stiffnesses. 

Moreover, we confirmed that this process was dependent on microtubules rather than the actin 

network. We also reported a correlation between the rotation and the organization of the 

intermediate filaments. It was previously shown that vimentin slows rotation2, and in a separate 

study the solubility of vimentin differed on different stiffnesses3. We integrated the two studies 

and presented the correlation as an avenue for future investigation in addition to differences in 

microtubule dynamics4,5.  

This earlier work (which was unrelated to cellulose biomaterials) highlighted the need to transition 

to soft 3D environments for investigating cellular processes and was a personal motivator for the 

development of the 3D scaffolds presented in this thesis. A direct consequence of our 2D substrate 

dependent nuclear rotation results is that stiff, noncompliant environments do not only fail to elicit 

a normal cellular response, but can also evoke other processes that would not normally occur. 

Therefore, as an extension of our original nuclear rotation experiment, I wanted to investigate 

effects of soft 3D environments on cellular rotation. This work highlights that plant-based, 

cellulose-derived biomaterials can be used as tools to investigate fundamental intracellular 

processes in addition to tissue engineering applications, which are highlighted in the previous 

chapters.  

  



121 
 

§ 2 Hypothesis and Objectives  

I hypothesized that the nature of the rotation would change when the dimensionality of the system 

is altered. The objective was to gain an understanding of the dynamics of this process in a more 

biologically relevant environment.  

 

6.1 Introduction 

Nuclear rotation has been observed for decades; nevertheless, its biological significance remains 

unclear6–10. The rotation is primarily driven by microtubules and their associated motor proteins, 

and the current model for the mechanism is an imbalance of force applied to the nucleus as a result 

of dynamic instability of microtubules2,11–15. As this model suggests, the motion of the nucleus 

behaves as a persistent random walk15. Despite significant insights into the mechanism of this 

phenomenon, it is still unknown whether this process serves a particular biological function or is 

simply a by-product of the force imbalance stemming from parallel processes. Nuclear rotation 

has been observed in many different cell types and has been well characterized under standard cell 

culture techniques 6,7,10,12,14.  

We have contributed another layer of complexity to this problem: nuclear rotation is dependent on 

substrate elasticity1. Despite the majority of experiments revealing that the phenomenon is 

microtubule-based and independent of actin, retrograde actin flow has been shown to be the driving 

factor in certain instances wherein the cells where confined to particular geometries16. Cell 

confinement can move the centrosome unnaturally close to the nuclear and suppress microtubule-

based nuclear movement15. Therefore, not only does the location of the centrosome, as evidenced 

by confinement studies, affect nuclear rotation, but the mechanical environment does as well. 

Previous investigations have shown that intermediate filaments play an inhibitory role in 

governing nuclear movement, and we have shown a correlation between the location of the 

intermediate filament network and rotation on different substrate elasticities1,2. Moreover, the 

reduction of microtubule dynamics resulted in a basal level of rotation that was comparable to that 

of the diminished rotation on soft matrices, so it is hypothesized that alterations in microtubule 

dynamics may also be a significant factor in substrate elasticity dependent rotation.  Clearly, the 

process of nuclear rotation is not fully understood, and the surrounding environment plays a 

significant role.  

Recently, it was discovered that nuclear rotation occurs in mouse oocytes in vivo, and that this 

process is mediated by dynein and is mechanosensitive17. Consistent with our in vitro results, more 

compliant microenvironments lead to a decrease in the speed and velocity of rotation1,17. The study 

reports a correlation between the dormant state of the oocyte, nuclear localization of FOXO3, and 

nuclear rotation17. What is immediately clear is that further research is required to elucidate the 
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complete picture of this enigmatic process. As our research shows the physical environment 

dictates the nature of the rotation, and this process has been confirmed in vivo, we sought to further 

characterize nuclear rotation in soft, 3-dimensional (3D) environments. We have established a 

platform for tissue engineering that uses plant-derived, cellulose-based, decellularized scaffolds 

with rheological properties within the range of those of soft tissues and cells (See Chapter 5)18. It 

was hypothesized that alterations in the rotation dynamics of the nucleus would manifest in these 

milieus. In this preliminary characterization, we highlight how our novel biomaterials can be used 

as tools to study cellular phenomena in addition to providing scaffolding for tissue engineering 

purposes.  

 

6.2 Results and Discussion 
6.2.1 Creating the compliant 3D environment 

In order to create a more biologically relevant environment to study the phenomenon of nuclear 

rotation, we exploited our novel cellulose-based, plant-derived biomaterials, as these constructs 

have been shown to be biocompatible in vitro and in vivo18–20. The scaffolds used here were 

prepared as in our previous biocompatibility and tissue engineering studies18. Cells grew 

extensively in the biomaterials and were organized in a 3D cellular matrix (Fig. 6.1 and Fig. S6.1). 

The apple-derived scaffolds were previously shown to have rheological properties that matched 

that of soft tissues and cells (See Chapter 5)18. As such, the effect of the dimensionality of the 

system could be investigated by transitioning to 3D environments endowed by our decellularized 

biomaterials in comparison to the 2D gelatin substrate we used previously.  
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Figure 6.1. GFP 3T3 fibroblast cells on decellularized appl-derived scaffolds. Maximum 

projection confocal image of fibroblast cells grown on the cellulose-based scaffolds to create a 3D 

cell culture on a soft material. (A) Nuclei were stained with Hoechst 33342. (B) The cell body was 

identifiable as the cell line was stably transfected with Green Fluorescent Protein (GFP). (C) The 

microtubules which are responsible for driving the rotation were stained with live cell permeable 

SiR-Tubulin. (D) Scaffold visualization was accomplished with Congo Red staining. Scale = 

50 μm. 

 

6.2.2 Tracking nuclear rotation 

As expected, the fraction of cells displaying nuclear rotation was low (~11%); which was 

congruent with our substrate stiffness dependent findings1. Previous research has shown that over 

50% of nuclei exhibit nuclear rotation to some extent on stiff substrates1,12. Select nuclei exhibiting 
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substantial rotation were chosen to study the rotational dynamics. The tracking of the nuclear 

movement was accomplished by recording the (x,y,z) position of bright spots of Hoechst 33342 

stained nuclei and the centroid position of the nuclei (for translational motion correction) with 

laser scanning confocal microscopy time-lapses. The ImageJ TrackMate plugin21 was used to track 

the coordinates with the Difference of Gaussians (DoG) spot detector and the Linear Assignment 

Problem (LAP) particle linking algorithm. Tracks of a representative nucleus and the 

corresponding rotation are displayed in Figure 6.2. 

 

Figure 6.2 Tracking nuclear rotation. The positions of bright spots of Hoechst 33342 stained 

nuclei were recorded as time-lapse images of confocal volumes. The coordinates of the spots were 

tracked with TrackMate on Fiji ImageJ. (A-C) Three sequential 3-minute intervals show that the 

rotation can be monitored by recording the position of bright spots of the rotating fluorescently 

labelled nuclei. (D) The tracks of the bright spots tracked for the full duration of the experiment 

(180 min). Scale = 5 μm. 
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6.2.3 Angular fluctuations during rotation 

To characterize the rotational movement, the change in the angular position of the nuclei with 

respect to its orientation at 𝑡 = 0 was calculated. The transition from a soft 2D substrate to a soft 

3D substrate enticed us to investigate whether there were changes to the nature of the rotational 

dynamics. Previous 2D characterization of nuclear rotation revealed that the axis of rotation is 

perpendicular to the long and short axes of the nuclei7,11,12,14 . However, it is well established that 

cell morphology, specifically nuclear shape, is highly dependent on the physical environment22. 

As changes in nuclear shape are known to coincide with the transition from stiff 2D substrates to 

soft 3D substrates23, we investigated whether the axis of rotation retained its perpendicular 

orientation.  

Here we report two angles of rotation: 𝜙 and 𝜃, corresponding to the azimuthal and polar angles 

respectively. The azimuthal angle is equal to the conventional angle investigated in nuclear 

rotation studies, whereas the polar angle is the perpendicular angle with the axis of rotation lying 

in plane parallel to that of the major component of the cell body. The extensively rotating nuclei 

investigated here underwent rotational motion primarily in the conventional azimuthal directions, 

although there was some degree of 3D rotation about the polar angle (Fig 6.3). It is plausible that 

friction and the nuclear shape are the main inhibitors of a randomly oriented rotational axis 2,15,16,24. 

Moreover, elongated nuclei, as seen in C2C12 myocytes, did not exhibit nuclear rotation (Data not 

shown).  
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Figure 6.3 Nuclear rotation angles. The angular positions of rotating nuclei relative to their initial 

position after translational motion correction were calculated for both the azimuthal (A) and polar 

(B) angles identified as Φ and θ respectively. The insets illustrate the planes of rotation for each 

angle. The azimuthal direction showed a broad distribution of angles for nuclei undergoing 

extensive rotation, whereas the polar angle contained less angular fluctuations. The coloured lines 

represent individual nuclei tracks (N = 8). 
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6.2.4 Rotational model 

A thorough previous study on nuclear rotation formulated a model wherein dynamic instability 

of microtubules and forces between the centrosome and the nucleus mediated by dynein leads to 

rotation15. This mathematical model predicts rotation from tensional forces on perinuclear 

microtubules. It dictates that rotations arise from an asymmetrical distribution of microtubules 

around the nucleus, and that the net torque in one direction persists until dynamic instability 

restores the balanced configuration. The parameters used in this model were the dynein force and 

speed, the dynein spring constant and dynein – nucleus off-rate, the number of microtubules and 

their polymerization/depolymerization speeds, the microtubule catastrophe and recovery rate 

constants, and the microtubule – nucleus distance15. The model successfully fits the experimental 

data and indicates that the rotational dynamics are a persistent random walk15. The mean squared 

angular displacement (MSAD) vs time plots follows parabolic shapes at short time scales and a 

linear relationship for extended time intervals. We show here, that the rotational dynamics follow 

the same model and exhibit parabolic MSAD time dependence on short time scales (Fig. 6.4). 

The significance of this result is that the previous research on nuclear rotation applies to 3D 

environments as well. Therefore, future studies can incorporate the model formulated by Wu et 

al. 15 and expand on it with extra cytoskeletal frictional components to investigate and predict 

nuclear dynamics in different scenarios.  

 

 

Figure 6.4. Mean squared angular displacement (MSAD). The MSAD was calculated for N =

8 cells exhibiting extensive rotation. Over the short time interval of 35 min, the data follows a 

parabolic shape. The cyan line shows the parabolic fit. R2 = 0.999. 
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6.2.5 3D in vitro systems 

The work presented here confirms that the previous knowledge gained from nuclear rotation 

studies is applicable to extension into 3D environments. This link is a critical characterization as 

this phenomenon has been implicated in vivo. Recently is was shown that dormant oocytes 

reside in a mechanically stiff environment, and their activation is stimulated by a loosening of 

the surrounding matrix17. Upon compression, restoration of the dormant state was achieved. 

Moreover, pausing the rotation triggered FOXO3 export from the nucleus. Although a direct link 

has yet to be made between the functional relationship between the physical rotational 

movement, nuclear transport, and cell activation, it is clear that these dynamic processes occur in 

specific cases in the body. Consequently, 3D biomimetic environments to study and manipulate 

rotational dynamics are required to advance our knowledge and to fill this gap in our 

understanding of this phenomenon. Studying biologically relevant tissue constructs will aid in 

deciphering whether or not there is a functional role for the persistent rotation. We and 

Nagamatsu et al. speculate that the rotational movement may be a mechanism by which cells 

sense the mechanical properties of the external environment by simultaneously pulling on many 

focal adhesion complexes around the cell via tensile forces exerted on microtubules, which are 

linked to the nuclear surface through dynein and SUN and KASH proteins 13,14,17,25–27. In their 

paper, Nagamatsu et al. express the need for in vitro modelling systems17 like the one we present 

here. 

 

6.3 Conclusion 

In conclusion we present a pragmatic approach to studying the phenomenon of nuclear rotation 

in 3D. We envision future studies combining tensile, compressive, and shear forces on the 

biomaterials to study the force response of the nuclear mechanics in terms of persistent angular 

motion. In particular, future work should investigate the centrosome nuclear distance as well as 

the intermediate filament organization in mechanically distinct environments. By extending our 

research into 3D biomaterials that more closely resemble native cell environments, the insights 

into the functional roles of cellular processes such as nuclear rotation can be tested. It may be 

found that this is simply an auxiliary statistical mechanical phenomenon that does not serve a 

biological function.  
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6.4 Materials and methods 
6.4.1 Scaffold production 

McIntosh apples (Canada Fancy) were carved into 3 x 3 x 3 mm cubes with a Shapeoko CNC 

machine with a 180° 0.8 mm drill bit. The samples were decellularized in sodium dodecyl sulfate 

(0.1%) for 3 days. The scaffolds were then washed in triplicate with dH2O and incubated in 100 

mM CaCl2 for 24 h. After another 3 dH2O washes, the samples were sterilized with 70% ethanol 

and then washed again 3 times with dH2O. Following the washes, the samples were incubated in 

dH2O for 24 h. 

6.4.2 Cell culture and time-lapses 

NIH 3T3 mouse fibroblast cells with a stable green fluorescent protein (GFP) were cultured at 

37°C and 5% CO2 in Delbecco’s Modified Eagle Medium – High Glucose (DMEM), 

supplemented with 10% fetal bovine serum and 1% penicillin/streptomycin (100 U/mL and 100 

μg/mL respectively) (Hyclone Laboratories Inc.). Cells were seeded onto the decellularized 

scaffolds in a dome of 25 μL of media and were permitted to attach for 1 h prior to submerging in 

media. During time-lapse imaging, the samples were not fully submerged. Fully submerging the 

samples would have caused them to float and the focus to drift to a large degree. The samples were 

placed in a low volume of media that ensured hydration while maintaining contact between the 

biomaterial and the glass plate. Time-lapse imaging was performed on a Nikon TiE A1 laser 

scanning confocal microscope with a 60X water immersion objective. Images were captured in 3-

minute intervals, and the Z step size was set to 0.8 μm; the samples were held at 37°C and 5% 

CO2. Other than adjusting brightness/contrast settings to maximize the fluorophore signal, no other 

image manipulations were performed.   

6.4.3 Staining 

The nuclei were stained with Hoechst 33342 (Invitrogen) (1:2000 dilution, 5μg/mL, 10 min 

incubation). Following the staining, the scaffold was washed twice with media before being 

transferred to a new glass bottom culture plate for imaging. 

 

6.4.4 Quantification of nuclear rotation  

Fiji ImageJ TrackMate was used to track the positions of the bright Hoechst 33342 stained 

heterchromatin and the centroid position using the LAP tracker. The DoG detector and LoG 

detector were used for the bright spots and the centroid respectively. Drift and translational 

movement corrections were accounted for by subtracting off the coordinates of the nucleus 

centroid. Microsoft Excel and OriginLab 2019 were used to calculate the angles of rotation and to 

plot and fit the data. 
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6.6 Supplementary Figure 

 

 

Figure S6.1. Extensive network of microtubules. In the three-dimensional environment, the microtubules 

(red) surround the nuclei (blue) in a complex fibrous network. Scale = 25 μm. 
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7 Chapter 7  

Future Directions 

The work presented in this thesis reveals that plant-derived, cellulose-based scaffolds constitute a 

promising approach for biomaterial design. Although these materials are highly biocompatible and 

share many key characteristics of in vivo tissues, they are still far from being fully biomimetic. 

This thesis serves as a launching point for various directions of studies aimed at the ultimate goal 

of recapturing the natural cellular environment. Here, four particularly important future directions 

are highlighted, and preliminary research on these next projects is already underway. 

In this body of work, the repopulated biomaterials were studied in static conditions. This baseline 

characterization was required; static conditions are exceedingly rare in vivo, and in most 

circumstances, biophysical processes operate in dynamic or dynamic equilibrium states. As such, 

it is highly relevant to investigate how the biomaterials developed in this thesis and their successors 

respond to dynamic environments. In the body, cells and tissues experience a wide range of forces 

and deformations such as those produced during pulsatile flow, rhythmic breathing, and external 

stresses. The physics of the dynamic microenvironment are intertwined with biology and directly 

influence cell fate and function. The microscale response of the material to external stresses should 

be characterized in order to link the microstructure to the observed rheological properties and to 

formulate an all-encompassing model of the biomaterial’s response to stresses and strains. This 

model should include the viscoelastic contributions of both the scaffold and the cells and 

extracellular matrices as well. In recent years, great strides have been taken in modeling cell 

mechanics. 

  

Figure 7.1. Biomaterial endowed with microbeads for local deformation tracking. Scaffolds 

can be coated with fluorescent microbeads to accurately track 3D deformations in response to 

physical forces. Blue = Hoechst 33342 stained C2C12 myoblast nuclei, green = fluorescent 

microbeads, red = Congo red stained cellulose scaffold. Scale = 50 𝜇𝑚. 
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Combining the knowledge of cell mechanics with the rheology of these novel biomaterials will 

likely be a major undertaking because the cellular response to strains and stresses will be 

different in the biomimetic 3D environment compared to conventional cell culture plates. 

Although this task is daunting and will require the collaborative effort of many scientists, it is 

highly important, as it will lead to a greater understanding of how tissues and cells function in 

vivo and guide tissue engineering endeavors.  

In addition to material characterization and modelling, dynamic testing will produce valuable 

information about the long-term applicability of these biomaterials. In a medical context, this 

information is pertinent for estimating the lifetime of the implant. Dynamic testing below the 

ultimate and yield strengths over many cycles allows the fatigue properties to be quantified. 

Currently, limited data on stress/strain – cycle relationships has been collected, and it is currently 

unknown if a fatigue limit exists. For the implants to be functional in vivo, they must last the 

appropriate time scale, which could range from days to decades depending on the intended 

application. After the appropriate testing and characterizations are completed, the materials 

should be tested in animal models to validate the in vitro results.  

Another direction of future research to increase the biomimicity of the materials is an 

investigation of the effects of growth factors and signaling molecules as well as extracellular 

matrix components and mineral content. In essence, combining a biochemical approach with 

biophysical studies will inherently increase the complexity of the construct, as tissue engineering 

lies at the intersection of biology, chemistry, and physics. Selectively tuning the cellular response 

on both temporal and spatial scales can lead to the generation of complex heterogenous 

materials. Preliminary research on combining the scaffolds with extracellular matrices with 

hydrogels and covalent bonding have commenced. This research may yield more complete tissue 

models and more effective biomaterials for in vivo applications.  

The aforementioned future research directions should also be applied to the ETI platform 

presented in this thesis. Targeting specific interfaces will establish a unique set of parameters 

that must be met for adequate performance. In particular, repairing the entheses for both 

ligaments and tendons to bone is a significant challenge in orthopedic medicine. The novel ETI 

platform presented here used in combination with the future work outlined above may lead to 

prospective replacements for damaged entheses and insertion sites at the bone-connective tissue 

interface. Further development of these ETIs for a specific mechanical and biochemical profile 

are required to attain this goal. These developments will be concomitant with improvements and 

refinements of in vitro modeling systems for tissue interfaces. 

The ability to “plug and play” with different subunits to make materials with customized 

components can also be explored to address some of the main obstacles in the fields of tissue 

engineering and biomaterial design. Specifically, the necrotic core of larger materials represents 

a major hurdle for recreating biological tissues. The insufficient oxygen and nutrient exchange 

lead to a non-viable core in the material. Introducing pores and vascular systems to combat 
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necrotic core formation has shown varying degrees of success, albeit none of which fully 

resemble the efficacy of the vasculature found in the body. In this thesis it is shown that by 

customizing the shape, small materials can exhibit extensive cell invasion, but when the size of 

the material is increased beyond a few hundred micrometers, the number of cells in the interior 

of the scaffold is reduced. By combining the “Lego-like” approach used in the tissue interface 

studies, larger materials can be built from subunits that have been fully infiltrated with cells. 

Although this method provides a simple mechanism for getting cells in the deep interior of the 

material, it will not ensure their viability; the diffusion of the media and oxygen will be 

insufficient as previously observed. In order to ensure the cells remain viable, a vascular system 

should be introduced. Two separate but not exclusive approaches are readily available for 

addressing the issue of vascular network construction: the first involves exploiting the natural 

vasculature of plant materials, and the second relies on combining the individual subunits with 

custom shapes that form vessels when assembled together.  

 

Figure 7.2 Vessel formation. Multilayered composites can conceivably be combined to produce 

a 3D network of vessels. (A) Individual components or sheets can be made with pre-defined etches 

and pores. (B) The components can be combined to produce a construct with complex 3D vessels 

(C) that cannot be produced by bulk carving and milling. 

 

The four examples presented here are only a small subset of the future studies that can be 

inspired by the work presented in this thesis. Time will tell the full potential of plant-derived, 

cellulose-based biomaterials. It is anticipated that these materials will have significant impacts 

on the fields of cell biology, tissue engineering, and biomaterial design.  

In conclusion, the work presented here attests to the applicability and prospective nature of this 

novel material, and with these results in hand, many more questions and exciting research 

avenues are open for investigation. 

  



136 
 

8 Appendix   

The Rotation of Mouse Myoblast Nuclei is Dependent on 
Substrate Elasticity 

 
This appendix is a reprint of a previously published research paper: 

 
Hickey, R. & Pelling, A. E. The rotation of mouse myoblast nuclei is dependent on substrate 

elasticity. Cytoskeleton 74, 184–194 (2017). 

 

§ 1 Motivation  

The phenomenon of nuclear rotation, wherein the entire nucleus and its contents rotate in unison 

within the cell is ubiquitous and has been observed for several decades. Insights into the 

mechanism governing this process reveal that it is a microtubule-based persistent random walk 

motion. We originally sought to investigate the intracellular force distribution within the cell 

during rotation. However, upon placing the cells on compliant surfaces required for traction force 

microscopy, we found that there was a substrate stiffness effect to the rotation dynamics. Hence, 

we proceeded to investigate the effect of substrate rigidity on nuclear rotation.  

 

§ 2 Hypothesis and Objectives  

We hypothesized that nuclear rotation was a microtubule-based process that depends on the 

elasticity of the substrate. The objective was to gain insight into the dynamics of nuclear rotation 

when biologically relevant stiffnesses were used. 

 

Abstract 

The complex interplay of biochemical signaling and mechanical traction forces regulate the 

position of cellular nuclei. Although the phenomenon of nuclear rotation has been observed for 

many years, the influence of substrate elasticity was unknown. We discovered another layer of 

complexity of this phenomenon: nuclear rotation is dependent on substrate elasticity. Nuclear 

rotation is drastically reduced on physiologically relevant stiffnesses. Here, we studied nuclear 

rotation in mouse C2C12 myoblasts cultured on soft substrates designed to mimic resting tissue 

(~26 kPa) and on hard glass substrates. We examined the roles of the actin and microtubule 

cytoskeleton on the presence and dynamics of nuclear rotation in these two different 
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microenvironments. We demonstrated the clear dependence of nuclear rotation dynamics on 

matrix stiffness. These results will have important implications for the design of future studies of 

nuclear rotation and our understanding of the phenomenon as a whole. Unnaturally hard substrates 

do not only fail to mimic the in vivo microenvironment, but can also induce cellular processes that 

would not normally occur in the natural cellular environment. 

 

Introduction 

The ubiquitous phenomenon of cellular nuclear rotation has been observed for many years 1–11; 

nevertheless, its significance remains poorly understood. Nuclear rotation involves the circular 

movement of the entire nucleus about its centre point 2,5,6,8. This phenomenon has been observed 

in a variety of different cell types 1,2,4–9,12, and a broad range of velocities have been reported 5–8. 

The nature of the rotation also depends on the physical environment of the cell. Nuclei in a three 

dimensional environment rotate in three dimensions 8,13, whereas in a two dimensional 

environment the nuclei rotate about the axis perpendicular to the plane of the substrate 2,5,6,9–11,14. 

Furthermore, in the two dimensional case, clockwise and counterclockwise rotation occur, and the 

direction can change 2,5,6,9–11,14. 

During this phenomenon, the nuclear interior, nuclear envelope, and nuclear pore complexes rotate 

collectively 2,5,6,8. Since the nucleoli positions do not change relative to one another during this 

process, tracking the nucleoli positions serves as a convenient means of quantifying the rotation 2. 

The majority of the intracellular structures, including the centrosome, do not rotate in conjunction 

with the nucleus 2,5,6,8,10,11,13–15. Nuclear movement is largely dependent on microtubules. 

Depolymerizing the microtubule network induces a significant reduction in nuclear rotation, which 

can be restored by rescuing microtubule polymerization 2,5,8,10,11,15. The microtubule associated 

protein dynein rotates the nucleus in single cells 5,10,11. The role of kinesin has not been investigated 

in single cells. In myotubes, kinesin and dynein both localize at the nucleus and drive the rotation 
8. It is possible that the nature of the motor that drives the rotation is dependent on tissue type. 

Consistent with the model of microtubule associated motor protein driven nuclear rotation, 

adenosine triphosphate (ATP) depletion results in a reduction in rotation, which reveals that this 

process is ATP dependent 2. Although the majority of evidence suggests that this phenomenon is 

driven by microtubules and their associated molecular motor dynein, it has also been proposed that 

it is driven by actomyosin contractility 3. It is also known that the vimentin intermediate filament 

(IF) network impedes nuclear rotation 10. This brake mechanism is plausibly mediated by binding 

vimentin to the nuclear surface through the multifunctional cytolinker protein plectin; however, 

direct evidence is required to confirm this hypothesis 10.   

 

The cell nucleus is biochemically and physically connected to its surrounding microenvironment. 

The LINC (linker of nucleoskeleton and cytoskeleton) complex, which consists of SUN and KASH 

proteins, links the cytoskeleton to the nucleus 1,2,4,12,16. The cytoskeleton is also connected to the 
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extracellular matrix (ECM) via focal adhesion complexes 17–20. Probing of the local 

microenvironment involves the interaction between the cytoskeleton and focal adhesion 

complexes, and the generation of traction forces 21–23. This is thought to be a mechanism through 

which cells gain an inherent ability to sense and adapt to changes in their physical environment. 

The elasticity of the microenvironment is now well known to impart significant influence over 

many cellular processes such as stem cell differentiation, myogenesis, and cancer transformation 
24–27.  

 

Importantly, in-vivo tissues can exhibit dynamic changes in their local mechanical properties due 

to contraction/relaxation, movement, pulsatile flow, etc. 28,29. For example, the microenvironment 

of muscle tissue undergoes dynamic changes in elasticity during contraction. There is a large 

difference between the elasticity of resting and active muscle tissue (8-40 kPa and 40-97 kPa 

respectively, measured in mice) 30–34. It has been shown that myogenesis occurs preferentially on 

soft substrates resembling resting muscle tissue stiffness 35. Nuclei must be regularly spaced along 

myotubes for proper muscle function 36–38. To achieve this uniform distribution, nuclei must 

translocate and rotate along the myofibre 8,39. Improper nuclear positioning leads to a variety of 

pathologies such as Emery-Dreifuss muscle dystrophy 40. Therefore, we speculated that there may 

be a relationship between substrate elasticity and the phenomenon of nuclear rotation.   

 

To date, the majority of research in this field has focused on elucidating the physical mechanism 

of nuclear rotation by studying the rotation that occurs on unnaturally hard substrates. The 

influence of substrate elasticity on this process remained unknown. This is an important factor 

because it has been speculated that nuclear rotation may be an artifact associated with removing 

cells from their natural in-vivo environment and culturing them on two-dimensional hard 

substrates 9. Importantly, previous studies of nuclear rotation have all been carried out on hard 

glass or plastic substrates (~1-90 GPa), which are approximately 6orders of magnitude stiffer than 

resting tissue. Therefore, the purpose of this study was to understand the effect of substrate 

stiffness (elasticity) on the phenomenon of nuclear rotation. Here, we studied nuclear rotation in 

mouse C2C12 myoblasts cultured on soft substrates mimicking resting tissue (~26 kPa) and on 

hard glass substrates. We examined the role of the actin and microtubule cytoskeleton on the 

presence and dynamics of nuclear rotation in these two different microenvironments. Importantly, 

we found that nuclear rotation is significantly abolished on substrates mimicking muscle tissue 

elasticity. These results will have important implications for the design of future studies of nuclear 

rotation and our understanding of the phenomenon as a whole. 
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Results 

Soft gelatin gels mimic in vivo stiffness 

The purpose of this study was to assess the dependence of nuclear rotation on substrate elasticity. 

Traditionally, mammalian cells have been cultured on hard glass or plastic substrates. Here, we 

created “soft” substrates by coating them with a thick gelatin cross-linked with glutaraldehyde gel 

(GXG gel), as described previously 22,41. The GXG gel stiffness was tuned to be within the resting 

muscle tissue stiffness regime 30,31,33,42. Atomic force microscopy was used to confirm the stiffness 

of the GXG substrate by fitting acquired force curves to the Sneddon-Hertz model for a conical 

indenter at shallow 200 nm indentations 43. The stiffness of the GXG was determined to be 26.4 ± 

0.5 kPa. As a comparison, we also applied a thin coat of gelatin to glass substrates to constitute a 

“hard” substrate. The stiffness of the glass substrate has been previously determined to be ~ 1 GPa 
44. 

 

Nuclear rotation can be monitored by tracking nucleolar positions 

C2C12 myoblasts were cultured on both the hard and soft substrates in order to assess nuclear 

rotation on both environments. C2C12 myoblasts were used in this study because they are known 

to exhibit nuclear rotation upon fusion into myotubes 8, and they are well known to be 

mechanosensitive 22. To monitor the nuclear rotation, time-lapse phase contrast experiments were 

conducted by capturing an image every 10 minutes for 12 hours. The axis of rotation was always 

clearly perpendicular to the surface of the substrate, consistent with other studies 2,5,6,9–11,14 (Fig. 

S1 in supplementary material). The rotation occurred in both clockwise and counterclockwise 

directions without any clear preference. It was observed that the positions of the nucleoli did not 

change relative to one another (Fig. S1 in supplementary material), consistent with previous studies 
2. The positions of the nucleoli served as a convenient means of tracking the rotation because the 

entire nucleus moved together as a unit 2. The x,y coordinates of the nucleoli were tracked using 

the ImageJ plugin MTrackJ. Furthermore, the x,y coordinates of the centre of the nucleus were 

also recorded to monitor translational movement. Rotation and translation of the nucleus typically 

occurred simultaneously (Fig. S1 in supplementary material). It should be noted that translational 

movement was not a requirement for rotation to occur; nevertheless, translational movement often 

accompanied rotation. A correction for the translational movement of the cells was required in 

order to quantify and study the rotational movement of the nucleus. The correction for translational 

movement was accomplished by subtracting the x,y coordinates of the centre of the nucleus from 

the x,y coordinates of the nucleoli 3,5,10 (Fig. S1 in supplementary material). The corrected nuclear 

rotation is simply the rotational movement of the nucleus in the absence of any translation (Fig. 

S1 in supplementary material). The corrected data was then used to quantify the dynamics of the 

motion. Although the nature of the rotation described here is congruent with past results, this 



140 
 

appears to be the first study investigating nuclear rotation on soft, physiologically relevant 

substrate stiffnesses. 

 

 

Rotating nuclei were defined as nuclear rotations greater than ± 90° 
 

Over the course of the time-lapse experiments, all nuclei demonstrated angular movement to 

varying extents. At one extreme the nuclei completed multiple full rotations, while at the other 

extreme the nuclei only rotated by a few degrees. It was also observed that the direction of rotation 

could change during a single time-lapse measurement. Consistent with previous studies 2, we 

defined a critical angle (θcrit) for rotation as ± 90°. As a result, nuclei that rotated more than ± 90° 

were identified as rotating nuclei, and nuclei that rotated less than ± 90° were classified as non-

rotating nuclei (Fig. S2 in supplementary material). Angle-time plots were produced from the time-

lapse data where the angular position at time t = 0 min was defined as 0°. Counterclockwise 

rotation was defined as positive rotation, and clockwise rotation was defined as negative rotation. 

Therefore, if a nucleus was to undergo multiple rotations in a single direction, the change in angle 

would approach 360° and then abruptly return to 0° as the nucleus undergoes a complete rotation 

(Fig. S2 in supplementary material).   

 

Nuclear rotation is drastically reduced on a physiologically relevant 

substrate stiffness 

After tracking the nuclear rotation on both the hard and soft substrates (N = 75 nuclei in both cases) 

the percentage of cells that exhibited this phenomenon was first determined. The mean percentage 

of nuclei rotating and the standard error of the mean were calculated from three replicate time-

lapse experiments for each condition. A significantly higher percentage of nuclei rotated on the 

hard substrate (64.0 ± 4.0%) compared to the control on the soft substrate (33.3 ± 1.3%) (P = 

1.1x10-3) (Fig. 1A).  Next, the microtubule drug nocodazole was added to interfere with 

microtubule polymerization, which resulted in microtubule destabilization (Fig. S3 in 

supplementary material). The addition of nocodazole abolished nuclear rotation on both the hard 

and soft substrates, and the percentage of nuclei that rotated was not significantly different than 

zero (N = 45 nuclei on both substrates, hard: P = 5.7x10-2, soft: P = 4.2x10-1) (data not shown). 

Since nocodazole completely eliminated nuclear rotation and displayed no dependence on 

substrate stiffness, we did not analyze the data for the other rotational dynamics that are reported 

below for the other conditions. Interestingly, when the cells were exposed to the microtubule 

stabilizing agent paclitaxel (Fig. S3 in supplementary material), a significant reduction in the 

percentage of rotating nuclei compared to the control (no drug) was observed for the hard substrate 

(31.1 ± 5.9%, N = 45, P = 5.1x10-4), but not for the soft substrate (20.0 ± 3.8%, N = 45, P = 3.2x10-
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1) (Fig. 1A). To investigate the role of actomyosin contractility in nuclear rotation the myosin II 

inhibitor blebbistatin was used (Fig. S3 in supplementary material).  It was found that there was 

no significant change in the percentage of nuclei undergoing rotation compared to the control on 

the hard substrate (80.0 ± 3.8%, N = 45, P = 1.5x10-1); however, a significant increase compared 

to the control was observed on the soft substrate (77.8 ± 5.9%, N = 45, P = 1.4x10-5) (Fig. 1A). 

 

To further characterize this process, the absolute value of the net rotation of only the rotating nuclei 

was investigated. This analysis was conducted independently of the direction of rotation. Although 

the average net rotation on the hard substrate (426.0 ± 55.2°, N = 48) was slightly larger than the 

soft substrate (275.2 ± 57.7°, N = 25), they were not significantly different (P = 2.7x10-1) (Fig. 

1B). In the presence of paclitaxel there was a significant reduction in the net rotation compared to 

the control on the hard substrate (160.5 ± 19.5°, N = 14, P = 6.8x10-4); however, there was no 

significant change compared to the control for the soft substrate (105.4 ± 11.2°, N = 9, P = 4.1x10-

1) (Fig. 1B). Moreover, no significant change in net rotation was observed after blebbistatin 

treatment for the hard (338.0 ± 30.1°, N = 36, P = 6.1x10-1) and soft (299.1 ± 28.9°, N = 35, P = 

1.0) substrates compared to the control (Fig. 1B).   

 

The analysis of the net rotation does not account for changes in direction that were occasionally 

observed. The total rotation was evaluated to account for the changes in direction. The total 

rotation was calculated as the sum of the absolute values of the changes in angular position of the 

rotating nuclei. For instance, suppose a nucleus first rotated +30° and then rotated -20°. The net 

rotation is +10°, whereas the total rotation is 50°. Unlike the net rotation analysis, the total rotation 

of the nuclei on the hard substrate (1300.2 ± 125.0°, N = 48) was significantly greater than that of 

the soft substrate (851.9 ± 74.1°, N = 25) (P = 3.1x10-2) (Fig. 1C). As was observed in the net 

rotation analysis, the treatment of paclitaxel resulted in a significant reduction of total rotation 

compared to the control on the hard substrate (559.5 ± 42.8°, N = 14, P = 6.8x10-4) but not the soft 

substrate (661.7 ± 53.3°, N = 9, P = 9.6x10-1) (Fig. 1C); however, treatment with blebbistatin did 

not significantly change the amount of total rotation compared to the control (hard: 1159.4 ± 72.7°, 

N = 36, P = 8.8x10-1 and soft: 1070.12 ± 56.9°, N = 35, P = 7.1x10-1) (Fig. 1C).   

 

In addition to assessing the prevalence and amount of nuclear rotation, the angular velocity was 

also investigated in order to gain a more complete understanding of this phenomenon. The angular 

velocity of the rotating nuclei was evaluated independently of the direction of rotation. It was 

found that the angular velocity on the hard substrate (33.1 ± 2.5°/min, N = 48) was significantly 

greater than the angular velocity on the soft substrate (15.6 ± 1.1°/min, N = 25) (P = 5.6x10-8) (Fig. 

1D). The addition of paclitaxel resulted in a significant decrease in angular velocity compared to 

the control on the hard substrate (11.0 ± 0.5°/min, N = 14, P = 1.7x10-8) but not the soft substrate 

(10.3 ± 0.7°/min, N = 9, P = 7.7x10-1) (Fig. 1D). Exposure to blebbistatin on the hard substrate led 

to a significant reduction in angular velocity compared to the control (26.7 ± 1.4°/min, N = 36, P 
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= 4.2x10-2), whereas exposure to blebbistatin on the soft substrate resulted in a significant increase 

in angular velocity compared to the control (27.7 ± 1.2°/min, N = 35, P = 1.2x10-4) (Fig. 1D).   

 

Notably, throughout each of the nuclear rotation analyses there was no statistically significant 

difference between the paclitaxel treated samples on the hard substrate and the control samples on 

the soft substrate (percentage of nuclei rotating: P = 1.0 (Fig. 1A), net rotation: P = 7.5x10-1 (Fig. 

1B), total rotation: P = 5.6x10-1 (Fig. 1C), and angular velocity: P = 7.9x10-1 (Fig. 1D)).  

 
Figure 1: Nuclear rotation dynamics. The nuclear rotation dynamics were quantified for the 

rotating nuclei in the presence of the cytoskeletal drugs paclitaxel and blebbistatin on two different 

substrates. The hard substrate was glass with a thin layer of gelatin (grey), and the soft substrate 

was a GXG hydrogel (white). The (A) percent of nuclei rotating, (B) the net rotation, (C) total 

rotation, and (D) angular velocity were calculated. All values are mean ± s.e.m. 
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Substrate dependent nuclear rotation is not caused by differences in 

nuclear shape 

 
Previous studies have shown that the nuclear shape changes with substrate stiffness 45. Moreover, 

an early investigation of nuclear rotation claimed that a nearly circular nucleus is required for 

rotation to occur 15. We speculated that it is possible that changes in rotation on varying 

stiffnesses are a result of differences in friction experienced by nuclei of different shapes. To 

assess whether the nuclear shape was different in our experimental conditions, the circularity of 

the nucleus was calculated for N = 35 cells on each substrate (Fig. 2). The circularity (C) was 

calculated in ImageJ as 𝐶 = 4𝜋
𝑎𝑟𝑒𝑎

𝑝𝑒𝑟𝑖𝑚𝑒𝑡𝑒𝑟2  . No significant difference between the cells on the 

hard and soft matrices was found for the circularity of the nuclei (hard: 0.73 ± 0.01 and soft: 0.70 

± 0.02, P > 0.05) (Fig. 2B). Furthermore, the apparent nuclear height was also compared because 

nuclei are 3D structures (Fig. 2). No significant difference in height was found between the 

nuclei on the hard and soft substrates (hard: 6.31 ± 0.34 and soft: 5.84 ± 0.34, N = 25, P > 0.05) 

(Fig. 2B).                                               

 
Figure 2: Nuclear shape. C2C12 myoblast cells were stained with dapi, and the circularity and 

apparent nuclear height were calculated. (A) XY and ZX maximum projections of dapi stained 

nuclei on the hard and soft substrates. (B) The circularity (left axis) and the apparent nuclear height 
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(right axis) of nuclei on the hard and soft substrates. The hard substrate was glass with a thin layer 

of gelatin, and the soft substrate was a GXG hydrogel. All values are mean ± s.e.m. 

 

Vimentin localization is altered on soft substrate stiffnesses 

Intermediate filaments (IFs), particularly Vimentin IFs, are known to play an important role in 

regulating nuclear rotation in fibroblasts 10. Extensive nuclear rotation has been observed in 

vimentin null cells, and vimentin has been shown to inhibit the dynamics of the nucleus 10. To 

assess a potential role of vimentin in the observed substrate stiffness dependent nuclear rotation, 

the C2C12 myoblasts were stained for vimentin and imaged using confocal microscopy. Different 

localization of the vimentin IF network was observed on the hard and soft substrates. Specifically, 

on the hard substrate the vimentin IF network extended to the cell periphery, while on the soft 

substrate the vimentin IF network condensed around the nucleus (Fig. 3A). The percentage of cell 

area coverage by the vimentin IF network was calculated for both substrates. A significantly higher 

percentage of the cell area was covered by the vimentin IF network on the hard substrate (39.5 ± 

1.2%, N = 10) than on the soft substrate (31.7 ± 2.0%, N = 10) (P = 3.0x10-2) (Fig. 3B). The 

addition of paclitaxel did not significantly change the vimentin IF area percentage on the hard 

(33.4 ± 1.6%, N = 10, P = 1.6x10-1) and soft (28.3 ± 2.2%, N = 10, P = 7.4x10-1) substrates 

compared to the control (Fig. 3B). Conversely, a significantly reduced vimentin IF area percentage 

compared to the control was observed after blebbistatin treatment on the hard (31.6 ± 0.9%, N = 

10, P = 2.6x10-2) and soft (24.1 ± 2.2%, N = 10, P = 3.5x10-2) substrates (Fig. 3B). 
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Figure 3: Vimentin IF localization. C2C12 myoblast cells were stained for vimentin, and the 

percentage of the total cell area coverage by the vimentin IFs was calculated. (A) Thresholded 

vimentin IF networks (black) and the cell border (red) on the hard and soft substrates. (B) 

Percentage of cell area coverage by vimentin IFs in the presence of the cytoskeletal drugs 

paclitaxel and blebbistatin on two different substrates. The hard substrate was glass with a thin 

layer of gelatin (grey), and the soft substrate was a GXG hydrogel (white). All values are mean ± 

s.e.m. 

 

Myoblasts sense and respond to mechanical cues of the 

microenvironment 

As our results demonstrate a clear sensitivity of the dynamics of nuclear rotation to the mechanical 

properties of the substrate, we also sought to characterize the morphology of the focal adhesion 

complexes 46. Focal adhesions interact with the cytoskeleton and the ECM, and are crucial for 

mechanosensing and mechanotransduction 18,47–50. Vinculin staining in combination with confocal 

microscopy was used to assess the size of focal adhesions on the hard and soft substrates. Large 

punctate focal adhesion complexes were observed on the hard substrate, whereas small and more 

diffuse focal adhesions were found on the soft substrate (Fig. 4) as expected 20,47,51,52. In order to 

quantify the focal adhesion sizes on each substrate, the confocal images were segmented and 

thresholded, and only the z-planes containing the focal adhesion complexes were evaluated (Fig. 

4A). These planes corresponded to the interface between the cell and the substrate because the 

focal adhesions allow the cell to adhere to the substrate.  It was found that the average focal 

adhesion size was significantly larger for the cells on the hard substrate (1.20 ± 0.07 μm2) in 

comparison to the soft substrate (0.72 ± 0.02 μm2) (N = 5 cells, P = 3.4x10-3) (Fig. 4B). In the 

presence of paclitaxel, there was no significant difference in focal adhesion size for both the hard 

(1.00 ± 0.08 μm2, N = 5 cells, P = 6.1x10-1) and soft (0.71 ± 0.07 μm2, N = 5 cells, P = 1.0) 

substrates (Fig. 4B). Exposure to blebbistatin on the hard substrate led to a significant reduction in 

focal adhesion size (0.82 ± 0.06 μm2, N = 5 cells, P = 1.8x10-4), whereas exposure to blebbistatin 

on the soft substrate resulted in a significant increase in focal adhesion size (0.97 ± 0.06 μm2, N = 

5 cells, P = 5.2x10-3) (Fig. 4B). 
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Figure 4: Focal adhesion size. The sizes of focal adhesion complexes of C2C12 myoblast cells 

were calculated. (A) Left: C2C12 myoblast stained for actin (red), vinculin (green), and the nucleus 

(blue). Right: thresholded and segmented image of the vinculin stain showing focal adhesions. (B) 

Average focal adhesion size in the presence of the cytoskeletal drugs paclitaxel and blebbistatin 

on two different substrates. The hard substrate was glass with a thin layer of gelatin (grey), and 

the soft substrate was a GXG hydrogel (white). All values are mean ± s.e.m. 

 

Discussion 
In this study we reveal another layer of complexity of the phenomenon of nuclear rotation. Our 

results indicate that nuclear rotation is dependent on substrate elasticity. Our results on hard 

substrates are coherent with previous studies; however, we showed for the first time that a 

significant reduction in the prevalence, magnitude, and speed of rotation occur on soft substrates 

designed to mimic the physical properties of resting muscle tissue 22,30,31,33,41,42. Previous studies 

on nuclear rotation have been performed on hard substrates that can have a stiffness in the GPa 

range 1,2,5,6,8,9,15. Such a high substrate stiffness is not generally relevant as tissues are typically in 

the 10-100 kPa range 25,53. A moderate level of rotation was observed on an intermediate 100kPa 

stiffness. On the 100kPa GXG gels, the amount of rotation resembled the hard glass substrate, 

while the angular velocity was comparable to the soft gel substrate. In order to maintain the same 

surface biochemistry between the hard and soft substrates used in this study, the glass substrate 

was coated with a thin layer of gelatin 22. As a result, the observed differences could be attributed 

to substrate elasticity and not surface chemistry. 
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The dynamics of the observed rotation on the hard substrate was consistent with previous studies 
1,2,11,14,3–10. We found that microtubule depolymerization induced by the addition of nocodazole 

completely abolished nuclear rotation. Conversely, the inhibition of actomyosin contractility 

mediated by the addition of blebbistatin had little effect. We conclude that nuclear rotation is a 

microtubule dependent phenomenon. This conclusion is in agreement with the vast majority of 

research on this process 2,5,8,10,11,15. However, there is a small body of work proposing that the 

rotation may also be caused by actomyosin contractility, though the discrepancy in findings may 

be due to a number of factors including cell type, cell morphology and micropatterning, and drug 

concentrations 3. For example, in the study that claimed actomyosin contractility causes the 

rotation 3, the concentration of microtubule inhibiting drugs was considerably lower than those 

used in other studies 5,8,10 as well as the present one. Moreover, the cells were confined to 

micropatterned geometries, which has been shown to cause the centrosome to move unnaturally 

close to the nucleus and suppress nuclear dynamics 11. It is clear that the experimental conditions 

affect the nature of the nuclear movement and great care should be taken when making 

comparisons between previously published reports. 

 

It is well known that there is cross-talk between the various cytoskeletal elements 54,55. Transport 

of vimentin IF subunits is reliant on transport along microtubules 55,56. The vimentin subunits are 

transported bidirectionally along dynamic microtubules, and are transported via motor proteins 
55,56. In a study involving vimentin null cells, it was found that nuclear rotation is regulated by two 

distinct mechanisms: the rotation is driven by microtubules and their associated motor proteins, 

and is inhibited by vimentin IFs 10. Interestingly, the vimentin IF network changes localization on 

different substrate stiffnesses. The total amount of vimentin IF protein remains constant when the 

matrix stiffness is varied; however, the solubility and localization of the vimentin IFs change 57. 

Our results and the results from previous investigations reveal that on soft substrates the vimentin 

IF network condenses around the nucleus, whereas on hard substrates the vimentin IF network 

extends to the cell periphery and interacts with focal adhesions 17,48,57. The reduced vimentin IF 

area was concomitant with the reduction in nuclear rotation. Therefore, we suspect there are two 

levels of regulation that govern the observed matrix stiffness dependent nuclear rotation. The first 

is an alteration in microtubule dynamics, and the second is a change in vimentin IF localization. 

 

Our results show that nuclear rotation is reduced on soft substrates. This novel phenomenon is a 

unique response to a soft microenvironment. The known mechanisms governing the rotation are 

modulated in response to the mechanical properties of the matrix. Since it was confirmed that the 

rotation is dependent on microtubules, a low concentration of paclitaxel was used to suppress 

microtubule dynamics. Although there was a decrease in rotation, a basal level persisted in the 

absence of dynamic microtubules. Interestingly, the prevalence, magnitude, and velocity of the 

rotation on the soft substrate in the absence of the microtubule stabilizing drug paclitaxel was not 

significantly different than that of the hard substrate in the presence of paclitaxel. This result 

suggests there may be a difference in the dynamics of the microtubules on the hard and soft 
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substrates. In light of the microtubule motor protein mechanism of rotation, wherein rotation is 

caused by an imbalance of force on the nucleus when more microtubules are in contact with one 

side of the nucleus, a reduction in microtubule dynamics can lead to a reduction in rotation 11. It is 

also possible that the spatial distribution of microtubules around the nucleus changes on different 

substrate stiffnesses. Different spatial distributions can lead to differences in rotation. Our results 

did not show any spatial distribution differences (Fig. S3 in supplementary material); however, it 

is possible that minute but significant differences are present below our limit of detection. 

 

Paclitaxel was used to assess the role of dynamic microtubules on the localization of vimentin IFs. 

No significant change in the vimentin IF organization was observed in response to microtubule 

stabilization. This data suggests the two proposed mechanisms governing the substrate stiffness 

dependent nuclear rotation are distinct. Surprisingly, the blebbistatin treatment resulted in a 

decreased vimentin area percentage. This result may be caused by the increased membrane ruffling 

induced by increased Rac activity in the presence of blebbistatin 54. Initially it seemed curious that 

the high amount of nuclear rotation was observed in the presence of blebbistatin regardless of the 

collapse of the vimentin IF network around the nucleus; however, an increase in microtubule 

dynamics coincides with increased Rac activity, which is stimulated by blebbistatin treatment 58. 

Thus, if the suggested mechanisms are correct, the increase in microtubule dynamics that drive the 

nuclear rotation may outweigh the effects of the vimentin IF dependent impairment of rotation. 

Future work will be required to more closely investigate these speculations. 

The shape of nuclei can change on different substrate stiffnesses 45. Consequently, it is plausible 

that nuclear rotation can be affected by the shape of the nucleus via differences in friction. 

However, our results show that under these experimental conditions, the shapes of the nuclei were 

not significantly different on the hard and soft substrates. Therefore, we conclude that the observed 

substrate stiffness dependent nuclear rotation was not governed by differences in friction due to 

altered nuclear shape. 

 

Our results show that nuclear rotation is dependent on substrate stiffness. The nucleus is 

biochemically and physically connected to the surrounding microenvironment by the cytoskeleton. 

Probing the ECM involves the interaction between the cytoskeleton and focal adhesion complexes 
17–23. Focal adhesion complexes are heavily involved in mechanosensing and mechanotransduction 

pathways 19,22,26,49,59–61. It was found that the focal adhesions were larger and more punctate on the 

hard substrate compared to the soft substrate, consistent with observations made in previous 

studies 20,47,51. In the presence of paclitaxel, no change in focal adhesion size was observed; 

however, the addition of blebbistatin altered focal adhesion size. Tension, traction forces, 

cytoskeletal organization, cytoskeletal dynamics, and complex signaling involving FAK, Rac, 

Rho, and ROCK are known to regulate focal adhesion size 17–20,62. It is important to note that focal 

adhesion size does not dictate nuclear rotation. Clearly the cells are sensing the mechanical 

properties of their microenvironment, and the mechanical cues from the microenvironment affect 

intracellular dynamics. Further investigations must be performed to discover the exact mechanism 
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in which the mechanical cues of the extracellular matrix are sensed at focal adhesions, lead to 

cytoskeletal reorganization, and ultimately dictate nuclear dynamics and positioning. 

 

Nuclear rotation is an ATP dependent process 2,5,8; thus, it is logical to postulate that nuclear 

rotation serves an important function inside the cell because of its large energy cost. However, our 

results demonstrate that nuclear rotation is significantly suppressed on physiologically relevant 

substrate stiffnesses. The results from this study have important implications for the design of 

future studies. Unnaturally hard substrates do not only fail to mimic the in vivo microenvironment, 

but can also induce cellular processes that would not normally occur in the natural cellular 

environment. 

 

Methods 

Preparation of glutaraldehyde cross-linked gelatin (GXG) substrates 

A sterile stock solution of Porcine Type-A Gelatin (GE) (Sigma-Aldrich) was made by autoclaving 

20% (mg/mL) GE in distilled water. For the 4% (26 kPa) and 10% (100 kPa) GE substrates, the 

20% stock solution was diluted with sterilized distilled water. Next, 1 mL of the GE solution was 

crosslinked with 8 μL of 50% glutaraldehyde (GA) (Sigma-Aldrich). The solution was spread 

evenly over the surface of a 35 mm plastic culture dish (TPP), which was placed in a humidity 

chamber and stored in the refrigerator overnight. The gels were then rinsed with cold phosphate 

buffer saline (PBS) three times. Excess unreacted GA was reduced with NaBH4 (2.5 mg/ml) 

dissolved in cold PBS on ice for 1 h. The dishes were rinsed with PBS three times and then UV 

sterilized for 1 min (Spectroline UV Crosslinker Select Series). The GXG gels were incubated 

with 2 mL of cell culture media for 4 h at 37°C, 5% CO2. After 4 h, cells were seeded onto the 

GXG substrates. For the hard control substrates, the cells were cultured directly on 0.1% GE coated 

glass coverslips.  

Cell culture and drug treatments 

C2C12 mouse myoblast cells were maintained at 37°C and 5% CO2. The cells were cultured in 

Delbecco’s Modified Eagle Medium – High Glucose (DMEM), supplemented with 10% fetal 

bovine serum and 1% penicillin/streptomycin (100 U/mL and 100 μg/mL respectively) (Hyclone 

Laboratories Inc.). Experiments were performed 24-48 h after cells were plated on the 0.1% GE 

or 4% GXG substrates in 35 mm culture dishes (TPP) containing 2.5 mL of DMEM. All drugs 

were added 30 min prior to the start of the experiment. The cytoskeletal drugs used were 

nocodazole (10 μM), paclitaxel (250 nM), and blebbistatin (50 μM). The stock solutions of the 

drugs were maintained in DMSO.   
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Immunofluorescence staining 

Actin, microtubules, and focal adhesions: 

The cells were fixed with 3.5% paraformaldehyde and permeabilized with 0.5% Triton X-100. 

Cells were then quenched in 0.15 M glycine for 25 min. Vinculin was labelled with a monoclonal 

anti-vinculin primary antibody produced in mouse (Invitrogen) (1:100 dilution, 30 min incubation) 

and a rabbit anti-mouse IgG secondary (Invitrogen) antibody conjugated to AlexaFluor 488 

fluorophore (1:200 dilution, 30 min incubation). Microtubule staining was accomplished with an 

alpha-tubulin primary antibody produced in mouse and a rabbit anti-mouse IgG secondary 

(Invitrogen) antibody conjugated to AlexaFluor 488 fluorophore (each at a 1:200 dilution, 30 min 

incubations). During the microtubule staining the samples were kept on ice.  Actin filaments were 

stained with Phalloidin Alexa Fluor 546 (Invitrogen) (1:100 dilution, 30 min incubation), and the 

nuclei were stained with DAPI (Invitrogen) (1:200 dilution, 30 min incubation). Following each 

step in the procedure, the samples were washed and incubated with blocking buffer (5% horse 

serum (Sigma) in PBS). After the staining, phosphate buffer saline (PBS) was added to the samples 

to maintain hydration before imaging. 

 

Vimentin: 

Cells were fixed with methanol at -20°C for 3 min. The samples were washed three times at room 

temperature for 10 min. The vimentin was labeled with a monoclonal anti-vimentin primary 

antibody produced in rabbit (Abcam) (1:200 dilution, 1 h). After three PBS washes for 10 min, a 

goat anti-rabbit IgG secondary antibody (Invitrogen) conjugated to Alexa Fluor 488 (1:200 

dilution, 30 min) and DAPI (Invitrogen) (1:200, 30 min) were added.  After the staining, PBS was 

added to the samples to maintain hydration before imaging. 

 

Atomic force microscopy 

A Nanowizard II atomic force microscope (AFM) (JPK Instruments, Germany) was used to 

determine the substrate elasticity in all experiments. PNP-TR-50 cantilevers were used for each 

measurement and had an experimentally determined spring constant of 63.5 ± 7.2 mN/m. Force-

indentation curves were acquired on substrates at 546 Hz with a set point of 1.0 nN. Substrate 

elasticity was calculated by fitting the force curves to the Sneddon-Hertz model for a conical 

indenter for shallow 200 nm indentations, assuming a Poisson ratio of 0.5 (PUNIAS 3D Software). 

For each substrate, N = 3 plates were prepared and 10 force curves were acquired at 25 random 

locations on the substrate for a total of 250 force curves.    
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Time-lapse microscopy and laser scanning confocal microscopy 

Time-lapse phase contrast microscopy was performed on a Nikon Eclipse TiE epi-fluorescence 

and phase contrast microscope (Nikon, Canada). Nuclear rotation was monitored by acquiring a 

phase contrast image every 10 min for 12 h with a CCD camera (Photometric Cool Snap HQ2) and 

a 10X objective lens. To ensure cell viability, cells were maintained at 37°C and 5% CO2 on the 

microscope stage for the duration of the experiment. In some cases, the cells were imaged with 

laser scanning confocal microscopy. The confocal microscopy was used to image microtubules, 

intermediate filaments, actin, and DNA. A Nikon TiE A1-R high speed resonant scanner confocal 

microscope was used with a 60X water immersion objective. Confocal images presented here are 

maximum intensity z-projections of confocal volumes. Brightness/contrast settings were adjusted 

to maximize the fluorophore signal; otherwise, no other image manipulations were performed.   

 

Quantification of nuclear rotation  

Fiji ImageJ manual tracker and MTrackJ plugins were used to track the nucleoli over the course 

of the time-lapse experiment. The x,y positions of the nucleoli and the nucleus centroid were 

recorded. To account for the translational movement of the cells, the x,y coordinates of the nucleus 

centroid was subtracted from the x,y coordinates of the nucleoli. Origin 8.5 was used to calculate 

the angle of rotation and the angular velocity of rotation. 

 

Quantification of nuclear shape 

The nuclei were imaged using confocal microscopy. The maximum intensity z-projections were 

thresholded, and the circularity (C) of the nuclei was calculated using the Fiji ImageJ analyze 

particles plugin as 𝐶 = 4𝜋
𝑎𝑟𝑒𝑎

𝑝𝑒𝑟𝑖𝑚𝑒𝑡𝑒𝑟2 . The apparent nuclear height was measured from the 

orthogonal views of the confocal stacks in Fiji ImageJ.  

 

Quantification of focal adhesion size 

Focal adhesion complexes were imaged using confocal microscopy. The images were segmented 

and thresholded using the adaptive thresholding plugin available in Fiji ImageJ. The lower limit 

for the focal adhesion size was set to 0.25 μm2. The focal adhesion sizes were measured using the 

Fiji ImageJ analyze particles plugin. 
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Quantification of vimentin intermediate filament cell area coverage 

The vimentin intermediate filaments were imaged using confocal microscopy. The maximum z-

projections were thresholded using the adaptive thresholding plugin available in Fiji ImageJ. The 

Fiji ImageJ analyze particles plugin was used to measure the area of the vimentin network. The 

lower limit for the particle size was set to 0.05 μm2. 

 

Statistical analysis 

One-way ANOVA tests were used to identify statistical differences of the characteristics of nuclear 

rotation between the different substrates in the presence of the cytoskeletal drugs. The Tukey post 

hoc analysis was completed to decipher the statistical difference between the individual samples. 

For the comparison of more than two samples, the one-way ANOVA was used instead of multiple 

Student’s t-tests to reduce the risk of type 1 statistical errors. When only two samples were 

compared, the Student’s t-test was used. A one-tailed Student’s t-test was used to compare the 

percentage of cells rotating for the nocodazole treated cells on the hard and soft samples to the null 

hypothesis value H0 = 0%. All values presented are the mean ± the standard error of the mean 

(s.e.m). The standard error of the mean was used instead of the standard deviation because when 

dealing with biological samples it is not possible to study the whole population; instead, a 

representative sample is used as an estimate for the population. Statistical significance refers to P 

< 0.05. The asterisks in the figures signify a statistically significant difference relative to the 

control for the corresponding substrate. 
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Supplementary Figure S1: Tracking cellular nuclear rotation. The ImageJ plugin MTrackJ 

was used to track the x,y positions of the nucleoli and the centre of the nucleus. (A) A phase 

contrast time-lapse experiment of a C2C12 myoblast undergoing nuclear rotation. Two nucleoli 

are highlighted by the red and blue arrow heads. The white arrow depicts the clockwise direction 

of the nuclear rotation. (B) Nuclear rotation and translation of a C2C12 myoblast nucleus. Tracks 

of a single nucleolus (colour) and the centre of the nucleus (black). The time is represented in the 

colour map (red=start, blue=end). (C) Corrected nuclear rotation. The translational movement was 

corrected for by subtracting the coordinates of the centre of the nucleus from the coordinates of 

each nucleolus. 
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Supplementary Figure S2: Defining nuclear rotation. The nucleolar positions normalized to 

360° were plotted as a function of time. Nuclei that rotated more than ± 90° were identified as  

rotating nuclei (black line) while nuclei that rotated less than ± 90° were identified as non-rotating 

nuclei (red line). The ± 90° critical angle for nuclear rotation is indicated by the dashed lines.   
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Supplementary Figure S3: Effects of microtubule and actin drugs. The microtubules (green), 

actin filaments (red), and DNA (blue) were stained in the presence of the cytoskeletal drugs 

nocodazole, paclitaxel, and blebbistatin on the hard and soft substrates. The hard substrate was 

glass with a thin layer of gelatin, and the soft substrate was a GXG hydrogel.  

 

 

 


