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Abstract 

Methylmercury (MeHg) is a global pollutant that can bioaccumulate and biomagnify along the aquatic 

food chain, causing adverse outcomes in humans and wildlife. Effective biomonitoring programs are 

needed to identify high exposure populations and to develop proper mitigation strategies. However, 

biomonitoring results showed high inter-individual variability in the relationship between MeHg 

exposure and body burden. Moreover, the gut microbiota can potentially play a role in MeHg 

transformations, and it is widely believed that the gut microbiota may be the underlying reason for the 

variability between and within a population. However, the microbially-mediated mechanisms of Hg 

transformation in the gastrointestinal environment is poorly understood. The overarching goal of my 

thesis is to investigate the role of gut microbiota in MeHg transformation in human, and the relationship 

between environmental pollutants and the gut microbiota of sentinel species such as river otters (Lontra 

canadensis) and seabirds (Arctic Tern [Sterna paradisaea], Black Guillemot [Cepphus grille], 

Common Eider [Somateria mollissima], Double-crested Cormorant [Phalacrocorax auratus], and 

Leach’s Storm Petrel [Oceanodroma leucorhoa]). My thesis consists of four research papers. In the 

first paper, I discovered that the gut microbiota`s ability to demethylate MeHg is significantly enhanced 

by altering the diet. In my second paper, I discovered a novel MeHg degradation pathway. In the third 

and fourth papers, I explored the effect of Hg and other environmental contaminant exposure on river 

otters and seabirds gut microbial community structures and found a relationship between prey selection 

and diet to the gut microbial structure. In conclusion, my thesis explores the relationship between diet, 

prey selection, environment contaminants and the humans and wildlife gut microbiota and contributes 

to understanding the gut microbiota’s role in biomonitoring of ecosystem and human health. 
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Résumé 

Le méthylmercure (MeHg) est un polluant mondial qui peut se bioaccumuler et se bioamplifier le long de 

la chaîne alimentaire aquatique, entraînant des effets néfastes chez les humains et la faune. Des programmes 

de biosurveillance efficaces sont nécessaires pour identifier les populations fortement exposées et pour 

développer des stratégies d'atténuation appropriées. Cependant, les résultats de la biosurveillance ont 

montré une forte variabilité interindividuelle dans la relation entre l'exposition au MeHg et la charge 

corporelle. De plus, le microbiote intestinal peut potentiellement jouer un rôle dans les transformations du 

MeHg, et il est largement admis que le microbiote intestinal peut être la cause de la variabilité entre et au 

sein d'une population. Cependant, les mécanismes causant la transformation microbienne du Hg dans 

l'environnement gastro-intestinal sont mal compris. L'objectif primordial de ma thèse est d'étudier le rôle 

du microbiote intestinal dans la transformation du MeHg chez l'homme, et la relation entre les polluants 

environnementaux et le microbiote intestinal d'espèces sentinelles telles que la loutre de rivière (Lontra 

canadensis) et les oiseaux de mer (Sterne arctique [Sterna paradisaea]) , Guillemot noir [Cepphus grille], 

Eider à duvet [Somateria mollissima], Cormoran à aigrettes [Phalacrocorax auratus] et Pétrel orageux de 

Leach [Oceanodroma leucorhoa]). Ma thèse se compose de quatre articles de recherche. Dans le premier 

article, j'ai découvert que la capacité du microbiote intestinal à déméthyler MeHg est considérablement 

améliorée en modifiant le régime alimentaire. Dans mon deuxième article, j'ai découvert une nouvelle voie 

de dégradation du MeHg. Dans le troisième et le quatrième articles, j'ai exploré l'effet de l'exposition au Hg 

et à d'autres contaminants environnementaux sur les structures microbiennes intestinales des loutres de 

rivière et des oiseaux de mer et j'ai trouvé une relation entre la sélection des proies et le régime alimentaire 

sur la structure microbienne intestinale. En conclusion, ma thèse explore la relation entre l'alimentation, la 

sélection des proies, les contaminants de l'environnement et le microbiote intestinal des humains et de la 

faune et contribue à comprendre le rôle du microbiote intestinal dans la biosurveillance de l'écosystème et 

de la santé humaine.  
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Chapter 1: General introduction 

1.1 Rationale 

Mercury (Hg) is one of the most toxic metals in the environment. The organic form, 

methylmercury (MeHg) is a potent neurotoxicant of particular concern as it can be bioaccumulated 

and bioamplified along the food chain 1. Therefore, higher trophic predatory seabirds and marine 

mammals have higher levels of MeHg 2–4. Global MeHg contamination poses a critical health risk 

to wildlife and human populations who rely on fish and seafood for sustenance 1. Based on the 

current knowledge of MeHg toxicodynamic, the World Health Organization and The Food and 

Agriculture Organization still recommends fish consumption among the general population. The 

health benefits outweigh the potential risk associated with MeHg toxicity 5–7. There is growing 

evidence that the gut microbiota can influence the bioavailability of MeHg 8,9. The role of the gut 

microbiota is currently not considered in toxicodynamic models predicting exposure to MeHg 1. 

Moreover, it is unclear how diet (an important factor influencing the gut microbiota structure and 

function) can alter gut microbiota ability to biotransform MeHg. It elucidates an important 

challenge in Hg exposure modelling: interindividual variability. 

 Hg is a global pollutant emitted from natural sources (volcanoes, hydrothermal vents) and 

anthropogenic sources (small-scale artisanal mines, coal combustion) 10. Gaseous Hg can remain 

in the atmosphere for up to a year and enter freshwater and marine ecosystems through wet and 

dry deposition 10. Thus, since the Industrial Revolution, global ocean Hg has triple above the 

aphotic zone 11, and increased Hg concentration was found in freshwater fish populations 12. Due 

to Hg's bioaccumulative properties, marine wildlife is at a higher risk of Hg associated adverse 
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effects. However, current knowledge on wildlife Hg exposure is insufficient to determine the 

impact and future impact on wildlife health due to elevated Hg exposure 13. 

1.2  Human gut microbiome 

The gut microbiota (microbes within the gut environment) plays an essential role in digestion 14, 

our immune system 15, and possibly protection against heavy metals 16,17. The gastrointestinal tract 

harbours greater than 1012 microorganisms per ml of luminal content and more than 5 million 

unique genes, making the gut microbiota a diverse and dense microbial community 18. This 

microbial ecosystem is highly dynamic and shaped by environmental factors such as diet, drug 

intake, contaminant exposure and intrinsic factors such as sex, age, and host genetics 19–21. 

Moreover, recent studies have shown the importance of Eukaryote (protozoan and fungi) on the 

gut microbiota structure and the host’s immune system 22–24. 

There is currently a debate about whether environmental variables or the host genetic 

makeup influence gut microbial community structure and function.  Goodrich et al.  25 conducted 

a large twin-pairs (n = 416) study and shown that the host's genetic makeup affects the abundance 

of specific gut microbiota taxa. In contrast, Rothschild et al. 26, by examining the genotypes and 

microbiome data from 1,046 healthy Israeli individuals (distinct ancestral origins sharing a similar 

environment), argued the opposite; in their study, environmental factor dominated the genetic 

makeup of the host. A growing body of literature supports environmental factors as an essential 

contributor in shaping the gut microbiome community structure and function 26–29. The gut 

microbiome (genes encoded by the gut microbiota) is a source of genetic and metabolic diversity 

across populations 30.  At birth, contact with our immediate environment influences the community 
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structure of the gut microbiome. Our lifestyle, immune system and diet shape our gut microbiota 

as we grow older 15,28,31,32.  

Multiple studies have provided evidence suggesting that diet can alter the human gut 

microbiome and influence gut health 30,31,33. A recent study performed a two-week food exchange 

with subjects from the same populations, where African Americans were given a high-fibre, low-

fat African-style diet, and rural Africans were given a high-fat, low-fibre western-style diet. 

Compared with their usual diets, the food switch resulted in reciprocal changes i) in mucosal 

biomarkers of cancer risk and ii) in aspects of the microbiota and metabolites known to affect 

cancer risk. Both conclusions were illustrated by the increased saccharolytic fermentation and 

butyrogenesis and the suppressed secondary bile acid synthesis in the African Americans 34. Other 

studies have compared gut microbiome community structures between individuals living in rural 

vs. urban environments and reported shifts in the dominant taxa ratio and speculated that the host’s 

diet was one of the main contributing factors 31,35,36. These studies highlighted the importance of 

diet in shaping and maintaining a healthy steady-state gut microbiome. Nonetheless, the 

importance of how diet influences the gut microbiome's ability to metabolize or biotransform 

heavy metals remains to be determined. 

1.3 MeHg interindividual variability and the potential role of the gut microbiota 

The body burden of MeHg is often measured by the concentration of total Hg in hair.  However, 

there is a considerable variation between estimated MeHg oral intake and hair Hg concentration 

in many populations 37. To estimate human exposure to MeHg, risk assessors use standard models 

that assume 90 to 100% of MeHg 38 and 7-15% of Hg 39 ingested is bioavailable. However, as 

Bradley et al. 9 discussed in their systematic review of 45 studies, overall absorption estimates 
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range from 12% to 79% for MeHg and 49% to 69% for inorganic divalent Hg(II). This discrepancy 

suggests the existence of unknown factors that are not currently considered in modelling MeHg 

exposure risk.  

The origin of the food, cooking methods and other ingested micronutrients (e.g., selenium, 

Se) could potentially alleviate MeHg toxicity by reducing bioavailability and bioaccessibility 40,41. 

Li et al. 8 have shown that age, body weight, gender, ethnicity, household income, and geographic 

regions only account for 32% of the total variance in measured hair Hg concentrations. The authors 

suggested that other factors, such as diet or the gut microbiota activity, might explain the remaining 

variance. Indeed, Rand et al. 42 conducted a feeding experiment, during which fish were fed to 

human volunteers, and reported a high degree of inter-individual variability in the MeHg 

biotransformation kinetics.  They proposed that the gut microbiome can be a significant 

modulating factor for MeHg absorption. Later, Caito et al. 43 showed that individuals who received 

antibiotic therapy had decreased MeHg elimination rate, further suggesting the gut microbiome's 

role in eliminating MeHg. 

There is currently a knowledge gap on the genetic determinants and microbial mechanisms 

involved in Hg's biotransformation in the gut environment. Although a great emphasis has been 

placed on the mechanisms that control the formation of MeHg, fewer studies have addressed the 

fate of MeHg after it is produced. Most of our knowledge of MeHg biotransformation was gathered 

from experiments performed outside the human gut (e.g., lake sediments, wetlands). Two 

pathways can usually be identified for bacterially mediated MeHg demethylation: (1) a reductive 

process, producing Hg0 and CH4 usually found in Hg-contaminated sites 44, and (2) an oxidative 

process producing Hg2+ and CO2 in unpolluted sites 45–47. The reductive process is mediated 
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through an enzyme encoded by the mer-operon (organomercurial-lyase pathway), allowing the 

microorganism to be Hg-resistant. It is believed that the oxidative demethylation process occurs 

through the co-metabolism of MeHg and small organic compounds 45. However, the enzymatic 

pathway is unknown. Finally, demethylation of MeHg by methanotrophs (CH4-consuming 

microbes) was inhibited by methanol 48. It probably indicates C1-metabolizing microaerobes' 

involvement in controlling the degradation of MeHg in environmental samples. The mechanisms 

of MeHg degradation in the human gut remain unknown. 

Hg biotransformation in the gut environment is mainly unexplored. Few studies have 

reported that fish and zooplankton's guts can potentially methylate Hg 49,50, and the gut of rat and 

marine fish can demethylate MeHg  51–55. The human gut does not appear to be a hotspot for MeHg 

production 56 but appears suitable for MeHg degradation 57. Genes involved in Hg methylation 

(hgcA and hgcB) were undetected in healthy human individuals' gut microbiome 56,58. However, 

genes involved in Hg and MeHg detoxification, encoded by the mer-operon, were detected 59,60. 

The nature and importance of the microbial pathways involved in MeHg biotransformation remain 

a major gap in our knowledge, possibly limiting our ability to manage MeHg exposure through the 

diet. 

1.4 Sentinel species gut microbiome 

Sentinel species are organisms sensitive to environmental changes and are used by researchers to 

detect risks to humans by providing early warning of danger 61. Sentinel species are designed to 

reveal and to monitor environmental contamination and the bioavailability of contaminants. The 

main criteria for a sentinel species are: (1) it has a measurable response to the substance in question, 

(2) it has a small and discrete home range that overlaps with the area to monitor and (3) it can be 
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easily captured and enumerated 62. Thus, many sentinel species are top predators of their respective 

habitat. 

Due to the bioaccumulative properties of MeHg, it is assumed that top predators (especially 

piscivorous animals) are at the highest risk for increased MeHg exposure and Hg related health 

effects 63. Recent studies have documented deleterious health effects in piscivorous wildlife that 

are exposed to environmentally relevant levels of MeHg 64,65. In this thesis, I explored the 

relationship between Hg and the gut microbiome of sentinel species in freshwater and marine 

environments. I selected the river otter (Lontra canadensis) and seabirds (including the Arctic Tern 

[Sterna paradisaea], the Black Guillemot [Cepphus grylle], the Common Eider [Somateria 

mollissima], the Double-crested Cormorant [Phalacrocorax auritus] and the Leach’s Storm-Petrel 

[Oceanodroma leucorhoa]) as sentinel species for freshwater and marine ecosystem health. 

However, no studies investigated the effect of Hg and MeHg on the gut microbiome of those 

predators.  

1.5 The gut microbiota as biomarkers of ecosystem health 

Environmental factors such as diet and contaminants play a significant role in the composition of 

the human gut microbiome 26. I hypothesized that the same correlation could be observed in the 

gut microbiome of river otters and seabirds. Coolon et al. 66 observed differences in assemblages 

of rodent’s gut taxonomy in response to contamination. Similarly, an in vitro experiment where 

zebrafish were chronically exposed to titanium dioxide nanoparticle and bisphenol A altered the 

gut microbiome composition and decreased commensal bacteria's abundance present 67. Currently, 

there is no study on the gut microbiome of river otters. As for seabirds, the avian gut microbiota 

generally has a conserved group of core taxa (Firmicutes, Proteobacteria, Actinobacteria and 
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Bacteroidetes) 68–71 that is mostly influenced by environmental pressure exhibited by the host’s 

habitat and diet 72–75. Moreover, as more species are suffering population decline due to 

anthropogenic impact, non-invasive biomarkers' development is crucial. My goal is to investigate 

the relationship between Hg exposure and river otters and seabirds' gut microbiota.  Moreover, I 

explored the potential of using alterations in the gut microbiota structure in the river otter as a 

biomarker of early biological effect and Hg presence.  

1.6 Thesis objectives 

My thesis was organized into two major sections. The first section determined the effect of diet on 

the human gut microbiome’s ability to transform Hg and the mechanism of microbial MeHg 

demethylation (Chapters 2 and 3). The second section grouped studies on the relationship between 

Hg and the gut microbial structure of sentinel species (Chapters 4 and 5). All chapters were written 

as standalone manuscripts. I concluded the thesis with Chapter 6, summarizing my research 

contributions, limitations, and future recommendations on the importance of incorporating gut 

microbiology in the field of ecotoxicology. 

My thesis aimed to understand the effect of Hg and other inorganic contaminants on the 

human and sentinel species gut microbiome. Overall, this thesis investigated the mechanism of the 

human gut microbiota MeHg demethylation caused by the protein and contaminant exposure effect 

on the gut microbiome of sentinel species (river otters and seabirds). My thesis aimed to fill a gap 

in understanding the bi-directional influence between contaminants and the gut microbiome of an 

organism. Furthermore, I aimed to provide a framework for developing a biomarker for early 

biological effects on wildlife in aquatic ecosystems.  
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The objectives in Chapters 2 and 3 were to elucidate the effect of dietary nutritional 

contents (carbohydrate, protein) on the gut microbial structure and role in Hg transformation, and 

determine part of the mechanism involved in Hg transformation. Earlier studies looking at rodent 

models have observed a significant decrease in MeHg uptake due to the gut microbiome 76,77. 

However, none have offered any potential mechanism underlying the excretion of MeHg. With the 

advance in sequencing technologies and computational analyses, studying the gut microbiome has 

become more affordable and powerful. This exploratory study determined if human gut microbiota 

has an innate ability to biotransform Hg and if dietary changes can alter the gut microbial structure 

and increase MeHg degradation. I hypothesize that dietary changes can increase the gut microbial 

ability to demethylate MeHg. In Chapter 2, I developed an experimental set-up that is reproducible 

by ensuring the fecal microbial structure remained functionally and taxonomically undisturbed. 

Then, I identified a human candidate gut microbiota capable of MeHg degradation and quasi-

complete degradation of MeHg with protein in the medium. I tested and found that known 

demethylator in soil and sediment environments were not responsible for MeHg demethylation 

observed in the human gastrointestinal environment 45,48. Lastly, I identified a novel microbial 

pathway involved in MeHg degradation in the human gut environment using comparative 

metagenomic analyses.  

Chapter 4 observed the effect of increased environmental pressure on the river otter gut 

microbial structure. River otters are sentinel species for freshwater ecosystems 78. The assessment 

of river otter health is a good indicator of the health of all organisms living within the same 

ecosystem. A better understanding of regional anthropogenic impact can help with conservation 

efforts on wildlife and the ecosystem. In return, this effort can help protect the human population 
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who relies on the availability of a clean environment for sustainability. I expect that river otter 

microbial diversity is significantly disturbed due to higher contaminant exposure from oil sands 

surface mining. 

The objective in Chapter 5 was to build on the previously established framework in Chapter 

4 and determine the role of prey ecology on the relationship between the gut microbiota of seabird 

and Hg exposure. I chose seabirds because it is a sentinel species in the marine ecosystem 79. 

Moreover, each seabird species has evolved to prey on a different niche in the ocean 80. I 

determined the relationship between each seabird prey ecology on their gut microbial structure by 

observing different seabird species. I expect seabird’s gut microbial community to correlated with 

trophic consumption and Hg.  
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2.1 Abstract 

Monomethylmercury (MMHg) is a potent neurotoxicant that can be bioaccumulated and biomagnified 

through trophic levels. Human populations whose diets contain MMHg are at risk of MMHg toxicity. The 

gut microbiota was identified as a potential factor causing variation in MMHg absorption and body burden. 

However, little is known about the role of gut microbiota on Hg transformations. We conducted a series of 

in vitro experiments to study the effects of dietary nutrient change on Hg metabolism and the human gut 

microbiota using anoxic fecal slurry incubations. We used stable Hg isotope tracers to track MMHg 

production and degradation and characterized the microbiota using high throughput sequencing of the 16S 

rRNA gene. We show that the magnitude of MMHg degradation is individual dependent and rapidly 

responds to changes in nutrient amendments, leading to complete degradation of the MMHg present. 

Although the mechanism involved remains unknown, it does not appear to involve the well-known mer 

operon. Our data are the first to show a nutrient dependency on the ability of the simulated human gut 

microbiota to demethylate MMHg. This work provides much-needed insights into individual variations in 

Hg absorption and potential toxicity.   

Keywords: gut microbiome, monomethylmercury, metabolism, mercury, diet, protein 

2.2 Introduction 

Global mercury (Hg) pollution leads to an increase in monomethylmercury (MMHg) levels in fish and 

seafood and poses a health risk to human consumers (Mergler et al., 2007). The World Health Organization 

and the Food and Agriculture Organization recommend the consumption of fish as its health benefits 

outweigh the potential risk associated with MMHg toxicity (Food and Agriculture Organization of the 

United Nations. and World Health Organization., 2011; Starling et al., 2015). To set these guidelines, the 

body burden of MMHg is often estimated by measuring Hg concentration in hair.  However, there is 

considerable variation between the estimated MMHg oral intake and hair Hg concentrations in most 

populations tested (Canuel et al., 2006). To estimate human exposure to MMHg, risk assessors often use 
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standard models that assume that 90 to 100% of MMHg (Aberg et al., 1969) and 7-15% of Hg (Miettinen, 

1973) ingested is bioavailable. However, experimental evidence suggests that absorption estimates range 

from 12% to 79% for MMHg and 49% to 69% for inorganic divalent (HgII) (Bradley et al., 2017). This 

discrepancy points to the existence of unidentified factors that are currently not considered in modelling 

the oral intake and body burden of MMHg.  

The mechanism of absorption of MMHg from the intestine has been well documented (Naganuma 

et al., 1991). MMHg has a much higher absorption rate than HgII (Bridges and Zalups, 2010).  Therefore, 

the demethylation of MMHg in the gastrointestinal tract will decrease its absorption.  The origin of the food, 

cooking methods and co-ingested micronutrients (e.g., selenium, fruit fibres) can potentially alleviate 

MMHg toxicity by reducing its bioavailability and bioaccessibility (Passos et al., 2007; Ralston and 

Raymond, 2010; Ouédraogo and Amyot, 2011). Li et al (2016) have shown that age, body weight, gender, 

ethnicity, household income, and geographic regions only account for 32% of the total variance measured 

in hair Hg concentrations. The authors suggested that other factors such as diet or the activity of the gut 

microbiota might explain the remaining variance. Rand et al. (2016) reported a high degree of inter-

individual variability in the MMHg biotransformation kinetics during a feeding experiment and proposed 

that the gut microbiome can be a significant modulating factor for MMHg absorption. Later, Caito et al. 

(2018) showed that individuals who received antibiotic therapy had lower MMHg elimination rates than 

untreated individuals, highlighting the importance of gut microbiota in the elimination of MMHg. 

Hg biotransformation in the gut environment is largely unexplored. Few studies have reported that 

the gut of fish and zooplankton can potentially methylate Hg (Wang et al., 2013; Gorokhova et al., 2018) 

and the gut of rat and marine fish can demethylate MMHg (Nakamura et al., 1977; Rowland et al., 1984; 

Urano et al., 1990; Wang et al., 2017). The human gut does not appear to be a hotspot for MMHg production 

(Podar et al., 2015) but appears suitable for MMHg degradation (Rowland, 1988). Genes involved in Hg 

methylation (hgcA and hgcB) were not detected in the gut microbiome of healthy human individuals 
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(Gilmour et al., 2013; Podar et al., 2015). However, genes involved in MMHg demethylation, encoded by 

the mer operon were detected (Osborn et al., 1997; Rothenberg et al., 2016).  

There is a knowledge gap on the genetic determinants and microbial mechanisms involved in the 

biotransformation of Hg in the gut environment. Although a great emphasis has been placed on the 

mechanisms that control the formation of MMHg in sediments and soils, fewer studies have addressed the 

fate of MMHg after it is produced. Most of our knowledge of MMHg biotransformation was gathered from 

experiments performed outside the human gut (e.g., lake sediments, wetlands). Two pathways can usually 

be identified for bacterially mediated MMHg demethylation: (1) a reductive process, producing Hg0 and 

CH4 usually found in Hg-contaminated sites (Barkay et al., 2003), and (2) an oxidative process producing 

HgII and CO2 (Oremland et al., 1991; Martín-Díaz et al., 2008; Kronberg et al., 2018). The reductive process 

is mediated through an enzyme encoded by the mer-operon (organomercurial-lyase pathway) allowing 

microorganisms to be Hg-resistant. Oxidative demethylation possibly occurs via co-metabolism of MMHg 

and small organic compounds (Oremland et al., 1991), but the mechanism remains unknown. Recently, lab 

experiments using pure cultures have identified MMHg degradation by (micro)aerobic methanotrophs (e.g., 

CH4-consuming microbes) (Lu et al., 2017). 

Because diet can affect the ecology of the gut microbiota (Singh et al., 2017), it is possible that 

nutrient intake from different diets can control the rate of MMHg degradation by affecting the gut 

microbiota community structure. Using an in vitro model, we manipulated the nutrient composition of fecal 

slurries prepared from two healthy human individuals and tracked MMHg production and degradation using 

stable Hg isotopes. Changes in microbial community structure were assessed using high throughput 

sequencing of 16S rRNA gene amplicon.  We hypothesize that changes in the structure and function of the 

gut microbiota community induced by changes in dietary nutrient intake can affect the demethylation rate 

of MMHg.  
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2.3 Material and method 

2.3.1 Ethics 

Ethics application (H09-17-12) was reviewed and approved by the Research Ethics Board at the University 

of Ottawa. No information from participants was collected for this study.  

2.3.2 Fecal collection and incubation set-up 

Fresh fecal samples (< 1-hr old) collected from two healthy human volunteers were used as a proxy for 

distal gut microbiota. The volunteers had no history of gastrointestinal disorders, have consumed no 

antibiotics in the past six months, or any probiotics in the form of pills or food products in the last month. 

Feces were collected from two individuals in plastic commode provided. All manipulations were conducted 

under a nitrogen atmosphere devoided of oxygen in a Bactron anaerobic chamber (ShelLab). The fecal 

slurry was prepared by diluting 1-part fecal sample, 9-part degassed PBS prepared at pH 7.0.  Fecal slurries 

were mechanically shaken and mixed in 100 ml glass bottle, in a 1:10 ratio with the respective medium: 

balanced (basal medium) (Olano-Martin et al., 2000), protein-rich (basal medium + 20g.L-1 peptone) and 

carbohydrate-rich (basal medium + 10g.L-1 glucose). Bottles were spiked with stable isotope enriched 

MM198Hg and 199Hg isotopes are added to the mix to measure Hg methylation and demethylation using LC-

ICP-MS. This ratio was chosen to reflect that of MMHg:Hg in the gut environment. Final concentrations 

were [MMHg]=10 ng.g-1 and [HgII] = 1 ng.g-1,  and were lower than levels typically found in fish meal. All 

treatments were performed in biological triplicates. Serum bottles containing the samples were crimped to 

ensure anaerobic conditions and wrapped in aluminum foil to limit light exposure. Bottles were placed in a 

shaking incubator at 37°C. Bottles were sampled at t = 0, 12, 24, 36 and 48h for Hg transformation analysis 

and t = 0 and 48h for microbial analysis. Samples were stored in 15 ml falcon tubes kept at -20°C for 

microbial community analysis and in small 7 ml scintillation vial kept at -80°C for Hg isotope analysis.  
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2.3.3 Probiotic and transfer experiment 

Sutterella parvirubra (DSMZ-19354) and Acidaminococcus intestini (DSMZ-21505) were commercially 

obtained from the DSMZ to test for their demethylation potential. Both strains were grown as per DSMZ 

cultivation conditions. Strains were tested for their methylation and demethylation potential in the balanced 

medium. In another series of experiments, Sutterella parvirubra or Acidaminococcus instestini were added 

to Individual B fecal slurry to test for their potential to induce a demethylation phenotype. Finally, to test 

the effect of transferring the gut microbiota of Individual A into individual B, fecal slurry preparation of 

Individuals A and B was added in 1:1 (5 ml of Individual A and 5 ml of Individual B) and 1:2 (3.3 ml of 

Individual A and 6.7 ml of Individual B) ratio. 

2.3.4 Hg analyses 

Samples were prepared according to the modified protocol outlined by Batista et al. (2011). All analysis 

and Hg isotope separation were performed on an Agilent LC-ICP-MS system. Chromatographic separation 

of isotope MM198Hg (demethylation tracer), 199Hg (methylation tracer), 201Hg (internal standard), and 202Hg 

(ambient) was performed using a mobile phase consisting of 0.05% v/v mercaptoethanol, 0.4% m/v L-

cysteine and 0.06M ammonium acetate on Agilent 1200 Infinity LC system consisting of a 1260 Isocratic 

pump and 1260 Autosampler. The LC system was connected to the Agilent 7700x ICP-MS via Peek tubing 

and equipped with a low flow Micro Mist Nebulizer and quartz, low-volume Scott-type double-pass spray 

chamber. All calculations for quantifying excess of MM199Hg and MM198Hg were made according to 

Hintelmann and Evans (1997). Additional information can be found in supporting methods. 

2.3.5 Microbial community analysis using 16S rRNA gene amplicon metagenomic 

DNA was extracted using the PowerSoil® DNA Isolation Kit (Mo Bio Laboratories, Carlsbad, CA). 

Sequencing was performed by Molecular Research LP (Shallowater, TX), which amplified DNA using a 

two-step PCR targeting the V4 hypervariable region of the 16S rRNA gene using the primer 515f (forward: 
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GTGYCAGCMGCCGCGGTAA) and 806r (reverse: GGACTACNVGGGTWTCTAAT). A negative 

control of our DNA extraction kit was performed using PBS 1X as a sample. We were not able to 

obtain an amplicon and no band was observed on a gel electrophoresis; samples were sent to the 

sequencing facility which was also unable to reliably generate amplicons for sequencing.  

Amplicon sequence datasets were analyzed using the Quantitative Insights into Microbial Ecology 

(QIIME) pipeline (Caporaso et al., 2010a). The data was quality filtered using QIIME default parameters 

(quality score = 25, min length = 200, max length = 1000). Additional quality filtering and operational 

taxonomic unit (OTU) clustering were performed the UCHIME algorithm to identify chimera sequences 

for removal against the Gold databases. Remaining sequences were clustered into OTU (97% identity) 

using Closed reference OTU picking with UCLUST to form the representative dataset. Taxonomical 

classification of the representative dataset was performed using Ribosomal Database Project’s classifier 

against the SILVA database as a reference using the default settings (DeSantis et al., 2006).  The 

representative sequences for each OTU were aligned using PyNAST (Caporaso, et al., 2010b). The Hg 

tracer did not alter the fecal microbial community structure (Figure 2.2).  

2.3.6 Statistical analysis  

All analyses were performed in R v. 3.3.2 (R Core Team 2017). Beta diversity, weighted Unifrac distances, 

were used to perform the principal coordinate analyses (PCoA) using the package Vegan 

(http://www.cran.r-project.org/package=vegan). Weighted Unifrac distance was chosen to account for the 

taxa abundance in the calculation of shared and unshared branch (Lopuzone et al. 2016). Data separation 

in the PCoA was tested using a permutational multivariate analysis of variance (PERMANOVA; function 

Adonis in the Vegan package). Hierarchical cluster analysis was performed using weight Unifrac distance 

dissimilarity matrix Two-way analyses of variance (ANOVA) with Tukey multiple comparisons were used 



25 

 

to evaluate differences in Hg methylation and demethylation potential between medium and incubation 

time.  

2.4 Results and discussion 

Using fecal slurry incubations, we conducted a series of experiments aiming to evaluate the potential for 

the gut microbiota to affect Hg speciation under different nutritional profiles for two healthy human adult 

individuals, referred to as Individuals A and B. At 48h post-incubation, MM198Hg levels in Individual A 

fecal slurries incubated in protein-rich medium were undetectable (Figure 2.1A, Figure A1; p < 0.001). In 

the balanced diet treatment, MM198Hg concentrations decreased by 52.5%. No significant decrease was 

observed in the carbohydrate-rich treatment (Figure 2.1A). Strikingly, MMHg degradation was muted in 

Individual B samples (Figure 2.1B; Figure A1). We did not observe significant production of MM199Hg in 

any of the treatments, supporting previous reports that the gut microbiota is not a hotspot for MMHg 

formation (Figure A2). Control abiotic experiments (balanced, carbohydrate- and protein-rich treatments 

amended with stable isotope) did not show changes in Hg isotope concentrations (MM198Hg and 199Hg; 

Figure A3). These results suggest that i) the ability to degrade MMHg is individual dependent and ii) that 

protein amendments stimulate pathways that lead to MMHg degradation. All experiments were conducted 

in darkness, ruling out the possibility of abiotic demethylation of MMHg via photodegradation (Seller et 

al., 1996).  

Individuals A and B exhibited similar gut microbial community structures (Figure 2.1C, Figure 

2.2), which were both dominated by Firmicutes and Bacteroidetes (> 80% in relative abundance), as 

expected from the gut microbiota of healthy human individuals (Ley et al., 2008). The addition of Hg did 

not significantly affect the microbial community structure suggesting that the Hg tracer added did not 

significantly alter the gut microbiota community structure (Figure 2.2). Using PERMANOVA (Adonis), 

we are able to identify the incubation time (T0 vs T48) as a variable that significantly affected the microbial 

community structure in both individuals (Figure 2.1C; p = 0.002). Carbohydrate-rich medium post-
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incubation also significantly shifted the microbial community structure that is different from the structure 

observed in the balanced and protein-rich medium (Figure 2.1C; p = 0.007).  The carbohydrate-rich 

treatment promoted the growth of Actinobacteria whereas balanced and protein-rich media saw an increased 

abundance of phyla that were already dominating the gut microbial profile at T0.  The carbohydrate-rich 

treatment also decreased baseline MMHg degradation rates observed in Individual A (Figure A1). One 

possible explanation for the absence of MMHg degradation in the carbohydrate treatment could be the 

production of compounds inhibiting MMHg degradation. Indeed, Lu et al. (2017) showed that C1 

compounds could inhibit oxidative MMHg degradation. Further investigation is required to determine if 

the same process takes place in the human gut environment.  

A more detailed analysis of the changes in the microbial community structure showed that 

Individual A exhibited a significant increase in Sutterellaceae and Acidaminococcaceae (0.44 → 15.34%) 

in the protein-rich medium after 48h of treatment that was not observed for Individual B (Table 2.1). Both 

bacterial families are known to be commensal of the human gut (D’Auria et al., 2011; Morotomi et al., 

2011).  

In a subsequent series of experiments, commercially obtained Sutterella parvirubra (DSMZ-19354) 

and Acidaminococcus intestini (DSMZ-21505) were tested for their MMHg degradation capabilities in 

balanced and protein-rich media. A. intestini incubated in protein-rich medium exhibited significantly 

higher demethylation rates than in the balanced medium. S. parvirubra did not show a significant change 

in MMHg degradation rates compare to control (Figure 2.3). When both strains were combined together 

(1:1 ratio), MMHg demethylation rate was significantly higher than control but much lower than what was 

observed in the fecal slurry experiments  (0.14 nM.g-1.h-1 of MM198Hg, vs 6.7 nM.g-1.h-1 of MM198Hg, 

respectively; Figure 2.3).  

The next experiment was to add S. parvirubra and A. intestini strains to fecal slurries collected 

from Individual B to test whether they would enhance the demethylation of MMHg. We did not observe 
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significant changes in MMHg metabolism with the addition of S. parvirubra or A. intestini in Individual B 

fecal slurries (Figure 2.4). These data suggest that MMHg demethylation does not result from the isolated 

activity of these two single strains. These results indicate that the increased abundance of these two strains 

in the demethylating individual likely reflects more complex changes within the gut microbial community. 

The enhanced degradation of MMHg as a result of protein addition could be explained by syntrophic 

interactions, in which microorganisms are linked via metabolic handoffs (Abreu and Taga, 2016; 

Anantharaman et al., 2016). Syntrophic interactions have already been identified as important in the 

production of MMHg (Yu et al., 2018) and deserve further investigations to evaluate their role in MMHg 

degradation. 

Finally, to test whether the absence of MMHg degradation in Individual B was the result of a 

community-level inhibitory process, we performed a series of fecal mixing experiments. In these 

experiments, fecal samples from Individuals A (strong demethylator phenotype) and B (weak demethylator 

phenotype) were mixed in different ratio. We observed that degradation of MMHg was increasingly higher 

with increasing ratio of fecal samples from Individual A (Figure 2.5). These data suggest that the microbial 

community of Individual B did not inhibit the degradation of MMHg and that Individual A fecal samples 

consistently exhibit a microbial community that can be stimulated to enhance MMHg degradation in vitro. 

We tested for the presence of genes encoding for the mer operon to test if these genes were responsible for 

the higher demethylation capacity of the microbiota of Individual A. None of the mer operon genes that we 

targeted were present in the gut microbiota of either Individuals A or B (data not shown).  

We cannot yet offer a convincing mechanism explaining the quasi-complete demethylation 

phenotype observed for Individual A in the presence of proteins. Nevertheless, these data are the first to 

show a nutrient dependency on the ability of the human gut microbiota to demethylate MMHg in vitro. We 

are currently gathering evidence testing how widespread this superdemethylation phenotype is at the human 

population level. This research contributes to the understanding of the roles that the gut microbiota and 
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nutrient intake have on Hg metabolism. Should a reproducible mechanistic relationship between diet, 

microbiota community structure and function, and MMHg demethylation phenotype be identified, this 

research could lead to a shift in how risk assessment is conducted. 
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2.7 Tables and Figures 

  

Table 2.1 - Table representing both taxa that increase in the MMHg degradation treatment and the 

relative proportion in other treatment. All values are relative proportion in percentage. (*) represent 

significant difference ( p < 0.001). Acidaminococcaceae was not detected in  Individual B. 

 
 Balanced (%) Protein (%) 

Individual A Sutterellaceae 0.08 →  0.33 0.22 →  7.87* 
 

Acidaminococcaceae 0.05 → 2.46* 0.23 → 7.87* 

Individual B Sutterellaceae 0.08 → 0.04 0.07 → 0.04 
 

Acidaminococcaceae N/A N/A 
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Figure 2.1– MM198Hg concentrations over time for Individuals A (A) and B (B). Fecal slurries 

from Individuals A and B were prepared in balanced medium, balanced medium enriched with 

carbohydrates or balanced medium enriched with proteins. (C) A principal coordinates analysis 

based on characterization of the overall fecal community structure for Individuals A and B. 

Weighted UniFrac metrics was calculated using QIIME to compute microbial β diversity. Sample 

dissimilarities were projected on a two-dimensional axis using principal coordinate analysis 

(PCoA). * indicates any significant difference between treatment and control.  
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Figure 2.2 – (Top) Barplot showing relative abundance (phylum level) from the high-throughput 

16S rRNA amplicon sequencing of the control experiment testing for the effect of the Hg tracer 

added. The table displays alpha diversity calculated for both Individuals at the family level. An 

ANOVA did not detect any significant differences.   
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Figure 2.3 – Demethylation from pure culture Sutterella parivubra (S) and Acidaminococcus 

intestini (A) in balanced (BAL) and protein-rich (PROT) media. Control treatments consisted of 

media with no microbial amendments. Letters represent significant differences: (a) indicate 

significant differences between nutrient amendment added while (b) indicate significant 

differences between treatment and abiotic control (ANOVA and Tukey post-hoc; p < 0.001).  
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Figure 2.4 – MM198Hg concentrations over time for Individual B with (A) and, without (B) the 

addition of S. parivubra and A. intestini.   
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Figure 2.5 – MM198Hg concentrations over time for Individuals A (A), B (B) and a mix of 

Individuals A and B (1:1 and 1:2, A:B, respectively) (C) prepared in balanced medium and balanced 

medium amended with protein. Note that MM199Hg concentrations did not change across 

treatments suggesting the absence of methylation (Figure A3). * indicates any significant 

difference between treatment and control. 
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2.8 Supplemental tables and figures 

Table A1 – All analysis and Hg isotope separation were performed on an Agilent LC-ICP-MS 

system. Instruments conditions are as followed: 

 

 

LC conditions 

 

 

Column Zorbax RX-C8 (5 µm x 250mm x 4.6mm id) 

 

Mobile phase 0.05% v/v mercaptoethanol 

0.4% m/v L-cysteine 

0.06 M ammonium acetate 

 

Flow rate 1ml/min 

 

Injection volume 100ul 

 

 

ICP-MS Conditions 

 

 

RF Power 1200 [W] 

 

Plasma gas flow 15.0 L/min 

 

Sampling depth 8.0mm 

 

Nebulizer gas flow 1.0 [L/min] 

 

Spray chamber temperature 2 [C] 

 

Collision cell gas 

 

He, 2.0 ml/min 

 

Data acquisition mode and isotope 

monitored 

Time-resolved analysis: m/z for 
198Hg,199Hg,201Hg and 202Hg 

 

Integration Time per Isotope 

 

0.3 s 

 

Energy Discrimination 4.5 [V] 
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Figure A1 – Timeseries of batch experiment triplicates.Each replicate are biological replicates, 

fresh samples were collected prior to the experimentation. In all cases, protein-rich medium 

increase degradation of MM198Hg in Individual A while that phenotype was not observed in 

Individual B.  
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Figure A2 –  Timeseries of the mesocosm set-up containing no fecal slurries (no microbial 

community) and incubated in parralell with the treatment mesocosms. The results shows no sign 

of MM198Hg degradation. The data suggests that there is no abiotic degradation (chemical or 

photodegradation) of MM198Hg from our experimental set-up.  
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Figure A3 – Above barplot display relative abundance phylum level data from the 16S rRNA 

amplicon metagenomic sequencing the mesocosm experiment to test the toxicity of the Hg tracer 

added. At T0, the microbial community structure are the same regardless of addition of Hg tracer 

or medium. At T48, the addition of Hg does not significantly affect the microbial community 

structure at the phylum level.   



45 

 

   

Figure A4 – Barplot representing demethylation rate from pure culture Sutterella parivubra (S) and 

Acidaminococcus intestini (A) in balanced (Bal) and protein-rich (Prot) medium. Control 

treatment consists of the sterile medium. (a) represent significant difference between control and 

treatment. (b) represent significant difference between balanced medium and protein-rich medium
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3.1 Abstract 

Methylmercury (MeHg) is a global pollutant affecting the health of millions of people worldwide.  

The biotransformation of MeHg in the gastrointestinal tract has been shown to play an important 

role in MeHg toxicokinetics. However, the role of the gut microbiota is not known.  In a previous 

study, we used batch culture experiments to show that in vitro MeHg degradation rates differed 

depending on the origin of the fecal samples (i.e., human donors), and, for one individual, was 

enhanced in the presence of proteins. In this follow-up study, we used comparative metagenomics 

to explore the potential mechanism underlying MeHg degradation in the gut microbiota. We 

compared the fecal microbiota metagenomes of two individuals, one known to yield virtually 

complete degradation of MeHg in the presence of protein within 48h and the other who did not. 

Using metagenome-assembled genomes, we identified a potential gene (menG) and associated 

pathway (menaquinone biosynthesis) that could be responsible for MeHg degradation. We 

speculate that MenG is a possible candidate catalyzing the transfer of the methyl group on MeHg 

to 2-demethylmenaquinol, forming menaquinol.  

Keywords: Methylmercury, demethylation, gut microbiome, metagenome-assembled-genome, 

menG 
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3.2 Introduction 

Methylmercury (MeHg) is a persistent environmental neurotoxicant that can be bioaccumulated 

and biomagnified in the food web 1. Recent models project an increase in MeHg level in predatory 

fish due to overfishing and warming of ocean waters 2. More than a third of the world population 

relies on seafood for nutrition. As such, proper biomonitoring of at-risk populations is crucial in 

understanding the extent of MeHg exposure and in employing proper consumption advisories and 

mitigation strategies. However, current biomonitoring methods have discovered large 

interindividual variability among subject tested, even those within the same population 3–5. Several 

studies have reported that the gut microbiota could play a significant role in the absorption, 

metabolism and, ultimately, the bioavailability of MeHg 6–8. Previous works have looked at the 

human gut microbiota role on MeHg degradation 7,9–13; however, none have determined the 

mechanism(s) involved. Identifying microbial MeHg degradation mechanisms is essential in 

addressing interindividual variability and assessing the health risk associated with MeHg exposure. 

Identifying key genes and microbial taxa could be utilized as biomarkers for identifying sensitive 

or resistant sub-populations and eventually be developed into potential prophylaxis or treatment 

for MeHg toxicity. 

Most of our current mercury demethylation knowledge is derived from other microbial 

habitats, particularly habitats outside the human body, such as freshwater or marine systems 14–16. 

Currently, reductive and oxidative demethylation pathways have been described for microbial 

mediated demethylation. Microbes that carry out reductive demethylation typically possess the 

mer operon that encodes Hg binding, transport, reduction, and organomercury compounds' 

degradation proteins via the organomercury lyase MerB 17. MerB catalyzes the protonation of the 
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C-Hg bond to oxidize Hg+ to Hg(II), which is subsequently reduced by MerA to Hg(0) that exits 

the microbial cells. Although it was identified in primates 18, merA has yet to be detected in the 

human gut environment 19,20. Microbes capable of oxidative demethylation, mostly anaerobes, 

usually lack a dedicated MeHg detoxification machinery, such as that coded by the mer operon. It 

is believed that it relies on a co-metabolic process involving C1 compound metabolism resulting 

in the production of Hg(II)  and CO2 
14,15,21.  

C1 compound metabolism and oxidative demethylation are thought to be the microbial 

guild's pathways such as sulfate-reducers and methanogens used to demethylate MeHg 14,15. 

Sulfate-reducers and methanogens are commonly found within the gut environment 22,23. However, 

no studies have linked these two microbial guilds with MeHg degradation in the human gut 

environment. A novel oxidative demethylation pathway was recently described in methanotrophs 

involving copper (Cu) metabolism and was dependent on the activity of methanol dehydrogenase 

21. Methanotrophs typically rely on the aerobic oxidation of methane to fulfil their carbon and 

energy needs; anaerobic pathways for MeHg degradation remain elusive. 

High-throughput DNA sequencing of gene amplicons (e.g., 16S rRNA or mcrA) provides 

useful but limited information on microbial communities' structure and function 24 25,26. In the last 

decade, community-wide genome-level analysis has helped improve both taxonomical and 

functional information on microbial assemblages 27,28. By informing on the functional potential of 

non-culturable microbes, microbial metagenomic analyses offer useful context to generate new 

hypotheses to gain insights into the complex interplay of microbes with their environment 29,30. In 

this study, we performed a comparative metagenomic analysis of fecal samples obtained from two 

individuals who have demonstrated the reproducible differential ability to degrade MeHg.  We 
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previously explored the role of gut microbiota on MeHg speciation using in vitro fecal incubation 

experiments coupled to Hg stable isotope measurements 19. We identified a strong demethylation 

phenotype leading to virtually complete degradation of MeHg in samples collected from one of 

the two volunteers in the presence of high concentrations of proteins (added as peptone in the assay 

medium). The phenotype observed could not be linked to any known pathways for which primers 

exist 19. The goal of this study is to explore the mechanism of MeHg degradation by the gut 

microbiota. Here, we performed comparative shotgun metagenomic analyses of fecal samples 

collected from two individuals with contrasting demethylation phenotypes to explore the 

mechanisms of MeHg degradation and possibly identify the mechanism involved. 

3.3 Materials and method 

3.3.1 Ethics 

Ethics application (H09-17-12) was reviewed and approved by the Research Ethics Board at the 

University of Ottawa. No personal information from participants was collected for this study. 

3.3.2 Fecal collection and incubation setup 

Fecal collection and incubation methods are described in Guo et al. 19 with a few modifications. 

Fresh fecal samples (< 1hr) were collected and quickly transported into an oxygen-deprived 

environment. Volunteers had no history of gastrointestinal disorders, had not consumed any 

antibiotics in the past six months or any probiotics in the last month. Feces were collected using a 

commode provided. Fecal slurries were prepared by diluting 1-part fecal sample, 9-part degassed 

PBS (1X, pH = 7.0). Fecal slurries were mixed in 100 ml serum glass bottle in a 1:10 ratio with 

the respective medium: balanced medium and peptone-enriched medium (10 g peptone + balanced 
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medium). MeHg chloride was added to measure the amount of MeHg degraded. Bottles were 

shaken (150 rpm) on a modified plate shaker in darkness and at 37ºC.  

3.3.3 Inhibition assays 

A series of assay was conducted using specific metabolic inhibitors to determine if sulfate reducers, 

methanogens or methanotrophs were involved in MeHg degradation in Individual A. MoO4 (0.02 

mM), BES (10 mM) and methanol (10 mM) was used as specific inhibitors of sulfate reducers, 

methanogens and methanotroph, respectively. Abiotic demethylation was examined using 

autoclaved bottles and bottles without fecal samples. All assays were performed in darkness, 

eliminating any photodegradation of organomercury 31,32. 

3.3.4 Mercury extraction and analysis 

Fecal slurries (1 g) were digested in HNO3 (4 M) overnight (~ 16hr) in an incubator set at 55ºC. 

Then, 2 g of dichloromethane (DCM) was added to the acidified solution, shaken (330 RPM, 2 hr), 

centrifuged (3500 RPM, 10 mins) and phase-separated. L-cysteine (0.01M) was added to the DCM 

portion, shaken (330 RPM, 30 min), centrifuged (3500 RPM, 10 min) and phase separated. The L-

cysteine portion (200 ul) was leached in a 3:1 solution of potassium bromide and copper sulfate, 

300 ul DCM. It was then shaken (330 RPM, 45 min), centrifuged (3500 RPM, 10 min) and phase 

extracted. Samples were stored in small amber vials until ready for MeHg quantification by gas 

chromatography-CVAFS (GC-CVAFS).  

3.3.5 Fecal DNA extraction, sequencing and data processing 

Total DNA was extracted from Fecal slurries using the QIAGEN DNeasy PowerSoil Pro Kit as 

per instruction. The “Centre d’expertise et de services Génome Québec” (Québec, Canada) 
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prepared our libraries and sequenced using the Illumina HiSeq 4000 platform (PE100) with custom 

adaptors (read 1: AGA TCG GAA GAG CAC ACG TCT GAA CTC CAG TCA C, and read 2: 

AGA TCG GAA GAG CGT CGT GTA GGG AAA GAG TGT). The sequencing generated over 

65.8 Gbp. Low quality reads, low-quality base at the end of reads, unpaired reads, and adaptors 

were removed using Trimmomatic v0.39 33 using {PHRED33 | adapter.fa:3:26:10 | LEADING:3 | 

TRAILING:3 | SLIDINGWINDOW:4:15 | MINLEN:36}. FASTQC was used to assess the quality 

of our reads (https://www.bioinformatics.babraham.ac.uk/projects/fastqc/). 

3.3.6 Bacterial functional profiling and reconstruction of bacterial genome 

The demethylation phenotype observed in Individual A did not appear to match any of the 

currently known microbial pathways for MeHg degradation. A metagenomic approach was 

performed to identify taxa or pathways possibly associated with MeHg degradation in the gut 

microbiota, that would be differentially present in Individuals A and B.  We compared shotgun 

sequencing data obtained from the gut microbiome of Individuals A and B at T0, T48 balanced 

medium, and T48 peptone-amended medium. More specifically, we performed a taxonomical and 

functional annotation of contigs and reconstruction of microbial genomes (MAGs). All 

metagenomic quality-controlled reads were co-assembled using MEGAHIT 34 software with 

default settings. The tool “EukRep” was performed to remove eukaryotic DNA from contigs prior 

to functional profiling and reconstruction of genome 35.   

Fecal bacterial taxa and gene annotation were identified using the HUMAnN v2.0 pipeline 36 using 

the default setting. Metaphlan2 was used for bacterial taxonomical identification 37. DIAMOND 

was used to identify genes in our co-assembled dataset 38. Output was normalized from reads per 

kilobase to relative abundance for downstream analyses. 
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Co-assembled contigs were imported on Anvi’o v5 39. Contigs less than 1000 bp were removed. 

Open reading frames were predicted using Prodigal 40. Protein-coding genes were predicted using 

Anvi’o custom Hidden Markov model with NCBI COG annotations. Gene annotation (PFAM 41, 

TIGRFAM 42, GO 43, PIRSF 44 and KEGG 45) and pathways (Metacyc 46 and KEGG) were 

predicted using Interproscan 47. Taxonomical inference of the contig database was classified using 

Kaiju 48. Sequence coverage information was mapped for each sample to the assembled contig 

database using Bowtie2 49 using the default settings. SAM output files were converted to BAM 

using samtools (http://github.com/samtools/) and each BAM files were imported onto the Anvi’o 

platform. BAM mapping files and contigs databased were used to generate sample profiles with a 

minimum contig length of 2500 bp. Initial automated binning was performed using CONCOCT 50 

and later confirmed using DasTool 51. DasTool output was imported into Anvi’o where summary 

statistics for abundance and coverage were generated. Bins were manually refined using Anvi’o 

refine option. Only high and medium quality genome were retained meeting the MIMAG standard 

developed by the Genomic Standards Consortium 52. Quality of microbial genome recovered using 

a broader set of marker genes was performed using CheckM’s “lineage wf” function 53. 

3.3.7 Phylogenetic placement of assembled genome 

Alignment and phylogenetic tree placement were performed using the phylogenomic function on 

the Anvi’o platform. A total of 137 isolated bacterial genomes from healthy individuals (Accession: 

PRJEB10915 54) was used to perform our phylogenetic placement along with our 18 MAG from 

PMC6785715. A total of 94 marker genes were used to align the isolated bacterial genome with 

our MAGs and generated a phylogenetic tree using FastTree 55. The phylogenetic tree was 

visualized using iTOL v5 56. 
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3.3.8 Statistical analyses 

Inhibition assay was tested for significance using a t-test. Normality and equal variance were tested. 

Ordination plots were performed using principal coordinate analysis using output from the 

HUMAnN2 57 pipeline. Protein profile for merA was performed using HMMER3 58 against the 

MerA database 59. Enrichment map analysis is based on hypergeometric distribution followed by 

False Discovery Rate (FDR) adjusted p-value (α = 0.05) performed using ShinyGO v0.61 60.  

3.4 Results 

Known MeHg degraders in freshwater and marine systems were present or involved in the gut 

environment using inhibition assays. None of the inhibitor-amended media affected the 

degradation of MeHg (Figure 3.1, p < 0.001). We did not observe MeHg degradation in abiotic 

treatments (without fecal slurry and autoclaved fecal slurry). Thus, comparing the metagenome of 

both individuals could gain insights into the genetic determinants associated with in vitro MeHg 

degradation by the human gut microbiota. 

Contigs were annotated using the HUMAnN2 pipeline to identify taxonomic differences 

between both individuals in the protein-amended treatment. A total of 25 taxa were identified, and 

when comparing individuals in the peptone-amended treatment, we found Escherichia sps. 

(21.2%), Enterobacter aerogenes (16.8%), Streptococcus salivarius (2.8%) and Klebsiella 

pneumoniae (2.2%) as being more abundant (p < 0.05) in Individual A than in Individual B (Figure 

3.2A). Subsequently, we explored variations in the microbiota community structure and functional 

difference between individuals and treatments using a principal coordinate analysis (PCoA) on 

taxa, genes and pathways using Bray-Curtis dissimilarity. The PCoA showed that both individuals' 

microbiota were similar in balanced (no excess protein) treatment (Figure 3.2B-D). However, we 
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observed that upon the addition of peptone, the microbial community (Figure 3.2B), functional 

gene (Figure 3.2C) and pathway structures (Figure 3.2D) diverged between Individuals A and B 

post-incubation.  

Both individuals' gut metagenome was reconstructed using a binning approach to identify 

each individual's genetic determinants. In our genome-resolved approach to our metagenomic 

dataset, a total of 18 draft MAGs (eight high-quality, 10 medium-quality) were phylogenetically 

assigned to Firmicutes, Proteobacteria, and Bacteroidetes, phyla typically found in the human gut 

environment (Figure 3.3A). We taxonomically classified each MAG using CheckM and found that 

Lactobacillales and Selenomonadales were found in higher relative abundance in Individual A gut 

microbiota (Figure 3.3B, p < 0.05). We performed a protein profile search using Hidden Markov 

Models and did not find merA signatures suggesting that the mer operon and the organomercury 

lyase MerB are unlikely to be involved in the phenotype observed. A total of 45 genes were 

uniquely present in Individual A (Figure 3.4). Pathway analysis using gene ontology enrichment 

analysis on the 45 genes showed that menaquinone (Enrichment FDR, p = 8.54 x 10-5) and 

phylloquinone (Enrichment FDR, p = 1.22 x 10-3) biosynthetic and metabolic pathways, and 

cofactor metabolic processes were over-represented in Individual A protein treatment (Enrichment 

FDR, p = 7.44 x 10-4).  

3.5 Discussion 

 The inhibition assay results on known demethylators (SRB, methanogens and methanotrophs) 

showed that none of the microbial guilds tested were involved in the degradation of MeHg in the 

simulated gut environment. Moreover, neither PCR targeting the merA gene nor genome analyses 
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revealed mer determinants in our samples. Therefore, we propose that the MeHg degradation 

phenotype observed in Individual A samples is likely associated with a novel pathway.  

Data were analyzed using both contig annotations and metagenome-assembled genomes 

(MAGs) approaches. Individual A and B taxonomical and functional structures were similar in the 

balanced medium but significantly changed in response to peptone-amendment (Figure 3.2B-D). 

These results suggested that Individual A fecal microbiome may contain genetic elements, absent 

in Individual B, that could be important in the degradation of MeHg. Alternatively, peptone 

amendments may have stimulated low abundance microbes present in Individual A samples, 

providing needed metabolic capabilities for MeHg degradation. Fecal samples are representative 

of the colonic region 61,62, which is also the primary site for fermentation of exogenous and 

endogenous substrate, which benefit the host 63. Microbial fermentation of protein produces 

numerous essential metabolites (e.g., short-chain fatty acids and amino acids) 64 and involves 

numerous microbes members of genera in the Firmicutes, Bacteroides, and Actinobacteria phyla65.  

By comparing the microbiome of both individuals, we discovered potential genetic 

determinants possibly involved in MeHg degradation. First, we employed genome-resolved 

metagenomics and reconstructed 18 MAGs, for which we performed an enrichment map analysis. 

We identified the menaquinone biosynthesis pathway as significantly overrepresented among the 

gene list in Individual A in the peptone-amended treatment. Menaquinone (or Vitamin K2) plays a 

vital role in bacterial respiration as part of the electron transport chain 52. This vitamin is present 

in the cytoplasmic membrane, where it transports electron between NADH dehydrogenase, 

succinate dehydrogenase, and cytochrome bc1 complex. We reviewed the menaquinone 

biosynthesis pathway on the KEGG database (http://www.genome.jp/kegg/) and found that 
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demethylmenaquinone methyltransferase (menG) could potentially be involved in MeHg 

degradation. Indeed, the methyltransferase, menG, catalyze prenylation of demethylmenaquinol to 

menaquinol via the transfer of the methyl group on S-adenosyl-L-methionine (SAM). The link 

between SAM and methylation of mercury has been proposed in earlier studies 66–68, but none has 

studied the possible link between SAM and MeHg degradation. The possible link between the 

menaquinone biosynthesis pathway and MeHg demethylation requires further investigations.   

3.6 Conclusions 

Here, we reported a possibly novel process for MeHg demethylation by members of the human 

gut microbiota. Inhibition assays ruled out the possibility of known demethylators as responsible 

for the degradation of MeHg in our fecal slurry incubation experiments. Moreover, using 

comparative shotgun metagenomics, menaquinone biosynthesis could be linked to microbially-

mediated MeHg degradation in the human gut environment.  

This study highlighted the importance of combining culture- and non-culture-based 

approach in addressing complex microbial mechanistic questions. Additional experimental work 

will be required to test our findings and identify the essential gene(s) involved in the degradation 

of MeHg in the human gut environment. Moreover, this study did not address how the protein 

amendment can enhance MeHg degradation and remains elusive. This study is an important step 

in identifying a MeHg-degrading biomarker and enhance our ability to monitor MeHg risks.  
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3.8 Tables and Figures 

Table 3.1 – Summary of MAGs recovered using Anvi’o 6.1. High quality MAGs are 

highlighted in bold. Medium quality MAGs are italized. Bins with > 50% completion and 

<10% redundancy were not retained. The guideline are based on the MIMAG standard. Taxa 

identified using CheckM (v1.1.2) 

MAGs Taxa ID  
Total 

length 
(Mbp) 

GC 
ratio 

 
Contigs 

(#)  

Mean 
Contig 
length 
(bp) 

 Max 
Contig 
length 
(bp)  

 N50  
# of 

Predicted 
genes  

Completeness 
(%) 

Redundancy 
(%) 

MAG_76 o__Selenomonadales 2.24 0.44 117 19,112 159,789 44,138 2,174 99.3 1.4 

MAG_80 k__Bacteria 3.58 0.30 133 26,922 239,088 70,301 3,354 99.3 2.9 

MAG_61 o__Clostridiales 2.47 0.37 61 40,514 215,711 49,692 2,335 96.4 2.9 

MAG_43 o__Burkholderiales 2.35 0.50 145 16,230 81,771 23,848 2,244 96.4 3.6 

MAG_77 o__Selenomonadales 2.29 0.50 58 39,413 225,577 84,794 2,111 96.4 5.0 

MAG_36 o__Clostridiales 2.44 0.56 571 4,273 29,811 5,916 2,819 95.0 3.6 

MAG_72 g__Streptococcus 2.14 0.40 234 9,131 89,264 18,688 2,169 92.1 2.2 

MAG_41 o__Clostridiales 1.81 0.62 271 6,663 41,216 10,289 1,899 92.1 5.8 

MAG_66 o__Clostridiales 2.60 0.54 687 3,791 55,053 5,082 2,908 86.3 8.6 

MAG_54 o__Clostridiales 2.05 0.27 772 2,653 23,164 3,060 2,472 84.2 6.5 

MAG_65 g__Streptococcus 1.63 0.42 735 2,219 13,308 2,444 2,119 84.2 7.9 

MAG_7 g__Burkholderia 7.48 0.67 2,390 3,130 17,209 3,812 8,598 83.5 4.3 

MAG_58 o__Clostridiales 2.20 0.49 532 4,143 32,011 6,010 2,249 82.0 5.8 

MAG_71 o__Clostridiales 5.91 0.48 432 13,680 96,372 21,027 5,511 82.0 7.2 

MAG_39 k__Bacteria 2.49 0.43 1,193 2,088 10,903 2,264 3,029 75.5 1.4 

MAG_30 o__Bacteroidales 2.56 0.43 1,076 2,378 12,321 2,739 2,971 71.9 2.9 

MAG_37 k__Bacteria 1.89 0.43 1,215 1,554 5,969 1,550 2,628 68.3 7.2 

MAG_59 o__Clostridiales 1.68 0.41 815 2,061 12,641 2,245 2,085 66.9 0.7 
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Figure 3.1 – Inhibition assay for MeHg demethylation from known microbial guilds. 
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Figure 3.2 – A) Heatmap showing the distribution of taxa among the different treatment. Hierachical 

clustered gut microbiota by treatment and time. B-D) Principle coordinate analysis using Bray-Curtis 

dissimilarity distance of taxonomic (B), gene (C) and pathway (D) dataset. Individual A and B respond 

to nutrient similarly in balanced media. In peptone-amended medium, they respond differently.  
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Figure 3.3 – Microbial tree reconstructed from genome representing taxa reported in Browne 

et al 41 with complete genomes available on NCBI. Incorporation of MAGs (red shaded dots) 

in their phylogenetic context using anvi’o’s anvi-gen-phylogenomic-tree function and fasttree. 

Taxonomy of the MAGs was refined via their phylogenetic position among other bacterial 

genome found in healthy human gut microbiota. Relative abundance of MAGs found in all the 

different treatments.   
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Figure 3.4 – A total of 45 gene ontology annotated genes were uniquely found Individual A in 

protein amended post-incubation samples. Enrichment map analysis shows genes to be mostly 

correlated with vitamin K metabolisms.  A) Venn diagram comparing genes from the gut 

microbiome of both individuals. B) A hierarchical tree of the most significant KEGG pathways 

identified by the enrichment analysis. Pathways are clustered based on the number of genes shared. 

Size of circles indicate higher significant P-values. Enrichment analysis based on hypergeometric 

distribution and FDR adjusted.  
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3.9 Supplemental tables and figures 

Table B1- Summary table of enrichment map analysis 

Enrichment FDR Genes in list Functional Category 

8.54E-05 2 menaquinone metabolic process 

8.54E-05 2 menaquinone biosynthetic process 

7.44E-04 5 cofactor metabolic process 

1.22E-03 2 phylloquinone biosynthetic process 

1.22E-03 2 phylloquinone metabolic process 

2.58E-03 4 coenzyme metabolic process 

4.55E-03 3 coenzyme biosynthetic process 

4.55E-03 2 cellulose catabolic process 

4.55E-03 2 DNA geometric change 

4.55E-03 2 DNA duplex unwinding 

4.55E-03 2 beta-glucan catabolic process 

4.55E-03 7 organonitrogen compound metabolic process 

5.70E-03 7 small molecule metabolic process 

7.22E-03 3 cofactor biosynthetic process 

1.03E-02 2 glucan catabolic process 

1.03E-02 2 cellular polysaccharide catabolic process 

1.43E-02 2 cellular carbohydrate catabolic process 

1.43E-02 15 single-organism process 

1.43E-02 10 single-organism metabolic process 

1.55E-02 2 DNA conformation change 

1.64E-02 5 carboxylic acid metabolic process 

1.64E-02 2 cellulose metabolic process 

1.85E-02 5 organic acid metabolic process 

1.85E-02 2 vitamin metabolic process 

1.85E-02 5 oxoacid metabolic process 

1.85E-02 4 small molecule biosynthetic process 

1.85E-02 2 beta-glucan metabolic process 

2.01E-02 10 nitrogen compound metabolic process 

2.43E-02 2 DNA recombination 

2.43E-02 2 oxidoreduction coenzyme metabolic process 
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4.1 Abstract  

The Alberta Oil Sands Region in Canada is home to one of the largest oil bitumen deposits in the 

world. The North American river otter (Lontra canadensis) is a top predator with a small home 

range and is sensitive to disturbances; it has been designated as a sentinel species for the potential 

impacts of the natural resource exploitation on freshwater ecosystems in the Alberta Oil Sands 

Region. With an increasing interest in noninvasive biomarkers, recent studies suggest that gut 

microbiota can be used as a potential biomarker of early biological effects on aquatic wildlife. The 

goal of the present study was to determine the river otter gut microbial structure related to 

environmental variables characterizing mining activities and metal body burden. We obtained 18 

trapped animals from and surrounding the surface mineable area of the Alberta Oil Sands Region. 

The gut microbial community structure was characterized using high‐throughput sequencing of 

16S rRNA gene amplicon analyses. Trace metal concentrations in the liver were measured by 

inductively coupled plasma–mass spectrometry. Our study revealed that the gut bacteria of river 

otters in the Alberta Oil Sands Region clustered in 4 groups dominated by Peptostreptococcaceae, 

Carnobacteriaceae, Enterobacteriaceae, Clostridiaceae, and Nostocaceae. We show that arsenic, 

barium, rubidium, liver‐body weight ratio, and δ15N were associated with each cluster. When 

comparing affected versus less affected sites, we show that river otter gut bacterial community and 

structure are significantly related to trophic level of the river otter but not to Alberta Oil Sands 

Region mining activities. Our study reveals that the gut bacterial dynamics can provide insights 

into the diet and habitat use of river otters but that more work is needed to use it as a pollution 

biomarker 

Keyword: biomarker, river otter, gut microbiota, high-throughput sequencing, AOSR 
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4.2 Introduction 

The Alberta Oil Sands in Canada are petroleum deposits where the soil contains a mixture of sand, 

clay, water, and bitumen. Crude oil is recovered through in situ steam injection or excavation 

through open‐pit mines (Natural Resources Canada 2017). In 2019, the Alberta Energy Regulator 

(AER) reported that Alberta's total crude bitumen production is estimated at 3.1 million barrels/d 

(Alberta Energy Regulator 2019). Exploitation of the oil sands is an integral part of the Canadian 

economy, but it carries an environmental cost. Current monitoring efforts have shown that open‐

pit or surface mining significantly contributes to atmospheric contaminant releases such as heavy 

metals into the surrounding environment, with potential impacts on neighboring ecosystems (Kelly 

et al. 2010; Kirk et al. 2014; Huang et al. 2016). The use of sentinel species such as the North 

American river otter (Lontra canadensis) could aid in evaluating the health of the ecosystem. 

Sentinel species are organisms, usually animals, sensitive to environmental changes that are 

chosen to reveal and monitor the bioavailability of contaminants and to detect risks to humans by 

providing early warning of danger (Bossard 2006). River otters are semi‐aquatic mustelids that 

live primarily in freshwater ecosystems and are usually top predators. River otters are also highly 

sensitive to natural (Lariviere and Walton 1998) and anthropogenic disturbances (Bowyer et al. 

1994, 2003; Guertin et al. 2010), and to metal pollution (Harding et al. 1998; Basu et al. 2005). 

Moreover, river otter populations in North America have suffered dramatic declines as a result of 

habitat degradation (Lariviere and Walton 1998). Due to its sensitivity to disturbances, small home 

range, and nonmigratory and fish consumption behavior (apex predator), the river otter is 

considered a sentinel species of freshwater ecosystems (Basu 2012). 
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Current biomonitoring approaches relying on river otters involve census estimates via 

indirect counts and scat surveys to determine population dynamics (Mowry et al. 2011). However, 

due to the elusive nature of the animals, monitoring the population demographics of this species 

is challenging. Furthermore, this approach is unreliable due to its inability to identify individuals 

repeatedly. Certain DNA‐based techniques such as polymorphic microsatellite loci in mustelid 

scats were used to evaluate river otter demography, to determine contaminant presence (Guertin 

et al. 2010), and to understand population genetic structure (Klütsch and Thomas 2018). In addition, 

river otter and mink fur were determined to be a good biomarker for determining mercury body 

burden (Eccles et al. 2020). Recent studies suggest that the gut microbiota could be a potential 

biomarker for aquatic toxicology and chemical risk assessment (Adamovsky et al. 2018), but no 

data have been available on freshwater mammals such as river otters. 

The mammalian gut microbiota plays a significant role in its host's digestion, immune 

system, and detoxification (Fraune and Bosch 2010; McFall‐Ngai et al. 2013; Kohl and Carey 

2016; Guo et al. 2018). Environmental exposure significantly shapes the collective genomic 

potential of the gut microbiota (the gut microbiome; Rothschild et al. 2018), especially through 

diet (Ley et al. 2008). The mammalian gut microbiome can change in response to the metabolic 

demands of its host's diet, as shown in desert woodrats harboring creosote toxins that degrade 

microbes (Kohl et al. 2014), or in baleen whales, whose microbiome contains chitin‐fermentative 

bacteria (Sanders et al. 2015). The environment can also alter the gut microbiota community 

structure. For instance, Coolon et al. (2010) found that deer mice living in formerly contaminated 

sites that underwent remediation have different gut microbial community structure than animals at 

reference sites, a difference that was attributed to the toxicity of remnant heavy metals. Similarly, 
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in vitro experiments in which zebrafish were chronically exposed to titanium dioxide nanoparticles 

and bisphenol A showed an altered gut microbiota composition and decreased abundance of 

commensal bacteria (Chen et al. 2018). Currently, there is no baseline study on the gut microbial 

community of river otters. However, based on the lifestyle of river otters, we expect that their gut 

microbiota would be similar to that of other semiaquatic mammals such as the American mink 

(Neovison vison) or the Eurasian otter (Lutra lutra; An et al. 2017; Bahl et al. 2017; Zhao et al. 

2017). These species are also top predators in their respective ecosystems. 

The present study aimed to explore the relationship between local environmental metal 

body burden and the gut microbial community structure of river otters at the time of capture and 

to further evaluate whether the data could be used to develop biomarkers for ecosystem health. 

First, we hypothesized that multistressor environments including habitat degradation and increased 

contaminant releases in the Alberta Oil Sands Region would be significantly associated with the 

gut microbiota of river otters, as shown in other mammalian gut environments (McKenzie et al. 

2017). Second, we used geospatial analyses to identify environmental drivers that can potentially 

affect the river otter gut microbiota structure and to explore the use of gut microbiota as a 

biomarker of early biological effect in wildlife impacted by oil sands extraction activities. 

4.3  Materials and Methods 

4.3.1 Ethics 

All animals were trapped following the Alberta Code for Responsible Trapping and the Agreement 

on International Humane Trapping Standards. 



74 

 

4.3.2 Site of river otter and environmental data collection 

River otter carcasses (n = 18) already trapped under permit for the commercial fur trade were 

collected from willing trappers in the Alberta Oil Sands Region (Figure 4.1). Carcasses were stored 

at –20 °C until wildlife postmortem evaluations, and dissections were conducted at the National 

Wildlife Research Centre (Ottawa, ON, Canada). Environmental variables relevant to the habitat 

of each river otter were extracted using a geographic information system (GIS; Supplemental Data, 

Table C1). All environmental variables were calculated using a 9‐km‐radius circle around the 

trapline centroid. This value was chosen to simulate a realistic home range area for each river otter 

and would be representative of the environment it lives in. This metric was based on previous 

radiotelemetry data of river otters (Reid et al. 1994; Eccles et al. 2020). 

4.3.3 Sample collection and preparation 

Biological data, including body weight, organ weight, and sex, were collected during the gross 

necropsy of each animal. Metal contaminant burdens were generated in liver tissue. Liver samples 

were homogenized following an National Wildlife Research Centre operating protocol (#SOP‐TP‐

PROC‐07F). An aliquot of approximately 3.0 g was submitted for trace element and heavy metal 

analysis at National Wildlife Research Centre. The aliquot sample destined for trace element 

analysis was stored in preweighed, acid‐washed, polypropylene vials and an exact wet weight was 

recorded. Samples were placed on a Labconco FreeZone, 6‐L, –50 °C Console Freeze Dryer for at 

least 48 h. After removal, samples were weighed immediately to record dry weight and 

subsequently stored in a desiccator at room temperature until analysis. Percentage of moisture was 

calculated. 



75 

 

After drying, 100 mg (exact weight recorded) of dried sample was aliquoted into digestion 

tubes (15‐mL DigiTUBEs; SCP Science). Nitric acid (1.5 mL) was added to each sample, 

including blank and quality control samples. Samples were capped loosely and left to sit overnight 

at ambient temperature. Samples were then heated to 70 °C for 100 min in a DigiPrep block 

(DigiPREP MS Graphite Digestion system; SCP Science) followed by 100 °C for 330 min. 

Samples were shaken by hand periodically throughout this incubation period to ensure 

homogeneous digestion. Following digestion, samples were left to cool overnight in the block at 

ambient temperature. Once cooled, the sample digest volume was adjusted to 5 mL with ultrapure 

water. Digests were finally stored at room temperature until further analysis.  

Gastrointestinal tracts were surgically removed from the carcasses, kept in Ziploc bags, 

and stored at –20 °C until further processing. Gastrointestinal tracts were thawed at 4 °C. Scat 

samples were surgically removed from the gastrointestinal tract in a biosafety cabinet using 

ethanol‐flamed sterilized scalpel and forceps to minimize cross‐contamination and airborne 

microbial contamination. Scat was placed in 50‐mL sterile canonical tubes and stored at –20 °C 

until DNA extraction. 

4.3.4 Scat sampling and microbial community analysis 

The DNA was extracted using the DNeasy PowerSoil DNA extraction kit (Qiagen) as per the 

manufacturer's protocol. The forward primer 341F (5′‐CCTACGGGNGGCWGCAG‐3′) and 

reverse primer 805R (5′‐GACTACHVGGGTATCTAATCC‐ 3′) were used (Takahashi et al. 2014). 

Library preparation, amplicon sequencing, and demultiplexing were performed by Integrated 

Microbiome Resource (Dalhousie University, Halifax, NS, Canada) on the Illumina MiSeq PE 2 

× 300 platform (Comeau et al. 2017). Preprocessing and processing of raw data were performed 
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using the Microbiome Helper processing pipeline (Comeau et al. 2017), which is based on QIIME2 

(Bolyen et al. 2019). Adapter and primers were cut, and amplicons were trimmed using the 

Cutadapt tool (Martin 2011). Trimmed amplicons were processed (at 270 and 218 bp for forward 

and reverse reads, respectively), chimera‐checked, and assigned taxonomy using DADA2 

(Callahan et al. 2016). We performed our taxonomical assignments of our amplicon sequence 

variant (ASV) using the Naive Bayes approach (QIIME2 plugin) built for our primers using the 

SILVA 132 database (Quast et al. 2013). The phylogenetic tree was built using the SEPP QIIME2 

plugin and generated using the R phyloseq package (McMurdie and Holmes 2013).  

4.3.5 Trace metal analysis 

Trace metal analyses were undertaken at the National Wildlife Research Centre, a CALA‐

accredited and ISO 17025 certified facility using a standardized operating protocol (#SOP-MTH-

MET-TE-01C). Digests were analyzed using a PerkinElmer NexION 300d inductively coupled 

plasma–mass spectrometer (ICP‐MS). The method was developed following the general principles 

of the US Environmental Protection Agency methods 6020 (2014) and 200.8 (1994), with 

modifications for wildlife tissues. The ICP–MS was run by the Syngistix Ver 1.1 and ESI SC Ver 

2.8.0.3 software equipped with an ESI SC‐2 DX FAST Basic autosampler. All samples (calibration 

blanks and standards, quality control samples and standards, and analytical samples) were 

analyzed with an internal standard (germanium, lutetium, rhodium, and scandium mixed in‐house 

purchased from Delta Scientific). Quality assurance and control methods included the use of 

certified reference material (NIST CRM Oyster Tissue 1566b and CRM Lobster Hepatopancreas 

TORT‐2). Data were corrected for % recovery of each internal standard. Blanks of HNO3 (1%) 

were injected at the beginning and end of each set of samples and before and after the calibration 
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standards to monitor cross‐contamination. In addition, we made use of sample blanks analyzed 

with each set of 9 samples, and duplicate/triplicate extractions of one random sample/set of 9 livers. 

Results were expressed in μg g–1 dry weight. 

4.3.6 Fur Data 

Fur samples were analyzed for δ15N (‰) and δ13C (‰) using an elemental analyzer (Vario EL 

Cube; Elementar) interfaced (Conflo III; Thermo) to an isotope ratio mass spectrometer (Delta 

Advantage; Thermo). The internal standards used included C‐51 nicotinamide (0.07, −22.95), C‐

52 mix of ammonium sulfate + sucrose (16.58, −11.94), C‐54 caffeine (−16.61, −34.46), and blind 

standard C‐55: glutamic acid (−3.98, −28.53), which represent a natural range of C and N values. 

The δ15N (‰) and δ13C (‰) values were calculated based on Equation 1, where d is the δ15N or 

δ13C values, R is the ratio of the abundance of the heavy to the light isotope, x is the sample, and 

std is an abbreviation for standard. 

d = 𝑅
(𝑥−𝑠𝑡𝑑)

𝑠𝑡𝑑
∗ 1000     (1) 

Total mercury (THg) was measured in the fur samples using a direct thermal decomposition 

Hg analyzer (Mercury Analyzer 3000; Nippon Instruments). Approximately 10 mg of fur was 

subsampled for analysis. Both DORM‐4 and DOLT‐5 were used as standard reference material, 

and 10% of samples were run in duplicate for quality assurance and quality control. 

The cortisol was extracted from the fur samples using the protocol developed by Macbeth 

et al. (2010) and analyzed using an enzyme‐linked immunosorbent assay (ELISA; Oxford EA‐65 

Cortisol EIA kit; Oxford Biomedical; Macbeth et al. 2010). The fur was washed 3 times in 

methanol and then ground using a ball mixer mill. The cortisol was extracted from the ground fur 
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using the extraction buffer from the ELISA kit. Once extracted, the absorbance of the samples was 

analyzed with the 96‐well ELISA plate using a 650‐nm filter. All samples and 8 known 

concentrations were run in duplicate. A standard curve developed from the known concentration, 

and this was used to convert the measured absorbance into concentrations. 

4.3.7 Statistical analysis 

All statistical analysis was performed in R (Ver 3.5.0) unless stated otherwise. The river otter gut 

bacterial structures were clustered employing a t‐distributed stochastic neighbor embedding (t‐

SNE) method with a perplexity of 5, performed for dimension reduction (van der Maaten and 

Hinton 2008; van der Maaten 2014), and a hierarchical density‐based spatial clustering of 

applications with noise (H‐DBSCAN) with minPts of 3 was performed for density‐based clustering 

(Mcinnes et al. 2017). The Rtsne package was used for dimension reduction, and the dbscan 

package was used for density‐based clustering, both on the R platform (Hahsler et al. 2019). The 

output of these steps will indicate potential clustering of similar gut bacteria community. The 

biological relevance of the output from these steps was visually confirmed using principal 

component analysis on weight UniFrac distance. 

The alpha diversity indices Chao1, Shannon, Faith's phylogenetic diversity, and ASV 

observed were calculated to evaluate between and within experimental groups. The Chao1 index 

is an estimation of taxa in a sample obtained by extrapolating rare species to overcome 

undersampling, whereas the Shannon diversity index measures abundance and evenness. Faith's 

phylogenetic diversity is a measure of the number of taxa built on the phylogenetic information 

generated based on the number of distinct sequence variants identified. Observed sequence 

variants are a measure of inferred sequences of taxa observed in a sample. A nonparametric 
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Kruskal–Wallis test was performed to determine significant effects between the different clusters 

generated, and multiple comparisons for significant differences were performed using Dunn's 

pairwise test, with the p value adjusted with Bonferroni correction. The Mann–Whitney rank sum 

test and equal variance test were performed to determine the significant difference in alpha 

diversity. Analysis of similarities (ANOSIM) was performed to determine the significant 

difference in beta diversity between river otter bacterial community structure from individuals 

living within the surface mining and outside the surface mining area. 

Weighted UniFrac measurements were used to assess differences in gut bacterial 

communities between individuals and the different environmental variables measures, and 

accounts for taxa abundances (Lopuzone et al. 2006). We performed a multiple regression of 

environmental variables using EnvFit (vegan package; Oksanen et al. 2009), and the significance 

of fitted vectors and factors was assessed using random permutations (999). Linear discriminant 

analysis of effect size (LEFse) was used to determine taxa explaining the most difference between 

clusters (Segata et al. 2011). This analysis was set at an alpha value of 0.05 for Wilcoxon tests and 

a logarithmic linear discriminant analysis (LDA) score threshold set at 4.5. The ASVs with a 

relative abundance <10-5, not seen more than 3 times in at least 20% of the samples, were 

eliminated. An alpha level of 0.05 was used as a guide for statistical significance, and an alpha 

level of 0.20 was used to determine environmental variables deemed important for further 

investigation.  
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4.4 Results 

4.4.1 Characterizing the river otter gut bacterial community structure 

To evaluate multistressor effects on the river otter gut bacterial community structure, we first 

characterized the transient gut bacterial assemblage, for which no data currently exist. We analyzed 

a total of 18 fecal samples extracted from river otter carcasses (10 males and 8 females). We 

generated a total of 371 181 filtered‐quality reads with 20 621 average reads/sample. After de‐

noising and filtering steps, we were left with an average of 10 052.5 reads/sample. A total of 967 

ASVs were obtained, for which firmicutes (74.7%), proteobacteria (14.5%), and actinobacteria 

(4.9%) accounted for more than 94%.  

We identified similar gut bacterial community structures using density‐based clustering. 

Using this approach, we identified 4 different gut bacterial clusters and identified representative 

taxa for each cluster. Our analysis identified the families Peptostreptococcaceae, 

Carnobacteriaceae, Enterobacteriaceae, and Nostocaceae as dominant in clusters 1, 2, 3, and 4, 

respectively (Figure 4.2; p < 0.05). Alpha diversity indices indicated significant differences 

between cluster 2 versus cluster 4 in all indices measured (Figure 4.3; p < 0.05). 

4.4.2 Relationship with local environmental factors  

We explored the relationship between chemical environmental exposure and the gut bacterial 

community structure. Our multiple comparisons (EnvFit) analysis revealed that the sex of the river 

otter had no impact on the gut bacterial composition and structure (r2 = 0.11; p = 0.36). 

Environmental fitting analysis suggested that liver arsenic (As) concentrations were significantly 

correlated with the bacterial community structures of cluster 1 and 3 (Figure 4.4; r2 = 0.54; p = 
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0.04). Liver zinc (Zn; Figure 4.4; r2 = 0.47; p = 0.07) and δ15N (Figure 4.4; r2 = 0.62; p = 0.11) 

were weakly related to the bacterial structure of cluster 1. We measured isotopic fur δ15N as a 

proxy for trophic level (Post 2002). Liver barium (Ba) was weakly related to cluster 2 (Figure 4.4; 

r2 = 0.36; p = 0.14). Lastly, liver rubidium (Rb; Figure 4.4; r2 = 0.38; p = 0.15) and liver to body 

weight ratio (liver_body wt_ratio; Figure 4.4; r2 = 0.34; p = 0.20) were also weakly related to 

cluster 4.  

4.4.3 Relationships with landscape 

We assessed the relationship between surface mining and other anthropogenic activities in terms 

of the structure of the gut bacteria. We measured alpha diversity indices between river otter 

carcasses found in traplines within the mineable oil sands area and river otter carcasses found in 

traplines outside the mineable area (Figure 4.5). Results from the nonparametric t test indicated 

that there were no differences in the structure of river otter gut bacteria within and outside the 

mineable surface area for both alpha and beta diversity (Figure 4.5; Mann–Whitney rank sum test, 

Chao 1: t = 50.0, p = 0.84; Faith's phylogenetic diversity: t = 50.0, p = 0.55; and equal variance 

test, Shannon: t = 0.88, p = 0.39, ANOSIM: p = 0.32). Lastly, the median human impact score is 

based on a ranked metric related to the degree of anthropogenic land disturbance (i.e., concrete, 

house, roads, agricultural fields); this was calculated for each trapline and applied as a custom GIS 

layer. The median human impact score also showed no significant relationship with the gut 

bacterial community structure (Figure 4; r2 = 0.05; p = 0.98).   
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4.5 Discussion 

4.5.1 The bacterial community of the river otter gut was structured in 4 clusters 

We have shown that the transient river otter gut microbiome is composed mainly of Firmicutes, 

Proteobacteria, and Actinobacteria. This gut bacterial structure is similar to that of the American 

mink and Eurasian river otter gut microbiota. Our analyses revealed 4 river otter gut bacterial 

clusters. We also identified representative taxa and potential environmental stressors correlating 

with each cluster. First, our analysis of cluster 1 revealed that it could reflect the gut microbiota of 

a predatory carnivore. Our analysis identified Peptostreptococcaceae as a potential biomarker for 

cluster 1 (Figure 4.2), which is typical of the microbial community structure of predatory 

carnivores (Nishida and Ochman 2018) as well as that of the Eurasian otter (An et al. 2017). 

Moreover, this cluster contains river otter with higher biomarker isotope δ15N, indicating that 

otters in cluster 1 consume higher trophic position organisms compared with the other river otters 

tested. River otter diet is varied, and prey selection depends on its habitat type (Day et al. 2015). 

Previous studies have indicated the importance of diet in shaping the gut microbiota structure of 

animals (Kohl and Dearing 2016; Ley et al. 2008; Nelson et al. 2013; Nishida and Ochman 2018; 

Youngblut et al. 2019). Additional information on river otter's prey items could help determine if 

Peptostreptococcaceae is a reliable biomarker for a predatory carnivore. 

Second, we identified Carnobacteriaceae as a biomarker for cluster 2 (Figure 4.2). 

Carnobacterium, found within the Carnobacteriaceae family, is a psychrotrophic lactic acid 

bacterium that grows on a variety of foods and that may contribute to the rapid spoilage of meat 

during storage (Leisner et al. 2007; Casaburi et al. 2011). The role of this nonpathogenic bacterium 

in mammalian gut microbiota is unknown. However, we do know that this genus is associated with 
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marine and freshwater animals and may reflect the fish‐ based diet of river otters (Gilbert and 

Nancekivell 1982; Reid et al. 1994). Carnobacterium was also found in mink gut microbiota (Zhao 

et al. 2017), and minks and river otters share a similar diet (Eccles et al. 2020).  

Third, our analysis identified Enterobacteriaceae and Clostridiaceae as core members for 

cluster 3 (Figure 4.4). Enterobacteriaceae and Clostridiaceae are large families that include not 

only pathogens but also commensal microorganisms of the gut environment (Octavia and Lan 

2014; Youngblut et al. 2019). This cluster could potentially indicate river otters suffering from 

gastrointestinal disease, because a high abundance of Enterobacteriaceae (Janeczko et al. 2008; 

Linninge et al. 2018) and Clostridiaceae, more specifically Clostridium perfringens, is involved in 

mammalian gastrointestinal diseases. Furthermore, C. perfringens was observed to cause myositis 

and enterotoxemia in hooded seals (Aschfalk and Müller 2001) and significant tissue damage in 

long‐beaked common dolphins (Danil et al. 2014). Interestingly, a study looking at anthropogenic 

fecal contamination of coastal marine habitat in California showed that dead sea otters were more 

likely to test positive for C. perfringens, Campylobacter, and Vibrio parahaemolyticus (Miller et 

al. 2010). Our results suggest that freshwater runoff, sewage, or a more urbanized center can 

represent significant risk factors for river otter health, which need to be further assessed. However, 

we are not able to link the presence of Enterobacteriaceae and Clostridiaceae with river otter 

gastrointestinal disease because we do not have any health‐related information. Further studies 

linking the gut microbiota to health and disease could establish the correlation of these bacterial 

groups to river otter gastrointestinal disease.  

Finally, we identified Nostocaceae (Cyanobacteria) and Actinobacteria as core members 

of cluster 4 (Figure 4.3). The family Nostocaceae contains nitrogen‐fixing cyanobacteria typically 
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found in freshwaters (Dodds et al. 1995). Actinobacteria are widespread in terrestrial environments 

(Lawson 2018) and are known to be a core member of most mammalian microbiota (Nishida and 

Ochman 2018). This cluster likely reflects the amphibious behavior of river otters. 

4.5.2 Correlation between local environmental variables and river otter clusters 

Arsenic is of concern in the Alberta Oil Sands Region watersheds (Kelly et al. 2010; Moncur et al. 

2015). High concentrations. of As in the Athabasca region are attributed to legacy atmospheric 

deposition from anthropogenic sources (Donner et al. 2019). In the Athabasca River, As 

concentrations were measured averaging 0.37 ± 0.01 and 0.34 ± 0.01 μg g−1 in 2014 and 2015, 

respectively (Donner et al. 2017). In our study, river otter liver As concentrations ranged from 0.07 

to 0.42 μg g−1 (Supplemental Data, Table C2). Our environmentally driven patterns analysis 

showed a correlation between δ15N and As (Figure 4.4), which is in agreement with the 

bioaccumulative nature of As. It is unclear whether exposure to As alters the gut microbiome of 

river otter or vice versa. However, the bacterial composition of cluster 1 attributed to a carnivorous 

diet could be associated with metal(loid)s bioaccumulation at higher trophic levels. Additional 

work is required to further establish a correlation between As exposure and the gut microbial 

structure of river otters. 

4.5.3 Surface mining does not appear to affect the river otters’ gut bacterial community structure  

Using geospatial analyses, we did not observe a direct relationship between the proximity to the 

surface mineable area or human activities, and the structure of river otter gut bacterial communities. 

Alberta has substantial oil extraction projects surrounding the mineable surface area (Figure 4.6). 

Other studies have shown that oil pumps and pipelines occasionally leak and increase contaminant 

levels locally (Timoney and Lee 2009; Schindler 2014; Korosi et al. 2016). These more elusive 
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sources of contamination could confound the effect that surface mining directly has on river otter 

gut bacterial community structure. One weakness of our study is the lack of data collected from a 

control population of river otters from an area that experiences no direct or indirect effects of oil 

sand activities. Our results suggest that oil pumps and pipeline leaks may affect river otter gut 

bacterial community structure similarly to effects directly associated with Alberta Oil Sands 

Region extraction activities. Establishing such a relationship warrants a broader and more 

extensive sampling effort and associated analyses than what was afforded by this exploratory study.  

4.6 Conclusions 

This is the first attempt to establish the use of gut bacterial community structure in river otter as 

biomarkers for anthropogenic disturbances and metal pollution. We identified 4 gut bacterial 

clusters, and we were able to identify the plausible taxonomical environmental exposure 

biomarkers attributed to each cluster. However, we were not able to positively identify the Alberta 

Oil Sands Region as uniquely responsible for variations in the river otter gut bacteria. More 

importantly, we realize that most of our samples could be influenced by factors that were initially 

outside the scope of our study, such as presence and location of oil pumps and pipelines, and would 

require further attention. Further studies obtaining health and clinical indices and environmental 

exposure data are needed to meaningfully use gut microbiota as biomarkers.  
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4.10 Tables and Figures 

 

Figure 4.1 – Map of the Alberta Oil Sand Region with markers on the geographical location of the 

river otter samples.
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Figure 4.2 - Linear discriminant analysis (LDA) of effect size (LEfse) to determine taxa most 

representative each cluster. The LEfse was performed with an alpha value of 0.05 for Wilcoxon 

tests and a logarithmic LDA score threshold set at 4.5. This analysis has identified 

Peptostreptococcaceae, Carnobacteriaceae, Clostridiaceae_1, and Nostocaceae representing 

clusters 1, 2, 3, and 4, respectively.   
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Figure 4.3 – Whisker plot of alpha diversity (Chao1, Shannon, and Faith's phylogenetic diversity 

[PD]) and total observed amplicon sequence variant (ASV) of each cluster. Letters represent 

significant differences between each cluster.   
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Figure 4.4 – Principal component analysis (PCA) of river otter gut microbiota using weighted UniFrac distance. 

Environmental vectors were fitted and represent the influence of each environmental variable on the river otter gut 

microbiota. Strontium (Sr) statistically influenced cluster 2 and is represented with a solid line (p < 0.05); barium (Ba), 

copper (Cu), and δ15N have some influence on clusters 2, 3, 4, and 1 and are presented with a dashed line (p < 0.20). 

All other environmental factors are represented with a dotted line. Each circle represents a river otter gut microbiota 

and is color‐coded for the cluster identified using t‐distributed stochastic neighbor embedding (t‐SNE) to reduce the 

dimensionality of our dataset and hierarchical density‐based spatial clustering of applications with noise (H‐

DBSCAN) for clustering. bw = body weight; As = arsenic; Zn = zinc; Rb = rubidium; Se = selenium; Cd = cadmium; 

Fe = iron; Mn = manganese; Ni = nickel; V = vanadium; Hg = mercury; Ag = silver; Mo = molybdenum.  
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Figure 4.5 - Spatial distribution of each river otter sampled with its respective alpha diversity of 

gut microbiota. PD = phylogenetic diversity; ASV = amplicon sequence variant. 
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Figure 4.6 – Map indicating site where active pipelines and wells are found in the Alberta Oil 

Sands Region. The position of our river otters coincides with heavy oil extraction activity 
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4.11 Supplemental tables and figures 

Table C1. Summary of environmental variables used for analysis.  

Predictor Metric Source 

Hg 

Deposition  

Home range average 2012-

2015 

Environment and Climate Change Canada, Air 

Quality Research Division 

 

Human 

Influence 

Median value and each 

home range 
Environment and Climate Change Canada, 

Canadian Wildlife Services (Anthropogenic 

Influence Layer Model 1.0. 2016) 
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Table C2 – Metadata gathered for all 18 river otters. Liver body weight and kidney body weight 

ratios were calculated by dividing the weight of each organ against total body weight. Liver metals 

(µg.g-1) are dry weight measurements. Fur cortisol Hg deposition and gut Hg are measured at µg.g-

1. Human impact median (HI median) the median value of environmental variables extracted from 

GIS that is related to anthropogenic activity (i.e.: farming, house, roads)  
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Table C3 – Top 10 phylum and genus classified for each clusters 
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Figure C1 – Bargraph of relative abundance ordered by cluster group 
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Figure C2 – phylogenetic tree representing species that appear in more than 3 river otters in more 

than 20% of relative abundance. 
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5.1 Abstract 

Seabirds have adapted different foraging techniques and feed at various ocean zones (nearshore vs 

offshore, surface feeding vs plunge-diving). However, environmental degradation and habitat loss 

in coastal areas are causing a substantial population decline. The gut microbiome of seabirds can 

be used as bioindicators for their health but remains unexplored. This study explored the use of 

gut microbiome of seabirds as bioindicators of environmental health by determining the 

relationship between the gut microbiome of seabirds, their prey selections, and body burden of 

mercury and selenium. We obtained a total of 25 seabirds spanning five different species of 

seabirds (Arctic Tern [Sterna paradisaea], Black Guillemot [Cepphus grylle], Common Eider 

[Somateria mollissima], Double-crested Cormorant [Phalacrocorax auritus], Leach’s Storm-

Petrel [Oceanodroma leucorhoa]). We studied the gut microbiota using high-throughput 

sequencing of 16S rRNA gene amplicons and measured trophic index (isotopic tracer δ13C and δ 

15N), liver mercury, and selenium. Our findings revealed the seabird gut microbiome clustered in 

four groups based primarily on prey selections. Cluster 1 included seabirds that consumed at a 

higher trophic position and showed the highest mercury body burden. Cluster 2 is comprised of 

seabirds that preyed on littoral benthic consumers. Cluster 3 and 4 included seabirds consumed 

mostly in the pelagic zone and had higher selenium liver concentration. Interestingly, seabirds with 

higher liver selenium concentration were correlated with lower liver mercury concentration. This 

study showed a correlation between the gut microbiome, contaminant body burden and prey 

selection in Atlantic seabirds. This study is an important first step in developing a seabird gut 

microbiome as a non-invasive biomarker for marine ecosystem health. 
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5.2 Introduction 

Seabirds have been widely used as bioindicators for chemical pollution in the marine ecosystem 

changes such as heavy metals (1, 2). Seabirds are abundant and widespread, which allows for 

sustainable and ethical sampling. These seabirds' collection and sacrifice allowed extensive studies 

on the mercury (Hg) distribution across trophic levels and food webs  (3). However, environmental 

factors such as habitat degradation or marine pollution threaten the livelihood of the seabirds (4). 

Some species are facing an important population decline. Therefore, non-invasive biomonitoring 

methods such as collecting eggs from breeding colonies are becoming preferred methods (5). Hg 

concentrations in seabird eggs showed a wide variation between species and appeared to be driven 

primarily on their diet (5). Moreover, a comparison of egg Hg concentrations across different 

latitudes showed different Hg accumulation patterns within the same bird species (6), suggesting 

that the geographical distribution and diet of seabirds are the prevalent causes of differential Hg 

accumulation in seabirds.  

Hg enters the marine environment through atmospheric and terrestrial deposition pathways 

(7). Transformation of Hg to methylmercury (MeHg) occurs in the ocean water column and marine 

sediments via a microbially-mediated process (8). MeHg enters the marine food web by consuming 

algae and bacteria by zooplankton and is further biomagnified to higher trophic levels, including 

seabirds (9). The effects of Hg on seabird populations are not known, but there is evidence showing 

that elevated Hg concentrations can cause adverse outcomes on seabird fitness. For example, a 

study observed decreased little auk (Alle alle) chick growth rate and body adult condition with 

increasing Hg exposure (10). Another study has shown an increase in parasitic levels and reduced 

abdominal fat in common eider from elevated Hg exposure (11).  
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Selenium (Se) is an essential trace element that is found at high concentrations in seabirds 

(12) but can lead to deleterious effects at higher doses (13). Hg has a high affinity for Se and 

together form mercuric selenide complexes in the liver of seabirds (12). It has also been reported 

that Se can induce the demethylation of MeHg in the intestinal environment in black seabream 

(Spondyliosoma cantharus) (14). In seabirds, a diet rich in Se could compensate for the reduction 

of blood Se caused by Hg complexation, preserving Se-dependent enzymatic function in the host's 

central nervous system (15).  

Feeding ecology is important in determining the Hg and Se body burden in seabirds. 

Coupling quantitative trophic tracers such as stable carbon (δ13C) and nitrogen isotopes (δ15N) 

could highlight important geographical differences in contaminants uptake by seabirds (16, 17). A 

recent study focusing on Magnificent frigatebirds (Fregata magnificens) have shown positive 

correlations between Hg, δ15N, and δ13C, suggesting that Hg bioaccumulated and biomagnified in 

these birds. The authors also attributed the variation in Hg concentration to their feeding location 

(18). Seabirds feeding in warmer waters have also been more prone to higher Hg body burden (19). 

Therefore, the feeding ecology of seabirds is important in the overall risk assessment of their Hg 

exposure.  

The gut microbiota plays a significant role in its host’s digestion, immune system, and 

detoxification (20–23). Research on bird gut microbiome generally lacks compared to other 

organisms, such as mammals. The avian gut microbiota generally has a conserved group of core 

taxa (Firmicutes, Proteobacteria, Actinobacteria and Bacteroidetes) (24–26) and its structure is 

mostly influenced by environmental pressure exhibited by the host’s habitat and diet (27–30). 

Several studies have shown the effects of contaminants such as Hg on the gut microbiome or the 
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gut microbiome's effects on Hg biotransformation in other species (21, 31–33). None was 

conducted to evaluate the relationship between contaminant exposure and the avian gut microbiota. 

Only one study reported that the foregut of the hoatzin (Opisthocomus hoazin) contains saponins 

detoxifying microbes (34). In this study, we investigated the relationship between Hg and Se body 

burden and the gut microbiota structure of five different species of seabirds (Arctic Tern [Sterna 

paradisaea], Black Guillemot [Cepphus grylle], Common Eider [Somateria mollissima], Double-

crested Cormorant [Phalacrocorax auritus], Leach’s Storm-Petrel [Oceanodroma leucorhoa]). 

The goal is to explore the use of seabird gut microbiome as an indicator of the seabirds and the 

marine environment by studying the relationship between the diet, body burden of Hg and Se, and 

the gut microbiota of seabirds. Seabirds consuming at higher trophic position, such as the Double-

Crested Cormorant, would exhibit a higher Hg body burden and result in a relatively diverse 

microbial structure compare to lower trophic position consuming seabirds. 

5.3 Materials and method 

5.3.1 Ethics 

Collections of birds were conducted under approved animal care permit (ACC 02-15R2) and 

Canadian Wildlife Service scientific permit (ST2785). 

5.3.2 Bird location and sampling 

Birds were sampled in the Eastern Shore Islands Wildlife Management Area, east of Sheet Harbour, 

Nova Scotia, centred approximately 44 53’N, 62 20’W (Figure 5.1).  Birds were shot by 12-gauge 

shotgun with steel #4 shot. Within 1 hr, birds were dissected where liver and muscle samples were 

placed in 2 mL centrifuge tubes and kept frozen in liquid nitrogen. Samples were then transferred 



115 

 

to a -40ºC freezer until further analysis. Samples were freeze-dried before shipment for tissue 

analyses. 

5.3.3 Bird fecal collection and preparation 

In a biosafety cabinet, fecal samples were removed from the gastrointestinal tract. Scalpel and 

forceps were sterilized by flamed ethanol to minimized microbial contamination. Fecal samples 

were placed in 15 mL sterile canonical tubes and stored at -20 ºC until use. 

5.3.4 Optimization of bacterial DNA extraction in bird fecal sample 

DNA extraction of bird fecal samples is notoriously tricky. Indeed, bird fecal samples are 

enveloped in a biofilm-like substance that prevented the mechanical and chemical disruption of 

the bacterial cell wall during the DNA extraction process. Fecal samples were soaked in 1.5M 

NaCl and 10% Tween 80 solution and shaken at 330 rpm for 2 hours in an ice box, to improve the 

yield of DNA extracted. Fecal samples were centrifuged to concentrate DNA was extracted using 

the PowerSoil DNA extraction kit (QIAGEN, MD, USA) as per manufacturer’s protocol.  

5.3.5 16S amplicon sequence analysis 

The forward primer 515F (5- GTGYCAGCMGCCGCGGTAA-3) and reverse primer 806R (5- 

GGACTACNVGGGTWTCTAAT-3) were used (35). Library preparation, amplicon sequencing 

and demultiplexing were performed by Genome Quebec (Montreal, QC, Canada). Processing of 

raw sequencing data was performed using QIIME2 (36). Adapter and primers were cut and 

amplicons trimmed using Cutadapt (37). Sequences were cleaned and taxonomy assigned using 

DADA2 (38). We performed our taxonomical assignments of our ASV using the Naive-Bayes 

approach (QIIME2 plugin) built for our primers using the SILVA 132 database (39).  
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5.3.6 C and N Isotope analyss 

Whole muscle samples were freeze-dried, grounded, and sent to the Stable Isotopes in Nature 

Laboratory (SINLAB, University of New Brunswick, Canada) for analysis of carbon and nitrogen 

isotopes. Samples were combusted in an elemental analyzer, and gases were sent to the isotope-

ratio mass spectrometer using a continuous flow interface. Data are reported as differences in 

isotopic ratios, for which the units are parts per thousand (or per mil; ‰), compared to Pee Dee 

Belemnite (PDB), for carbon, and atmospheric nitrogen (AIR), for nitrogen, according to the 

following equation: 

 

δX is the isotope of interest (either δ15N or δ13C, in ‰). R is the ratio of the abundance of the heavy 

to the light isotope (15N/14N or 13C/12C), with Rsample being the ratio within the sample, and Rstd the 

ratio of heavy to light isotope within the international (40). 

5.3.7 Hg and Se analysis 

A 2 g liver sample was processed for analysis of trace elements at RPC Science & Engineering, 

(Fredericton, Canada). Samples were digested overnight by adding 1.0 mL of HNO3 (70%) to 

material placed in test tubes. Samples were heated, loosely capped, and stored at 100°C in dry 

heating blocks for 4 h. Cooled samples were diluted to 4.0 mL in reverse osmosis purified water, 

and then diluted 20 times for analysis. Trace element concentrations were analyzed according to 

CALA-accredited standard operating procedures (Environment Canada, 1989), following 

procedure MET-CHEM-ICP-01A (modified from EPA Method 200.8 for biological samples), and 

using Inductively Coupled Plasma Mass Spectrometry (ICP-MS, Thermo-Series II). Hg was 
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analyzed using Cold Vapour Atomic Absorption (using a Teledyne Hydra II; method based on 

EPA 245.6). Quality assurance/quality control procedures included analysis of two method blanks 

(purified water), two repeats each of two certified biological reference tissues (bovine liver NIST 

1577b, US National Institute of Standards and Technology; DOLT-5, National Research Council, 

Canada), and three randomly selected duplicate samples. Trace element recovery rates ranged from 

±10% for analytes; Hg recovery was 93%. All QA/QC measures were in compliance with standard 

laboratory operating procedures at the time of analysis. 

5.3.8 Statistical analysis 

All statistical analyses were performed on R. We performed alpha diversity indices on our 

microbiota dataset using observed amplicon sequence variant (ASV), Shannon diversity index, 

Faith’s phylogenetic diversity and Pielou’s evenness. One-way ANOVA was performed to 

determine the significant difference between alpha diversity indices. Beta diversity was calculated 

using weighted UniFrac distance matrix (41). Weighted unifrac accounts for taxa abundances. 

Multivariate data were visualized using principle coordinate analysis using vegan package on the 

R platform (http://vegan.r-forge.r-project.org/). Visualization of complex seabird gut microbiota 

data was performed using t-distributed stochastic neighbor embedding algorithm (t-sNE, 

perplexity = 5) and clustering was performed using hierarchical density-based spatial clustering of 

applications with noise (HDBSCAN, MinPts = 3) using Rtsne (https://cran.r-project.org/web/ 

packages/Rtsne/index.html) and dbscan (https:// cran.r-project.org/ web/ packages/ dbscan/ 

index.html) package, respectively. Over-representative taxa for each cluster were identified using 

a linear discriminant analysis of effect size (LEfse) was performed to find microbial biomarkers 

between the four clusters (42). 
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5.4 Results and discussion 

5.4.1 Characterization of the seabirds’ gut microbial community structure 

We identified the gut microbial (bacterial and archaeal) assemblages of each seabird at the time of 

sampling. At the phylum level, reads from all birds gut microbiota were assigned to 18 different 

phyla, and their microbial composition differed between bird species (Figure 5.2A). Across all 

seabird species sampled, the gut microbiota was composed mainly of Proteobacteria, Firmicutes 

and Fusobacteria (31.5%, 26.9% and 24.8%, respectively; Table 5.2). In the Arctic Tern (ARTE), 

the Black Guillemot (BLGU) and the Leach’s Storm Petrel (LHSP), the most abundant phylum 

was Proteobacteria with a relative abundance of 69.3%, 37.7% and 76.5%, respectively (Table 

5.2), while in the Common Eider (COEI) and the Double-Crested Cormorant (DCCO), Firmicutes 

was the most abundant phylum with 52.2% and 71.0%, respectively.  

Our next objective was to compare the gut microbiota structure of seabirds between species 

and trophic levels. Alpha diversity indices (number of observed ASV, Faith’s phylogenetic 

diversity and Shannon diversity index) revealed significant differences between seabird species 

(Figure 5.1B). The gut microbiota of the Arctic Tern was the least diverse, and the gut microbiota 

of the Common Eider was the most diverse of all bird species sampled. The gut microbiota of 

Black Guillemot, the Double-Crested Cormorant and the Leach’s Storm Petrel had similar species 

richness, and all seabird species have similar ASV evenness.  

Next, we aimed to characterize the seabirds' gut microbial signatures using a t-distributed 

Stochastic Neighbor Embedding (t-SNE) and a density-based clustering (H-DBSCAN). Using this 

approach, we identified four clusters among the bird species collected (Figure 5.3). Cluster 1 was 

primarily composed of the gut microbiota of the Double-Crested Cormorant and was over-
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represented by the Clostridiales order, more specifically, Clostridiaceae, Lachnospiraceae, and 

Peptostreptococcaceae family (Figure 5.4). The microbial community structure of cluster 1 shared 

many similarities to the gut microbiome of dolphins and other land carnivorous mammals and 

could represent a piscivorous microbial assemblage (43, 44). Cluster 2 is grouped with the 

Common Eider and the Black Guillemot's gut microbiota with Lactobacilliales detected as a 

biomarker (Figure 5.4). This cluster contained benthic foragers, such as the Common Eider and 

Black Guillemot, that fed on intertidal and subtidal fishes, mollusks, and crustaceans (45, 46). Both 

Clostridiales and Lactobacilliales were commonly found in mammalian and bird gut environment 

(47, 48). Cluster 3 and 4 included the gut microbiota of the Leach’s Storm Petrel and the Arctic 

Tern, respectively. Both clusters were predominantly represented by the Enterobacteriaceae and 

Pseudomonales taxa, respectively (Figure 5.4). Enterobacteriaceae is a common resident of 

animals' gut microbiome, including seabirds, and Pseudomonales is also found in different bird 

species gut microbiome (49–52). The Arctic Tern and the Leach’s Storm are epipelagic and 

mesopelagic feeders in the open sea. Cluster 4 gut microbiome could be indicative of seabirds that 

are pelagic feeders. 

5.4.2 Relationship between feeding location, contaminant exposure, and seabirds gut microbiota 

We explored the relationship between trophic feeding position and gut microbiota of seabirds using 

environmental fitting analysis. Our analysis suggested that δ15N is correlated with cluster 1 (Table 

5.1; δ15N = 14.53). Double-Crested Cormorants’ gut microbial structure formed most of this 

cluster and fed at a significantly higher trophic position (Table 5.1; δ15N = 14.98). The Arctic Tern, 

the Common Eider and the Leach’s Storm Petrel had lower δ15N suggesting that they fed at a lower 

trophic level. The isotopic marker δ15N indicates trophic level consumption, and the Double-
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Crested Cormorant foraged at a higher trophic position than the other clusters. Cluster 1 gut 

microbial structure could be an indicator of higher trophic position seabirds. 

Our environmental fitting analysis suggested the isotopic marker δ13C vector is associated 

with cluster 2 (Table 5.1; δ13C = -19.7), which is overrepresented by the Lactobacillales order. The 

Common Eider, most Black Guillemot and some Arctic Tern are grouped within cluster 2 (Figure 

5.3; Figure 5.5). We observed the highest δ13C value in The Common Eider (Table 5.1; δ13C =-

18.74), the Black Guillemot Table 5.1; δ13C =-19.91) and the Double-Crested Cormorant (Table 

5.1; δ13C =-19.41) and significantly smaller δ13C value in the Arctic Tern (Table 5.1; δ13C =-20.88) 

and the Leach’s Storm Petrel (Table 5.1; δ13C =-21.20). The isotopic δ13C value is a good spatial 

tracer, and a higher δ13C value is typically associated with nearshore seabirds, while a lower δ13C 

value is associated with pelagic seabirds (53).  The Common Eider, the Black Guillemot, and the 

Double-Crested Cormorant also feed on nearshore fishes, explaining the correlation with higher 

δ13C value and δ13C vector in our environmental fitting analysis (54) (Table 5.1; Figure 5.5). The 

opposite is true for most Arctic Terns and Leach’s Storm Petrels, who feed in pelagic and 

mesopelagic fishes and phytoplanktons. Clusters 3 and 4 were inversely correlated with the δ13C 

vector in our environmental fitting analysis (Figure 5.5). With supporting observation from our 

isotopic tracer δ13C, cluster 2 gut microbial structure could represent littoral seabirds’ gut microbial 

structure.  

Our data indicated a significant correlation between liver Hg levels and the microbial 

community structure of the Double-Crested Cormorant, which also exhibited the highest liver Hg 

concentration (35.94 µg.g-1 w.w.) when compared to the Arctic Tern (1.93 µg.g-1 w.w.), the 

Leach’s Storm Petrel (4.71 µg.g-1 w.w.), the Common Eider (4.06 µg.g-1 w.w.) and the Black 
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Guillemot (8.24 µg.g-1 w.w.) (Table 5.1). Liver Hg concentrations of these seabirds were similar 

to those observed in the Common Eider found in Nova Scotia, Canada (55). Environmental fitting 

analysis indicated a significant correlation between the Hg vector, cluster 1, and δ15N (Figure 5.5). 

These observations were consistent with literature where feeding at a higher trophic level led to a 

higher Hg body burden due to Hg's biomagnification in food webs (56). Moreover, this cluster 

contained gut microbiota of Double-Crested Cormorants and was overrepresented by bacterial 

species Clostridium s.s and Tyzerella 3 (Figure 5.5,  p < 0.001). A higher abundance of Clostridium 

s.s has been positively correlated with Hg polluted soils (57), while the high relative abundance of 

Tyzerella 3 (within the Clostridiales order) has been associated with long-term metal exposure in 

human gut microbiota (58). Long term Hg exposure to contaminants through diet could select for 

both genera.  

We observed a correlation between liver Se and the Arctic Tern and Leach’s Storm Petrel 

gut microbiota. Our data indicated the Leach’s Storm Petrel having the highest Se concentration 

(Table 5.1; 74.66 µg.g-1 w.w) comparative to the Arctic Tern (Table 5.1; 22.08 µg.g-1 w.w), the 

Common Eider (Table 5.1; 19.79 µg.g-1 w.w), the Double-Crested Cormorant (Table 5.1; 15.42 

µg.g-1 w.w) and the Black Guillemot (Table 5.1; 7.50 µg.g-1 w.w). Liver Se is inversely correlated 

with δ13C. Carbon isotopic signature in different seabirds was driven by nearshore and offshore 

feeding behaviour (17). Because the ocean is a major source of biogenic Se (59), seabirds feeding 

offshore are exposed to higher Se. Moreover, liver Se concentration is correlated with cluster 3 

and 4, which is overrepresented by Enterobacteriaceae and Pseudomonadales, respectively, and 

grouped Arctic Tern and most Leach’s Storm Petrel gut microbial structure from our dataset Figure 

5.4). It has been reported that Pseudomonadales (more specifically, Pseudomonadaceae) can 
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reduce selenite anaerobically (60), and Enterobacter (within the Enterobacteriaceae family) can 

also reduce selenite, but aerobically (61). However, from our observation, it is unclear if exposure 

to Se alters the seabirds’ gut microbiota to select for Pseudomonadales and Enterobacter. Further 

studies controlling for Se exposure could determine the correlation between both taxa and Se 

exposure. 

5.5 Conclusion 

The gut microbial community of seabirds are clustered primarily based on the feeding choice of 

the seabirds. Cluster 1 gut microbial structure represented seabirds fed at a higher trophic position, 

hence displaying a higher Hg body burden. Cluster 2 gut microbial structure grouped seabirds fed 

on littoral benthic fishes, invertebrates, and correlated with higher δ13C value. Cluster 3 and 4 gut 

microbial assemblage are clustered with seabirds consuming pelagic and mesopelagic fishes, 

mollusks, and crustaceans in the open sea higher Se concentrations and lower δ13C value. We had 

also identified representative microbial taxa for each cluster, which could be a candidate for further 

investigation as potential biomarkers for seabirds prey selection and contaminant exposure. It is 

important to note that fecal samples, such as those used in this study, represent the transient 

influence of diet on the seabird gut microbiome at the time of capture. Moreover, we did not collect 

information on the functional potential of the microbial community.  

We have shown an association between seabirds’ prey selection and their gut microbiome, 

but not with Hg and Se exposure. Future observation of seabirds in a controlled environment could 

identify the relationship between Hg and Se exposure to the seabirds gut microbiota. Moreover, 

mining seabirds gut microbiota's metagenomes would provide insights into the mechanisms of 

absorption and metabolism of contaminants and eventually contribute to developing non-invasive 
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biomarkers for marine ecosystem health. In a changing environment, providing comprehensive 

tools for the biomonitoring of sentinel species is crucial for proper policy decisions in safeguarding 

the marine ecosystem's health. 
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5.8 Tables and Figures 

Table 5.1 – Summary table of environmental variables measured in this study by birds and clusters. 

All value are in g.kg-1 wet weight, except for Se:Hg which is calculated as molar ratios. Standard 

deviation are in brackets. Letters denote significant differences between each bird species based 

on each environmental factor (TukeyHSD). No significant difference were detected among the 

different clusters. 

Bird δ13C δ15N Hg Se Se:Hg molar ratio 

ARTE 
-20.88 (0.53) 

 a 
11.7 (0.21)  

a 
1.93 (0.33)  

a 
22.08 (4.95)  

a 
29.74 (8.75)  

a 

BLGU 
-19.91 (0.56) 

 abc 
14.24 (0.45)  

b 
8.24 (2.05)  

a 
7.5 (0.44) 

 a 
2.42 (0.59)  

b 

COEI 
-18.74 (0.39) 

 c 
11.28 (0.65)  

a 
4.06 (0.69)  

a 
19.79 (14.51)  

a 
13.37 (11.49)  

ab 

DCCO 
-19.41 (1.57)  

c 
14.98 (0.65)  

b 
35.94 (23.74)  

b 
15.42 (3.11)  

a 
1.64 (1.21)  

b 

LHSP 
-21.2 (0.17)  

ab 
12.2 (0.08)  

a 
4.71 (0.33)  

a 
74.64 (35.22)  

c 
39.91 (17.28)  

a 

  

Cluster δ13C δ15N Hg Se Se:Hg molar ratio 

Cluster1 -19.25 (1.54) 14.53 (1.41) 19.68 (16.1) 14.62 (2.55) 2.81 (1.21) 

Cluster2 -19.7 (1.15) 12.63 (1.67) 13.81 (22.51) 15.54 (11.22) 5.76 (5.22) 

Cluster3 -20.94 (0.5) 12.05 (0.28) 3.59 (1.4) 42.1 (17.19) 8.43 (2.94) 

Cluster4 -20.71 (0.54) 12.51 (1.09) 4.97 (3.47) 51.31 (51.98) 7.43 (3.37) 
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Table 5.2 - Top 5 phyla of each species and all species. 

 Phylum ARTE  Phylum BLGU  

 Proteobacteria 69.3%  Proteobacteria 37.7%  

 Deinococcus-Thermus 14.0%  Firmicutes 31.9%  

 Tenericutes 12.4%  Tenericutes 24.9%  

 Chlamydiae 2.8%  Epsilonbacteraeota 4.9%  

 Firmicutes 1.4%  Actinobacteria 0.6%  

       

 Phylum LHSP  Phylum COEI  

 Proteobacteria 76.5%  Firmicutes 51.2%  

 Cyanobacteria 7.0%  Fusobacteria 22.7%  

 Actinobacteria 6.7%  Actinobacteria 11.5%  

 Firmicutes 4.9%  Tenericutes 7.0%  

 Planctomycetes 2.2%  Proteobacteria 3.9%  

 Other phyla 2.8%  other phyla 3.6%  

       

 Phylum DCCO  Phylum All species   

 Firmicutes 71.1%  Proteobacteria 31.5%  

 Fusobacteria 21.6%  Firmicutes 26.9%  

  Actinobacteria 4.5%  Fusobacteria 23.8%   

 Epsilonbacteraeota 2.1%  Tenericutes 7.4%  

 Proteobacteria 0.8%  Actinobacteria 3.9%  

    Deinococcus-Thermus 2.3%  

    Epsilonbacteraeota 1.5%  

    Cyanobacteria 1.2%  

    other phyla 1.7%  
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Table 5.3 - Top taxa identified for each cluster. 

Cluster1 Family Genus 

0.36 Lachnospiraceae Tyzzerella_3 
0.15 Clostridiaceae_1 Clostridium_sensu_stricto_1 
0.15 Peptostreptococcaceae Peptostreptococcus 
0.07 Peptostreptococcaceae Peptoclostridium 

0.05 
Clostridiales 
Family_XIII 

Unclassified 

0.02 Lachnospiraceae Unclassified 
0.02 Actinomycetaceae Varibaculum 
0.02 Fusobacteriaceae Fusobacterium 
0.01 Clostridiaceae_1 uncultured_bacterium 
0.01 Coriobacteriaceae Collinsella 

   

Cluster2 Family Genus 

0.25 Enterococcaceae Catellicoccus 
0.12 Fusobacteriaceae Fusobacterium 
0.10 Enterobacteriaceae Escherichia-Shigella 
0.09 Mycoplasmataceae Mycoplasma 
0.07 Fusobacteriaceae Cetobacterium 
0.06 Deinococcaceae Deinococcus 
0.04 Mycoplasmataceae Candidatus_Lumbricincola 
0.03 Mycoplasmataceae Candidatus_Bacilloplasma 
0.03 Lactobacillaceae Lactobacillus 

   

Cluster3 Family Genus 

0.28 Pseudomonadaceae Pseudomonas 
0.08 Chroococcidiopsaceae uncultured 
0.08 Acetobacteraceae Acidiphilium 
0.05 Xanthomonadaceae Pseudoxanthomonas 
0.05 Micrococcaceae Unclassified 
0.04 Parachlamydiaceae Candidatus_Protochlamydia 
0.03 Beijerinckiaceae Unclassified 
0.03 Pasteurellaceae Nicoletella 

   

Cluster4 Family Genus 

0.78 Enterobacteriaceae Escherichia-Shigella 
0.20 Enterobacteriaceae Unclassified 
0.01 Erysipelotrichaceae Breznakia 
0.01 Mycoplasmataceae Candidatus_Lumbricincola 
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Figure 5.1 – Map of Eastern Shore Islands Wildlife Management Area, east of Sheet Harbour (NS, 

Canada). Seabirds were sampled on islands 1,2,3 and 4  
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Figure 5.2 – Bird species had different gut microbiota diversity that could reflect the range in diet. 

(A) Relative abundance of phyla observed in each arctic seabird. Seabird represented with 

standardized four-letter codes. ARTE = Arctic Tern; BLGU = Black Guillemot; COEI = Common 

Eider; DCCO = Double-crested Cormorant; LHSP = Leach’s Storm-Petrel. (B) Whisker plot of 

observed OTUs, Faith’s phylogenetic diversity, Pielou’s Evenness index and Shannon index. 

Significant differences (Kruskal-Wallis test) indicated with letters shown above each box (α = 

0.05).   
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Figure 5.3 – Bird gut microbiota structure clustered based on bird species and sizes. Dimension 

reduction was performed using t-SNE analysis (perplexity = 5). t-SNE is a non-linear dimension 

reduction technique that constructs a probability distribution where it accentuates similarity and 

accentuates dissimilarity between pairs while minimizing the pairs probability distribution 

(Kullback-Leiber divergence). Clustering was performed using H-DBSCAN (Minpts = 3) on bird 

gut microbial samples. 
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Figure 5.4 – Cladogram of the taxa represented in LDA analysis colour-coded for each cluster. 

LDA analysis showing indicator bacterial species for each clusters (LDA score > 4.0).  
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Figure 5.5 – Principal coordinate analysis of physiological and environmental variable body 

burden. An overlay of mercury concentrations measured was drawn as a surface fit. Each cluster 

is represented by different colour of the data point. Different bird species are indicated by the label 

box colour.   
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5.9 Supplemental Table 

Table D1 - Summary of metadata collected from seabirds 

 n Mean Median StDev 0.25 0.5 0.75 

δ13C 26 -20.01 -20.19 1.20 -21.09 -20.19 -18.97 

δ15N 26 12.89 12.25 1.56 11.81 12.25 14.44 

C. 26 49.59 49.61 2.09 48.22 49.59 50.34 

N. 26 12.56 12.79 1.14 12.14 12.79 13.32 

C.N 26 3.994 3.89 0.55 3.532 3.89 4.15 

Hg 26 11.72 4.79 17.32 3.277 4.785 9.72 

Se 26 27.32 16.75 28.62 11.73 16.75 26.17 
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Chapter 6:  Research synthesis 

6.1 Summary of research contribution  

My thesis’ overarching objective was to explore the relationship between mercury (Hg) and the 

gut microbiome of animals using a multi-model approach and evaluate whether a framework could 

be developed to utilize the gut microbial structure as a biomarker for Hg and metal exposure. In 

chapter 2, my goal was to investigate the effect of diet on human gut microbiota and, subsequently, 

methylmercury (MeHg) transformation. My findings suggest that diet change promoted MeHg-

degrading microbe and, ultimately, increase MeHg degradation. To my knowledge, this is the first 

study to identify and isolate the gut microbiota as responsible for MeHg degradation in the gut 

environment. Moreover, this study also showed a link between nutrient addition in diet (protein) 

to microbial-mediated MeHg degradation. In chapter 3, I showed that known MeHg demethylators 

(methanogens, methanotrophs and sulfate-reducing bacteria) were not involved in the MeHg 

degradation in the human gut environment. By comparing the metagenomes of a gut microbiome 

capable of MeHg degradation to one that does not, I identified menG as potentially involved in a 

novel microbially-mediated pathway for MeHg degradation. This study is the first to propose a 

potential MeHg degradative pathway. Both these chapters provided significant insight into the 

demethylation of MeHg in the human gut environment.  

Chapter 4 explored the relationship between river otters’ gut microbial structure residing 

surrounding the Athabasca Oils Sand Region and found no correlation. However, to my knowledge, 

I was the first to describe the river otter gut microbial structure. Moreover, I have provided a 

framework for further studies into developing the gut microbiota as a biomarker for freshwater 

ecosystem health. In chapter 5, using the same framework established in chapter 4, I found that 
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prey selection is significantly correlated with seabirds' gut microbial structure, affecting Hg body 

burden in seabirds. In these two chapters, I was the first to investigate and provide meaningful 

insight into the relationship between environmental contaminants and wildlife gut microbiota into 

the relationship between wildlife gut microbiota and environmental contaminant exposure.  

My thesis's central theme revolves around the relationship between the host’s diet and its 

associated gut microbiome. Findings from Chapter 2 showed a significant increase in MeHg 

degradation due to protein amendment in the medium. Moreover, the addition of carbohydrates 

significantly decreased MeHg degradation and altered the gut microbiome. Chapter 5 described 

how seabirds' gut microbiota clustered based on prey's location (littoral vs pelagic). These 

observations are in concordance with our current understanding that environmental factors such as 

diet play a significant role in altering the gut microbial structure 1,2  

Overall, my thesis's findings highlighted the importance of environmental influence, such as 

diet and prey selection on the gut microbial structure and MeHg degradation in the gastrointestinal 

environment. Moreover, I have identified menaquinone biosynthesis as a plausible pathway 

involved gut microbial transformation of MeHg. Lastly, my work also provides an exploratory 

framework for utilizing the gut microbiota as a biomarker for Hg or other contaminants exposure 

among wildlife in different ecosystems.  

6.2 Mercury and human gut microbiome: key findings 

In Chapter 2, I tested the hypothesis that diet can increase MeHg degradation in host-associated 

microbiota's human gut environment. In this Chapter, I developed and optimized an in vitro assay 

to screen the gut microbiota for MeHg transformation using stable isotope MeHg tracers. I have 

identified one fecal donor that exhibited high MeHg degradation and another that did not. 
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Furthermore, I have discovered that peptone addition significantly increased MeHg degradation in 

Individual A, and this phenotype was conserved when fecal samples from Individuals A and B are 

mixed. It suggested that gut microbiota collected from Individual B is not inhibiting MeHg 

degradation; instead, those collected from Individual A contained microbial elements that promote 

this phenotype, and these elements were transferable to Individual B. This is the first study to show 

the human gut microbiota capable of degrading MeHg and increased dramatically with protein 

addition. Other studies have done fecal transfer from humans to rat models; however, the results 

could be influenced by the host’s immunity 3–6. Moreover, my in vitro experimental set-up was 

optimized and replicable, rendering it possible to investigate the microbially-mediated MeHg 

degradation pathway.    

In the follow-up study presented in Chapter 3, I tested the hypothesis that known demethylators 

(methanogens, methanotrophs and sulfate-reducing bacteria) were involved in the MeHg 

degradation observed in the human gastrointestinal environment. With no prior knowledge of the 

MeHg degradation mechanism in the human intestinal environment, I tested whether the 

mechanism is similar to one of the three known actions reported for marine and aquatic MeHg 

demethylators using inhibition assays (Oremland et al. 1991; Lu et al. 2017; Kronberg et al. 2018). 

I showed that none of the known MeHg demethylators were involved in MeHg degradation, 

suggesting a novel pathway. Using comparative metagenomic analysis, I observed significant 

differences in taxa, genes and functions in the fecal microbiome collected from Individual A 

compared to that collected from Individual B. Pathway analysis revealed menaquinone 

biosynthesis as a potential pathway for MeHg degradation. The discovery of a potential 

mechanism for MeHg degradation in the human gut environment can lead to a more accurate 



144 

 

physiological-based pharmacokinetic model to extrapolate Hg risk, reduce interindividual 

variability in population modelling and, ultimately, lead to better risk management. This study was 

first to provide a novel mechanism for MeHg degradation by the human gut microbiota. 

6.3 Mercury and sentinel species of aquatic ecosystem gut microbiome: key findings 

Chapters 4 explored the relationship between Hg and the gut microbiota of river otters surrounding 

the surface mining activities in Athabasca Oil Sands Region. The river otter is a sentinel species 

for freshwater ecosystem health, and its gut microbiota has yet to be characterized, making it an 

ideal candidate for this project. My findings showed that the river otter gut microbiota is similar 

to those reported in other mammalian carnivores 10–12. Next, I clustered the gut microbiota with 

similar microbial profiles, and I have identified four clusters with distinct microbial community 

structures that could provide some evidence on the host diet and health status. Once I have 

established the different microbial profiles, I investigated the correlation between environmental 

factors (metal body burden, health indices) and the four clusters. This methodology is an important 

first step in developing a framework where the gut microbiota can be utilized as a biomarker for 

early biological effect. This study is the first to describes the gut microbial community of river 

otters. 

Chapter 5 explored the relationship between prey selection, Hg body burden, and the gut 

microbiome of seabirds. Seabirds are marine predators and have evolved many foraging strategies 

to successfully prey on marine life and at different oceanic zones, which makes for an ideal sentinel 

species for marine ecosystem health 13. I hypothesized that seabirds consuming at higher trophic 

position will exhibit higher Hg body burden. I clustered the gut microbiome and identified four 

clusters based on the feeding ecology of the respective seabirds. My findings suggested that the 
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gut microbiome of seabirds was primarily clustered based on their prey selection. Seabirds preying 

on higher trophic fishes carried the highest Hg body burden in our dataset. Moreover, the feeding 

location (littoral vs pelagic, surface vs benthic) significantly impacted the seabird gut microbial 

structure and liver selenium concentration. Selenium concentration is higher in pelagic-feeding 

seabirds and is correlated with lower liver Hg concentration. Moreover, I have identified a taxa 

representative of each cluster which could be further developed into a biomarker for prey ecology 

and contaminant exposure. This study has established the importance of feeding ecology on the 

gut microbial structure of seabirds. It is also the first to explore the interaction between diet, 

environmental contaminant, and seabirds' gut microbiota. 

6.4 Limitations and future directions 

Some of the more challenging aspects of gut microbiota research were obtaining, transferring and 

maintaining the microbial structure of the fecal microbiota. Exposure to oxygen can negatively 

impact strict anaerobe and its potential involvement in MeHg transformation. First, I obtained 

samples from only two volunteers, and thus, I can not extrapolate my results on a population level. 

Despite this challenge, I optimized an in vitro experimental method that showed a remarkable and 

replicable difference in two individuals’ gut microbial ability to degrade MeHg, repeatably over 

several years. This experiment led to identifying a novel MeHg degrading mechanisms in the 

human gut microbiota discussed in Chapter 3. Nevertheless, a larger sample size is necessary to 

infer the prevalence of menG and MeHg degradation in the human population. Future works should 

assess the involvement of menG in MeHg degradation using phenyl amide (a menG inhibitor) in 

an in vitro inhibition experiment. If the link between menG and MeHg degradation is real, the 

development of rapid and cost-effective screening tools using digital droplet polymerase chain 
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reaction (ddPCR) or an immunoassay test would greatly help assess the prevalence of this gene in 

individuals that can degrade MeHg and provide crucial for population risk management. 

Chapters 2 and 3 in vitro batch set-up is a closed system resulting in a lack of media 

turnover. Metabolites and wastes remained in the media and could affect downstream microbial 

activities. Future experimentation using bioreactors will solve both challenges. Working toward 

this path, I built a twin-Simulated Human Intestinal Microbial Ecosystem (SHIME®) to mimic 

the gastrointestinal tract, which incorporates the stomach, small intestine, and large intestine 14. 

This multi-compartment bioreactor allows for long-term monitoring of microbial population 

dynamics to a specific treatment. By having a twin system, one could compare long-term protein 

amendment on gut microbial steady-state and MeHg degradation. 

It is still not understood how protein addition can increase MeHg degradation. Fecal 

samples collected were representative of the colonic region 15,16, which is also the major site for 

fermentation of exogenous and endogenous substrate, which benefits the host 17. Microbial 

fermentation of protein produces numerous essential metabolites (e.g., short-chain fatty acids and 

amino acids) 18 and involves numerous microbes members of genera in the Firmicutes, Bacteroides, 

and Actinobacteria phyla 19. An increase in microbial diversity and macromolecules will lead to 

metabolic diversity and increase the chance of unintentional transformation of Hg. Performing a 

targeted metabolomics analysis of microbial fermentative metabolites could elucidate the 

mechanism behind gut microbial MeHg degradation. 

This thesis leaned heavily on sequence-based microbiological approaches using peer-

reviewed and open-sourced computational tools. One needs to be mindful of its caveat from 

genomic DNA extraction to the interpretation of those results. Biases are introduced at each stage 
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of the microbiological analysis from DNA extraction, sequencing technology used, and which 

analysis pipeline used 20,21. With the addition of more samples, it will provide a more robust picture 

on genotype of MeHg degradation. 

 Chapters 4 and 5 provide a framework for developing a biomarker for early biological 

effect on the sentinel species in aquatic environments. In chapter 4, my dataset lacks a control river 

otters’ population from areas without direct or indirect effects of oil sand activities such as oil 

pumps and pipelines. Studies have shown that oil sand activities leaked into the watershed, 

possibly affecting the gut microbiota of the river otter 22,23. Following studies with broader and 

more extensive sampling and analyses would shine a light on some of the challenges encountered 

in chapter 4. In chapter 5, I have encountered similar challenges where sample size was small for 

each seabird. Moreover, fecal samples only represent the influence of diet on the seabirds' gut 

microbiome at the time of capture. Future experimentation exploring the metagenome can provide 

crucial insights into the mechanisms involved in the absorption and metabolism of Hg and 

selenium. These suggestions would eventually contribute to developing a robust and non-invasive 

biomarker for marine ecosystem health. 

 In conclusion, this thesis was, for the most part, exploratory in nature. However, my work 

has provided an important insight into MeHg demethylation in the human gut environment. I have 

shown that nutrient amendment to the diet can significantly alter the human gut microbial structure 

and transformation of environmental contaminant exposure. Moreover, I identified a novel 

mechanisms for demethylation of MeHg in the human gut environment by microbes. In chapters 

4 and 5, I have shown that diet and prey selection played a significant role in shaping the gut 

microbial structure. I have characterized the gut microbiota of bioindicator species of freshwater 
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and marine ecosystems. My thesis delved into and explored the gut microbiota role in contaminant 

exposure, and these contributions are only the first of many steps in the overall understanding of 

the role of the gut microbiota in ecosystem health. 
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6.6 Figure 

Figure 6.1 - Schematic representation of a Twin-SHIME which consists of two identical SHIME 

units, SHIME units 1 and 2. Liquid diet medium and pancreatic solution enter the vessel simulating 

the stomach and small intestine. After a residence time of 4 h in these sterile compartments, the 

suspension goes to three consecutive colon compartments, the ascending (ASC), transverse (TR), 

and descending (DES) colon compartments, each characterized by pH and residence times 

indicated above. With pH probes, acid (HCl 0.5N) and base (NaOH 0.5N) are added to maintain 

pH within range. These compartments are inoculated with human fecal microbiota (from 

feces:PBS (1:10) solution). All vessels are continuously stirred, kept anaerobic and at 37°C, and 

with daily flushing of the headspace with nitrogen. 


