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Thesis Organization

Chapter 1 introduces the context of the work.

Chapter 2 is the literature review focusing on biomaterials and orthopaedics, specifically
hip implants; implant biomaterials, properties and mechanisms of failure; metal ions and metal
ion toxicity; reactive oxidative species and oxidative stress; and, finally, macrophage metabolism
and the immune response to metal ions.

Chapter 3 is the rationale of the work and describes the aims, objectives and hypothesis
of this thesis.

Chapter 4 details the material and methods for the methodologies of the glycolytic flux
assay (extracellular acidification rates [ECAR] and proton efflux rates [PER]) and the
glutathione determination (high performance liquid chromatography [HPLC]).

Chapter 5 presents the results for the glycolytic flux assay and discussion of the results,
as well as technical considerations for the work.

Chapter 6 presents the results on the improvement of BMDM recovery after exposure to
metal ions for future reduced and oxidized glutathione determination by HPLC.

Chapter 7 is the overall thesis summary, which includes conclusions from the work and
suggestions for future studies.
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Appendix contains supplementary information for data collected during CO;
Contribution Factor (CCF) experiments.



Abstract

Total joint replacement surgeries are currently the most cost effective method for joint
restoration. However, approximately 10% are expected to fail in the first 10-15 years post-
implantation. Failure occurs primarily due to aseptic loosening resulting from bone loss around
the implant (i.e., periprosthetic osteolysis), which, itself, is caused primarily by an inflammatory
response to implant wear and corrosion products. Some metal ions from implant wear and
corrosion have been shown to decrease oxidative phosphorylation (OXPHOS) and alter redox
status in macrophages. This metal ion-induced decrease in OXPHOS may be associated with
increased glycolytic flux to help maintain energy homeostasis and cellular redox status.
Consequently, the primary objective of this thesis was to analyze the effects of Co**, Cr** and
Ni** on glycolytic flux parameters in BMDMs. Additionally, BMDM harvest after exposure to
Co?*, Cr** and Ni?* was optimized to ultimately measure reduced and oxidized glutathione by
HPLC to evaluate cellular redox status. Murine BMDMs prepared from C57BL/6NCrl mice
were exposed to various concentrations of Co*, Cr®* or Ni**, and glycolytic flux was measured
using an extracellular flux analyzer. Overall, results demonstrate that Co** and Ni**, but not Cr**,
lead to an increase in glycolytic flux in BMDMs. These results, together with a previous study
showing that Co?* and Ni?* decrease OXPHOS in murine BMDM, suggest that Co?* and Ni**
(but not Cr**) can induce a metabolic shift away from OXPHOS towards glycolysis in
macrophages. This metabolic shift may play a critical role in the inflammatory response induced
by Co?* and Ni?* in the periprosthetic environment. This research will improve our understanding
of the mechanisms underlying implant failure, and potentially facilitate the development of

therapeutic approaches to increase implant longevity in the future.
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1 Introduction

1.1 Background

Over 130,000 total joint replacement surgeries were performed in Canada in 2018 [1].
These surgeries are commonly used to treat conditions such as osteoarthritis and are currently the
most cost-effective method for joint restoration [2]-[4]. However, despite a high success rate and
a lifespan of up to 20 years in 80% of individuals, implant failure is still a cause for concern [5]-
[7]. Implant failure occurs primarily due to aseptic loosening resulting from bone loss around the
implant (i.e., periprosthetic osteolysis), often caused by an inflammatory response to implant
wear and corrosion products [8], [9]. Metals have been prominently used in a variety of
implantable orthopaedic biomaterials due to their high mechanical reliability (e.g., fatigue
strength and toughness), ability to easily meet manufacturing standards and low cost [10], [11].
However, metal ions released from implant wear and corrosion remain a major cause for
concern. More specifically, cobalt and chromium ions released from cobalt-chrome-molybdenum
(CoCrMo) implants have been shown to induce an innate inflammatory response and other
adverse tissue reactions [12].

Previous studies have suggested that tissue damage caused by metal ions may occur due
to mitochondrial dysfunction leading to increased levels of reactive oxygen species (ROS) [13].
Increased ROS production is suspected to have complex effects on cell metabolism and high
levels of ROS have been reported to change the cellular ratio of reduced glutathione
(GSH)/oxidized glutathione (GSSG) [14], [15]. In addition, it is well known that mitochondrial
dysfunction leads to a decrease in oxidative phosphorylation, which in turn limits adenosine
triphosphate (ATP) production that may be compensated by the activation of glycolysis [16].
Studies have also demonstrated that in macrophages, pro-inflammatory polarization has been
associated with a metabolic switch from oxidative phosphorylation to glycolysis [16]. However,
the effects of metal ions on glycolytic flux and the GSH:GSSG ratio in bone marrow-derived
macrophages (BMDMSs) remains largely unknown. Investigation into the potential relationship
between metal ions and changes in glycolytic flux parameters may provide insight into the

mechanisms involved in the macrophage-mediated response observed in periprosthetic tissues.



1.2 Objectives of the thesis

The primary objective of this thesis is to analyse the effects of Co®*, Cr** and Ni** on
glycolytic flux in BMDMs. Additionally, recovery of BMDMs exposed to Co**, Cr** and Ni**
was improved for future determination of GSH and GSSG by HPLC.

1.3 Contributions of the thesis

This thesis demonstrates that Co?* and Ni?*, but not Cr®*, led to an increase in glycolytic
flux parameters in BMDMs. Furthermore this thesis establishes an improved method for
preparing BMDMSs exposed to Co?*, Ni?*, and Cr**. The results of the thesis suggest that in
BMDMs treated with metal ions the following three improvements are necessary to achieve
sample reproducibility:

a) BMDMs are seeded in 24-well tissue-culture treated dishes

b) BMDMs are seeded at a density of 425,000 cells/cm?

c) Samples are collected using one or two treatments with an enzymatic detachment

solution (Accutase).

These results may contribute to a better understanding of how macrophages respond to metal
ions. These results could eventually lead to new avenues of exploration to improve implant
longevity. Moreover, they may lead to the development or improvement of therapeutic
approaches to treat adverse reactions, and aseptic inflammation associated with metal

implantable biomaterials.



2 Literature Review

2.1 Total Joint Replacements

Total joint replacement (TJR) surgery, especially for the knee and hip, is currently the
leading treatment for patients suffering from joint impairment or pain [5], [17]-[22]. It is an
effective and common option to treat pain and impairment associated with degenerative joint
disorders, and is also frequently used in older patients following physical trauma, such as
fracture or dislocation [17], [18]. The number of TJR surgeries to be performed annually is
anticipated to increase substantially in the coming decades largely due to the aging population,
increased participation in sports and increased occurrence of diabetes and obesity [23]-[25].
According to Kurtz et al. [3], primary total hip arthroplasties (THA) are projected to increase by
174% between 2005 and 2030. Moreover, hip revision surgeries are expected to double by 2026
[3]. In Canada alone, approximately 59,000 hip replacements and over 70,000 knee replacements
were performed in 2017-2018, as per the Canadian Joint Replacement Registry (CJRR). In the

last five years, this accounts for an increase of 17.4% and 17%, respectively [4].

2.2 Medical Applications of Orthopaedic Joint Implants

TJRs are a broadly applicable treatment for many age-related degenerative joint disorders
including osteoarthritis, osteoporosis, and/or avascular necrosis related to the deterioration of
tissues infon or around the joint [5], [17], [26]. Degenerative diseases lead to a loss of cartilage
surrounding the joint, reduction in bone density or, in some cases, osteonecrosis (i.e., death of
bone tissue). They all contribute to pain and reduced quality of life of the patients. Hip and knee
pain associated with these conditions can be corrected by a joint replacement to improve quality
of life and mobility [5]. Osteoarthritis is associated with aging, systemic inflammation, overuse,
obesity, genetic factors and/or developmental defects leading to the deterioration of articular
cartilage [27]. Reduced cartilage at the articular surface of the joint is then followed by bone
degeneration or changes to the underlying bone. Osteoporosis is associated with the loss of bone
density and is more common in women than men [27]. The clinical significance of osteoporosis
lies in its relationship to increased incidence of fracture leading to the need for corrective
orthopaedic surgeries. The aforementioned degenerative diseases and incidence of physical
trauma thus lead to an increased need for implants in both younger and older patients. TJR

3



surgeries are safe and effective methods to treat these conditions [5], [18], [22], [28]. Hip
implants are the largest weight bearing joint implant in the body, followed by knee and shoulder
implants, and hence are an important area of study.

According to the British National Joint Registry, 93.2% of currently marketed hip
implants will survive at least 13 years prior to requiring any revision or modification [6].
Furthermore, approximately 80% of the hip implants will have a lifespan of up to 20 years [5]-
[7], [29], [30]. With elderly patients, the probability that the implant will outlive the patient is
high. Unfortunately, with the growing need for implants among a younger population and
medical advances that facilitate longer life expectancies, implant lifespan has become a cause for

concern [31], and improving implant longevity is essential.

2.3 Implant Failure and Biocompatibility

The anticipated lifespan of a hip implant is 20 years in 80% of cases, while knee implants
are only slightly less successful [5], [6], [22]. Beyond this lifespan, there are multiple reasons for
implants to fail and subsequently require a more complex secondary surgery, referred to as a
revision. A revision consists of a thorough debridement and replacement of worn or damaged
implant components [32]. Furthermore, effective revision surgeries rely on the initial
preservation of adequate healthy tissues during the primary THA. Up to 75% of hip implant
failures are aseptic [5]. Aseptic failure refers to failure unrelated to infection. Most of these
failures are due to aseptic loosening caused by periprosthetic osteolysis, other reasons include
recurrent dislocation (6%), periprosthetic fracture (5%), or technical errors during surgery (3%)
[5]. [22], [33]H37].

Studies have shown that more than 70% of hip revisions and more than 44% of knee
revisions become necessary due to aseptic loosening [36], [38]-[41], which cause instability of
the implant within the joint cavity [42], [43]. This instability significantly increases the risk of
fracture and causes an exceptional amount of pain. Generally, aseptic loosening results from
periprosthetic osteolysis, i.e., bone loss around the implant, which is often initially asymptomatic
[17], [42]-[44]. Some risk factors contributing to periprosthetic osteolysis include increased
weight, age, and activity level, female gender, and reduced bone quality [36], [45], [46]. Many
studies have shown that metal ions and particles from implant wear and corrosion are the main

cause for periprosthetic osteolysis [22], [47]. Studies have also shown that metal ions and
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particles can lead to the development of adverse local tissue reactions, including type 1V
hypersensitivity responses and pseudotumors (i.e., destructive soft tissue masses) that can also
lead to implant failure [5], [22], [47]-[51]. While the mechanisms underlying the immune
response to implant wear particles and metal ions remain an active research area, wear and

corrosion are tightly linked to implant design, material properties and biomechanics.

2.4 Hip Implant Design

Hip implants are composed of a multi-axial ball-and-socket joint. The ball refers to the
femoral head located at the top of the femur, while the socket refers to the acetabulum of the
pelvis [52]. The ball-and-socket joint composes an articulating surface that allows movement
within a range of three degrees of freedom [53]. The deep set socket of the pelvis reduces the
chance of dislocation despite movement through multiple planes [61], [62]. There are four
classical components of a hip implant: 1) acetabular component or shell, 2) acetabular lining, 3)
femoral head and, 4) femoral stem [55]. The prosthetic is composed of an acetabular component
fixed into the acetabulum with a liner placed between the acetabular component and the femoral
head. The femoral stem is then compacted into the femur [55]. There are two main types of hip
replacement procedures available which require slightly different implant components; 1) Hip
Resurfacing (HR) and, 2) stem-type devices. HR involves replacing only the articular surfaces
(i.e., ball and socket) of the joint and is a bone-conserving alternative generally selected for
younger patients [56]. Stem-type devices will be referred to as total hip replacements (THR) in
this thesis to differentiate them from the HR. For THRs, both the articular surface and the neck
of the femur are replaced, which introduces the addition of a stem component. Acetabular liners

are used for both to reduce instability, friction and wear at the articular surface [55]-[57].

2.4.1 Articulating Surface and Wear

Most component designs for hip prosthetics promote stability, however the mechanical
articulating surface of the joint still has contact interfaces that undergo wear [5]. Wear refers to a
loss of material from the interacting surface in relative motion due to energy dissipation in the
form of friction [18], [48]. Joint surfaces are subjected to a significant amount of friction
resulting in multiple types of wear, such as abrasive and third-body wear [58]. Therefore, it is



essential to select materials with wear resistance and use implantation methods that reduce the

wear rate in hip prosthetics.

2.5 Implant Biomaterials and Properties

The most common biomaterials used for these prosthetics are metallic alloys, ceramics,
or polymeric biomaterials such as ultra-high molecular weight polyethylene (UHMWPE) [6],
[59]. Two primary concerns remain when utilizing biomaterials: (1) mechanical properties, and
(2) biocompatibility [60]. Biomaterials were first defined in 1987 as a nonviable material
intended to interact with biological systems for a medical device [61]. The definition of a
biomaterial has since evolved and is now defined by the American National Institutes of Health
(NIH) as; “any substance or combination of substances, other than drugs, synthetic or natural in
origin, which can be used for any period of time, and which augments or replaces partially or
totally any tissue, organ, or function of the body, in order to maintain or improve the quality of
life of the individual” [62]. However, it is often preferred to incorporate the need for
biocompatibility into definitions of a biomaterial. A biomaterial should encompass a host

outcome that is biocompatible or which alternatively elicits a desirable host response.

Polyethylene

A common material used for acetabular components is polyethylene. Polyethylene comes
in two forms based on the manufacturing process, either UHMWPE or a more highly cross-
linked version of UHMWPE (XLPE) [41]. UHMWPE was the first generation of polyethylene,
typically used in tandem with either metal or ceramic femoral heads [6], [17]. UHMWPE wear
rates for this bearing couple were shown to range from 0.01 to several millimeters per year [17],
[63]. However, highly cross-linked XLPE was later developed and was shown to have lower
wear rates than conventional UHMWPE [17], [64]. Generally, all metals and ceramics have
higher surface hardness than polyethylene materials, making them more resistant to wear [6],
[65]. Conventional UHMWPE particles have also been isolated as a main perpetrator in aseptic

loosening due to the inflammatory response [34], [66]-[68].



Ceramics

Ceramic-on-ceramic (CoC) implants are used due to their low wear rates and high
biotolerability [6]. However, ceramics are less ductile than metals, making them less resistant to

brittle fracture, a common problem with CoC which carry a higher risk of breakage [6], [69].

Metals

Metals are a commonly used material due to their ideal mechanical characteristics, and
easy workability (they can be easily fabricated into complex shapes), while simultaneously
meeting manufacturing standards [78]. CoCrMo alloys have been used as implant bearing
surfaces due to their hardness, toughness and overall wear resistance [71]-[73]. CoCrMo alloys
are also easily workable and relatively resistant to corrosion [41]. Titanium-alloys are another
common material, typically used for the femoral stem, with a high level of biocompatibility and
lower elastic modulus than other metals which can be preventative against stress shielding.
Titanium is also relatively corrosion resistant and has an easily modified surface [41], [74].
However, titanium is softer than most metals which makes it more susceptible to wear, and is
easily scratched making it unsuitable for femoral head components [41]. Stainless steel is
sometimes used for femoral implants due to its relatively high strength and low cost. However, it
has a higher tendency for corrosion than other materials and a lower fatigue strength [41]. The
predominant stainless steel alloy used in hip implants is stainless steel 316L. This alloy contains
high concentrations of both chromium (16-18%) and nickel (10-14%), which permit a corrosion-
resistant oxide layer at the implant surface [75], [76]. Therefore, despite the generally bio-inert
properties of stainless steel, these implants have some associations with nickel sensitivity

reactions and the release of metal ions from wear and corrosion [76].

Bearing Material Combinations

Ball-and-socket joints typically use a combination of different biomaterials for
manufacturing. Some implant bearings include metal-on-polyethylene (MoP), metal-on-metal
(MoM), and CoC. The most common choice has been MoP because it is a predictable and cost
effective option. However, the release of sub-micron sized UHMWPE particles from

conventional MoP implants made of UHMWPE was found to be a cause of periprosthetic



osteolysis, which can lead to implant loosening and consequently failure [77]. In an attempt to
improve the wear properties of the conventional MoP implant, XLPE was introduced into the
market in the last two decades, replacing UHMWPE components. In addition, interest in MoM
hip implants re-emerged due to lower volumetric wear rate compared to conventional MoP, and
a new generation of MoM implants were introduced in the 1980’s [47], [48]. With the second
generation of MoM implants, the wear particle-induced periprosthetic osteolysis is lower than
with the conventional MoP, and the volumetric wear is lower than the first generation (1950/60s)
of MoM implants [47]. However, concerns regarding the high concentration of metal ions
released from implantable metals remain. Such concerns include metal ion toxicity and related
adverse tissue reactions, causing investigation into MoM implants and metal implant components
to re-emerge [77].[47]. Hence, one of the primary goals of this thesis is to further the
understanding of the effects of metal ions from the implant wear and corrosion, or as a result of
macrophage-mediated degradation of metal wear particles. Macrophages are phagocytes, which

are cells of the immune-system, and participate in the response to wear particles.

Corrosion

Mechanical acceleration of corrosion in socket-joints through friction and energy
dissipation is a contributor to the release of wear debris with metal implants. Complications
associated with the highly corrosive behaviour exhibited by metals in the environment of the
body are a cause for concern. The moisture present in human or animal tissues, combined with
the warm temperature and neutral pH, cause the metal atoms to undergo an electrochemical
dissolution [78]. The valence state of the metal is increased relative to its ionic form. In order for
metals to achieve equilibrium in the tissue, electrons in the form of ions are released into the
surrounding matter [78], [79]. lons have been shown to accumulate in the tissues surrounding the
implant, as well as disseminate to sites distant to the device causing adverse effects both locally
and systemically [80], [81]. Furthermore, the ions have been shown to accumulate in relatively

high concentrations near the head and along the stem as an effect of bone movement [79].



2.6 Metal lons: Physiological Mechanisms and Toxicity

Heavy metals are naturally found in small quantities in the human body, as well as many
biological systems. For example, metals such as iron or zinc in trace quantities are well-known
essential metals for human health [80]. Iron is largely known for its role in oxygen carrying
capacity of red blood cells, while zinc is widely accepted as an important component of wound
healing [89], [90]. Metals that are also found in implants, such as Co, Cr, aluminum (Al),
titanium (Ti), Ni and Mo are less frequently discussed in the context of the human system, but
also feature prominent roles and need to be present to facilitate many biological functions [80].
However, in excess these metals can have largely detrimental biological effects [80].

Metal ions in the host system may arise directly from implant wear and corrosion at the
implant surface, or through macrophage-mediated degradation of metal particles in the tissues
surrounding the implant [84]. The degree of toxicity for these ions is linked to oxidation state,
charge, concentration and time of exposure [80]. Co is an essential ion necessary for the normal
biological function of vitamin B12, an important nutrient involved in the maintenance of nerve
cells and other tissues [85]. Alternatively the inorganic form, as released due to corrosion, can
lead to many negative cellular modifications [85], [86]. Most commonly, Co ions are found in
two primary oxidation states Co?* and Co®*" but, in physiological environments are typically
found in the reduced form [87]. Therefore, Co®* is the most commonly studied relative to
implant corrosion [18], [66], [80], [88]. High concentrations and long exposure times to Co®* can
have a multitude of consequences through interactions with the host. Two ways in which Co®*
interacts with the host includes: (1) entering the cells through the calcium channels preventing
normal calcium signalling [89], [90], and (2) binding to toll-like receptors (TLR), specifically
TLR4 in human macrophages [91], [92]. Interestingly, Ni ions (specifically, Ni**) have been
shown to interact with the host system through these two mechanisms as well. Ni?* and Co?*
have very similar ionic radii (0.74 and 0.72 A, respectively), allowing them to enter and block
calcium channels (0.99 A) in a voltage-dependant way [90]. Blocking these channels can result
in the inhibition of important mitochondrial enzymes that ultimately participate in the production
of ATP through mitochondrial oxidative phosphorylation [89]. Furthermore, Co** has been
shown to outcompete Fe for its binding site in Fe-S clusters [93], and Ni** has been shown to
decrease activity of Fe-containing enzymes [94]. Fe-S clusters are essential components of the

mitochondrial electron transport chain (ETC) in the oxidative phosphorylation system [93], [94].
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Cr is also important in small quantities and is implicated in the modulation of glucose
metabolism through interactions involving insulin [95]. However, Cr can have detrimental
physiological effects, which are also dependant on its concentration and oxidation state. Cr is
typically present in +3 and +6 oxidation states but in physiological environments is rapidly
reduced to the more stable form Cr*® [80], [88]. The reduction of Cr®* to Cr** can produce
organic radicals. Cr* is freely able to cross cell membranes in its ionic form and is often reduced
to Cr* after crossing the cell membrane. In the reduced form, Cr** has been shown to complex in
simulated physiological fluids with organic or inorganic molecules as well as phosphates or
phosphoproteins [88]. Once Cr®* has formed complexes, they are able to interact with the host-
system, cross the cell membrane and are often taken up by macrophages through phagocytosis
[18], [88].

Studies have already established that patients with CoCrMo-based implants have highly
elevated concentrations of Co®* and Cr®* ions [96]-[98]. The concentration of metal ions can
provide insight into the post-operative health of implant patients. Reference levels of these ions
measured in blood, urine and other bodily fluids derived from metal orthopaedic devices were
reported in a study by Sargeant and Goswami [79]. This study incorporated data from 1375
patients and demonstrates that some ions are retained in the synovial fluid and joint capsule
while some migrate in the blood or are excreted in the urine [79]. The ion levels measured in
serum are frequently used measures in clinical practices. Choi et al. [99] reported a serum level
in healthy patients of 0.13-0.80 ppb and 0.17-0.87 ppb for Co and Cr, respectively. The post-
operative values increased significantly to concentrations of 0.61-115.8 ppb and 0.12-127.8 ppb
for Co and Cr, respectively. Co** and Cr** are of particular interest because they are present in
the joint capsule in high quantities and have the capacity to form organometallic complexes with
zwitterions or negatively charged proteins [79]. These ions are positively charged (i.e., cations)
which allows them to easily complex in the body’s neutral pH. The formation of these
organometallic complexes changes the pH of the environment which possibly contributes to the
toxicity of these ions and increases their transportability and storage capacity in surrounding
tissues [79].
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2.6.1 Metals and Reactive Oxidative Species

Some of the metal ions released from implants are redox-active transition metal ions and
participate in reduction and oxidation reactions (i.e., redox reactions). These ions contribute to
the formation of ROS and reactive nitrogen species (RNS) [80], [100], which are oxidizing
species in the form of radicals that can result in damage through their participation in redox
reactions [101]. More specifically, radicals are a chemical species that contain one or more
unpaired electrons making them highly reactive. Examples of radicals include hydroxyl radical
(*OH), superoxide anion (O), nitric oxide (NO), and peroxynitrite (ONOO). ROS and RNS in
the body are produced as natural by-products of metabolism.

2.6.2 Physiological ROS Production

ROS, as well as RNS, if kept at tolerable levels, are essential signalling molecules. They
are involved by providing intracellular feedback information to the cell regarding metabolism
from signals such as hypoxia, satiety and adipocyte differentiation [102]-[105]. ROS levels are
important for redox regulation controlling physiological cellular responses, and modulating
certain transcriptional events [106], as well as numerous metabolic activities [107]. In most cell
types the mitochondria are the primary site of ROS production, although ROS may also be
derived from organelles: such as, the endoplasmic reticulum (under stress) and in peroxisomes
[107], [108]. Mitochondrial redox reactions are the largest contributors to ROS and are chiefly
associated with cellular energy transduction. However, in certain cell types, cytoplasmic ROS
may be derived from the nicotinamide adenine dinucleotide phosphate (NADPH) oxidase (NOX)
enzyme, producing Oy [109]. Importantly, NOX enzymes have Fe?* containing active sites
which may be displaced by redox-active metal ions, such as Co?* [110]. A study by Dixon et al
[110] showed that this may contribute to an increase in iron-catalysed ROS in oxygen rich
environments. Actually, 0.2-2% of oxygen consumed is converted to ROS during metabolism
[102].
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Metabolic Contribution to ROS

There are two main metabolic pathways associated with ATP production, which can
contribute to redox and ROS homeostasis: glycolysis and oxidative phosphorylation (OXPHOS).
Glycolysis produces ATP through the catabolism of glucose in the cytosol, while OXPHOS
produces ATP through oxidative processes in the mitochondria. During glycolysis, glucose is
broken down into pyruvate, which is then converted to acetyl-CoA in the mitochondria for entry
into the tricarboxylic acid (TCA)-cycle. The latter process generates reduced forms of
nicotinamide adenine dinucleotide (NADH), flavin adenine dinucleotide (FADH,), and leads to
substrate-level ATP production. The ETC pumps protons across the inner membrane of the
mitochondria, thereby creating an electrochemical gradient that is then used by ATP synthase to
generate ATP. This form of ATP generation is OXPHOS [102], [111]-[113]. The reduced
NADH carries reducing equivalents to the ETC for subsequent OXPHOS production of ATP.
The proton motive force (PMF) across the mitochondrial inner membrane (MIM) acts as a
temporary store of Gibbs free energy which drives ATP synthase, consequently producing ATP
[102]. The ETC is composed of a series of protein complexes that allow for the transfer of
electrons using electron carriers such as ubisemiquinone (UQ10) and Fe-S clusters to pump
protons against the gradient [111], [113], [114]. Using these electron carriers, particularly
UQ10, metabolites such as NADH can transfer electrons to oxygen. Moreover, complex | and
complex 111 of the ETC are the major sites of ROS production, and lead to the formation of ROS
in the form of O, [114]-[119]. O, from these reactions can then be converted into hydrogen
peroxide (H,0,) by superoxide dismutase (SOD)2 in the mitochondrial matrix, and SOD1 in the
cytoplasm [117], [118]. H,O is less toxic, has a longer half-life and can traverse membranes and
thus is another important signalling molecule, e.g., through reversible oxidation reactions with

cysteine thiols of many proteins [102], [120].

ROS Contribution from Redox-Active Metals

The two primary forms of metabolically produced ROS are O, and H,0O,, however a
more reactive species is the hydroxyl radical (¢*OH). <OH can be generated from H;0O, in the
presence of metals [117]. Transition metals naturally occurring in the body such as iron (Fe), Cu,
Co, Cr and Ni are able to participate in these reactions [121], [122]. As observed with Fenton
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reactions [121]-[125]: Fe** + H,0, > Fe** + «OH + OH , where Fe is well-known for its
involvement by facilitating the reduction of hydrogen peroxide (H,O;) and results in the
generation of «OH. The Haber-Weiss reactions take a step further, combining the Fenton
equation with equations defined by Haber, Weiss, Wilstétter, and consider the involvement of
metals as described by Barb et al. [121]-[123]. The Haber-Weiss equation describes the
decomposition of H,O, but defines a reaction that cannot occur in the absence of transition
metals [112], [114]-[116]: «O, ~ + H,0, > O, + *OH + OH, where Fe®" acts as a necessary
catalyst facilitating the conversion. These equations highlight the importance of metals in redox
reactions within the human system. In addition, investigations into these reactions have shown
that metals can act as a catalyst for many of the redox reactions, which in turn produce excess
radicals [122]. Thus, divalent metal cations can potentially contribute to increased levels of
radicals and metal-mediated ROS production [111], [122]. Interestingly, Ozawa et al. [126]
demonstrated that Cr®* and Cr** have the capacity to undergo a series of Fenton-like reduction
reactions that result in the generation of damaging hydroxyl radicals [79], [126], [127].
Furthermore, intracellular Co?* has been shown to interact with H,O, which also leads to the
formation of «OH [80].

2.6.3 Oxidative Stress

At low levels, ROS are important signalling molecules interacting with many different
biological pathways. However, abnormally high levels of ROS in the cell lead to oxidative stress,
which refers to an imbalance between cellular levels of free radicals and antioxidant enzymes
and compounds [128]-[130]. When ROS levels exceed homeostatic levels, their highly reactive
nature can damage many cellular components leading to oxidative damage [108], [130]. Various
studies have demonstrated that Cr** can lead to oxidative stress in a variety of cell types [80],
[100], [131], and Ni?* can lead to an increase in oxidative stress in BALB/3T3 and HepG2 cells
[131]. Oxidative damage can include the oxidation of many important macromolecules such as

lipids, proteins, and DNA which can alter many cellular functions [118], [130].

13



Lipid Peroxidation

Lipid damage is a critical concern stemming from oxidative damage due to the structural
and functional role of lipids in membrane maintenance and formation. Lipids undergo
peroxidation in the presence of ROS because the double bonds found in polyunsaturated fatty
acids are vulnerable to oxidation. Polyunsaturated fatty acids are a category of biological lipids,
as well as an important building blocks for many more structurally complex lipids [118], [130].
Furthermore, reactive metal ions have the potential to bind to other important biological
components of the cell membrane, such as integral proteins and phospholipids. Disruption of the
phospholipid bilayer can increase vulnerability to lipid peroxidation, change membrane structure
and organization, and alter membrane function [128], [132], [133]. Overall, oxidative damage
can lead to changes in DNA, RNA, carbohydrates, proteins, and lipids resulting in detrimental

alterations to metabolic function, and potentially the induction of cell death [132].

ROS Homeostasis: Glutathione

Oxidative stress has been linked to many disease states and many mechanisms have
evolved to combat it [128], [129], [132], [134]. To maintain healthy oxidant levels, there are
multiple antioxidants and antioxidant enzymes in the body to neutralize oxidants. Glutathione
(GSH) is the major non-enzymatic antioxidant in cells and is continuously replenished by its
antioxidant enzyme counterparts (e.g., glutathione peroxidise, glutathione reductase) [117]. GSH
is a thiol tripeptide that plays an important role in metabolic regulation through the reduction of
H,0, [102], [114], [117], [135]. In the cytosol, glutathione peroxidise (GP) enzymatically
converts GSH to GSSG, as one molecule of H,O, is converted to two water molecules. This
prevents or decreases the opportunity for H,O; to be reduced to the highly damaging and reactive
*OH [117], [135], [136].

In the mitochondria, GP is necessary for regulation of H,O, levels [114], [117]. Of
particular interest is the involvement of GP in the intrinsic pathway where apoptosis is initiated
via damage to the mitochondria due to elevated levels of ROS [79], [137]. Elevated ROS levels
have been directly associated with metal ion toxicity [137]. Thus, GSH is particularly important

in the detoxification of redox-active metals which have a high affinity for thiol groups.
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Furthermore, GSH-S-transferases catalyse this reaction that binds the metal ions to the sulfhydryl
(thiol) group of the GSH molecule.

In healthy cells, GSH concentration is highly regulated and GSSG is rapidly converted
back to GSH by glutathione reductase (GR) to maintain a desirable GSH:GSSG ratio [138].
During this reduction, an NADP+ molecule is generated through the following reaction: GSSG
+ NADPH + H" = 2GSH + NADP" [138]. NADPH is an important product of the pentose
phosphate pathway (PPP) because it is required for maintaining GSH level [14], [139]. The PPP
is a metabolic pathway that branches from the second step of glycolysis and plays a critical role
in replenishing NADPH required for cellular redox homeostasis [14]. Since GSH is considered
the most important cellular ROS scavenger, the GSH:GSSG ratio can provide vital insight into
cellular metabolic health [14], [139], particularly with respect to the redox status of the cell.
Therefore, despite the well-established role of GSH in scavenging ROS and mitigating metal-ion
toxicity, the effect of metal ions from orthopaedic implants on the GSH:GSSG ratio in
macrophages has yet to be thoroughly investigated. However, a study by Petit et al. [152] did
investigate the role of Co and Cr ions on protein carbonyl content, a commonly used marker of
oxidative damage [140]. Results showed an increase in protein carbonyl content in U937
monocytes in the presence of these metal ions [140]. In vitro studies have also demonstrated that
Co?* and Cr** ions can increase the production of ROS involved in tissue damage and apoptosis
[80], [100], [141]. Moreover, a study by Balamurugan et al. [100] demonstrated that Cr*'-
induced apoptosis of lymphocytes was mediated by ROS production.

2.7 Physiological Impact of Metal lons on Mechanisms of Implant Failure

The release of metal ions is a primary cause for concern with MoM hip implants [142],
[143] because of effects such as cytotoxicity [79], [144]-[146], metal hypersensitivity [20],
[147], genotoxicity and chromosomal changes [148]. Furthermore, ions are able to enter
circulation, and can therefore cause these reactions both locally and remotely. Studies have
demonstrated the potential of Co?* and Cr** to induce tumour necrosis factor (TNF)-a release in
vitro [149], as well as macrophage apoptosis or necrosis depending on the ion concentration and
exposure duration [73]. However, the underlying mechanisms are still not well understood.

Metal ions are able to stimulate immunological responses through both specific (e.g.,

adaptive immune system) and non-specific immune reactions (e.g., innate immune system).
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These reactions include metal hypersensitivity [37], [147] and pseudotumors [18], [49]. Studies
have shown that metal ions can form organometallic complexes (e.g., haptens) [48], [150], which
are capable of stimulating the adaptive immune system through a complex mechanism [37],
[151]. The following review will focus on the innate-immune response (e.g., non-specific) to

implant wear debris that leads to a foreign-body response.

2.7.1 Metal-Induced Innate Immune Response

As previously discussed, a principal mechanism governing implant failure is aseptic
loosening, which occurs primarily as a result of periprosthetic osteolysis. The major initiating
factor of periprosthetic osteolysis is the release of wear particles, primarily UHMWPE particles
that induce an inflammatory response. Particle disease, a term coined in 1994 by Harris [140],
encompasses the theory relating all particles released from implant surfaces with aseptic
loosening and briefly relates it to chronic inflammation [152]. However, the concept was
introduced in 1977 by Willert and Semlitsch, who made the initial connection between loosening
tissue around the prosthesis (e.g., aseptic loosening) and wear debris [17]. The chronic
inflammatory reaction to wear debris occurs as a result of a non-specific foreign-body response
by the innate immune system [44], [153], [154]. Typically, the role of this inflammatory
response is to eliminate foreign materials, stimulate tissue repair, and then resolve with as little

collateral damage as possible [155].

2.7.2 Macrophage Activation by Wear Particles and Metal lons

When the innate immune system is activated to protect the body against foreign materials
such as wear particles, there is an influx of tissue-specific monocyte sub-populations, e.g.,
macrophages [17], [156], [157]. Macrophages play a vital role in the activation and maintenance
of the inflammatory response to metal ions and implant wear particles [34], [68], [153], [154],
[158], [159]. Macrophages are phagocytic cells that can sometimes express pro-inflammatory or
anti-inflammatory characteristics depending on the stimulus for activation. The pro-
inflammatory cytokines, including interleukin (IL)-1, IL-6, prostaglandins and TNF-a [154],
[158], [160]-[163], lead to the recruitment of more macrophages that further augment the

inflammatory response [153], [154]. The elevated levels of these cytokines have been found in
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periprosthetic tissues [164], [165], and can stimulate the differentiation of cells into mature
osteoclasts resulting in bone resorption around the implant [37], [166], [167]. Moreover, during
an inflammatory response some studies show a decrease in osteoblast proliferation and
impairment of osteoblast function [145], [166], [168]. Ultimately, this causes a local imbalance
between osteoclast and osteoblast activities that can result in implant loosening.

Wear particles and by-products of implant corrosion appear to activate macrophages in
multifaceted mechanisms that are not yet entirely understood and are currently an active area of
research. An in vitro study with J774 murine macrophages demonstrated that high concentrations
of Co®" and Cr** can induce necrosis after prolonged exposure [73]. It has also been shown that
TLRs can be activated by wear particles, as well as metal ions such as Co®* and Ni?* [91], [92].
Specifically, Raghavan et al. [91] demonstrated that Co®* and Ni?* are both able to stimulate an
immune response by binding to TLR4s of human macrophages, possibly through receptor
dimerization. Furthermore, TLRs are able to activate nuclear factor (NF)-xB [169], which is a
transcription factor that plays an essential role in the inflammatory response and leads to the
upregulation of many of the aforementioned pro-inflammatory cytokines [170]. Moreover, metal
particles and ions have also been shown to lead to the activation of NLRP3 which is responsible
for the assembly of the NLRP3 inflammasome; however, the mechanisms of activation are still
not well understood [19], [171]. Notably, some literature has implicated ROS as an upstream
signal leading to NLRP3 inflammasome induction [169], [172], and that mitochondrial damage
can stimulate the NLRP3 inflammasome activation [173], [174].

Metal-Mediated Mitochondrial Dysfunction

As previously discussed, metal ions can induce redox-reactions and these reactions play
an important role in cellular metabolism [175]. Li and Zhong [176] showed that exposure to Ni**
can lead to mitochondrial ROS accumulation and induce pro-inflammatory cytokine secretion in
BMDMs [176]. It has also been demonstrated that the presence of metal ions can lead to
mitochondrial dysfunction and contribute to ROS accumulation in macrophages [13], [116],
[176], [177]. The accumulation of redox-active metal ions can affect normal cell functioning,
including the regulation of important mitochondrial and non-mitochondrial protein complexes
[128]. Specifically, it was shown that cadmium (Cd?*), a divalent transition metal cation known

to accumulate in a number of organs, contributes to increased ROS [116]. The study
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demonstrated that Cd®* interacts with complexes of the ETC of the mitochondria, and that
complex 11l was vulnerable to increased ROS-production associated with Cd** [116].
Furthermore, metal ion interference with ETC functioning can contribute to mitochondrial
dysfunction. One study showed that the presence of zinc (Zn?*) in high levels leads to decreased
oxygen consumption and increase in the production of ROS in neuronal mitochondria [178], as
well as decreased mitochondrial membrane potential, likely contributing to mitochondrial
dysfunction [83], [111]. These studies demonstrate that there is a close association between
elevated ROS and metal-ion associated mitochondrial dysfunction [94], [116]. The association is
supported by another study, involving both Fe** and Fe**, which demonstrated that these ions
cause similar effects: increasing ROS and membrane depolarization in a dose-dependent and
time-dependent manner [179]. This same study showed that mitochondrial function was more
severely impaired by Fe?* than Fe®" [179]. These studies demonstrate that metal ions are capable
of increasing ROS [80], [100] and inducing mitochondrial dysfunction. Furthermore, ROS
derived from the mitochondria are able to stimulate pro-inflammatory cytokine release through
signal transduction pathways [180]. Mitochondrial dysfunction has been linked to the
inflammatory response [181] in two important ways, such that: (1) increased ROS is capable of
activating NF-kB which is a redox-sensitive transcription factor [182], and (2) activating the
NLRP3 inflammasome through mitochondrial-derived DAMPs [181].

2.7.3 Macrophage Metabolism and Pro-inflammatory Stimuli

Macrophages are the major cell type involved in the inflammatory response to metal ions
observed in periprosthetic tissues [63], [64]. Under conditions of high oxidative stress,
macrophages are activated through the classical pro-inflammatory pathway [154], [154], [183].
In macrophages, high concentrations of ROS are able to induce the pro-inflammatory phenotype.
In some cases, high levels of oxidation are utilized by macrophages as a mechanism to destroy
phagocytised pathogens [183]. Studies have shown that in macrophages, pro-inflammatory
polarization leads to a metabolic switch from OXPHOS to glycolysis for ATP production [14],
[16], [183]. The metabolic phenomenon is closely linked to the Warburg effect where cells, in
this case pro-inflammatory macrophages, rely primarily on aerobic glycolysis for ATP even in
the presence of oxygen rather than mitochondrial OXPHOS [16], [183], [184]. Mitochondrial
dysfunction compromises OXPHOS [185], and thereby may also disrupt energy-dependent
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mechanisms such as apoptosis [186]. Energy depletion (i.e., low intracellular ATP levels) results

in necrotic cell death and correspondingly, increased tissue damage [186].
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Glycolysis

The Warburg effect was first described by Otto Warburg in the 1920’s and was originally
discovered in cancer cells [184], [187], [188]. Most cancer cells rely on glycolysis for ATP
production, a counterintuitive metabolic adaptation since glycolysis is generally less efficient at
ATP production than OXPHOS [187]. Glycolysis only produces 2 molecules of ATP per
molecule of glucose, compared to the roughly 32 molecules generated through OXPHQOS in the
mitochondria [187], [188]. There are several hypotheses for why glycolytic activity and glucose
uptake are increased in proliferative cells, even in the presence of oxygen [187], [188]. In 1956,
Warburg proposed that the increase in glycolysis may be due to mitochondrial dysfunction [184].
However, another theory suggested that the Warburg effect may be to accommodate the tumour
microenvironment, based on the principle that the acidification of the microenvironment may be
necessary for tumor cross-signalling behaviours [188]. Glycolysis rapidly generates 2 molecules
of ATP, during which glucose is broken down resulting in the production of protons (H*) and
lactate. It has been demonstrated that Co?* increases glucose uptake in liver cells, fibroblasts, and
myoblasts [189], and Ni?* increases lactate production in human fibroblasts [190]. The elevated
level of glucose consumption consequently leads to a decrease in pH (i.e., acidification) of the
microenvironment [188], [191]. The TCA cycle in the mitochondria may also contribute to the
pH of the microenvironment. The TCA cycle can contribute to acidification through respiration
as CO; is converted into bicarbonate (HCO®) and H* in the mitochondria [192]. The metabolic
adaptation seen in both tumor cells and pro-inflammatory stimulated macrophages is clear, yet
the precise ontology of the phenomenon is still not fully understood [85], [87].

Interestingly, it has been demonstrated that ROS may also interfere with glycolysis by
inhibiting glycolytic enzymes, and this consequently increases glycolytic flux through the
oxidative branch of PPP responsible for the generation of NADPH [193]. Higher concentrations
of NADPH allow more GSH production to combat elevated levels of oxidative stress [14], [193].
Recent studies with RAW 264.7 macrophages have found an important relationship between
metal ions and cell metabolism [194]. Salloum et al. [107] showed that Co*, but not Cr®*, leads
to 1) a significant increase in ROS and protein carbonyl content (two markers of oxidative
stress); 2) induced mitochondrial dysfunction; and 3) lead to a decrease in mitochondrial
respiration. Correspondingly, a decrease in mitochondrial respiration means that the energy

demands of the cell must be met through alternative ATP generating pathways.
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To summarize, a review of the literature demonstrates that transition metal ions can
disrupt cellular redox-status, increase the concentration of intracellular ROS, and induce
oxidative stress. Prior research also demonstrated that some metal ions increase glucose uptake,
impair mitochondrial function (e.g., decrease mitochondrial respiration), and activate important
pro-inflammatory mediators. Furthermore, pro-inflammatory macrophages undergo metabolic
adaptations by meeting energy demands primarily through glycolysis. Increased flux through
glycolytic pathways can help combat oxidative stress; such that in the first step of glycolysis,
glucose is converted to glucose-6-phosphate (G6P) which branches to the oxidative PPP, and
generates NADPH necessary for the reduction of GSSG to GSH. However, the effect of metal
ions released from orthopaedic devices during wear and corrosion, such as Co?*, Cr** and
sometimes Ni** on macrophage metabolism, specifically glycolytic flux, and glutathione ratio,

remains largely unknown.
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3 Rationale

3.1 Objectives and Hypothesis

The overall objective of this research is to analyze the effects of metal ions on energy
metabolism in macrophages. This research will improve our understanding of the mechanisms
underlying implant failure, and potentially facilitate the development of therapeutic approaches
to increase implant longevity. The primary objective of this thesis is to analyze the effects of
Co?*, Cr* and Ni®* on glycolytic flux parameters in murine BMDMs. The hypothesis for this
objective was that macrophage exposure to Co®", Cr** or Ni** will result in an increase in
glycolytic flux. Additionally, to evaluate the effects of metal ions on reduced glutathione
(GSH)/oxidized glutathione (GSSG) ratio in BMDMs exposed to Co?*, Cr** and Ni?* using high

performance liquid chromatography (HPLC) sample preparation parameters will be improved.
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4 Materials and Methods

41 Metal lons

Stock solutions of metal ions were prepared fresh under aseptic conditions as previously
described [87]. Solutions of Co*, Cr** and Ni** were prepared from the following salts:
CoCl*6H,0 (>99.5% purity; Fisher Scientific, Waltham, MA), CrClz*6H,0 (>99.2% purity;
Sigma-Aldrich, St Louis, MO), and NiCl,*6H,0 (>99.999% purity; Sigma-Aldrich). The salts
were dissolved in culture-grade water (Lonza, Walkersville, MD) and the solution sterile filtered
through 0.2-um pore size cellulose acetate syringe filters (VWR, Mississauga, ON).

Solutions of Co**, Cr** and Ni®* were tested for endotoxin. Duplicates of each sample
were prepared and the concentrations of metal ions tested were 50 ppm and 300 ppm Cr**, 48
ppm Co**, and 96 ppm Ni**. A commercial limulus amebocyte lysate (LAL)-based endotoxin
assay was used (Genscript Toxin Sensor Chromogenic LAL Endotoxin Assay kit; Genscript,
Piscataway, USA) as per the manufacturer’s instructions [195]. Absorbance was measured at
545nm using a hybrid microplate reader (SynergyTM 4; BioTek, Winooski, VT).

4.2 Murine BMDM

This research was approved by the University of Ottawa Animal Care Committee
(Protocol ME-2350). Bone marrow cells were harvested from the tibia, femur and pelvic bones
of 4 to 16 week-old female C57BL/6NCrl mice (Charles River Laboratory, Montréal, QC). Cells
were harvested and differentiated as previously described [196], except that the medium used
was Dulbecco’s modified Eagle medium (DMEM)-based (Wisent, St-Bruno, QC). The BMDMs
were harvested after a 6-day differentiation period, collected by centrifugation (300 g for 10 min)
and re-suspended to 1 x 10° cells/mL in complete growth medium (CGM made of DMEM
[Wisent, St-Bruno, QC] supplemented with 8% (v/v) heat-inactivated ultra-low endotoxin [0.05
EU/mL] fetal bovine serum [FBS; NorthBio, Toronto, ON, catalog no. NBSF-701], and 100
U/mL of penicillin and streptomycin [Thermo Fisher Scientific, Waltham, MA]).
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4.3 Improved Glycolytic Stress Test: Extracellular Acidification Rate (ECAR)

Extracellular acidification rates (ECAR) were measured with an extracellular flux
analyzer (Seahorse XFe96 Analyzer; Agilent Technologies, Santa Clara, CA) using an improved
glycolytic stress test adapted from Mookerjee et al. [192]. The probes of the cartridge (XFe96
Extracellular Flux Assay Kit Cartridge; Agilent Technologies,) were hydrated 24 hr before each
experiment by submerging the probes in calibrant (XF calibrant, pH7.4, Agilent Technologies)
and placing the cartridge at 37°C without CO, until the time of loading, as per the
manufacturer’s instructions.

BMDMs were seeded in tissue culture-treated polystyrene 96-well microplates (Seahorse
XFe96 V3 PS Cell Culture Microplates; Agilent Technologies) at 90,000 cells/well in CGM and
incubated 3h to allow attachment at 37°C under a humidified atmosphere of 95% air and 5%
CO; (cell culture conditions). At the end of the incubation, the culture medium was replaced with
CGM containing no metal ions (negative control; cell culture-grade water; Lonza, Walkersville,
MD), 6-24 ppm Co**, 50-200 ppm Cr®*, 12-96 ppm Ni®* or 1 ug/mL lipopolysacchrides (LPS)
(Sigma-Aldrich) for an additional 6h under cell culture conditions, Each condition was prepared
in sextuplicate.

The assay medium was freshly prepared using modified DMEM without glucose, L-
glutamine, phenol red, sodium pyruvate and sodium bicarbonate (Sigma-Aldrich). The assay
medium was supplemented with 2 mM glutamine (Wisent), either 5 mM (for assays with
BMDM exposed to Co** or Ni?*) or 2 mM (for the assay with BDMD exposed to Cr®") HEPES
(Sigma-Aldrich) and 500 U/mL carbonic anhydrase (Sigma-Aldrich). The carbonic anhydrase
was added to the assay medium to ensure quantitative conversion of CO, to HCO® and H* [197].
The carbonic anhydrase was prepared for supplementation by reconstituting in cell culture-grade
water and was filtered through a 0.2-um pore cellulose acetate filter (VWR, Mississauga, ON)
for sterilization. The pH of the assay medium was adjusted to a final pH of 7.3-7.4 immediately
before use. After the 6h incubation with no ions, metal ions, or LPS the cells were washed twice
with the assay medium (without carbonic anhydrase) and incubated under cell culture conditions
with complete assay medium (with carbonic anhydrase) 45-60 min.

Drugs were prepared and loaded into a hydrated XFe96 Extracellular Flux Assay Kit
Cartridge (Agilent Technologies) with four injection ports A, B, C and D. Sequential injections

from each port were programmed throughout the assay. Between three and six measurements
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were taken after each sequential injection while mixing occurs. Before any injections occur, 3
consecutive ECAR measurements were taken corresponding to the basal acidification (i.e., basal
ECAR). Basal ECAR was measured with glucose-deprived cells to determine the acidification
rate present in the absence of glucose. Prior to the glucose injection, ECAR measurements for
the cells are at their basal level and are corresponding to contributions to extracellular
acidification (EA) from mitochondrial CO, production [192], [198]. The basal ECAR
measurements were followed by 3-6 measurements for each of the following parameters:
glycolysis, glycolytic capacity, and maximal glycolytic capacity. These parameters were
measured after sequential injections of glucose (10 mM final concentration in the microplate:
Sigma-Aldrich), and rotenone and antimycin A (0.5 uM each; Sigma-Aldrich), monensin (10
uM; Sigma-Aldrich) with carbonyl cyanide m-chlorophenyl hydrazone (CCCP; 2 uM; Sigma-
Aldrich). Glycolysis was measured after the first injection (glucose), which provided a substrate
for glycolysis to occur (1 glucose = 2 lactate” + 2 H") [192]. The second injection, rotenone and
antimycin A, prevents oxidative phosphorylation by inhibiting complex | and complex Il of the
ETC, respectively [192], [198]. Consequently, the energy demands of the cell are met primarily
through glycolysis, ultimately establishing the glycolytic capacity of the cell. The third injection
(monensin and CCCP) aims to increase the energy demands of the cell. Monensin works as an
ionophore and increases the influx of Na* into the mitochondrial matrix. This consequently
increases the activity of the Na'/K'-ATPase of the plasma membrane to export Na*, while
simultaneously hydrolysing ATP [192]. CCCP dissipates the proton gradient subsequently
decreasing the electrochemical potential across the MIM [199]. Therefore, when combined,
injections of the ionophore monensin and mitochondrial uncoupler CCCP cause the cell to reach
its maximal glycolytic capacity [192], [199]. An injection of 2-DG (a glucose analog) was
performed at the end of the experiment to confirm that glucose was the substrate responsible for
the observed acidification. 2-DG competitively inhibits the conversion of glucose-6-phosphate to
fructose-6-phosphate at the phosphoglucoisomerase step of glycolysis [200].

Following these measurements, the samples were removed from the extracellular flux
analyzer and the cells were washed with 180 uL of cold Dulbecco's phosphate-buffered saline
(DPBS) and lysed in 40 pL of 1N sodium hydroxide (NaOH). ECAR data were normalized to
protein quantity using the Bradford protein determination (Thermo Fisher Scientific), and bovine

serum albumin (BSA) standards (Thermo Fisher Scientific) as per the manufacturer’s
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instructions [201]. Absorbance was measured at 595 nm using a hybrid microplate reader.
Agilent Wave Inc (version 2.6.0) software was used to normalize the ECAR data with the results
of the Bradford protein determination and exported into Excel for manual analysis. The 3
consecutive measurements for the basal ECAR were averaged for analysis. The most stable value
reached for each of the other three parameters (glycolysis, glycolytic capacity and, maximal

glycolytic capacity) was selected for analysis.

4.3.1 Buffering Factor (BF)

In order to determine the EA coming from glycolysis through the production of lactate
and H*, contributions to EA from mitochondrial CO, production should be corrected for. Agilent
Technologies, has previously measured CO, contribution factor (CCF) values for a number of
cell lines. Agilent Technologies established that a CCF ratio of 0.61 was suitable for most cell
lines. In addition, Salloum et al. [194] recently demonstrated that treatment with ions does not
significantly influence the CCF value. Therefore the CCF value of 0.61 provided by Agilent
Technologies was applied to controls and samples for future calculations.

The buffering factor (BF; mmol/L/pH) refers to the buffering capacity of the system
which accounts for both the buffering capacity of the assay medium and the conditions of the
assay [202]. The medium used for Co®* and Ni?* samples had a lower concentration of HEPES (2
mM) than the Cr** samples (5 mM), and therefore each had a different BF which was determined

experimentally [203].

4.3.2 Proton Efflux Rate (PER)

The PER were calculated for each dataset. The PER (i.e., wtwPER) is an improved metric
that is calculated from the ECAR measurements. The PER accounts for the effect of CCF on the
pH of the medium, as well as the BF of the medium, and plate geometry [191]. The PER
contribution from glycolysis (i.e., giyconyiicPER) was calculated by taking the «wPER (calculated
by the Wave Software) measurements and subtracting the contribution to EA from
mitochondrial-derived CO; (i.e. mitchondrial PER). PER values were calculated for basal [without

glucose] levels in glucose-deprived cells to provide information into the PER contribution that is
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dependent on mitochondrial ATP production. PER values were also calculated with values after
glucose was injected, to isolate the PER contribution from glycolysis (i.e., [with glucose]) [202].

In order to determine the PER values, normalized OCR data was analyzed from
measurements taken during each of the ECAR experiments. The basal OCR measurements (e.g.,
before glucose was injected) were averaged to obtain without-glucoseOCR values. OCR
measurements were also analysed for the parameters following injections of glucose and R/AA
(with-glucose OCR and 12,sOCR, respectively). From these measurements mitochondrial OCR, both [with
glucose] (equation 4.1) and [without glucose] (Eq. 4.2) was calculated:

[WithOUt glucose] mitochondria|OCR:basa|OCR'r/aaOCR (Eq. 4.1)
Or
[with glucose] mitochondrial OCR=with-glucoss OCR-172dOCR (Eq. 4.2)

The wwPER (EQ. 4.3) was calculated as well for values [with glucose] and [without glucose]
[202].

1otalPER (pmol H/min) = ECAR (mpH/min) x BF (mmol/L/pH) x Vol (Eq. 4.3)

measurement chamber (uL) x kvol

Calculations were performed with the ECAR data either [without glucose] or [with
glucose], the BF of the medium (1.1 or 2.4 mmol/L/pH), the volume of the micro-chamber (2.28
uL) and the correction for the pseudo-volume of the micro-chamber (1.6 kvol). Once the PER
was calculated, the miwchonarialPER and gycoyiicPER were isolated. The mitochonarialPER  Was
determined using: CCF = nitochondrialPER/mitochondrial OCR [202], which is calculated using the pre-
established CCF ratio (0.61) provided by Agilent Technologies, and the mitochondrial OCR which
was calculated as described above. The mitochongrial PER Was calculated for both parameters, either
[with glucose] or [without glucose].

Finally, the giycoyticPER was isolated using: totalPER-mitochondrial PER=glycolyiicPER, and was
calculated for values [with glucose] and [without glucose], as well [202]. mitochonaria PER and
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aiycolyicPER were calculated for each condition in sextuplicate and the average for each condition
was calculated after removing any outliers. Finally, the above steps were repeated for all datasets
and the average giycolyicPER and mitochondriaPER were calculated for all the experiments for either
the basal or glycolysis parameters for Co** (n=4), Ni** (n=4) and Cr** (n=5).

4.3.3 Statistical Analysis for Glycolytic Flux Parameters

A Tietjen-Moore test was ran between the sextuplicate wells of each condition and for
each parameter to remove outliers. This Grubbs-type statistical test was used for each experiment
individually, as well as to isolate outliers between experiments. Statistical analyses were
performed using a one-way analysis of variance (ANOVA) followed by Tukey-Kramer post-hoc
tests if the assumption of homogeneity of variance was met, as per Levene’s test. Otherwise, a
Welch ANOVA was performed followed by Games-Howell post-hoc tests. Statistical analyses
were performed using commercial software (IBM SPSS; Statistics 25 software).

4.4  Cell Mortality

Cell mortality was measured at 6 and 12 hr to verify that cell death was not amplified by
an increased exposure time to ions. BMDMs were seeded at 6 million cells in 100x15 mm petri
dishes (Grenier, Bio-One) and allowed to adhere for 3 hrs, to allow attachment under cell culture
conditions. At the end of the attachment period, BMDMs were exposed to CGM prepared with
either no metal ions, 18 ppm Co”" or 1 ug/mL LPS (Sigma-Aldrich) in duplicate for either 6 hrs
or 12 hrs under cell culture conditions. At the end of the 6 or 12 h incubations, the BMDMs were
detached by pipetting using CGM, transferred to 50 mL tubes and centrifuged at 300g for 10
min. The cell pellets were re-suspended in 1 mL of CGM. Trypan blue (TB) exclusion assay was
used to count the number of viable (TB") and non-viable (TB") cells. Trypan blue (Sigma, 0.04%
[w/v] final concentration) dye and an improved Neubauer hemocytometer (Hausser Scientific,
Horsham, PA) were used to count the number of stained and unstained cells in each sample. The

percentage of non-viable cells after the 12h exposure was compared to that at 6h.
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45 GSH and GSSG Determination

The BMDMs were rinsed with 5 mL of CGM and detached by pipetting using a 10-mL
Class-A volumetric pipette (SIBATA Scientific Technology, Saitama, Japan) as previously
described [196] with CGM. Twelve million cells were seeded in 145x20 mm tissue-culture (TC)-
treated plates (Grenier, Bio-One); or, 6 million cells in 100x15mm petri dishes (Grenier, Bio-
One). The BMDMs were incubated in CGM for 3 hrs to allow attachment under cell culture
conditions. At the end of the incubation, BMDMs were exposed to 18 ppm Co?*, 150 ppm Cr*",
48 ppm Ni?* or 1 pg/mL LPS for 12h as above.

HPLC assay for GSH and GSSG

The HPLC assay for GSH and GSSG was based the procedure used in Dr. Mary-Ellen
Harper’s laboratory (University of Ottawa) and was originally published by Mailloux et al.
[204]-[206]. The mobile phase consisted of 0.1% trifluoroacetic acid (TFA; Sigma-Aldrich)
prepared in HPLC-grade methanol (Fisher Scientific) and was filtered through a 0.2 um filter via
vacuum filtration. The homogenization buffer containing TRIS (Sigma-Aldrich),
ethylenediaminetetraacetic acid (EDTA; Sigma-Aldrich) and sucrose (BioShop Canada,
Burlington, ON) was dissolved in the mobile phase and kept on ice. The 1:1 HPLC buffer was
always prepared fresh, by combining a 1:1 solution of mobile phase and homogenization buffer
with 33.5-36.5% meta-phosphoric acid (MPA; Sigma-Aldrich) and 0.11% TFA, final
concentration. All the buffers were kept on ice during the experiment.

Lyophilized GSH and GSSG (Sigma-Aldrich) were used to prepare 100 mM stock
solutions. Standard stock solutions were prepared carefully in a volumetric flask in the 1:1 HPLC
buffer. Acidic solutions minimize oxidation of GSH to GSSG in the stock solutions during
storage [207]-[209]. Finally, the standards were stored under Argon to minimize oxidation
during storage, and frozen/stored at -80°C. Freshly thawed GSH and GSSG standards were
diluted from the stock solutions on the day of the experiment in 1:1 HPLC buffer, to a
concentration of 1 mM, 0.1 mM, 0.01 mM and 0.001 mM.
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HPLC Standard Curve

The GSH and GSSG contents of the standards were measured using HPLC by loading
210 pL of each standard into a 96-well plate (Agilent Technologies, U shape, polypropylene)
with the compatible sealing mat (Agilent Technologies). The HPLC was performed using an
Agilent Technologies Binary Pump 1100 series HPLC system with a Pursuit C18 column (150 x
4.6 mm, 5-um pore size; Agilent Technologies, Santa Clara) with Agilent ChemStation software
for the HPLC analysis. The flow rate was of 1 mL/min with a detection wavelength of 215 nm
for both GSH and GSSG [102], [210], [211].

BMDM Sample Preparation for HPLC Assay

Following incubation (12h), cells were detached by pipetting (as previously described),
and transferred to a pre-chilled (ice-cold) 50 mL tube. The cells were centrifuged at 300 g for 10
min at 4°C and the cell pellet was re-suspended in 5 mL of ice-cold DPBS (Sigma-Aldrich).
Samples were then transferred into 15 mL tubes (Fisher Scientific) and 100 puL from each sample
was aliquoted for cell counting using dye-exclusion hemocytometry under phase contrast
microscopy. The 15 mL tubes containing the samples were centrifuged again (1,000 g for 10 min
at 4°C) and the pellets were lysed on ice in 210 pL of 1:1 HPLC buffer for 20 minutes. The
lysates were centrifuged at 14,000 g for 20 min at 4°C to remove any insoluble material and the
supernatant was collected (on ice). The supernatant was injected into the HPLC column

immediately with injection volumes of either 40/80 pL or 50/100 pL to gather preliminary data.

Verification of Standards

The standards were prepared as described above in 1:1 HPLC buffer and volumes of 40
uL and 80 upL were immediately injected into the HPLC column. The GSH and GSSG
concentrations were measured again after 6-9 hrs at room temperature (in the HPLC auto-
sampler) to verify the stability of GSH and GSSG during the experiment.
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45.1 Optimization of BMDM Sample Preparation
Optimizing BMDM Plating and Recovery

To determine optimal cell recovery, cell recovery was assessed for the following cell
densities; 85,000 cells/cm?, 425,000 cells‘cm? and 850,000 cells/cm? in either TC-treated or
untreated (100 x 15 mm) plates or 24-well plates (without metal ions). BMDMs were seeded as
described and allowed to adhere for 3h under cell culture conditions. After the incubation period,
the medium was replaced with CGM (without metal ions or LPS). The BMDMs were then
incubated for an additional 12h, rinsed gently with 900 uL of cold DPBS, and 900 uL of
enzymatic cell detachment solution (Accutase, Innovative Cell Technologies) was added to each
well. The microplates were incubated at RT for 15 min. The contents of each well were collected
into individual tubes and the wells were washed twice using a micropipette with cold DPBS, the
wash was also collected. The samples were centrifuged at 300 g for 10 min (4°C) and re-
suspended in 1 mL of cold DPBS. The samples were immediately counted by dye-exclusion
hemocytometry using phase contrast microscopy. The same process was repeated with the
100x15mm dishes without the enzymatic cell detachment solution. The cells were detached by
pipetting, as described above and the cells were collected by centrifugation and re-suspended in
1 mL of cold DPBS for counting. Cell recovery was measured by dye-exclusion hemocytometry

using phase contrast microscopy, as previously described.

Optimizing Recovery of BMDMSs Exposed to Co?*, Cr®* and Ni?*

BMDMs were seeded at a cell density of 425,000 cells/cm® in 6-well TC-treated
microplates and incubated for 3h to allow attachment under cell culture conditions. After the
incubation, the medium was replaced with CGM containing no metal ions, 18 ppm Co?*, 150
ppm Cr** or 48 ppm Ni?* and the cells were incubated for 12h under cell culture conditions. The
medium was removed and 1500 pL of enzymatic cell-detachment solution (Accutase, Sigma-
Aldrich) was added to each well and the cells were incubated at room temperature for 15 min.
The contents of each well were collected and processed as previously described, centrifuged at
300g for 10 min (4°C) and re-suspended in 1 mL of cold (4°C) DPBS. The samples were

immediately assessed for cell recovery.
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Optimizing BMDM Detachment Technique: 6-well vs 12-well TC-treated plates

In order to establish differences in detachment efficiency between 6-well and 24-well
TC-treated plates a final experiment was done. BMDMs were prepared (20 plates of 15x10°
BMDMs per plate) and were collected by detachment with pipette in pre-warmed CGM.
Collected cells were seeded by a fellow lab member (experimenter 1), with several years of cell
culture experience, who counted and seeded the BMDM s at cell density of 425,000 cells/cm?.
The cells were seeded in 6-well and 24-well TC-treated microplates and the procedure was
performed independently by two experimenters. The samples were left to adhere for 3h to allow
attachment at 37°C under cell culture conditions. At the end of the attachment period, the CGM
was replaced with CGM containing no metal ions, 18 ppm Co**, 150 ppm Cr®* or 48 ppm Ni?*,
in duplicates and incubated for 12h under cell culture conditions. At the end of the incubation,
both experimenters independently detached the cells by removing the medium and rinsing the
cells with cold DPBS. The rinse for each sample was collected in 15-mL centrifuge tubes. Cells
were then treated twice with an enzymatic detachment solution (Accutase) for 15 min at room
temperature and both were collected with the rinse. The samples were centrifuged at 300g for 10
min and re-suspended in 1 mL of D-PBS and cell mortality was determined (as previously
described).
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5 Glycolytic Flux: Results and Discussion

ECAR may be used as an indicator of glycolytic flux, as glycolysis directly contributes to the
acidification of the microenvironment. As glycolysis rapidly generates 2 moles of ATP per mole
of glucose broken down and 2 moles of protons (H")are produced [188]. Therefore, when
glycolytic activity increases to meet new energy demands, there is a corresponding decrease in
pH (i.e., acidification) of the extracellular environment when the buffering capacity is
insufficient [188], [191]. Using an extracellular flux analyzer allows real-time measurements of
ECAR, as well as oxygen consumption rates (OCR) in live cells using real-time injections of
various substrates, stimulators and/or inhibitors (i.e., drugs). ECAR provides insight into
glycolytic activity by measuring changes in the rate of glycolytic proton production in the
medium using pH sensors (or probes). The measured parameters (i.e., glycolysis, glycolytic
capacity and, maximal glycolytic capacity) all provide insight into the upregulation of glycolysis,
as seen in pro-inflammatory activated macrophages to meet energy demands. Alternatively,
metrics such as PER, improve our understanding of the contribution to EA derived from sources
other than glycolysis such as from CO,-dependant acidification [202]. Small contributions to the
acidification of the microenvironment are derived from the TCA-cycle during mitochondrial
respiration [192]. During this process CO, is converted to HCO® and H*, further decreasing
extracellular pH when buffering capacity is insufficient [192]. PER is also able to account for
buffering capacity of the medium and from the plate geometry. Therefore, both measurements of
ECAR and PER are important for accurate assessment of the glycolytic behaviour of the
BMDMs.

5.1 Effects of Co?*, Cr** and Ni** on Extracellular Acidification Rate (ECAR)

ECAR results showed that Co®* and Ni®* stimulated an increase in all glycolytic
parameters (glycolysis, glycolytic capacity, and maximal glycolytic capacity), relative to the
negative control. Results demonstrated that Co** increased glycolysis by up to approximately
78% (p=0.008), glycolytic capacity by up to 185% (p<0.001), and maximal glycolytic capacity
by up to 222% (p<0.001), relative to the negative control as depicted in Figure 5-1.
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Figure 5-1 Glycolytic flux parameters in BMDM s following a 6-h exposure to 0-24 ppm Co®". ECAR
were measured with an extracellular flux analyzer using an improved glycolytic stress test. ECAR was
measured after the sequential injection of glucose, rotenone/antimycin A, and monensin/CCCP, as
described in materials and methods. ECAR was normalized to protein concentration using a Bradford
protein determination assay. * and ** indicate a significant difference between a given condition and the
negative control (no ions) with p<0.05 and p<0.001, respectively. Data: means + SEM of an N of 4.

Similarly, Ni?* treatment led to an increase in glycolysis by up to approximately 144%,
glycolytic capacity by up to 240%, and maximal glycolytic capacity by up to 245%, relative to
the negative control (p<0.001 in all cases; Figure 5-2). ECAR values demonstrated a significant
increase (p<0.001, Figure 5-2) with all concentrations of Ni** for glycolytic capacity and
maximal glycolytic capacity.
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Figure 5-2 Glycolytic flux parameters in BMDM s following a 6-h exposure to 0-96 ppm Ni®*. ECAR
were measured with an extracellular flux analyzer using an improved glycolytic stress test. ECAR was
measured after the sequential injection of glucose, rotenone/antimycin A, and monensin/CCCP, as
described in materials and methods. ECAR was normalized to protein concentration using a Bradford
protein determination assay. * and ** indicate a significant difference between a given condition and the
negative control (no ions) with p<0.05 and p<0.001, respectively. Data: means £ SEM of an N of 4.

These results demonstrated that both Co®* and Ni®* lead to significant increases in all
glycolytic parameters (glycolysis, glycolytic capacity, and maximal glycolytic capacity),
demonstrating that there was a metabolic change due to the presence of these ions. A significant
increase in maximal glycolytic capacity of up to 245% was observed with 48 ppm Ni?* (p<0.001,
Figure 5-2), and an increase of up to 222% with 18 ppm Co*" (p<0.001, Figure 5-1), both
relative to the negative control. For both ions, the highest concentrations of 24 ppm Co*" and 96
ppm Ni?* did not yield the highest change in glycolytic parameters, likely due to the increase
cytotoxicity at these concentrations.

The basal parameters were used to provide insight into EA before glucose injection. A
small significant increase in the basal parameter was seen with 48 ppm Ni** (p=0.01, Figure 5-2),
which overall stimulated the largest glycolytic response based on measurements of all other
parameters. Nevertheless, there were no significant increases in the basal parameters for any

other concentrations tested for either Co?*, or Ni?*. The PER results, to be discussed below,
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provide more insight into the relative contribution of glycolytic flux and mitochondrial
respiration.

In contrast to the Co?* and Ni?* results, BMDMs treated with 200 ppm Cr** demonstrated
a decrease in glycolysis by as much as 25% (p=0.01), glycolytic capacity by as much as 44%
(p<0.001), and maximal glycolytic capacity by as much as 42% (p<0.001), relative to the
negative control, as represented in Figure 5-3. Significant decreases in ECAR results for 200
ppm Cr¥* may be due to increased cytotoxicity at the highest concentration, which is paralleled
by the decreases in ECAR parameters observed for the highest concentrations of Co®* and Ni?* as
well. No changes were observed with all concentrations tested at and below 150 ppm Cr** for
glycolysis, glycolytic capacity, and maximal glycolytic capacity.

Cra+; OOppm O50ppm BE100ppm E150ppm ®=200ppm
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Basal Acidification Glycolysis Glycolytic Capacity Maximal Glycolytic
Capacity

Figure 5-3 Glycolytic flux parameters in BMDMs following a 6-h exposure to 0-200 ppm Cr*".
ECAR were measured with an extracellular flux analyzer using an improved glycolytic stress test. ECAR
was measured after the sequential injection of glucose, rotenone/antimycin A, and monensin/CCCP, as
described in materials and methods. ECAR was normalized to protein concentration using a Bradford
protein determination assay. * and ** indicate a significant difference between a given condition and the
negative control (no ions) with p<0.05 and p<0.001, respectively. Data: means £ SEM of an N of 5.

Overall, the ECAR results indicated that Co?* and Ni?*, but not Cr®*, lead to an increase
in glycolytic flux parameters, except basal acidification. Moreover, Cr** actually caused a

decrease in glycolytic parameters, relative to the negative control.
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5.1.1 Effect of Co?*, Cr** and Ni** on Proton Efflux Rate (PER)

Unlike ECAR results, the PER results are not dependent on the buffering capacity of the
system, because the buffering capacity was mathematically taken into account. The results
present the PER in two forms: (A) PER [based on measurements without glucose], and (B) PER
[based on measurements with glucose]. Calculations for PER [without glucose] (A) are under
basal conditions before glucose has been injected into the system. Calculations for PER [with
glucose] (B) are under glycolytic conditions after 10 mM of glucose (final concentration) has
been injected into the system. The total PER was calculated, from which the relative
contributions of mitochondria and glycolysis to the total PER were calculated. The mitochondrial
contribution to total PER (i.e., PER mitochondrial) corresponds to the contribution to PER from
mitochondrial CO, production and CO, hydration, which ultimately leads to the release of
protons. The contribution from the generation of protons through glycolysis to total PER is
presented as glycolytic PER (i.e., PER glycolytic).

The results for PER [based on measurements without glucose] (A) and PER [based on
measurements with glucose] (B) are presented for Co** (Figure 5-4), Ni** (Figure 5-5) and Cr**
(Figure 5-6). Results for BMDMs treated with Co®* showed a significant decrease in the
mitochondrial PER results [without glucose] of up to 66% (p<0.05, Figure 5-4A). For the results
[with glucose], a decrease of 30% for 12 ppm, 32% for 18 ppm and 35% for 24 ppm (p<0.001
for all values, Figure 5-4B) was observed. Furthermore, Co*" also stimulated a significant
increase (p<0.001) in glycolytic PER of up to 647% (Figure 5-4A) in results [without glucose],
and up to 266% (Figure 5-4B) in PER results [with glucose].
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Figure 5-4 Proton efflux rates (pmol H+/min/ug protein) in BMDMs following a 6-h exposure to
Co”" (0-24 ppm). * and ** indicate a significant difference between a given condition and the negative
control with p<0.05 and p<0.001, respectively for PER glycolytic. ¥ and *t indicate a significant
difference between a given condition and the negative control (no ions) with p<0.05 and p<0.001,
respectively for PER mitochondrial. The PER values are normalized to protein content using a Bradford
protein determination assay. PER were calculated as described under Materials and Methods. Data: means
+ SEM of 4.

Overall, the results of Co®" indicate that the increase in PER was primarily due to
glycolysis (Figure 5-4 B), and therefore glycolytic flux was quantifiably increased in the
presence of Co?*. Furthermore, the significant decreases in mitochondrial PER (Figure 5-4 B) in
the presence of Co?* relative to the negative control, demonstrate that mitochondrial PER
production may be impaired.

Accordingly, results for Ni** showed a significant decrease in mitochondrial PER in the
results [based on measurements without glucose] of 26% (p<0.001, Figure 5-5A) with 96 ppm
Ni?*. For the results [based on measurements with glucose], a decrease in mitochondrial PER of

up to 69% (p<0.001, Figure 5-5B) was observed, again with the highest concentration of 96 ppm
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Ni?* (all relative to the negative control). This result is comparable to the PER results for Co?*,
and indicates that mitochondrial PER contribution is also decreased in the presence of Ni®".
Furthermore, the results also showed a significant increase in glycolytic PER as high as 2334%
with 96 ppm Ni?* [based on measurements without glucose] (p<0.001, Figure 5-5A), and up to
348% with 48 ppm Ni®* (p<0.001, Figure 5-5B) in the PER results [with glucose], again relative
to the negative control. These results indicate that in the presence of glucose, Ni®* also causes an
increase in glycolytic flux. Moreover, significant increases (p<0.001, relative to the negative
control) were seen in glycolytic PER values with Ni’* in a concentration-dependent manner, by
up to 156% with 6 ppm, 228% with 12 ppm, and 345% with 96 ppm (Figure 5-5B, with glucose).
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Figure 5-5 Proton efflux rates (pmol H+/min/pg protein) in BMDMs following a 6-h exposure to
Ni?* (0-96 ppm). * and ** indicate a significant difference between a given condition and the negative
control with p<0.05 and p<0.001, respectively for PER glycolytic. ¥ and *t indicate a significant
difference between a given condition and the negative control (no ions) with p<0.05 and p<0.001,
respectively for PER mitochondrial. The PER values are normalized to protein content using a Bradford
protein determination assay. PER were calculated as described under Materials and Methods. Data: means
+ SEM of 4.

Interestingly, results demonstrated a significant increase in glycolytic PER of 114% with
200 ppm Cr®* (p<0.001, in Figure 5-6A) [based on measurements without glucose], and small
increases in all other test conditions, relative to the negative control. However, in the results
[with glucose], Cr** caused a decrease in PER glycolytic with all concentrations except 100 ppm
Cr¥, with a significant decrease of as much as 50% with 200 ppm Cr** (p<0.001, Figure 5-6B),
relative to the negative control. The mitochondrial PER values were consistently similar to the
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negative control for both basal and glycolytic results, indicating that Cr®* likely does not affect

mitochondrial PER.
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Figure 5-6 Proton efflux rates (pmol H+/min/pg protein) in BMDMs following a 6-h exposure to
Cr** (0-200 ppm). * and ** indicate a significant difference between a given condition and the negative
control with p<0.05 and p<0.001, respectively for PER glycolytic. ¥ and *t indicate a significant
difference between a given condition and the negative control (no ions) with p<0.05 and p<0.001,
respectively for PER mitochondrial. The PER values are normalized to protein content using a Bradford
protein determination assay. PER were calculated as described under Materials and Methods. Data: means
+ SEM of 5.

Overall, the results for Co®* and Ni®* are very similar for all tested PER and ECAR
parameters, while the results for Cr** demonstrate a drastically different metabolic response in
BMDMs. Co®* and Ni?* generally led to a significant and substantial increase in glycolytic PER
and other glycolytic test parameters, and accordingly a small but significant decrease in

mitochondrial PER, relative to the negative control. Alternatively, Cr®* generally led to a small
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but significant decrease in glycolytic PER (relative to the negative control), and had no

significant impact on the mitochondrial PER results.

5.2 Technical Considerations

In order to adapt glycolytic stress test protocol, which had been established for RAW
264.7 macrophages, for use with BMDMs some technical modifications were necessary.
Moreover, exposure to Co®* and Ni** demonstrated differences in metabolic response compared
to Cr®" that also required some improvement. These technical considerations for the protocol are
described below.

5.2.1 Optimizations of the Improved Glycolytic Stress Test

The present study used an improved glycolytic stress test for measuring ECAR
parameters, and was adapted in this thesis for use in an in vitro BMDMs model. The improved
glycolytic stress test used in this thesis was adapted from the method for RAW 264.7
macrophages [212]. The improved glycolytic stress test was based on a paper originally
published by Mookerjee et al.[192]. The method described in [107] was for RAW 264.7
macrophages, which is a highly proliferative and more metabolically active immortalized cell
line [107]. Therefore, the method was optimized in this thesis for BMDMs. The improved
glycolytic stress test protocol for BMDMs was finalized after optimizing the following
parameters for Co®* and Ni?*, as well as Cr®": the medium composition, the injection drugs, and

cell seeding density.

Optimization of Medium, Drugs and Cell Density for BMDMs

The protocol for the improved glycolytic stress test was adapted for BMDMs with
optimization of the medium composition (e.g., concentrations of glutamine, HEPES and carbonic
anhydrase), the concentration of monensin, and the cell seeding density. A concentration of 2
mM glutamine was used based on previous articles using BMDMs [213]-[215]. The
concentrations tested for monensin were based on a paper by Mookerjee et al. [216], which
recommended 20 uM, and considering the concentrations previously used in Dr. Catelas’ lab. It

was also recommended by Mookerjee et al. [216] to use the lowest effective concentration of
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monensin, and therefore testing a range was essential due to the potential toxicity of the drug.
The seeding densities were empirically selected based on: 1) the seeding density used for
BMDMs measurements of OCR [217]; and 2) the recommended values by Agilent Technologies
for BMDMs and from previously published articles [218], [219], [220], [221]. The HEPES
concentrations were selected to ensure that acidification will not cause retroinhibition of
glycolysis while remaining large enough to be detectable with reasonable accuracy and
precision.

Notably, the medium used for preliminary experiments (data not shown) was RPMI-1640
containing 1 mM HEPES without bicarbonate, phenol red, glutamine or glucose as previously
used for assays with BMDMs [196], and was the medium recommended by Agilent
Technologies for BMDMs [219]. However, research done by peers in the laboratory revealed
that Cr** ions may precipitate in RMPI-1640 media, and it has been previously shown that in
simulated physiological fluids, Cr** is able to form complexes that may elicit a different immune
response [88]. Ultimately, a DMEM-based medium without glucose, L-glutamine, phenol red,
sodium pyruvate and sodium bicarbonate was used and the aforementioned parameters were
optimized in this medium.

Preliminary experiments (data not shown) analysed seeding densities of 9x10*, 12x10%,
16x10* and 18x10* cells/well in the DMEM-based medium. HEPES, carbonic anhydrase and
monensin concentrations were also optimized by testing 0 mM, 1 mM, 2 mM, 3.5 mM, and 5
mM of HEPES (Sigma), 10 uM, 20 uM and 30 pM of monensin, and conditions with and
without carbonic anhydrase (500 U/mL, final concentration in the medium). Based on these
preliminary experiments, it was empirically determined that a seeding density of 9x10* cells/well
would be used with carbonic anhydrase, and a concentration of 10 uM of monensin. These
conditions were selected because they minimized monensin-related cytotoxicity, provided an
ideal pH range (ApH < ca. 0.2 pH units per min) for detection at all injection points, and reduced
variability between measurements. However, a preliminary experiment with metal ions revealed
that a higher concentration of 5 mM HEPES was required to obtain an adequate buffering
capacity to accommodate the highly glycolytic metabolic response observed with Co®* and Ni*".
Interestingly, the metabolic response observed with Cr** was significantly different and required
additional optimizations.
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Optimization for Experiments with Chromium

Preliminary experiments with Cr** revealed that the glycolytic response, and
consequently level of acidification observed, were much lower with Cr** than with Co®* or Ni*".
Therefore, either the number of cells or level of buffering needed to be further optimized.
Optimization experiments were performed testing 1 mM, 2 mM, and 3 mM of HEPES with
either no ions, 50 ppm Cr**, 100 ppm Cr®* or LPS (in triplicates), following the same protocol as
used with Co?* or Ni®*. The optimizations were repeated until there was adequate reproducibility
between experiments. Finally, it was empirically determined that with 0-200 ppm Cr**, the
medium required a lower buffering capacity (2 mM HEPES) than with Co*" or Ni** (5 mM
HEPES) to detect the significantly reduced effect on the extracellular acidification. The cell

seeding density was not changed to retain consistency with results for Co?* and Ni?*.
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6 Sample Preparation Improvements for Future GSH and GSSG

Determination in BMDM Exposed to Metal lons

This chapter presents a series of preliminary experiments (n=1), aiming to optimize
BMDM recovery after exposure to metal ions for future GSH and GSSG determination by
HPLC. This optimization was undertaken after preliminary experiments to determine GSH and
GSSG by HPLC were found to be irreproducible due to insufficient recovery of BMDMs after
exposure to metal ions. Additional experiments will be required to strengthen the conclusions, in

particular with regards to the potential use of an enzymatic detachment solution (Accutase).

6.1 Preliminary Experiments on GSH and GSSG Determination by HPLC

In order to investigate the glutathione redox status of BMDMs exposed to Co**, Cr** and
Ni?* an HPLC method was selected to quantify GSH and GSSG. Different methods for GSH and
GSSG quantification have been previously described, such as commercial glutathione assay kits
and separation by HPLC with fluorescence [222], [223] or UV detection [229], [231], [232].
However, some HPLC methods (e.g., HPLC with fluorescence) rely on a derivatization step
which does not allow GSH and GSSG to be determined simultaneously, and can sometimes
require two analyses to be done in parallel [226]. Alternatively, glutathione assay Kits often use
an enzymatic recycling method which also requires derivatization, and uses measurements of
total glutathione and GSH to quantify GSSG rather than measuring it directly [227]. As a result,
an HPLC method that quantifies both GSH and GSSG simultaneously, without a derivatization
step was utilized as previously described [204]-[206]. However, the method needed to be
adapted for BMDMs treated with metal ions, such as Co*, Ni**, and Cr**. BMDMs are highly
adherent [196], and treatment with metal ions can interfere with the cell membrane [128], [132],
which may affect the cell detachment and recovery. As a result, a high cell number (12 million
cells per sample) was empirically determined based on preliminary data (not shown) which
suggested that the HPLC assay required a large number of BMDMs in order to detect
glutathione. Difficulty in detecting GSH, despite a large number of plated cells, is likely due to a
low cell recovery, in addition to the fact, the sample must be very concentrated in the lysis buffer

to obtain measurable concentrations of GSH and GSSG (based on preliminary data not shown).
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Overall, a lack of reproducibility in the results, after several preliminary experiments, lead to
improvements of cell recovery by testing: 1) dish surface treatment and size, 2) seeding density,
and 3) detachment technique.

It should be noted that injection volumes of 40 and 80 pL, or 50 and 100 uL were also
tested during preliminary HPLC experiments (data not shown). It was determined that injection
volumes of 40 and 80 pL would be appropriate for future experiments. Finally,, the stability of
the GSH and GSSG standards, freshly prepared in 0.11% TFA, were also verified by measuring
the GSH and GSSG content at Oh after preparation and again, after ~9h at RT. The slopes of the
standard curves generated for the measured GSH and GSSG standard solutions (at Oh and 9h)
were similar (data not shown), and therefore the GSH standard is likely not being oxidized to

GSSG throughout the duration of the experiment, when prepared in an acidic buffer.

6.1.1 BMDM Dish Surface Treatment and Seeding Density

Dish surface is an important parameter for BMDMs adhesion, and detachment. Due to
the adhesive nature of BMDMs, the detachment process from TC-treated plates can impose shear
stress on the cells that could potentially influence results if the cells are too highly adherent, and
reduce the number of viable cells successfully detached. Alternatively, the untreated surface of
suspension plates may lead to inadequate BMDMs adhesion, resulting in a net loss in overall cell
yield during the initial medium change. TC-treated plates have a treated surface to promote
adhesion. In aims to improve cell recovery, BMDMs were plated in either TC-treated or
suspension plates, and at seeding densities of 85,000 cells/cm?, 425,000 cells/cm?, and 850,000
cells/cm?® (Figure 6-1). These seeding densities were selected based on the seeding density used
for the improved glycolytic stress test, and to keep culture conditions as consistent as possible.

Overall, the results presented in Figure 6-1, revealed that TC-treated plates yielded a
higher recovery (up to 99% higher) than suspension plates with all tested seeding densities, with
or without, enzymatic detachment solution (Accutase, Figure 6-1). A seeding density of 425,000
cells/cm? led to a BMDM recovery of 72% and was comparable to 71% for the cells seeded at
85,000 cells/cm?, when using TC-treated plates (Figure 6-1). The recovery appeared to be higher
than with a cell density of 850,000 cells/cm?.
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Figure 6-1 Recovery of BMDM (% nominal seeding density) for TC-treated plates vs. suspension
plates at 85,000 cells/cm?, 425,000 cells/cm?, and 850,000 cells/cm? BMDMSs were seeded and allowed
to adhere for 3 hrs. The medium was replaced with CGM and cells were incubated for an additional 12
hrs at 37°C/5% CO,. Cells were detached by pipette detachment with or without Accutase and counted by
dye exclusion hemocytometry (N=1).

Overall, the results of this experiment indicated that without metal ions, TC-treated plates
a seeding density of 425,000 cells/cm® and use of an enzymatic detachment solution for
detachment yielded optimal BMDMs recovery. Notably, a seeding density of 85,000 cells/cm?
without Accutase also yielded similar cell recovery. However, the option to use the higher
seeding density, which can increase the speed of sample preparation, may be more beneficial for
future HPLC procedures. Moreover, to reduce the shear stress imposed on BMDMs during
detachment, it is suggested to use an enzymatic detachment solution (Accutase). Therefore, the
use of 425,000 cellsscm? and the enzymatic detachment solution may be preferable.
Nevertheless, considering that the ultimate goal is to measure GSH and GSSG by HPLC, the

effect of Accutase on these metabolites would need to be determined.
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6.1.2 Effect of Co?*, Cr** and Ni** on BMDMSs Recovery

The effects of Co?*, Cr** and Ni®* on cell recovery were then tested. Indeed, preliminary
experiments demonstrated that BMDMs treated with metal ions resulted in high variability in
protein quantity between samples based on the protein determination assays (data not shown),
despite visually consistent cell plating and similar cell distribution (microscopically analysed).
Therefore, the effects of 18 ppm Co?*, 150 ppm Cr** and 48 ppm Ni** on BMDMs recovery were
analysed using dye exclusion hemocytometry to count the number of live cells (e.g., viable, TB")
and dead cells (e.g., non-viable cells, TB") recovered using pipette detachment, and with or
without the enzymatic detachment solution (Accutase) as presented in Figure 6-2. The results
suggest that all three ions resulted in a decrease in overall cell recovery relative to the negative
control (Figure 6-2). Overall the recovery of viable cells for BMDM s treated with 150 ppm Cr3*
was only around 33%, which appears to be lower than with the other two metal ions tested
(Figure 6-2).
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Figure 6-2 Recovery (% nominal seeding density) of viable (TB") and non-viable (TB*) BMDM in 6-
well TC-treated plates seeded at 425,000 cells/cm?® with a 12 hour exposure to 18 ppm Co?*, 150 ppm
Cr*" and 48 ppm Ni**(N=1).

Moreover, the results for the negative control (Figure 6-1, no ions) with 6-well plates
compared to those with 24-well plates (Figure 6-2) when using a seeding density of 425,000
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cells/cm?, suggest a lower cell recovery when using larger wells. The well size may affect
detachment due to a difference in the level of difficulty detaching at the edge of the wells,
compared to the centre where BMDM s tend to have a stronger adherence. Moreover, difficulty in
the detachment may be reduced by performing two treatments with the enzymatic detachment
solution, by decreasing the well size or by using a more gentle detachment technique, and

therefore these parameters were tested.

6.1.3 Effects of the Detachment Technique on Cell Recovery

In order to assess the effects of the detachment technique on the recovery of cells in
presence of metal ions, two different experimenters counted the number of viable and non-viable
cells plated in 6-well and 24-well plates with metal ions, following two consecutive treatments
with an enzymatic detachment solution. The results presented in Figure 6-3 suggest that the use
of 24-well plates yielded a better overall BMDM recovery than the use of 6-well plates (up to
around 100 to 130% for both experiments; Figure 6-3, A & B) in agreement with the previous

results.
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Figure 6-3 Recovery of BMDMs (% nominal seeding density) that were seeded at 425,000 cells/cm?
in 6-well and 24-well TC-treated plates and exposed to 18 ppm Co**, 150 ppm Cr* or 48 ppm Ni**
for 12h (N=1). After the 12 hour incubation with ions, BMDMs were detached by rinsing with pre-
warmed D-PBS (collected) and two 15 minute treatments with enzymatic detachment solution (Accutase).
Cells were collected by pipette detachment; supernatants from all steps were collected and pooled for
centrifugation and analyzed by dye exclusion hemocytometry. (A) Experimenter 1; (B) Experimenter 2.

Overall, both experimenters (Figure 6-4 A & B, N=1) appeared to have very similar cell

recoveries. However, the percentage of dead cells appeared to be much higher for experimenter 1
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who likely used a more aggressive detachment approach. Experimenter 2 had very few non-
viable cells in all samples (Figure 6-4, B, N=1). The apparent differences in cell recovery
between experimenters may be due to different experience with detaching BMDMs, as well as
the nature of the technique which is subject to inter-individual variation. Indeed, experimenter 1
is more familiar with RAW 264.7 macrophages and may use a rougher technique than

experimenter 2, more familiar with BMDMs.
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Figure 6-4 Recovery (% nominal seeding density) of viable (TB") and non-viable (TB*) BMDM that
were seeded at 425,000 cells/cm? in 24-well TC-treated plates and exposed to 18 ppm Co*, 150 ppm
Cr* or 48 ppm Ni?* for 12h (N=1). After the 12 hour incubation with ions, BMDMs were detached by
rinsing with pre-warmed D-PBS (collected) and two 15 minute incubations with an enzymatic detachment
solution (Accutase) in which cells were collected by pipette detachment; supernatants from all steps were
collected for centrifugation and analyzed by dye exclusion hemocytometry. (A) Experimenter 1; (B)
Experimenter 2.

Results presented in Figure 6-4 indicates that the addition of the second treatment of
enzymatic detachment solution (Accutase) may lead to a higher overall cell recovery of 85%
(Figure 6-4), as compared to one treatment which yielded only 72% (Figure 6-1). However,
during HPLC quantification experiments a rapid harvesting of the cells is important to ensure
measurement accuracy. Therefore, due to the time requirement for an additional treatment of
enzymatic detachment solution and the modest increase in recovery associated with the second
treatment, the use of one to two treatments should be determined based on the detachment
efficiency of the experimenter. Moreover, small differences are possible between experimenters
depending on their individual techniques. Therefore, it would be beneficial for new
experimenters to perform practice experiments to help gauge how rough or gentle to be when
performing pipette detachment. Based on these results, it is concluded that recovery may be
improved with the following parameters: a) 24-well, TC-treated plates for sample preparation, b)
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seeding density of 425,000 cells/cm? and c) one to two treatments of enzymatic detachment

solution.
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7 Thesis Summary and Conclusions

7.1 Choice of lons and Cell Culture Model

The present research analyzed the effects of Co?*, Cr** and Ni?* on glycolytic flux in
BMDMs. Additionally, the study improved a protocol for the sample preparation of BMDMs
exposed tometal ions for future quantification of glutathione by HPLC. Co?*, Cr** and Ni* ions
were emphasized due to the prevalence of metals containing these ions in orthopaedic implants
and subsequent ion release into the periprosthetic tissues [48], [59], [72]. In particular, these ions
are released from common metal implant alloys such as stainless steel and CoCrMo, and are
associated with many potential adverse tissue reactions, including aseptic inflammation [41],
[59], [71]-[73], [75], [76], [109], [228]. The ion concentrations tested were 6-24 ppm Co?*, 50-
200 ppm Cr** and 12-96 ppm Ni?*, which are notably higher than those observed in vivo (ppb) in
bodily fluids (such as blood, serum, synovial fluid and urine) [79], [97], [229], [230]. Due to the
in vitro nature of the study, higher concentrations were selected based on the hypothesis that in
vitro pro-inflammatory macrophage activation would require a higher concentration than in vivo,
where a multitude of stimulating factors are likely up-regulating the effect of the ions [196].
Furthermore, it can be speculated that these ions are present in periprosthetic tissues at
concentrations likely exceeding those in body fluid [73], [107], [196]. These metal ion
concentrations were also based on past in vitro studies analysing the effects of these metal ions
on varying aspects of pro-inflammatory macrophage activation, cytotoxicity and bioenergetics
[73], [87], [107], [196], [218].

Macrophages are well established as the predominant cell type present in periprosthetic
tissues, and are found in notably higher concentrations at the tissue-implant interface [34], [51],
[73], [158], [231]. BMDMs were specifically selected as the model of choice due to their
accessibility, high achievable cell yield per mouse and morphological similarities to
macrophages found in the periprosthetic tissues [196], [213], [232], [233]. However, the cell
model presents a limitation for this work due to the murine origin of the primary cells being
used, as well as inter-donor variability. The presence of Co?*, Cr** and Ni** have been previously
linked to IL-1B release, a pro-inflammatory cytokine secreted by macrophages [19], [176].
Furthermore, a recent study by Ferko et al. [196] demonstrated that IL-1p release was highest
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with Cr** and present with Ni**, but not with Co*" indicating that Cr** may be acting through

different mechanisms [196].

7.2 Effects of Co?*, Cr**and Ni** on Glycolytic Flux in BMDMSs

It has been established that Co®*, Cr** and Ni** are associated with high levels of
oxidative stress, capable of contributing to these adverse tissue reactions and consequently,
implant failure [80], [140], [166], [176], [177]. Interestingly, macrophages undergo a pro-
inflammatory phenotypic change associated with a metabolic shift from oxidative
phosphorylation to glycolysis, and that glucose uptake is a critical component in the pro-
inflammatory phenotype [16], [234]-[238]. Furthermore, oxidative stress is mediated by
increased glucose uptake, and is also a known driver of the pro-inflammatory phenotype [237].
However, the effects of Co®*, Cr** and Ni?* on glycolytic flux in primary macrophages remained
largely unknown.

In fulfilment of the primary objective of this thesis, the effects of Co**, Cr** and Ni** on
glycolytic flux in murine BMDMs were analysed through measurements of glycolytic flux
parameters. The ECAR results revealed an overall increase in all glycolytic parameters;
glycolysis, glycolytic capacity and maximal glycolytic capacity, with both Co®* and Ni%*". This
increase suggests that in the presence of these metal ions, there is a resultant metabolic change
increasing glycolysis to meet metabolic and energy demands. Furthermore, the increase in
maximal glycolytic capacity with Co?* and Ni** suggests that these ions may potentially increase
the activity of rate-limiting glycolytic enzymes, allowing the cell to achieve a higher maximal
glycolytic rate compared to cells that were not exposed to these metal ions. A previous study has
shown that Co®* is able to increase glycolytic enzyme activity resulting in an increase in glucose
uptake in 3T3-L1 fibroblasts [189]. Other studies have also demonstrated that in astrocytes, Cu®*
increases the activity of glycolytic enzymes [239], [240]. Therefore, some evidence exists to
support the observation that Co®" and transition metal ions may increase maximal glycolytic
capacity by increasing the activity of rate-limiting glycolytic enzymes. These results were
supported by the PER results for both Co®* and Ni?* which also demonstrated an increase in
glycolytic PER relative to the negative control. Moreover, a subsequent decrease in
mitochondrial PER was also observed, as ATP demands are likely being met primarily through

glycolytic activity.
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Alternatively, exposure to Cr** resulted in a decrease in all glycolytic flux parameters
which was reflected in both ECAR and PER results. These results demonstrate that Cr* likely
does not contribute to the aforementioned metabolic changes observed with Co*" and Ni?*, and is
likely acting through alternative mechanisms to induce an inflammatory response.

It is suspected that a decrease in mitochondrial respiration (often associated with
mitochondrial dysfunction) would result in an increase in glycolytic flux in order to meet the
ATP demands of the cell. Salloum et al. [107] have recently demonstrated that in RAW 264.7
macrophages, Co?*, but not Cr®* [107]. Moreover, previous results demonstrated that Co?* and
Ni?*, but not Cr**, contribute to a decrease in mitochondrial respiration parameters in BMDMs
[217]. Therefore, these results for mitochondrial respiration combined with the results from this
thesis on glycolytic flux indicate that Co** and Ni**, but not Cr**, can induce a metabolic shift
from oxidative phosphorylation to glycolysis in BMDMs. This metabolic shift is likely similar to
that associated with the metabolic pro-inflammatory reprogramming of macrophages [16], and
may therefore contribute to the inflammatory response observed in periprosthetic tissues.

A recent study demonstrated that exposure to Cr** in RAW 264.7 macrophages led to an
increase in glycolytic flux, although to a lesser extent than observed for cells exposed to Co*
[194]. This result with Cr** in RAW 264.7 macrophages is not in alignment with the results
presented in this thesis using BMDMS, in which exposure to Cr** lead to a decrease in glycolytic
flux parameters. The results with RAW 264.7 macrophages also indicate that the Cr®*-induced
increase in glycolytic metabolism did not occur in compensation for a decrease in mitochondrial
function, since it was previously published that the latter was unaffected by Cr** does not induce
mitochondrial dysfunction in RAW 264.7 macrophages [107]. It can be noted that RAW 264.7
macrophages have a higher metabolic rate than primary macrophages (such as BMDMSs) which
may explain some differences in the glycolytic response [107], [214]. Ultimately, the
mechanisms governing the Cr**-induced decreased in glycolytic flux parameters observed with
BMDMs remain unclear. It is possible that some of the observed decreases in glycolytic flux are
associated with cytotoxicity of Cr** in BMDMs at the highest concentration (e.g., 200 ppm Cr**).
It may be also be speculated that Cr** could have an inhibitory effect on glycolytic enzymes [80],
[241], which could ultimately contribute to the observed decrease in glycolytic parameters.
Future studies may be able to explain the differences in the metabolic response observed with

Cr¥*, as compared to Co** and Ni?*. Moreover, a limitation of the glycolytic flux analysis
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includes the 6h incubation time during which the BMDMs were exposed to the metal ions. This
incubation time was based on previous studies of ECAR with RAW 264.7 macrophages[212]
and OCR with BMDMs [217]. Measuring ROS levels at different time points in BMDMs
exposed to Co”, Cr** and Ni*could shed more light into the differences in the metabolic
response observed between the metal ions.

Previous studies have demonstrated that oxidative stress increases in a variety of cell types
exposed to metal ions, such as Co®*[80], [107], Cr** [80], [100], [107], [131], [242] and Ni*
[131], [242]. Moreover, metal ions can contribute to the generation of ROS and oxidative stress
in a multifaceted approach. Co®* and Cr®* have been shown to increase ROS production by
participating in Fenton-like reactions [79], [126], [127]. Ni**, Co?* and Cd** have been shown to
increase ROS by inducing mitochondrial dysfunction that consequently augments ROS
production [13], [116], [176], [177]. This increase in ROS production has the potential to cause
oxidative stress. Changes in redox-status, such as an increase in oxidative stress, provides
important intracellular feedback governing the metabolic behaviour of cells. Since glutathione is
the major non-enzymatic ROS scavenger, and a fundamental determinant of redox-status,
measuring the GSH:GSSG ratio in BMDMs exposed to Co?*, Cr** and Ni?*, provides important
information regarding cellular redox-status in the presence of these metal ions. Moreover,
findings could potentially provide insight into the role of redox-status in governing the metabolic

adaptations observed in response to these metal ions, and the inflammatory reactions.

7.3  Optimization of BMDM Recovery after Exposure to Metal lons for future GSH and
GSSG Determination by HPLC

A better recovery of BMDMs treated with Co?*, Cr** and Ni?* may be achieved with three
important changes to sample preparation based on the results presented in this thesis. These
improvements are the use of: a) 24-well, TC-treated plates; b) a seeding density of 425,000
cells/cm?; and c) one or two treatments of enzymatic detachment solution (Accutase). With these
improvements to the seeding and detachment procedure, BMDM recovery should be improved to
allow the optimization of HPLC parameters for the determination of GSH and GSSG in BMDMs

treated with Co?*, Cr** and Ni* in the future. Indeed, preliminary HPLC measurements of GSH
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and GSSG in BMDMs treated with these ions were not reproducible; suggesting that cell

recovery after exposure to metal ions would need optimized.

7.4 Conclusions of the Present Study

In conclusion, in fulfilment of the primary objective of this thesis, it was demonstrated that
Co?* and Ni**, but not Cr®*, lead to an increase in glycolytic flux in BMDMs. Moreover, Co**
and Ni** caused an increase in maximal glycolytic capacity in BMDMs, which suggests that
there may be a subsequent increase in rate-limiting glycolytic enzymes in the presence of these
metal ions. This finding presents a potential avenue for future studies through the implication
that Co®* and Ni®* -induced metabolic changes may contribute to the pro-inflammatory response
observed in the tissues surrounding metal implants. Future investigations into the rate-limiting
glycolytic enzymes that may be involved in this response could shed more light into the
mechanisms through which this increase in glycolytic flux occurs. Moreover, these findings
demonstrate that Cr** may be acting through different mechanisms altogether.

Additionally, this study contributed to improving BMDM recovery after exposure toCo?",
Cr¥ and Ni?* Improvement or cell recovery achieved by using: a) 24-well, TC-treated plates, b)
seeding density of 425,000 cells/cm? and c) one or two consecutive treatments of enzymatic
detachment solution (specifically, Accutase) for each sample. Improving cell recovery as
presented in this thesis in preparation of future HPLC experiments for the quantification of GSH
and GSSG metabolites.

Overall, this study will contribute to a better understanding of the underlying mechanisms of
the biological response to metal ions derived from implant wear and corrosion. These results and
the results of future studies may help the development of potential therapeutic approaches,
particularly those aiming to modulate the inflammatory response to these metal ions, in order to

increase implant longevity.

7.5 Future Studies

The present study established cell culture parameters to improve BMDM recovery after
exposure to metal ions for future experiments aiming to quantify GSH and GSSG in BMDMs
treated with Co*", Ni*" and Cr** using HPLC. Future studies should aim to quantify the
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concentration of GSH and GSSG using the adaptations to the protocol for sample preparation
presented in this thesis. Quantification of GSH and GSSG may provide information into the
impact of metal ions on the redox-status of the cell.

This research, combined with future studies, could ultimately elucidate differences
between the effects of Co?*, Cr** and Ni**on possible mechanisms of macrophage activation,
changes in redox-status and metal-mediated increases in oxidative stress. To this aim, other
studies could potentially improve the understanding of the signalling pathways possibly involved
in this response, such as the stabilization of hypoxia-inducible factor-1a (HIF-1a), changes in
PPP flux and levels of ROS production in BMDMs exposed to Co®*, Cr** and Ni**.

7.5.1 Hypoxia-inducible factor-1a (HIF-1a)

Stabilization of HIF-1a in BMDMs exposed to Co**, Cr** and Ni?* should be evaluated,
since it could provide insight into the underlying mechanisms leading to an increase in glycolytic
metabolism in BMDMSs exposed to Co** and Ni%*, but not to Cr**, as presented in this thesis.
HIF-1a is an inducible transcription factor that is known to up-regulate glycolysis by increasing
glycolytic enzymes and glucose transporters [243]. Moreover, HIF-1a is expressed in
macrophages, and under inflammatory conditions is tightly linked to metabolic reprogramming
[244]. Interestingly, recent results indicated that Co®*, but not Cr**, lead to the stabilization of
HIF-1a in RAW 264.7 macrophages [194]. In other studies, HIF-1a was shown to be stabilized
by Ni*, and led to an increase in HIF-1a gene encoding for glycolytic enzymes in rat liver cells
[107], [242]. However, the effect of Ni** on the stabilization of HIF-1a in BMDMs has not been
evaluated. Furthermore, the results presented in this thesis demonstrated an up-regulation of
glycolytic flux with Co®* and Ni?*, but not with Cr**, in BMDMs. Finally, results with BMDMs
exposed to Cr** differed from those previously reported with RAW 264.7 macrophages [194].
Therefore, future studies evaluating the stabilization of HIF-1o in BMDMs exposed to Co®*,
Cr¥and Ni**, may shed light into the differences observed in glycolytic flux between the RAW
264.7 macrophages and BMDMs. Moreover, HIF-1a is known to be involved in the up-
regulation of glycolytic enzyme transcription [242], and suspected to be a rate-limiting factor
determining the maximal glycolytic capacity for macrophages[244]. Therefore, measuring HIF-
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la stabilization may lead to a better understanding of the increase in glycolytic flux, and

maximal glycolytic capacity, observed with Co®* and Ni**, but not Cr** in this study.

7.5.2 Quantification of PPP Flux

It is well known that a decrease in oxidative phosphorylation lowers the cytosolic
ATP/ADP and ATP/AMP ratios, which activates glycolysis to meet ATP demands [14], [245].
Furthermore, when levels of mitochondrial ROS increase, there may be a temporary change in
GSH:GSSG ratio and consequently NADPH/NADP ratio. This change activates the pentose
phosphate pathway (PPP) to regenerate NADPH [14], and ultimately GSH to maintain normal
physiological conditions [193]. Therefore, it is suspected that if Co*, Ni?*, but not Cr**, led to a
decrease in mitochondrial ATP production due to a decrease in OXPHOS there would be a
metabolic shift increasing the need for NADPH resulting in an increase in PPP flux, and an
increase in glycolytic flux to meet energy demands.. Finally, when combined with data for the
quantification of GSH and GSSG, it could advance our understanding of the effects of these

metal ions on redox-status and macrophage activation.

7.5.3 Measurement of Intracellular ROS and Oxidative Stress

The results of this thesis contributed to our understanding of the relationship between
metal ions and aspects of cellular energy, specifically glycolytic flux. It is known that a decrease
in OXPHOS associated with mitochondrial dysfunction typically leads to the activation of
glycolysis to meet ATP demands [14], [245]. Moreover, mitochondrial dysfunction is known to
be associated with high levels of mitochondrial ROS and ultimately oxidative stress. ROS is
suspected to be capable of inducing inflammasome activation [169], [172, 201], [174], [246].
While the importance of mitochondria as cellular ATP generators has long been established, the
relationship between cellular energy and oxidative stress due to metal ions has not yet been
thoroughly explored. Therefore, to evaluate the connection between the metabolic changes of
BMDMs to Co*, Ni**, and Cr** with increased production of ROS and oxidative stress, both
ROS production and oxidative damage should be quantified. Based on the present study, it
appears that Ni** and Co®* may function through similar mechanisms and that these metal ions

function differently than Cr**, although more investigation is necessary. The difference between
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these metal ions on macrophage-activation was also observed by Ferko et al. [196], who reported
that Co®* and Ni?* likely contribute to aseptic inflammation through different mechanisms than
Cr**. Therefore, further investigation into the different mechanisms by which Co**, Ni**, and

Cr** contribute to the aseptic inflammatory response is necessary.
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Appendix
CO; Contribution Factor (CCF)

In order to determine the EA coming from glycolysis through the production of lactate
and H*, contributions to EA from mitochondrial CO, production should be corrected for.
Therefore, three CO, contribution factor (CCF) experiments were performed with no ions, 6-24
ppm Co**, 50-200 ppm Cr**, 12-96 ppm Ni** or 1 ug/mL LPS in BMDMs. The CCF experiment
determines the contribution to EA from mitochondrial-derived CO, which produces H* and
HCO; via the TCA-cycle. The experiments were performed as described for the ECAR
experiments (above) with the exception that it follows a modified injection strategy [202] and the
assay medium was supplemented with Sodium Pyruvate (Sigma-Aldrich) [202]. CCF
experiments were also seeded at 90,000 BMDMs/well in tissue culture-treated polystyrene 96-
well microplates (Seahorse XFe96 V3 PS Cell Culture Microplates; Agilent Technologies, Santa
Clara, CA). The assay medium was prepared twice exactly as described for ECAR (above) with
the addition of Sodium Pyruvate (1 mM final concentration; Sigma-Aldrich): half of the medium
was prepared for Co?* and Ni** samples with a final concentration of 2 mM HEPES and half of
the medium was prepared for Cr** samples with a final concentration of 5 mM HEPES. During
the assay oligomycin (1 uM final concentration; Sigma-Aldrich), CCCP (2.5 uM; Sigma-
Aldrich) and, rotenone and antimycin A (1.5 uM each; Sigma-Aldrich) were injected

sequentially.
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CCF Supplemental Information

Supplementary Table 1: CO, Contribution Factor (CCF) results for experiments with Co**, Ni**

and Cr**.

Experiment #1 Experiment #2 Experiment #3
o Standard Standard Standard
Condlition Average CCF Deviakioh Average CCF T Average CCF Deviatio
Oppm 0.44 0.08 0.94 0.08 0.79 0.11
6 ppm Co?* 0.62 0.01 1.20 0.12 0.79 0.20
12 ppm Co?* 0.59 0.05 0.80 0.28 0.90 0.22
18 ppm Co?* 044 0.08 1.21 0.16 0.87 0.24
24 ppm Co?* 0.38 0.15 1.08 0.04 0.84 0.19
12 ppmNi?* 0.50 0.05 1.07 0.13 0.70 0.28
24 ppmNi?* 0.56 0.15 1.20 0.13 140 0.79
48 ppmNi?* 0.72 0.02 1.36 0.23 1.73 0.53
96 ppm Ni?* 0.66 0.09 1.59 0.20 1.13 0.60
Condition Average CCF Stal?d?rd
Deviation
0ppm 0.32 0.03
50 ppm Cr** 0.29 0.03
100 ppm Cr* 0.29 0.06
150 ppm Cr3* 0.34 0.02
200 ppm Cr3* 0.35 0.03

The CCF values for Cr** had a low standard deviation and comparable values for all
concentrations. Therefore, these conditions were not repeated in experiments #2 and #3.
However, further investigation revealed that none of the values were within the expected range
of 0.60-0.81, and reproducibility was a fundamental problem for the CCF assay as determined by
the manufacturer (Agilent).
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