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ABSTRACT 

Skeletal muscle is among the tissues displaying the greatest plasticity, attributable to a population 

of muscle stem cells (MuSCs). At basal conditions, MuSCs are in a standby state called quiescence. 

Once activated, they can either self-renew or commit toward myogenesis. This balance is required 

to mount an adequate repair response while maintaining long-term regenerative capacity. In this 

regard, mitochondria have emerged as important hubs for integrating signals and regulating stem 

cell behaviour. Mitophagy regulates mitochondrial properties through the autophagic degradation 

of organelles, suggesting an importance in MuSCs fate. Transcriptomic analysis of quiescent and 

activated MuSCs highlighted the Nix mitophagy pathway as a key player in quiescence 

maintenance. Nix is an important ubiquitin-independent mitophagy pathway in stem cell 

regulation. To test the role of Nix in MuSCs fate decision and muscle regeneration, we developed 

a conditional knock-out mouse model of Nix specific to MuSCs. First, we reveal that deleting Nix 

in vivo caused a significant decrease in mitophagy levels in quiescent and early-activated MuSCs. 

Next, using in vitro studies of culturing single myofibers, we show that Nix deletion alters MuSC 

fate decisions by causing premature and increased activation and commitment while depleting the 

MuSC pool. In vivo injury experiments further validate these observations, showing decreased 

self-renewal capacity post-muscle repair. We propose that dysregulation of Nix-mediated 

mitophagy disrupts MuSC fate and lineage progression, ultimately leading to muscle impairment. 

This study sheds light on the intricate interplay between mitophagy and MuSC behaviour, offering 

insights into potential therapeutic strategies for muscle regeneration. 

Keywords: Muscle stem cells, mitophagy, BNIP3L/Nix, muscle regeneration, myogenesis. 
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CHAPTER 1: INTRODUCTION 

1.1 Skeletal Muscle and Myogenesis Overview 

Accounting for 35% to 45% of body mass, skeletal muscle is the most abundant tissue of 

the human body1. Being controlled by the somatic nervous system, there are more than 600 

different muscles with various properties and functions. This tissue is made of aligned myofibers, 

blood vessels, nerves, and the extracellular matrix (ECM) and is surrounded by the fascia that 

englobes the myofiber bundle2. Myofibers are multinucleated and composed of striated contractile 

muscle cells3. The myofibrils contain actin and myosin filaments, and their interaction is 

responsible for the translation of chemical energy to muscle contraction2,4,5.  

Myogenesis is the sophisticated process by which muscle tissue is formed and 

developed2,6–10. It encompasses a series of cellular events involving the activation, proliferation, 

differentiation, and fusion of myogenic precursor cells, ultimately leading to the formation of 

mature muscle fibres2,6,7,10,11. Myogenesis phases can be divided into embryonic myogenesis and 

adult myogenesis. Embryonic myogenesis occurs during early embryonic development and is 

responsible for the initial formation of the skeletal muscle tissue2,7,12,13. During this stage, 

multipotent progenitor cells known as myoblasts proliferate, differentiate, and fuse to form 

myotubes, which subsequently mature into muscle fibres2. In contrast, adult myogenesis occurs 

postnatally and is primarily involved in muscle repair and regeneration in response to injury or 

exercise-induced damage2,13. In adult myogenesis, a specific population of stem cells population 

that is adjacent to mature muscle fibres becomes activated in response to stimuli such as injury or 

exercise2,6,8,13. These activated stem cells then proliferate, differentiate, and fuse to repair or 
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replace damaged muscle fibres, ensuring the maintenance of muscle integrity and function 

throughout life 2,6,8,13. 

Skeletal muscle exhibits a remarkable adaptative potential, which is evident in muscle 

hypertrophy and increased strength through resistance training. Conversely, several diseases, such 

as cancer, heart failure, genetic myopathies and aging, can cause muscle atrophy and loss of 

function14,15. Muscle laceration, exposure to myotoxic agents and ischemia can lead to acute 

muscle injuries16,17. Apart from their high plasticity, skeletal muscles possess an exceptional 

regenerative capacity. In response to injury, skeletal muscles undergo regeneration to maintain 

function and size, and proper regeneration occurs even after multiple and severe injuries4,18.  

Following muscle injury and homeostasis disruption, three main phases lead muscle 

repair16, muscle degeneration and (i) inflammation, (ii) regeneration, and (iii) remodelling phases. 

The first event subsequent to an injury is necrosis of the tissue. After the degeneration process has 

begun, neutrophils will infiltrate the lesion and secrete multiple pro-inflammatory molecules, 

initiating muscle repair19,20. Next, the recruitment of anti-inflammatory cells will balance the 

inflammatory response21. The inflammatory reaction is prominent in the first four days post-

injury16. Muscular regeneration, initiated through myogenesis, will begin 4-5 days post-injury, 

peak at two weeks and gradually fade after 3-4 weeks16. The remodelling phase occurs later during 

myogenesis. Remodelling of the injured muscle includes the maturation or regenerated myofibers, 

the recovery of functional capacity and fibrosis with scar tissue formation16. Complete restoration 

of muscle structure and function occurs within a few weeks after a major injury22.  

Because myofibers are post-mitotic cells, myogenesis requires a specific and dedicated 

population of stem cells called muscle stem cells (MuSCs) or satellite cells. 
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1.2 Muscle Stem Cells 

1.2.1 MuSCs overview 

MuSCs/satellite cells are a subpopulation of stem cells that are dedicated to myogenesis, 

which are located in a specialized niche microenvironment between the basal lamina of the 

myofibers and the plasma membrane3,23. MuSCs are considered adult stem cells because they 

possess the ability both to self-renew, ensuring a stable stem cell population, and to differentiate 

into progenitor cells, facilitating tissue repair2,24,25. They constitute 2% to 10% of the total nuclei 

of a muscle fibre, representing 20,000 to 1,000,000 cells per gram of muscle7,26. More than 80% 

to 90% of MuSCs are located only a few micrometres from a blood vessel27. MuSCs are 

characterized by a high nucleus-to-cytoplasm ratio, small nucleus size, condensed interphase 

chromatin, and diminished organelle content2,9.The proportion of MuSCs is influenced by various 

factors, including muscle type, age, and species. In example, slow oxidative muscles (type I) tend 

to have a higher concentration of satellite cells compared to fast glycolytic muscles (type IIa/b)28.   

The muscle stem cell niche is a complex microenvironment that guides the behaviour of 

MuSCs. Recent studies have unveiled the heterogeneity of satellite cells within the niche, 

challenging the conventional understanding of their unipotency, such as their ability to 

differentiate into brown adipocytes29,30. The niche, encompassing vascularization, neuromuscular 

junctions, myotendinous junctions, and interstitial cell populations, serves as a structural scaffold 

transmitting mechanical and chemical signals to MuSCs31. This orchestrated composition creates 

an environment that allows satellite cells to adapt responsively to external stimuli. As a dynamic 

regulator, the MuSC niche plays a crucial role in influencing satellite cell activation, proliferation, 

and differentiation during both homeostasis and skeletal muscle regeneration, ensuring a delicate 

balance in maintaining the stem cell pool and supporting tissue repair2,32. 
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1.2.2 Developmental Origin of MuSCs and Embryonic Myogenesis 

The beginning of embryonic development is marked by the formation of three main germ 

layers: the ectoderm, mesoderm and endoderm2. After subdivisions, the mesoderm is divided into 

lateral, intermediate and paraxial mesoderm2. The paraxial mesoderm will further develop along 

the anterior-posterior axis of the embryo to form the bilateral paired blocks, which are named 

somites2,7. Somites contribute to the formation of diverse tissues including vertebral bones, 

tendons, cartilage, dermis, and skeletal muscles2,12. Most skeletal muscles, with the exception of 

certain head muscles, originate from the dorsal region of the somites known as the 

dermomyotome2. 
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Figure 1. Embryonic development of MuSCs and Skeletal Muscle.  

Myogenic specification begins at around E8.5-9.0 with the differentiation from the somites and 

the expression of Pax3 and Pax7. Pax3/7 will regulate the myogenic determination, by controlling 

the expression of the MRFs, Myf5 and MyoD, at E13.5. The upregulation of MyoG and MRF4 

drives the myogenic differentiation at E17.5. A subset of Pax3/7 positive cells does not express 

MRFs and can generate satellite cells during late fetal myogenesis. Figure adapted from Dumont 

et al. (2015), Comprehensive Physiology2; and Deries et al. (2020), Springer Nature Switzerland33. 

Created using Biorender. 
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A comprehensive array of transcription factors regulates myogenic cells' specification, 

determination, and differentiation. Transcription factors within the paired box domain, specifically 

PAX3 and/or PAX7, are expressed in dermomyotome cells around E8.5-9.0 and serve as crucial 

upstream regulators in the formation of muscle tissue (Figure 1)2,33. Pax3 is essential for muscle 

development and the formation of the hypaxial domain, and its loss leads to the absence of the 

diaphragm and limb muscles34,35. It has been evidenced that Pax3 can target the hepatocyte growth 

factor (HGF) receptor c-met, a critical factor in the determination and migration of myogenic 

progenitors36. It has also been demonstrated that Pax3 regulated the embryonic expression of 

myogenic factor 5 (Myf5) and myoblast determination protein (MyoD), thereby initiating 

myogenic determination37. Although Pax3 plays a crucial role in muscle formation, its absence in 

postnatal muscles does not alter adult muscle regeneration8,38. In contrast, prenatal inhibition of 

Pax7 has milder effects on muscle development; its expression is indispensable for the formation 

of MuSCs37,39–41. Transcription activity of Pax7 is prominent to Pax3, and its ablation causes 

MuSCs depletion, reduction of fiber size, and impaired muscle regeneration, causing early 

postnatal death42–44. Using lineage experiments, it has been validated that Pax3-positive cells are 

necessary for embryonic myogenesis while Pax7-positive cells are deemed more critical for late 

fetal and postnatal myogenesis45. Altogether, it is suggested that Pax3-positive founder cells 

establish an initial fiber template, whereas Pax7-positive cells contribute to secondary fibres and 

MuSCs pool generation7,46. 

The myogenic determination (E13.5) and differentiation (E17.5) of the embryonic 

progenitors Pax3 and Pax7 are controlled by several myogenic regulatory factors (MRFs) (Figure 

1)2,33. MRFs represent a family of basic helix-loop-helix transcription factors that include Myf5, 

MyoD, myogenin (MyoG) and myogenic regulatory factor 4 (MRF4)2. During the myogenic 
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determination phase, Myf5 is the first MRF to express in the epaxial domain and subsequently in 

the hypaxial domain of the dermomyotome47. Later on, MyoD will be expressed in the epaxial and 

hypaxial domains (Figure 1)47. Myf5 and MyoD activities overlap, causing only mild effects on 

muscle development when one is knocked out48–50. However, ablating their expression 

simultaneously results in the complete ablation of skeletal muscle formation while also preventing 

myogenic differentiation and the expression of MyoG2,50. Mice lacking MyoG succumb shortly 

after birth due to profound and widespread muscle deficiency51. In parallel with MyoG, MRF4 has 

a partial role in late myogenic differentiation and a potential role in myogenic determination in the 

absence of Myf5 and MyoD51–53. 

Even if most Pax3/7+ cells during development express MRFs before committing to 

myogenic progenitors, there exists a subset of this population that proliferates without inducing 

the MRF cascade (Figure 1)54,55. However, evidence indicates that nearly all satellite cells 

transiently express MyoD during embryonic development56. Nevertheless, it has been proposed 

that late in fetal development, Pax3/7+MRF− cells align themselves with nascent myotubes and 

eventually assume the satellite cell position beneath the basal lamina in postnatal muscles55. Upon 

reaching nascent muscles, the majority of Pax3/7+MRF− cells downregulate Pax3 and promptly 

upregulate Myf554. The presence of Pax7+Myf5- satellite stem cells in adult muscle may represent 

a lineage continuum originating from the Pax3/7+MRF− progenitors. 

Overall, embryonic myogenesis is driven by the expression of MRFs, which mainly include 

Pax3, Pax7, Myf5, MyoG, and MRF4. Embryonic myogenesis shares several similarities with 

adult myogenesis, such as the transcription factors and signalling pathways that regulate the 

process. 
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1.2.3 MuSCs quiescence 

Under basal conditions, MuSCs are in a dormancy state called quiescence. Quiescence is a 

transient cell cycle inhibition state and is defined by the G0 state2,10,14,31,57,58. Quiescent stem cells 

exhibit low metabolism, low RNA content, and minimal DNA damage59–61. These characteristics 

are essential to maintain this state for extended periods until their activation is needed for tissue 

regeneration. MuSCs also exist in a primed quiescent state, the GAlert state, characterized by larger 

size, heightened metabolic activity, increased intracellular ATP, and faster initial cell division 

compared to G0 MuSCs26,31. The preservation of quiescence involves meticulous coordination of 

various processes and is tightly regulated by both external and internal factors26,31. 

1.2.4 Regulation of MuSC quiescence 

 Amongst the various regulation mechanisms of MuSC quiescence, the specifically close 

location of the cells to the basal lamina suggests the importance of the microenvironment of the 

niche in its regulation62. For instance, M-cadherin proteins are found both on the satellite cell and 

the myofiber membrane and interact together to anchor the cell63. In their absence, the adhesive 

connections linking the stem cell to the myofiber are disrupted, resulting in earlier activation64. 

There are also some adhesion molecules, such as α7- and β1-integrins, that engage with the basal 

lamina to reinforce the stability of the MuSCs65. Other examples of cell-surface markers that 

anchor the satellite cells to their quiescent position are CD34, Integrin a-7, VCAM and 

NCAM24,64,66,67. The myofiber can correspondingly release factors, such as Wnt4, to restrict the 

mobility of MuSC, preserving the quiescent state68.  

 Intrinsic mechanisms are also crucial in MuSC quiescence regulation. The Notch pathway 

is the most well-known and characterized regulation pathway of MuSCs quiescence69–71. Notch is 



 9 

highly active in quiescent MuSCs and is crucial. It involves the interaction between the Notch 

ligand Delta-1 at the fiber surface and the Notch Receptors on the cell membrane72. Through its 

actions, Notch initiates the activation of the Recombining binding protein suppressor of hairless 

(RBPJ) transcription factor, which prompts the activation of numerous genes such as Hes1, Hes5, 

Hey and HeyL73. Dysregulation of these mechanisms is associated with precocious activation and 

loss of quiescence maintenance that consequently leads to a depletion of the MuSC pool25,69,70,74,75. 

 Another key pathway in quiescence regulation is Sprouty1 (Spry1), more specifically in 

the regulation of Fibroblast Growth Factor-2 (FGF2)58. Without Spry1, FGF2 encourages the 

transition from quiescence to activation58,76. 

1.2.5 Transition toward a primed quiescent state 

 As previously mentioned, quiescent MuSCs are heterogeneous in terms of the depth of 

their quiescence state. It is crucial for satellite cells to have a subpopulation that can rapidly exit 

quiescence after a stimulus to engage myogenesis59,77. The most quiescent state is termed G0, and 

the primed state is GAlert. GAlert satellite cells were first noticed by Rando et al. when they observed 

that MuSCs in the contralateral muscle of an injured animal had different cycling properties from 

those of a completely uninjured animal77. They later characterized this subpopulation of satellite 

cells as being of bigger size, with increased transcriptional activity, increased mitochondrial 

metabolism, and accelerated cell cycle entry compared to G0-MuSCs77. Following the 

identification of this subpopulation of quiescent MuSCs, many pathways have been identified as 

playing a role in GAlert regulation. A key and well-known mechanism that supports this dynamic 

transition is the mammalian target of the rapamycin complex 1 (mTORC1) signalling pathway, 

which acts in response to extrinsic cues77–80. The involvement of mTORC1 in the GAlert transition 
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was first observed with the induction of phospho-S6 (pS6) in GAlert cells, which is a surrogate of 

mTORC1 activity77. Supporting this mechanism, blocking the inhibition of mTORC1 through 

ablating the expression of tuberous sclerosis 1 (TSC1) pushed the quiescent MuSCs of uninjured 

animals to have the matching characteristics of GAlert MuSCs77. While suppressing mTORC1 

signalling through deleting the Raptor (Rptr) protein, an essential component of mTORC1, caused 

the contralateral MuSCs of an injured animal to be unresponsive and did not share the 

characteristics of normal GAlert satellite cells77. Recent evidence also reveals the role of the GLI3 

transcription factor in mediating mTORC1 signalling81. GLI3 deletion molecularly activates 

mTORC1, shifting the MuSCs toward the GAlert state without injuries. Consequently, this led to 

more rapid cell-cycle entry, amplified proliferation while expanding the stem cell pool, improved 

self-renewal, and greater regenerative capacity81. 

 All these notions underscore the heterogeneity of quiescent MuSCs and the critical 

importance of the G₀ and GAlert states in muscle regeneration. The existence of distinct 

subpopulations, each with unique characteristics, suggests a sophisticated regulatory network 

within the quiescent niche. Transitioning from G₀ to GAlert primes MuSCs for rapid activation upon 

stimulation facilitates their activation and engagement in myogenesis and tissue repair. 

1.2.6 The hallmarks of MuSCs activation and muscle lineage 

The progression of the myogenic lineage following muscle injury is a precisely 

orchestrated process. It begins with the activation of quiescent MuSCs (Pax7+, Myf5+/-), upon 

tissue damage2,60,61,82 (Figure 2). The subpopulation of Myf5+ MuSCs (Pax7 and Myf5+) is in a 

preactivated state (GAlert) pre-injury, which is characterized by increased transcriptional activity 

and readiness for activation59,77. Upon activation, MuSCs commit and become myoblasts or 
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myogenic progenitors (Pax7+, Myf5+, and MyoD+) (Figure 2), which undergo several rounds of 

proliferation before exiting the cell cycle and becoming myocytes2,9,83–85. Myocytes, characterized 

by the downregulation of Pax7 and the presence of MyoD and MyoG, represent an intermediate 

stage between proliferating myoblasts and mature myofibers2,86,87. During this transition, 

embryonic myosin heavy chain (eMyHC) is expressed, marking early muscle differentiation2,88,89. 

Additionally, MRF4 plays a crucial role in the myocyte stage, where it cooperates with MyoD and 

MyoG to regulate gene expression involved in muscle maturation and contractility52,90–92. The final 

stage of the myogenic lineage is the fusion of myocytes into mature polynucleated myofibers, 

characterized by the expression of mature myosin heavy chain (MyHC)2,88,89. Mature myofibers 

represent fully differentiated muscle cells capable of contractile function, marking the culmination 

of the regeneration and repair process following muscle injury93–96. Throughout this progression, 

the orchestrated activity of myogenic regulatory factors such as MyoD, myogenin, and MRF4 

guides the differentiation process and ensures the successful regeneration of muscle tissue (Figure 

2).  
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Figure 2. Progression of the myogenic lineage.  

Upon muscle injury, dormant satellite cells (expressing Pax7+ and Myf5+/-) are stimulated and 

undergo differentiation into myoblasts (expressing Pax7+, Myf5+, and MyoD+). Following 

multiple rounds of division, myoblasts cease proliferation and transform into myocytes (marked 

by Pax7−, MyoD+, myogenin+, and MRF4+). Subsequently, myocytes have the capacity to fuse, 

forming multinucleated myotubes (expressing MyoG+ and eMyHC), which ultimately mature into 

myofibers (MyHC+). Additionally, a subset of satellite cells (expressing Pax7+ and Myf5−) 

possess the ability to self-renew, ensuring the replenishment of the satellite cell population. Figure 

adapted from Dumont et al. (2015), Comprehensive Physiology 2; Schmidt et al. (2019), Cellular 

and Molecular Life Science 97; and Garry et al. (2016) Methods in Molecular Biology 98. Created 

using Biorender. 
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1.3 Adult Myogenesis; From MuSC Activation to Commitment and Differentiation 

1.3.1 From quiescence to activation 

After receiving a necessary stimulus, such as injury, exercise or a myopathy, MuSCs will 

exit quiescence to activate and re-enter the cell cycle, allowing the reparation of damaged muscle 

tissue2,6,25,31,99. The change of state is characterized by the shift from the G0 phase to the G1 phase 

of the cell cycle100. Re-entering the cellular cycle, plus the guidance of the basal lamina, prepares 

the MuSCs for myogenic programming through commitment, differentiation and proliferation. At 

this stage, committed MuSCs are termed myoblast and are expressing Pax7, and/or Myf5, and/or 

MyoD2 (Figure 2). Overall, it takes approximately 25-40 hours for G0 MuSCs to exit quiescence 

and advance through the G1 phase for the first cellular division61,101. MuSC activation requires 

both signalling and transcriptional regulation. 

1.3.2 Key Regulators of MuSC Activation 

Following muscle activation, the ECM will release growth factors, such as FGF2, that can 

stimulate activation102. FGF2 triggers a rapid elevation of intracellular calcium levels via the 

Transient Receptor Potential Channel (TRPC), leading to NFATc2 and NFATc3 translocation into 

the nucleus, causing MuSC activation103. FGF2 also activates the p38alpha/beta mitogen-activated 

protein kinase (MAPK) pathway104. After activation, p38a/b MAPK translocates to the nucleus to 

inactivate tristeraprolin (TTP), stabilizing MyoD mRNA to promote satellite cell 

activation31,57,105,106. Additionally, the p38a/b MAPK signalling pathway is crucial for myoblast 

differentiation and fusion toward myotubes107.  

Nitric oxide (NO) is rapidly generated following tissue damage, exerting an immediate 

impact on satellite cell response and the inhibition of its synthase has been shown to diminish the 
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initial reaction of satellite cells to injury108. Moreover, NO has been found to stimulate the 

expression of matrix metalloproteinases and enhance the release of growth factors from the 

ECM82. Another key signalling regulator in muscle injury response is the cytokine TNF-α, which 

is rapidly produced and released post-injury109. Intriguingly, injection of TNF-α into healthy, 

uninjured muscles triggers satellite cell activation and entry into the cell cycle109. This activation 

occurs through the NF-kB pathway, as TNF-α activates NF-kB to silence the gene expression of 

Notch1, thereby promoting satellite cell activation83. 

Additionally, lipid mediator pathways, particularly involving Sphingosine-1-phosphate 

(S1P), play a role in satellite cell activation. S1P, derived from sphingomyelin metabolism in the 

plasma membrane, is abundant in the membrane of quiescent satellite cells84. Stimulation with S1P 

prompts satellite cell entry into the cell cycle, whereas inhibiting this pathway diminishes their 

response to mitogen stimulation88.  

 During early muscle stem cell activation, notable changes in gene expression occur, 

marking a crucial step in the transition from a quiescent to an activated state59,61. With the aid of 

innovative techniques in the MuSC field, researchers have identified a spectrum of genes that 

undergo upregulation during this initial phase of activation 59,61. For example, studies utilizing in 

situ fixation and nascent RNA labelling have revealed major transcriptional alterations in MuSCs 

immediately post-extraction, highlighting the activation-induced upregulation of genes associated 

with rRNA maturation, cell cycle entry, and the initiation of the myogenic program61. Additionally, 

a down-regulation of genes involved in fatty acid oxidation has been observed, consistent with the 

metabolic shift that MuSCs undergo upon activation108.  
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These intricate signalling cascades and modifications to the transcriptional machinery 

highlight the multifaceted mechanisms underlying satellite cell activation and response to muscle 

injury. 

1.3.3 Myogenic Differentiation Regulation 

After undergoing multiple rounds of proliferation, myogenic cells exit the cell cycle and 

initiate the differentiation process. Subsequently, these cells either merge to create multinucleated 

myotubes or fuse with existing damaged fibres. The transition from proliferation to differentiation 

is governed by various signals and stimuli. 

 MyoD plays a pivotal role in driving myogenic progression and subsequent differentiation. 

Myoblasts lacking MyoD fail to elevate the expression of MyoG and MRF4, resulting in defective 

differentiation and compromised muscle regeneration90–92. MyoD aids in transitioning myoblasts 

from proliferation to differentiation by promoting the expression of cell cycle inhibitors like p21 

and p57, and by stimulating myogenin expression110,111. 

 Following MyoD, MyoG activates the expression of genes essential for muscle 

contractility, including myosin light chain, myosin heavy chain, muscle creatine kinase, α-actinin, 

troponin, and voltage-dependent calcium channel95. Similarly, MRF4, another myogenic 

regulatory factor, contributes to late-stage differentiation52. MRF activity is further modulated by 

the MEF2 family of transcription factors. For example, MEF2C interacts physically with either 

MyoD or myogenin, synergistically activating various muscle gene promoters112. Additionally, a 

positive feedback loop exists between MEF2 and MRF expression. Increased expression of MyoD 

or MyoG induces MEF2 expression, while overexpression of MEF2 reciprocally enhances MyoD 

expression, promoting myoblast differentiation113,114. Altering MEF2 expression results in 
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impaired myogenic differentiation and muscle regeneration and reveals compensatory 

mechanisms within MEF2 isoforms115. 

 A switch from the Notch signalling pathway to the canonical Wnt signalling pathway is 

required to engage myogenic differentiation116. Various Wnt ligands are expressed in a temporally 

regulated manner during the myogenic lineage. During the early phase of regeneration, Wnt5a, 

Wnt5b, and Wnt7a expression are upregulated, while Wnt4 is downregulated116,117. The activation 

of canonical Wnt signalling, primarily mediated by the ligand Wnt3a, facilitates the differentiation 

of satellite cells, while the non-canonical Wnt signalling, driven by Wnt7a, promotes symmetric 

divisions of satellite cells, their migration, and the growth of myofibers116,118–124. In skeletal 

muscle, Wnt7a consistently signals through the Frizzled receptor Fzd7, activating multiple 

signalling pathways in both satellite cells and myofibers, including the planar cell polarity pathway 

(PCP) and the AKT/mTOR pathway125. 

 Finally, specific microRNAs play a role in the shift from myogenic cell proliferation to 

differentiation. Notably, miR-1, miR-133, miR-206, and miR-486 are upregulated during myoblast 

differentiation and myotube formation, enhancing differentiation by directly inhibiting Pax7 

transcription, which consequently results in increased MyoD activity126–129. 

 Overall, myogenic differentiation is tightly regulated by key factors such as MyoD, MyoG, 

and MRF4, orchestrating the transition from myoblast proliferation to muscle cell differentiation. 

Additionally, the interplay between signalling pathways like Notch and Wnt further modulates this 

process, guiding myogenic progenitors toward maturation. These regulatory mechanisms ensure 

the timely expression of muscle-specific genes and the formation of functional myofibers during 

muscle regeneration and repair. 
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1.3.4 Myotube Fusion and Maturation 

Following myogenic differentiation, myogenic cells must adhere together and undergo a 

cell-cell fusion that will change their shape and functions130. A recently discovered muscle-specific 

membrane protein named myomaker was shown to control myoblast fusion in mammalians131. The 

absence of myomaker in mice results in perinatal death attributed to the absence of multinucleated 

myofibers, and inducible deletion of myomaker in satellite cells significantly disrupts muscle 

regeneration after injury131,132. Interestingly, myomaker-deficient mice express normal levels of 

MyoD and MyoG, indicating that muscle precursor cells are able to commit into the myogenic 

lineage up to a certain point. Additionally, it was shown that MyoD and MyoG induce myomaker 

transcription and that to induce fusion, myomaker requires the rearrangement of cytoskeletal 

actin131,132. 

 The fusion process can be categorized into early and late phases. Early fusion demands the 

interaction between myocytes, while late fusion involves the merging of myocytes with nascent 

multinucleated myotubes2. Although they share similarities, these two fusion modes engage 

distinct adhesion molecules and signalling pathways. For instance, myocyte-myocyte fusion is 

mediated by β1-integrin, leading to adhesion but not fusion in β1-integrin-deficient myoblasts133–

135. On the other hand, myocyte-myotube fusion relies on proteins like FilaminC, which are 

associated with actin-binding130. In the late fusion phase, the expression of the calcium-activated 

transcription factor NFATc2 increases, subsequently regulating IL-4 expression. It is believed that 

IL-4 secretion is important in the final stage of myogenic fusion to attract additional myoblast136. 

Additionally, myotube interactions with the ECM become crucial for stimulating myotube 

formation during this stage. More specifically, it was demonstrated that laminin enhances myotube 

alignment and viability137. 
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 To become fully functional myofibers, nascent myotubes must undergo maturation, 

acquiring competent excitation-contraction coupling, contractile, and metabolic machinery2. The 

Akt/mTOR pathway plays a pivotal role in this process and hypertrophy, as the interaction between 

IGF-1 and its receptor activates Akt, subsequently stimulating mTOR downstream93,94,138. The 

Akt-1/mTOR pathway triggers various trophic effects through multiple pathways. For example, 

activation of mTOR stimulates protein synthesis by phosphorylating p70S6k, which in turn activates 

ribosomal protein S6 while also exerting anabolic effects by inhibiting the translation repressor 

4E-protein binding 1 (4EBP1)139. Akt supports hypertrophy by inhibiting FOXO activity, a factor 

involved in protein catabolism, thus preventing the induction of muscle ring finger-1 (MuRF1) 

and atrogin-1 expression, two E3-ubiquitin ligases associated with muscle wasting140. Although 

IGF-1 is the most well-known Akt/mTOR signalling activator, other proteins and growth factors 

can also induce this pathway. Notably, Wnt7a can stimulate satellite stem cell expansion and 

directly induce a hypertrophic response in myotubes through the Akt/mTOR pathway122,124. 

However, prolonged mTOR overstimulation triggers a feedback mechanism leading to muscle 

atrophy, underscoring the importance of tight regulation of the Akt/mTOR pathway for muscle 

hypertrophy120. 

 In summary, myogenic fusion and maturation are essential processes in muscle 

development and regeneration. Myomaker, a recently identified muscle-specific membrane 

protein that governs myoblast fusion, is crucial for the formation of multinucleated myofibers. 

This process, orchestrated by the interaction of myocytes and nascent myotubes, involves distinct 

adhesion molecules and signalling pathways, highlighting the complexity of myogenic fusion. 

Moreover, myotube maturation, vital for acquiring functional myofibers, is regulated by the 

Akt/mTOR pathway, orchestrating various trophic effects essential for muscle hypertrophy. Tight 
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regulation of this pathway is critical to prevent muscle atrophy, underscoring its significance in 

muscle development and regeneration. 

1.4 MuSC Fate Decision 

1.4.1 Overview of Muscle Stem Cell Fate Decision 

Respectively to their stemness traits, MuSCs have to determine upon activation if they will 

return to a quiescence state to replenish the MuSC pool (a process called self-renewal) or commit 

toward myogenic lineage24,31. The process of muscle stem cells choosing between self-renewal 

and commitment is known as stem cell fate decision. Maintaining a dynamic equilibrium during 

the fate decision to sustain the stem cell reservoir while meeting the demands of muscle 

regeneration is essential. Therefore, regulating the balance between self-renewal and commitment 

in muscle stem cells is crucial and tightly controlled. 

1.4.2 Regulation of MuSCs Division 

The regulation of the MuSC population involves a delicate balance between asymmetric 

and symmetric cell division pathways. Symmetric division can lead to either two differentiated 

daughter cells, resulting in stem cell exhaustion, or two daughter cells (Figure 3) maintaining stem 

cell properties, expanding the MuSC pool at the expense of muscle regeneration2,25,31. Asymmetric 

division yields one stem cell and a committed progenitor cell, which is crucial for MuSC pool 

maintenance and proper muscle regeneration31.  

The alignment of the cells is a critical factor influencing MuSC division. Planar division 

(parallel to the myofiber) generates daughter cells, expanding the stem cell pool (Figure 3). 

Meanwhile, apical-basal division (perpendicular to the myofiber) results in one daughter cell that 
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will replenish the MuSC population while the other cell commits toward myogenesis. Typically, 

in asymmetric division, the cell in proximity to the myofiber adopts Myf5 expression and commits 

to myogenesis, whereas the cell remaining attached to the basal lamina maintains Myf5 negativity 

and engages in self-renewal24,25 (Figure 3). 

Although the factors governing satellite stem cell fate are not fully elucidated, various 

factors and mechanisms are beginning to be uncovered. To begin, Myf5-positive committed 

satellite cells can undergo proliferation and differentiation after activation141. In contrast, Myf5-

negative satellite stem cells possess the ability to self-renew through either symmetric or 

asymmetric division upon entering the cell cycle2. The regulation of Myf5 expression in Myf5-

negative satellite stem cells during asymmetric division remains incompletely understood. Pax7, 

which induces Myf5 expression, requires methylation by Carm1 for this function142,143. However, 

in Myf5-negative satellite stem cells undergoing asymmetric division, Pax7 fails to interact with 

Carm1, leading to the suppression of Myf5 expression 142,143. The orientation of muscle stem cell 

division within the satellite stem cell niche is significantly related to Myf5 expression. Cells 

dividing apically-basally mostly undergo asymmetric divisions, where the cell attached to the basal 

lamina remains Myf5-negative, while the one directed towards the myofiber becomes a Myf5-

positive committed progenitor141 (Figure 3). 

In vitro studies demonstrate that the adherence of myogenic progenitor cells to the ECM 

influences their DNA segregation, with symmetrical adhesion leading to random segregation and 

asymmetrical adhesion favouring non-random segregation144. On ECM micropatterns, cells 

retaining old template DNA tend to localize to low adhesion areas, while committed cells localize 

to high adhesion areas. Interestingly, Pax7hi cells, which typically undergo asymmetric division, 
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are unaffected by ECM patterns, suggesting intrinsic factors play a role. However, applying these 

findings to satellite cells in their natural environment may be challenging, but they suggest that 

ECM adherence could influence muscle stem cell fate. 

Multiple proteins have been identified to play roles during asymmetric division, exhibiting 

distinct localization preferences between the mother or daughter cells. The partitioning defective 

(PAR) complex, including PAR-3, PAR-6, and aPKC, polarizes in the committed daughter cell, 

activating p38α/β MAPK asymmetrically99. This activation induces MyoD expression, promoting 

commitment and proliferation of the daughter cell. The original template DNA, which is 

asymmetrical in the mother cell, colocalizes with Numb, a Notch signalling inhibitor145. However, 

some studies suggest Numb's asymmetrical location in the committed daughter cell72. Notch-3 is 

highly expressed in the mother stem cell, whereas the committed daughter cell expresses Delta-1, 

a Notch ligand25. Interactions between these cells reinforce their fate, and stimulating the Notch 

pathway in the mother cell maintains its stemness25. Overall, during asymmetric division, various 

proteins are differentially distributed between cells, influencing myogenic program activation 

through Myf5 and/or MyoD. 
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Figure 3. Regulation of MuSC division population through asymmetric and symmetric cell 

division pathways.  

Symmetric division can either deplete the stem cell pool or expand it at the expense of muscle 

regeneration. Asymmetric division, crucial for MuSC pool maintenance, yields one stem cell and 

one committed progenitor cell. The alignment of cells, particularly planar and apical-basal 

divisions, plays a critical role in determining MuSC fate, with Myf5 expression dictating 

commitment to myogenesis. Figure adapted from Dumont et al. (2015). Created using Biorender 

 

1.4.3 Consequences of Unbalanced MuSC Division 

As previously mentioned, the destiny of muscle stem cells undergoes meticulous regulation 

upon activation, involving a sophisticated interplay of external and internal factors. This 

coordination aims to sustain the stem cell reservoir through adequate self-renewal while 

simultaneously generating myogenic progenitors essential for subsequent muscle regeneration. An 

imbalance in muscle stem cell fate determination can have adverse effects on muscle quality and 
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function. Such dysregulation is frequently observed in conditions characterized by muscle wasting 

and atrophy, contributing to their pathophysiology76,141,146–148. An example of imbalance toward 

committed MuSCs is the dysfunction in repopulating the MuSCs pool in aging and aged-induced 

sarcopenia. This imbalance results in a decline in the MuSC pool or stem cell senescence, 

ultimately impairing proper muscle repair and regeneration and consequently leading to a decrease 

in muscle mass and quality76,148,149. On the opposite, an imbalanced MuSC division toward self-

renewal can also have catastrophic effects on muscle health, as is seen in Duchenne’s Muscular 

Dystrophy (DMD)150. It's noteworthy that both age-induced sarcopenia and DMD exhibit similar 

characteristics, such as muscle atrophy and weakness, suggesting a potential connection between 

these diseases and their origins. While DMD was traditionally attributed to myofiber weakness, 

recent research highlights the crucial involvement of MuSCs in the DMD phenotype150–152. In 

DMD, the absence of dystrophin protein disrupts cell polarity and spindle orientation, resulting in 

a decrease in asymmetric divisions141,153. This disturbance leads to an excessive expansion of the 

stem cell pool at the expense of myogenic progenitors, ultimately discouraging muscle 

regeneration153. 

 Altogether, these pieces of evidence underscore the critical importance of maintaining 

muscle health by achieving equilibrium during MuSC division. Therefore, it is imperative to 

deepen our understanding of the mechanisms governing MuSC fate decisions to shed light on 

related diseases and develop effective therapeutic strategies. 
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1.5 The Implications of Mitochondria in Stem Cells 

1.5.1 Emerging Role of Mitochondria in Stem Cell Regulation 

In recent years, mitochondria have emerged as crucial regulators not only in maintaining 

stem cell identity but also in orchestrating proper commitment and differentiation processes154. 

This newfound perspective suggests that the transition from quiescence to commitment is 

intricately linked to changes in mitochondrial properties defining cellular states155. Moreover, 

mitochondria have been recognized as pivotal players in cell growth and senescence, underscoring 

their significance in cellular homeostasis154,155. Their involvement in stem cell fate and function 

extends from healthy tissues to aging and disease contexts156, with accumulating evidence 

indicating that damaged mitochondria and mitochondrial dysfunction contribute to stem cell aging, 

stress-induced aging, and cellular senescence157,158. Functionally, mitochondria serve as the 

primary site for crucial metabolic processes, generating adenosine triphosphate (ATP) through 

oxidative phosphorylation (OXPHOS) and producing reactive oxygen species (ROS) that play 

essential roles in cell signalling, particularly during quiescence maintenance and differentiation159–

161. Thus, beyond energy production, mitochondria play integral roles in cell signalling and overall 

cellular homeostasis. 

1.5.2 Mitochondrial Properties Defining Stem Cell States 

Quiescent stem cells commonly exhibit a low metabolic rate, which is considered a 

conserved strategy to ensure long-term maintenance of potency and limit cellular damage155. The 

low energy demands during quiescence are reflected in the mitochondria characteristics, with their 

low content, simpler network and reduced cristae162–164 (Figure 4). Recent studies, particularly on 

hematopoietic stem cells (HSCs), have highlighted the correlation between restricted oxidative 
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metabolism and stemness maintenance, with quiescent HSCs showing low mitochondrial activity 

compared to activated HSCs, based on their mitochondrial membrane potential165 (MMP) (Figure 

4). This metabolic regulation not only serves to protect against oxidative damage but also 

modulates ROS signalling, which is crucial for stem cell fate determination162,163,166,167. Low ROS 

levels preserve quiescence and self-renewal capacity, while increased ROS levels drive 

proliferation and differentiation 162,163,166,167. 

It was shown that the morphology of mitochondria in hematopoietic, embryonic and 

mesenchymal stem cells appeared immature during quiescence, with spherical and fragmented 

with limited cristae development, often located near the nucleus168 (Figure 4).  However, a specific 

mitochondrial dynamic was recently uncovered within adult MuSCs. Quiescent MuSCs 

demonstrate elongated mitochondrial structures, which transition to smaller and fragmented forms 

directly upon activation, followed by mitochondrial elongation and increased mitochondrial mass 

during differentiation169. Additionally, it was revealed that a potent activation signal or elevated 

systemic factors at the injury site induce significant fragmentation, prompting stem cells to exit 

quiescence169. While MuSCs located farther from the injury receive a less intense stimulus, 

resulting in moderate fragmentation, leading to a primed state known as G-alert169. 

 It has been well established that a metabolic switch is required for the passage from 

quiescence to activation, and commitment164,170. It has been numerously demonstrated that the 

subsequent energy demands for commitment are met through enhancing glycolysis and activating 

pyruvate oxidation159,171–176. This leads to a surge in mitochondrial ROS production, which are 

believed to act as an important signalling factor in stem cell commitment, acting with other 

metabolic cues164,170. Mitochondrial activation also alters the concentration of various 
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mitochondrial metabolites that modulate signalling pathways and gene programs crucial for fate 

determination and early differentiation, including NAD+/NADH, AMP/ATP, TCA cycle 

intermediates, Acetyl-CoA, and SAM/SAH108,170,177–183.  

Upon commitment to a particular lineage, progenitor cells undergo additional 

mitochondrial alterations to meet the specific demands of fully differentiated cells. Progenitors 

destined for differentiation into high-energy-demanding cell types like cardiac myocytes, skeletal 

muscle fibres, or neurons undergo remodelling characterized by heightened mitochondrial content 

and structural intricacy. This adaptation enhances OXPHOS capacity and bolsters antioxidant 

defences to manage electron leaks stemming from heightened metabolic activity184–187 (Figure 4). 

Recent discoveries have highlighted the cruciality of mitochondrial fusion and the assembly of 

mitochondrial supercomplexes for MuSC differentiation169,188. 

 Given the compelling evidence highlighting the role of mitochondria in shaping stem cell 

destiny, it encourages the investigation of how mitochondrial quality might influence stem cell 

fate. 
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Figure 4. Illustrative overview depicting mitochondrial, metabolic, and mitophagy dynamics 

across stem cell lineage progression.  

In the quiescent state, stem cells exhibit reduced mitochondrial content, simplified network 

structures, and fewer cristae folds, correlating with low metabolic activity and diminished ROS 

release. Subsets of stem cells with heightened stemness traits show lower MMP and ROS levels, 

favouring reliance on FAO. Conversely, stem cells with more active mitochondria display elevated 

MMP and metabolic rates, predisposing them to commitment upon activation. Mitochondrial ROS 

and other metabolic cues are implicated in driving stem cell commitment. Upon commitment, stem 

cells undergo lineage-specific mitochondrial remodelling characterized by increased biogenesis, 

network complexity, and OXPHOS capacity. Mitophagy plays a crucial role in maintaining 

metabolic stemness in quiescent stem cells and is upregulated during differentiation to facilitate 

mitochondrial remodelling. Reduced mitophagy is associated with stem cell commitment. (E, 

energy; FA, fatty acid; CHO, carbohydrate) Figure from Burelle et al. 2020, Biology. 

  



 28 

1.5.3 Mitophagy, A Key Mitochondrial Quality Control Mechanism 

Mitochondrial quality control comprises several pathways crucial for maintaining 

mitochondrial integrity, including the mitochondrial dynamics, mitochondrial protease and 

chaperone system, the mitochondrial-derived vesicle (MDV) pathway, and mitophagy155,189,190. 

Among these pathways, mitophagy has garnered significant attention due to its role not only in 

response to mitochondrial dysfunction and stress but also in developmental processes and tissue 

regeneration155. 

Mitophagy is a specialized form of autophagy that selectively targets and degrades 

mitochondria, distinct from the bulk degradation seen in general autophagy191–196. While general 

autophagy utilizes autophagosomes to deliver and degrade a variety of cellular components within 

lysosomes, mitophagy exclusively targets mitochondria for degradation197,198. This process serves 

as a critical mitochondrial quality control mechanism, responsible for the selective removal of 

damaged and dysfunctional mitochondria to maintain cellular homeostasis191–196. This process is 

facilitated by receptor proteins that link mitochondria to the autophagy membrane, allowing for 

their specific sequestration191. 

In mammals, mitophagy is divided into two main functional groups: PINK1/Parkin-

dependent and PINK1/Parkin-independent mitophagy, based on the kinase PINK1 and the E3 

ligase Parkin requirement155,191. Activation of mitophagy occurs during various physiological and 

pathophysiological conditions, including development, differentiation, and stress responses such 

as depolarization, oxidative stress, and hypoxia155,199. The process involves the sensing, 

sequestration, and trafficking of mitochondria to lysosomes for degradation, which can be 

stimulated through different mechanisms and signalling cascades. Both ubiquitin dependant- and 
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independent-mitophagy involve the binding to ATG8 homolog proteins of the LC3 and GA-

BARAP subfamilies via a specific LC3 interacting region (LIR), facilitating the selective 

engulfment of mitochondria into autophagosomes200. Ultimately, fusion of the autophagosome 

with the lysosome leads to the elimination of targeted dysfunctional mitochondria191,199. 

1.5.4 The Role of PINK1-Parkin Mitophagy in MuSC Fate Decision 

To better understand how mitophagy can dictate MuSC fate decisions, our lab started 

investigating the role of the most well-known and studied mitophagy pathway, PINK1-Parkin 

mitophagy201–203, specifically in MuSCs. Under normal conditions, PINK1 is imported into 

mitochondria through the outer mitochondrial membrane (OMM), and rapidly degraded by the 

mitochondrial protease presenilin-associated rhomboid-like protein (PARL)201. However, during 

mitochondrial stress that causes depolarization of the mitochondria, PINK1 import is inhibited, 

leading to its accumulation on the OMM where it phosphorylates PARKIN, enhancing its ligase 

activity and substrate interaction204–207. PINK1 also phosphorylates substrates like MIRO, MFN1, 

and MFN2, promoting their ubiquitination by PARKIN208–212. Ubiquitination targets these proteins 

for proteasomal degradation and recruits autophagy adapter proteins BCRA1 and P62/SQSTM1, 

facilitating autophagosome formation near defective mitochondria213–215.  

Firstly, our lab highlighted the prominence of mitochondria colocalizing with 

autophagosomes in the MuSC quiescent state and the fact that activation drives the cells to 

downregulate mitophagy216. Then, using a germline PINK1 deficient mouse model, we 

demonstrated that altering mitophagy alters the MuSC fate decision216. More specifically, deleting 

PINK1 promotes the commitment of MuSCs upon activation, sacrificing their self-renewal 

capacity. This impairment causes a progressive loss of muscle regenerative capacity upon 
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injuries216. We also highlighted the liaison between the subsequent ROS increase and the cellular 

fate imbalance216. 

To better understand the role of PINK1-Parkin mitophagy in MuSC fate determination, we 

employed a conditional and inducible knockout strategy targeting Parkin specifically in MuSCs 

within a mouse model. Preliminary findings reveal that the absence of Parkin leads to an 

accelerated commitment of MuSCs in vitro, resulting in compromised self-renewal capabilities. 

Notably, Parkin-deficient MuSCs exhibit alterations in cell-cycle progression characterized by 

impaired proliferation and entry into the cell cycle. These in vitro observations were corroborated 

using a cardiotoxin injury model in an in vivo setting. Following injury, MuSCs lacking Parkin 

displayed enhanced commitment but impaired proliferation, ultimately leading to the depletion of 

the MuSC pool and diminished regenerative capacity. 

1.5.5 Ubiquitin-Independent Mitophagy 

Several mitophagy receptors operate independently of the PINK1-Parkin pathway, such as 

FUN14 Domain Containing 1 (FUNDC1), the BCL2-interacting protein 3 (BNIP3), the BCL2-

interacting protein 3 like (BNIP3L or Nix), and Autophagy and Beclin 1 Regulator 1 

(AMBRA1)155,217. To target a ubiquitin-independent mitophagy player in MuSC regulation, we 

analyzed an available transcriptomic dataset comparing in situ fixed MuSCs and 3-5h in vitro 

activated MuSCs61. Among the various mitophagy genes analyzed, we observed significantly 

higher expression of PINK1 and Parkin in quiescent MuSCs compared to activated cells216. 

Concurrently, BNIP3L/Nix gene expression also stood out as similarly expressed, suggesting it 

could also play a role in regulating mitophagy in the quiescent state. 
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1.5.6 Nix-Mediated Mitophagy 

Nix, with a molecular weight of 19 kDa, is a receptor situated on the outer mitochondrial 

membrane and classified within the pro-apoptotic BCL2 subfamily218. This protein is widely 

distributed throughout various human organs and exhibits localization in both mitochondria and 

nuclei219,220. Initially recognized for its involvement in apoptosis221, Nix has garnered attention for 

its pivotal role in orchestrating the extensive degradation of mitochondria during the maturation 

of red blood cells in reticulocytes, often in coordination with the anti-apoptotic protein Bcl-xL222–

224. This function underscores its significance in cellular homeostasis and developmental 

processes. 

The precise mechanism underlying Nix-mediated mitophagy remains a subject of ongoing 

investigation. However, it is known that Nix's engagement in mitophagy requires phosphorylation 

of its LC3-interacting region (LIR), facilitating interaction with LC3/GABARAP proteins225–228. 

Notably, dimerization of Nix at the outer mitochondrial membrane is critical for initiating 

mitophagy, suggesting a complex regulatory network governing this process225. Recent research 

highlights the potential importance of phosphorylation within Nix's C-terminal domain, 

particularly at serine residues 34/35, for efficient mitophagic activity225,229. 

In response to cellular stress, such as hypoxia, NIX expression is transcriptionally 

upregulated through the action of hypoxia-inducible factor 1 (HIF-1)230,231. This regulatory 

mechanism underscores Nix's adaptive role in mitigating cellular damage and ensuring survival 

under adverse conditions. Furthermore, Nix is proposed to interact with PARK2 for ubiquitination 

during PINK1/PARKIN-regulated mitophagy, implicating its involvement in both ubiquitin-

dependent and independent mitophagy pathways228. 
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While mitophagy primarily serves as a mitochondrial quality control mechanism for 

removing damaged organelles, the emerging role of Nix in orchestrating this process highlights its 

significance in cellular development and adaptation to environmental cues. Further exploration of 

Nix-mediated mitophagy promises to deepen our understanding of mitochondrial dynamics and 

their impact on cellular physiology and pathology. 
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CHAPTER 2: HYPOTHESIS AND AIMS 

2.1 Rationale 

Considering that i) specific mitochondrial characteristics are associated with stemness 

properties and myogenic lineage progression, ii) recent work emphasizes the role of mitophagy as 

a key regulator of MuSCs fate decision, iii) Nix mitophagic pathway is regulated in a similar way 

to Parkin and PINK1, iv) Nix interacts with the Parkin pathway; we make the hypothesis that Nix 

has a key role in MuSCs fate decision and muscle regeneration. 

2.2 Hypothesis 

More specifically, we hypothesize that Nix is required to maintain quiescence and/or 

ensure muscular lineage progression by modulating the MuSC mitochondrial phenotype. 

2.3 Aims 

To understand how Nix mitophagy regulates MuSCs fate decision and muscle regeneration, there 

are two experimental aims: 

Aim #1: Study the effect of a Nix deletion in MuSCs on mitophagy  

Aim #2: Determine the impact of Nix inactivation on  MuSC fate decisions and muscle 

regenerative capacity. 

1.1 Characterize the in vitro consequence of a MuSC-specific inducible KO of Nix on 

MuSCs fate decision using muscle fiber culture. 

1.2 Characterize the in vivo impact of a MuSC-specific inducible KO of Nix on muscle 

regeneration and fate decision. 
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CHAPTER 3: MATERIALS AND METHODS 

3.1 Animal Care and Generation of Conditional Nix Knockout Mice 

All experiments on animals were approved by the Animal Care and Veterinary Service 

(ACVS) committee at the University of Ottawa and conducted according to the directives of the 

Canadian Council on Animal Care. Mice were maintained in ventilated cages in groups of 3-5 

mice. Both sexes were kept on a regular 12h-12h light-dark cycle and had access to food and water 

ad libitum.  

Nixflx/flx mice were obtained from Dr. Gerald W. Dorn and were previously described223, 

where loxP sites flanked exon 4 through 6a. To study the effect of loss of Nix in Pax7+ cells, our 

team developed a Cre-flox conditional Nix by crossing the Nixflx/flx mice with Pax7 CreERT2 +/- 

mice232. At 6-8 weeks of age, 200mg/kg of tamoxifen (Sigma T5648, 50 mg/mL dissolved in corn 

oil) was administrated via gavage to NixWT/WT-Pax7Cre+/- mice (wild-type, WT) and to Nixflx/flx-

Pax7Cre+/- mice (Nix KO). Tamoxifen was administrated daily for five days to activate cre-

recombinase and was followed by a 10-day recovery period for efficient gene deletion. 

All animals were genotyped at weaning via ear biopsies. DNA was extracted using the 

Extract-N-Amp Tissue PCR Kit (Sigma, XNAT2-1KT). After extraction, samples were amplified 

by PCR using the GoTaq Green Master Mix (Promega, M7123) and the primers described in Table 

1. Confirmation of Nix KO was performed by quantitative PCR and immunostaining on FACS-

sorted MuSCs. 

Animals were used at 8-12 weeks of age for experiments and euthanized by cervical 

dislocation. 
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3.2 Cardiotoxin Preparation and Injections 

Cardiotoxin (CTX) (Latoxan, L8102) was prepared in saline (0.9% NaCl) at a final 

concentration of 10 µM233. Nix KO and WT mice received a subcutaneous injection of 

Buprenorphine before the procedure and anesthesia by gas inhalation 30 minutes before CTX 

injection. Using an insulin-type disposable syringe, 50 µL of 10 µM CTX was injected 1-2 mm 

deep into the right tibialis anterior (TA) muscle. The uninjured contralateral TA was used as a 

control. After the injury, the mice recovered in a heated room and were transferred into a clean 

cage until harvesting. 

All procedures were approved by the ACVS committee at the University of Ottawa and 

complied with the Canadian Council on Animal Care guidelines and the Animals for Research 

Act. 

3.3 Muscle Tissue Harvest for Histology 

At harvesting, mice were euthanized by cervical dislocation. After pulling the skin, the TA 

muscle was instantly dissected, weighted, and cut in half at the center in a cross-sectional 

orientation. Half of the TA was flash-frozen for 30 seconds in isopentane cooled in liquid nitrogen 

and then transferred to a -80°C freezer for storage. The second half was fixed in cold 2% (w/v) 

PFA (Sigma, P6148) for 30 minutes on ice while shaking. After fixation, TAs were washed twice 

in cold PBS and 0.25M cold Glycine, and then moved into 5% (w/v) sucrose for 2 hours and 20% 

(w/v) sucrose for 48 hours to allow tissue dehydration. Finally, the TAs were frozen in cold 

isopentane in liquid nitrogen for 30 seconds and stored at -80°C. 
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3.4 Single Myofiber Isolation and In Vitro Culture 

The extensor digitorum longus (EDL) muscles of the lower legs were harvested 

immediately after cervical dislocation. They were digested in 0.5 % (w/v) collagenase B (Roche, 

11088815001) and 1% (v/v) penicillin-streptomycin (P-S) (Wisent, 450-201-EL) for 45 minutes 

at 37°C. The EDL muscles were triturated in wash media (4.5 g/L glucose and 1% (v/v) P-S in 

DMEM) to separate the muscle into single myofibers. Every myofiber was washed trice and 

transferred either into culture or fixing well (timepoint 1 hour). Myofibers were cultured for 24-

48-72-96 hours, depending on the experiment’s purpose. The culture media used contained 4.5 g/L 

glucose, 20% (v/v) FBS, 1% (v/v) chicken embryo extract (MP Biomedicals, 092850145), 1% P-

S and 7.5 ng/mL bFGF (Sigma, F0291-4X25UG) in DMEM unsupplemented media without 

phenol red. Cultured fibres were incubated at 37°C, 5% CO2. 

Myofibers were fixed using 2% (m/v) of warm PFA for 10 minutes, followed by three 

washes using PBS. 

3.5 MuSCs Isolation 

MuSCs were isolated by fluorescence-activated cell sorting (FACS) according to a 

published protocol234. Following cervical dislocations, muscles of the lower legs were harvested 

on ice for under 5 minutes and digested in 1% (w/v) Collagenase-B (Roche, 11088831001) and 

0.4% Dispase II (Roche, 4942078001). Digestion used the Miltenyi MACS Octo-dissociator 

SLICE_FACS program for 7 minutes. After dissection, the muscle mixture was filtered with a 100 

µm filter and centrifuged at 400g for 10 minutes to obtain a pellet. Cells were resuspended and 

incubated with red blood cell lysis (Sigma, R7757) for 5 minutes and washed with PBS before 

another centrifugation. The cells were resuspended into 1 mL of FACS buffer (3mM 
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ethylenediaminetetraacetic acid (EDTA), 10% (v/v) FBS in 1xPBS) and incubated with the 

conjugated antibodies, described in Table 2, for 30 minutes. The positive selection (a-integrin-7 

and VCAM-1) was sorted by FACS at the Flow Cytometry facility at the Ottawa Hospital Research 

Institute. 

3.6 Histology 

3.6.1 Tissue Sectioning 

Tissues were sectioned in a cross-sectional orientation at -25°C with a thickness of 14 µm 

using the HM525NX Cryostat (Louise Pelletier Histology Core, University of Ottawa). The tissue 

sections were placed on a charged slide (Fisher Scientific, 12-550-15) and were stored at -80°C 

until processing. 

3.6.2 Hematoxylin & Eosin Staining 

Flash-frozen tissue sections were first fixed in PFA for 30 minutes and washed thrice in 

PBS. The Louise Pelletier Histology Core then processed the slides at the University of Ottawa for 

hematoxylin and eosin (H&E) staining. Imaging was later performed on the EVOS FLAuto2 

microscope at the University of Ottawa. 

3.7 Immunofluorescence Staining 

3.7.1 Tissue sections 

Tissue sections used for immunofluorescence (IF) staining were fixed and dehydrated in 

sucrose before the cryo-sectioning. Tissues on slides underwent antigen retrieval (citrate buffer at 

pH=6.0) at the Louise Pelletier Histology Core. The samples were blocked in 3% (w/v) BSA for 

one hour. Tissues were incubated with primary antibodies overnight at 4°C, followed by three 
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washes with PBS. Finally, tissues were incubated with secondary antibodies for an hour at room 

temperature in the dark, then washed thrice before mounting. Primary and secondary antibodies 

are listed in Table 3. InvitrogenTM ProLongTM Gold Antifade Mountant with DAPI (ThermoFisher 

Scientific, P36935) and coverslip (Avantor, 48393-251). Slides were imaged on an EVOS 

FLAuto2 microscope. 

3.7.2 Single Myofibers 

Fixed myofibers were permeabilized in 0.1% (v/v) triton-x and 0.1M glycine in PBS for 

10 minutes and blocked in 5% (v/v) horse serum, 2% (w/v) BSA and 0.1% triton-x in PBS for an 

hour at room temperature. Then the myofibers were incubated overnight at 4°C with primary 

antibodies in blocking solution, washed thrice and incubated for an hour at room temperature with 

secondary antibodies. Antibodies are listed in table 3. After washing, myofibers were mounted on 

slides using InvitrogenTM ProLongTM Gold Antifade Mountant with DAPI (ThermoFisher 

Scientific, P36935) and coverslip (Avantor, 48393-251). 

3.7.3 MuSCs 

At the selected time point, MuSCs were fixed for 15 minutes in warm 4% (v/v) PFA at 

37°C and washed thrice with PBS. Cells were first quenched with 50 mM NH4Cl for 10 minutes. 

After washing, MuSCs were permeabilized in 0.1% (v/v) for 10 minutes and blocked with 10% 

(w/v) FBS for 30 minutes. Incubation with primary antibodies occurred in 5% (w/v) FBS overnight 

at 4°C and with secondary antibodies at room temperature for an hour in the dark. Cells were 

incubated with DAPI antibody for 3 minutes at room temperature. Antibodies are listed in Table 

3.  After washing, myofibers were mounted on slides using InvitrogenTM ProLongTM Gold Antifade 

Mountant (ThermoFisher Scientific, P36934) and coverslip (Avantor, 48393-251). 
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3.8 Quantitative RT-PCR 

Muscle stem cell pellets were processed for total RNA extraction using the PicoPure RNA 

isolation kit (Thermo Scientific KIT0204) following the manufacturer's protocol. The isolated 

RNA was then quantified using a nano-drop 2000 spectrophotometer and subjected to reverse 

transcription using the iScript Reverse Transcription Supermix for Rt-qPCR (Bio-Rad 1708840) 

according to the manufacturer's instructions. Subsequently, cDNA was synthesized using the 

SsoAdvanced Universal SYBR Green Supermix (Bio-Rad 1725271) as per the manufacturer's 

protocol. RT-qPCR was carried out using a CFX96 real-time PCR detection system at the 

University of Ottawa. 

3.9 DNA sequencing 

To confirm the mutations in the experimental model, DNA samples from mice were 

initially extracted and amplified following the genotyping protocol. Subsequently, the targeted 

PCR products were excised from the agarose gel under UV light to allow DNA extraction using 

the EZ-10 Spin Column DNA Gel Extraction Kit from Bio Basic (BS353). The extracted samples 

were then sent for sequencing to the DNA Sequencing Facility at StemCore Laboratories, located 

within the Ottawa Hospital Research Institute. 
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3.10 Statistical Analysis 

Statistical analyses were conducted utilizing GraphPad Prism 8. Quantitative outcomes 

were expressed as means ± standard error of the mean (SEM). Differences in statistical 

significance were evaluated using an unpaired t-test for two groups and two-way analysis of 

variance (ANOVA) for multiple comparisons. Significance levels are denoted as follows: ns (not 

significant), *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001. The minimum number of 

replicates per experiment varied across studies (Refer to individual figure legends for specific 

details). 
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Table 1. Primers for genotyping and quantitative polymerase chain reaction (qPCR). 

Primer 
Name 

Sequence 
Method Forward Reverse 

Cre GAACCTGATGGACATGTTCAGG AGTGCGTTCGAACGCTAGAGCCTGT Genotyping 
Nixflx/flx CACAGCATTGCCACCCCTGCAGAG GCTGCAGATGCCGGGCCTGAGCAA Genotyping 
Nix 
deleZon 

CACAGCATTGCCACCCCTGCAGAG ACCTGCCCATGCTCCAGAGCAGGC Genotyping 

HRPT CAAACTTTGCTTTCCCTGGT TCTGGCCTGTATCCAACACTTC qPCR 
TBP CTTCCTGCCACAATGTCACAG CCTTTCTCATGCTTGCTTCTCTG qPCR 

 
 
 
 

Table 2. Antibodies for MuSCs Isolation. 

Antibody Company/Cat. No. Amount 
PE rat anti-mouse CD31 BD Pharmingen 553373 2uL/mouse 
PE rat anti-mouse CD45 BD Pharmingen 553081 2uL/mouse 
PE rat anti-mouse CD11b eBioscience 12-0112-82 2uL/mouse 
PE rat anti-mouse Ly-6A/E (Sca1) BD Pharmingen 553108 2uL/mouse 
647-conjugated alpha integrin 7 
(rat) 

Ablab 67-0010-05 10uL/mouse 

PE-Cy7-conjugated CD106 
(VCAM) 

Biolegend 105720 10uL/mouse 

Optional: 
CD34-biotin + 
Strepdavidin-Cy7 

CD34-Biotin: MACS 130-
105-830 
Strep-Cy7: eBiosciences 25-
4317-82 

10uL/mouse 
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Table 3. Antibodies for Immunofluorescence 

Uses Antibody Company/Cat. No. Dilution factor 

Primary 
antibodies 

Pax7 (mouse) DSHB PAX7-S 1:14 
Pax7 (rabbit)  Invitrogen PA1-117  1:100  
MyoD (mouse) SantaCruz sc-32758  1:50  
MyoG (mouse) DHSB F5D  1:12  
Ki67(rabbit) 
 Abcam ab15580  1:500  

eMyHC (mouse) 
 DHSB F1.652-s  1:10 

BNIP3L/Nix (rabbit) Cell Signaling D4R4B #12396 
 1:400  

Secondary 
antibodies 

Alexa-Fluor 488 (rabbit) Invitrogen A11008  1:1000 

Alexa-Fluor 647 (mouse)  Abcam AB-150107  1:1000 

Alexa-Fluor 594 (mouse)  
Invitrogen A11005  

 
1:1000 

Biotin Jackson 115-065-205  1:1000 
Cy3-Conjugated 
Streptavidin Jackson 016-160-084 1:1000 
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CHAPTER 4: RESULTS 

4.1 Mouse model development and validation 

To determine the effects of Nix deletion in MuSCs, a mouse line was generated to have a 

conditional and specific knockout of the Nix gene in MuSCs. Pax7Cre+/0 mice 

(Pax7tm1(cre/ERT2)Gaka/+) were bred with Nixflx/flx mice (B6-Bnip3Ltm1DorFl/Fl). After 

multiple crossings, the resultant mice were Pax7Cre-Nixflx/flx mice (B6-Bnip3Ltm1DorFl/Fl-

Pax7tm1(cre/ERT2)Gaka+/0). After tamoxifen treatment, the Nix alleles are deleted in the 

MuSCs, resulting in an induced and specific knockout of Nix in Pax7+ cells. 

 Following the Jackson Laboratory breeding guidelines235, a genotyping protocol with a 

three-target strategy was used and validated using DNA sequencing from genotyping products. 

Figure 5a-b visually demonstrates the primer strategy and the DNA sequencing results. Using the 

BLAST tool on  the National Library of Medicine website, the DNA sequence from the PCR 

products demonstrated a 95% query cover score with the Mus musculus targeted KO-first, 

conditional ready, lacZ-tagged mutant allele Bnip3l:tm1a(EUCOMM)Wtsi; transgenic mouse. 

The sequence with the LoxP insert also successfully expressed the LoxP sequence236, which is 

highlighted in Figure 5b.  

 To validate the gene knockout within MuSCs, MuSCs were first sorted using FACS. Then 

RNA was extracted to generate cDNA and quantify the gene expression using quantitative 

polymerase chain reaction (qPCR). Concurrently, cells underwent fixation and immunofluorescent 

staining for Nix to assess protein expression. The results illustrated in Figure 5c-d demonstrate a 

notable decrease in both gene and protein expressions.  

https://blast.ncbi.nlm.nih.gov/Blast.cgi
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Figure 5. Validation of the conditional and inducible knock-out of Nix in MuSCs.  

a. Visual representation of the breeding and genotyping strategy for the Pax7Cre-Nixflx/flx mice. 

b. Visual representation of DNA sequencing from genotyping products. The yellow highlight 

represents the LoxP sequence inserted after a reference point, highlighted in blue. c. Validation of 

Nix expression in WTs and Nix-/- MuSCs. Results were normalized to housekeeping gene 

Hypoxanthine-guanine phosphoribosyl transferase (Hprt) d. Qualitative protein expression of Nix 

in MuSCs. Immunostaining of Nucleus (DAPI), Pax7 (green) and Nix (red). Statistics were 

realised using an unpaired t test. Data is presented as mean ± SEM for n=4 mice per genotype. 

Statistical significance is displayed as *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001. 
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4.2 Inactivating Nix decrease mitophagy levels within MuSCs 

 Single-cell mitophagy quantification was performed on freshly isolated MuSCs through 

FACS to quantify the effects of a Nix deletion on mitophagy levels. After isolation, cells were 

either immediately fixed (T0), cultured for four hours (T4), or treated with bafilomycin (Baf) for 

4 hours. After fixation, mitochondria were labelled using TOM20 antibody and autophagosomes 

with LC3 antibody coupled with AlexFluor 488 and AlexFluor 594. The samples (n=3 mice per 

genotype) were imaged using high-resolution microscopy (Zeiss LSM880 AxioObserver Z1 with 

AiryScan FAST), followed by three-dimensional reconstruction and single colocalization 

quantification of mitochondria and autophagosomes. For each replicate and condition, 30-40 cells 

were analyzed. 

 At the basal quiescent state, mitochondria-lysosome colocalization was notably decreased 

in the Nix-/- population (Figure 6b). Inducing MuSC activation with a 4-hour incubation period 

showed a significant reduction in colocalization in both populations, even after inhibiting lysosome 

acidification using bafilomycin-A (Figure 6b). Additionally, colocalization was significantly 

reduced in the Nix-/- population after the bafilomycin-A treatment (Figure 6b). Notably, there were 

no discernible differences in mitochondrial content between the WT and Nix-/- groups across the 

experimental conditions (Figure 6c). However, in the quiescent state, the mitochondrial network 

appeared more fragmented in the Nix-/- population compared to the WT (Figure 6d). Despite 

similar levels of autophagosome content across conditions and genotypes, there was a substantial 

decrease in the size of individual autophagosomes observed upon activation in both groups (Figure 

6e-f). This reduction in autophagosome size may indicate an early activation of lysosomal activity.  
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Given that blocking of lysosomal clearance using bafilomycin-A failed to elevate 

colocalization, and differences persisted between the two genotypes (Figure 6b), these results 

strongly imply that the diminished mitophagy predominantly contributed to the reduced 

colocalization upon activation, indicating impaired mitophagy due to Nix deletion. 
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Figure 6. Single-Cell Mitophagy Quantification. 

a. High-resolution microscopy images and Imaris 3D reconstruction of quiescent, activated, and 

Bafilomycin-treated MuSCs WTs and Nix-/-. Cells were stained with TOM20 (green) and LC3 

(red) to evaluate the colocalization of the objects (white). b. Colocalization of mitochondria and 

autophagosomes normalized to mitochondria volume at T0, T4h and treated with Bafilomycin 

(Baf). c. Total mitochondrial volume (µm3) per cell. d. Individual mitochondria volume (µm3). e. 

Total autophagosome volume (µm3) per cell. f. Individual autophagosome volume (µm3). Data is 

presented as mean ± SEM for 30-40 cells purified per mouse, from 3 mice per genotype. nb = 80-

91, nc = 87-99, nd = 1258-1317, ne = 87-99 and nf = 87-96. Statistics were realized using a one-

way ANOVA test with data cleaned for outliers using the ROUT method. Statistical significance 

is displayed as *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001. 
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4.3 Deletion effects of Nix promotes MuSC activation/commitment at the expense of 

self-renewal in vitro 

 To measure the effects of Nix deletion on MuSCs, the extensor digitorum longus (EDL) 

muscles were isolated and cultured in vitro for four days. Fibres were fixed directly after isolation 

(T1hr) and at 24-hour intervals. After fixation, the EDL fibres were permeabilized and incubated 

with key antibody markers for MuSCs quiescence and self-renewal (Pax7), activation 

(Pax7/MyoD), commitment (MyoD), and differentiation (MyoG) (figure 7a). 

 Directly after isolation, there were signs of earlier activation/commitment of the Nix-/- 

MuSCs with a significant decrease of the Pax7+ population (figure 7b). 24h post-isolation 

demonstrated a significant increase of the activated population (MyoD+ only). An increased 

commitment phenotype in the Nix-/- population was notable at 48- and 72- hours post-isolation by 

an increase in the Pax7-/MyoD+ cells.  The propensity to activation led to an increased 

commitment of the Nix-/- MuSCs toward myogenesis at T72 and T96 with an increased proportion 

of MyoG+ population (figure 7c). 

The impact of Nix deletion on MuSCs' cellular proliferation was initially assessed by 

quantifying the cell number per cluster (figure 8a), revealing that the heightened commitment did 

not alter the number of cells per cluster. Next, we measured cell-cycle re-entry using Ki67 staining 

on Pax7+ MuSCs (figure 8b), revealing that the number of Ki67+ cells was significantly higher 

in the Nix-/- population at T48 and T72 (figure 8c). Together these data would suggest that Nix-/-  

MuSCs are more prone to re-enter cell cycle but do not effectively divide and proliferate more 

than their WT counterparts, although a formal EdU staining would be required to confirm. 
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Figure 7. Genetic inactivation of Nix promotes the MuSCs fate decision toward commitment 

while impairing the self-renewal process.  

a. Representative immunofluorescence images of WT vs Nix-/- MuSCs on EDL single fibers at 

different isolation timepoints for Pax7, MyoD and MyoG. Magnification: 100X. b. Percentage of 

Pax7+, MyoD+ or Pax7+/MyoD+ cells per fiber in WTs vs Nix-/- EDL single fibers at T1, T24, 

T48 and T72 post isolation. c. Percentage of Pax7+ or MyoG+ cells per fiber in WTs vs Nix-/- 

EDL single fibers at T24, T48, T72 and T24, T48, T72, T96 post isolation. Data is presented as 

mean ± SEM for n=4 mice 3-5 fibers per mouse. Statistics were realized using a two-way ANOVA 

test. Statistical significance is displayed as *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001.   
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Figure 8. Increased cell-cycle re-entry in the Nix-/-.  

a. Number of cells per cluster on EDLs (Pax7+/MyoD+/MyoG+), at various time points post-

isolation (n=12). b. Representative immunofluorescence images of WT vs Nix-/- MuSCs on EDL 

single fibres at different isolation time points for Pax7 and Ki67. Magnification: 100X. c. 

Percentage of Pax7+, Ki67+ or Pax7+/Ki67+ cells per fiber in WTs vs Nix-/- EDL single fibres at 

T1, T24, T48 and T72 post isolation. Data is presented as mean ± SEM for n=4. Statistics were 

realized using a two-way ANOVA test. Statistical significance is displayed as *p < 0.05, **p < 

0.01, ***p < 0.001, ****p < 0.0001.    
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4.4 Loss of Nix in vivo alters cell fate commitment and myogenesis upon injury 

 To study the consequences of Nix deletion on MuSC behaviour in vivo, muscle 

regeneration was studied using the cardiotoxin injury (CTX) model in the Tibialis Anterior (TA) 

muscle and immunofluorescent staining for Pax7 (figure 9a). Under normal uninjured conditions, 

there were no differences in the number of Pax7+ cells, indicating that deletion of Nix did not 

affect the baseline MuSC state and survival (figure 9b). 4 days post-injury (DPI), there was an 

important increase in the number of Pax7+ cells, in both WT and Nix-/- conditions consistent with 

increased proliferation in response to injury. Early in the myogenesis process, there was a tendency 

for a reduced number of Pax7+ MuSCs per fiber in the Nix-/- group (figure 9b). This trend became 

significant later on during regeneration, with the overall number of Pax7+ cells per fibre decreasing 

in Nix-/- at 7-, 14- and 21-DPI. At 4DPI, there was a significant decrease of committed MuSC per 

fiber (MyoG+) but with no differences at 7DPI (figure 9d). Finally, no differences in later 

differentiation at 4 and 7 DPI were measured by emHC immunostaining (figure 9f).  

 In contrast to the EDL data, in vivo injury resulted in decreased myogenin quantification 

four days after injury. These results indicating either an earlier activation or a decreased activation 

are not sustained by the quantification of eMHC, which remains unsignificant. This controversy 

can be explained by the poor condition of the muscle four days after injury, which complicates the 

visual analysis. 

 Altogether, the in vivo results on MuSCs' fate decision upon muscle suggest that deleting 

Nix in MuSCs slightly shifts the balance between self-renewal and commitment, reducing the stem 

cell population.  
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Figure 9. In vivo effects of a Nix inhibition on MuSCs fate decision.  

a. Representative immunostaining images of TA sections. Uninjured, 4-, 7-, 14- and 21 DPI stained 

for DAPI and Pax7.  Magnification of 20X. b. Quantification of Pax7+ cells normalized per the 

amount of fiber for Uninjured, 4-, 7-, 14- and 21 DPI. c. Representative immunostaining images 

of TA sections. 4- and 7DPI stained for DAPI and MyoG.  Magnification of 20X. d. Quantification 

of MyoG+ cells normalized per the amount of fiber for 4- and 7 DPI. e. Representative 

immunostaining images of TA sections. 4- and 7 DPI stained for DAPI and emHC.  Magnification 

of 20X. b. Quantification of emHC+ fiber per mm2 for 4- and 7 DPI. Statistics were realised using 

an unpaired t test. Data is presented as mean ± SEM for n=6 mice per genotype. Statistical 

significance is displayed as *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001. 

  



 58 

4.5 Nix Ablation disturbs muscle regeneration upon injury  

 To determine the general effect of a Nix ablation on muscle regeneration, cross-sectional 

area (CSA) was measured on Hematoxylin and Eosin (H&E) stained sections of the TA muscle 

without injury and at 7-, 14- and 21 days post-injury (figure 10a). In the uninjured sections, there 

are no differences in the cross-sectional area across the groups, indicating that the Nix ablation did 

not alter the integrity of the muscles and the fiber size. 

  Altogether, no significant differences in mean fibre size were observed across genotypes 

after muscle repair (figure 10b). However, looking at fiber size distribution (figure 10c-e) there 

was a clear trend toward an increased proportion of bigger fibres in the Nix-/- group 21 days post-

injury. We noted a similar phenotype in PINK1-deficient MuSCs216. However, this is contradictory 

to the decreased MyoG levels observed 4 days post-injury (figure 9d) but aligns with the in vitro 

results (figure 7c), implying higher levels of activation and commitment. The non-significance is 

perhaps due to the small group size (n=3) and variability across the samples. Therefore, the 

experiment needs to be repeated to conclude that ablating Nix mitophagy imbalanced muscle 

reparation. 

  



 59 

 



 60 

Figure 10. In vivo effects of Nix deficient MuSCs on myogenesis.  

a. Representative images of Hematoxylin and Eosin (H&E) stained section of the TA muscle 

without and at 7-, 14- and 21 days post-injury for WT and Nix-/- mice groups. Magnification at 

20X. b. Cross-sectional area of fibers (µm2) for uninjured, 7-, 14- and 21 DPI. c. Fiber size 

distribution (µm2) at 7 DPI. d. Fiber size distribution (µm2) at 14 DPI. e. Fiber size distribution 

(µm2) at 21 DPI. Statistics were realised using an unpaired t test. Data is presented as mean ± SEM 

for n=4 mice per genotype for 7 DPI, n=5 for 14 DPI and n=3 for 21DPI. Statistical significance 

is displayed as *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001 

  



 61 

CHAPTER 5: DISCUSSION 

5.1 Regulation of Mitophagy in MuSCs 

Previous work from our lab has shown that quiescent MuSCs actively express mitophagy 

genes and exhibit a measurable mitophagy flux and prominent mitochondrial localization to LC3+-

LAMP1+ autophagolysosomes, which rapidly decrease during activation.  

Consistent with this data, we report that colocalization of mitochondria to LC3+ 

autophagosomes is elevated in the quiescent state and undergoes rapid downregulation following 

4h of spontaneous in vitro activation.  

Furthermore, we also report that blocking lysosomal acidification with Baf-A during the 

activation period had no significant impact on mitochondrial colocalization to LC3+ 

autophagosomes, which supports the notion that inhibition of mitophagy rather than activation of 

lysosomal clearance is mainly responsible for the observed changes in colocalization during the 

transition from quiescence to activation. 

Importantly, we provide novel evidence that Nix is expressed in the quiescent state and has 

a staining pattern consistent with mitochondrial localization. Furthermore, we report that genetic 

inactivation of Nix reduces mitochondrial localization to LC3+ autophagosomes by 16 %, 

suggesting that Nix is involved in the regulation of mitophagy in the quiescent state. No difference 

between genotypes was observed in the activated state, possibly because of the low mitophagy 

level observed in this condition. 

In previous work on PINK1 and Parkin deficient mouse models, we reported similar partial 

ablation of mitophagy in quiescent MuSCs. Apart from the ubiquitin-dependent PINK1-PARKIN 
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mitophagy pathway, several ubiquitin-independent pathways have been reported155. Even if most 

of these pathways need to be defined, their overlaps is suspected to ensure proper homeostasis in 

case of dysfunction217,237. Such a regulatory overlap may explain why knock-out of a single 

pathway has a moderate effect of mitophagy and can be compensated by other evolutionarily 

conserved mechanisms. 

The mechanisms by which Nix could regulate mitophagy in MuSCs remain to be defined. 

Based on current knowledge, it is likely that dimerization of Nix at the OMM and interactions 

between soluble LC3 and the LC3-Interaction Region (LIR) of Nix is required to engage 

mitophagy. Phosphorylation of the C-terminal domain of Nix was reported to promote its 

mitophagy-inducing ability, but the kinases and phosphatases involved currently remain 

unknown225,229.  Nix is also thought to interact with PARK2 as a target for ubiquitination during 

PINK1/PARKIN-regulated mitophagy228. Further work will thus be required to clearly delineate 

the mechanisms of Nix-mediated mitophagy and potential interactions with the PINK1/Parkin 

pathway.  

Interestingly, our data also reveal that genetic inactivation of Nix in MuSC also promotes 

mitochondrial fragmentation, an effect previously reported by our lab in PINK1-deficient MuSCs. 

At this point, it remains unclear whether this is a direct result of defective mitophagy per se or 

other effects on Nix or PINK1 deficiency in mitochondria. For instance, aside from its role in 

mitophagy, Nix is also known to play a role in the initiation of apoptotic signalling 238, which could 

also conceivably affect mitochondrial network morphology. Apoptotic signaling assays and 

analysis of the mitochondrial phenotype would clearly provide some insights.  
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5.2 Impacts of altering mitophagy genes on fate decision and myogenesis 

Our analysis of fate decision using the EDL fiber culture model provides clear evidence 

that genetic inactivation of Nix promotes premature activation/commitment at the expense of self-

renewal. This is evidenced by a decreased proportion of Pax7+ cells combined with an increased 

proportion of MyoD+ and MyoG+ cells.  

Based on our count of the total number of MuSC (Pax7+, MyoD+ and MyoG+) per cluster 

at various time points, our results suggest that Nix deficiency has a limited effect on proliferation. 

Intriguingly, using the cell-cycle activity marker Ki67, we found evidence for precocious cell-

cycle re-entry in Nix-/- MuSCs. Based on these results, we speculate that Nix deficiency 

predisposes MuSCs toward activation and cell-cycle re-entry without altering cellular division and 

proliferation. EdU assays will be required to confirm this hypothesis.   

5.3 Impacts on Muscle Regeneration  

By quantifying Pax7+ cells on the cross-section area of the TA muscle, we report that the 

symmetric cell division led to a partial in vivo depletion of the MuSCs pool after a single injury. 

However, preliminary data indicate that there are no negative effects on muscle repair after an 

injury. Conversely, there is a trend for bigger fiber sizes after the regeneration process. We noted 

a similar phenotype in PINK1-deficient MuSCs 216, where the initial partial depletion of the MuSC 

population led to ablated myogenesis after multiple injuries. With the similarity of the results, we 

hypothesize that multiple injuries in Nix-/- will lead to total depletion of the MuSC pool and, 

consequently, myogenesis failure. 
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CHAPTER 6: CONCLUSION 

Previous work from our lab has shown that mitophagy is active in the quiescent state and 

rapidly decreased during activation, pointing to a role in the regulation of mitochondrial properties 

and MuSC function. In this project, we have successfully generated a novel model to study the 

regulation of mitophagy in MuSCs. We report that Nix is expressed in quiescent MuSCs, and that 

genetic inactivation of this mitophagy receptor reduces mitochondrial colocalization to 

autophagosomes, pointing to a role in the regulation of mitophagy in the quiescent state. We also 

report evidence that Nix deficiency impairs fate decisions by promoting premature 

activation/commitment at the expense of self-renewal, and preliminary evidence that this may 

contribute to impaired renewal of the MuSC pool in vivo and altered muscle regenerative capacity 

following injury.  

Considering the overlap between various mitophagy-regulating pathways, additional work 

will be required to study the effect of depleting simultaneously ubiquitin-dependent and receptor-

dependant mitophagy. To fully elucidate the effect of reducing Nix mitophagy on myogenesis, it 

is primordial to test the effects of repetitive injuries on muscular reparation. With the emerging 

role of mitochondria as integration and signalling hubs in stem cells, studying the consequences 

of accumulating dysfunctional mitochondria could provide new insight for drug therapies. 

Therefore, it is crucial to elucidate the effects of reduced Nix-mediate mitophagy on mitochondrial 

properties. This work could include ATP and ROS quantification, measurement of oxygen 

consumption further investigation on mitochondrial fragmentation and broader analysis of the 

cellular phenotype using Omics approaches. 
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