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ABSTRACT 
Mesenchymal stem/stromal cells (MSCs) release Extracellular vesicles (EVs) that are believed to 

play a major role in nerve regeneration after stroke. However, a major complication when trying 

to transition MSC-EVs from a pre-clinical to clinical setting is the convenient long-term storage 

of MSC-EVs. Therefore, we developed a strategy to freeze dry MSC-EVs to store them for more 

practical clinical applications. We first determined the optimal trehalose concentration for freeze 

drying the MSC-EVs, and we subsequently investigated the optimal freezing conditions.  It was 

determined that 100 mM of trehalose and freezing temperature at -20oC were the optimal 

conditions to freeze dry the EVs. The therapeutic capabilities of the freeze-dried MSC-EVs was 

tested via tube formation assay and co-culturing them with neural stem/progenitor cells (NSPCs). 

It was found that human vein umbilical endothelial cells (HUVECs) treated with rehydrated MSC-

EVs promoted tube formation suggesting the trophic factors in the MSC-EVs survived the freeze-

drying process. As for the NSPC co-culture, all treatments involving rehydrated MSC-EVs 

protected by trehalose during the freeze-drying process promoted proliferation and did not affect 

their ability to differentiate into oligodendrocytes, astrocytes, or neurons. Determining the 

optimum freezing-drying conditions allows us to stockpile a large amount of MSC-EVs at room 

temperature for on-demand applications.  
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1 Introduction 
1.1 Background 

Mesenchymal stem/stromal cells (MSCs) have been demonstrated to have therapeutic capabilities 

that can be used for a wide range of diseases such as, stroke, spinal cord injury, lung injury, and 

kidney injury [1]. However, there are problems using MSCs in a clinical setting such as, abnormal 

karyotyping after multiple passages [2] and intravenous injected MSCs getting trapped in the lungs 

due to their large size [3]. Furthermore, pre-clinical studies have shown that the therapeutic mode 

of action for MSCs are the trophic factors they release, leading to research focusing on cell-free 

based therapies [4]. Among the factors released by MSCs, nano-scaled poly-dispersed particles, 

such as extracellular vesicles (EVs), have shown to retain the therapeutic capabilities of their 

parent MSCs [4]. However, MSC-EVs do have their own issues concerning mass production and 

storing them for long periods of time for their potential use in a clinical setting [5], [6]. Therefore, 

this thesis involves determining the optimum freeze-drying conditions for MSC-EVs by testing 

different freezing conditions and cryoprotectant concentrations, while investigating whether their 

therapeutic abilities are retained after two weeks of storage at room temperature.  

Stroke is classified as a central nervous system (CNS) disorder that involves the abrupt death 

of brain cells due to the absence of oxygen and nutrients [7]. It can be categorized as two types: 

hemorrhagic where a blood vessel ruptures in the brain and ischemic where an artery is clogged 

due to a thrombus. It has become the second leading cause of death and third leading cause of 

disabilities worldwide [8]. Five million patients die from stroke while five million become 

permanently disabled [9] and in particular there are 878,500 survivors in Canada between the years 

of 2017-2018 [10]. Unfortunately, current treatment strategies can be ineffective and cannot 

completely reverse the neurological damaged sustained [11]–[13]. Some patients of an ischemic 

stroke can experience substantial brain swelling post stroke due to an increase in cerebral edema 
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leading to increased intracranial pressure, which is alleviated via a decompressive craniectomy 

(DC) procedure [14]–[16]. This operation requires removing a section of the skull, opening the 

dura, and placing a duraplasty over the opening to protect it from the environment while allowing 

the brain to expand [14]–[16]. In spite of being extremely invasive, the DC procedure reduces 

mortality rates but does not provide any therapeutic recovery to reverse the damage caused by the 

stroke [14], [17]. Thus, using an already characterized duraplasty, from a previous study [18], the 

end goal of this project is to produce a duraplasty that releases MSC-EVs that provide therapeutic 

recovery. 

MSC-EVs are 50 to 200 nm spherical capsules that are released from MSCs that have similar 

therapeutic effects as their parent cells [19]. They have been shown to promote endogenous 

neurogenesis and angiogenesis, regulate the immune system, and repair brain matter [20]. The 

content within these MSC-EVs consist of proteins, lipids, microRNA (miRNA), mRNA, and non-

coding RNA that can activate biological pathways contributing to functional recovery post stroke 

warranting their use [19]. Using MSC-EVs can bypass the need for cells and their affiliated 

problems such as, possible tumour formation, blockage of microvascular, or potential calcification 

[21]. However, a major issue when transitioning MSC-EV studies for clinical use is storing them 

for extended periods of time to stockpile enough MSC-EVs to treat an individual patient. Based 

off several clinical trials involving MSC-EVs, the working range for an effective dosage is 1x1010 

to 6x1012 EVs [22], [23]. Then assuming a single cell can produce 1000 EVs, an estimated 100 to 

1000M cells will be required to ascertain a single dose scheme within the working range [23], [24]. 

This will require significant large-scale production of MSC-EVs and updated preservation 

methodologies for possible clinical applications. However, there is a lack of concrete storage 

conditions for MSC-EVs requiring further inquiry into long term storage of MSC-EVs.  
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For short term storage EV solutions at kept at 4°C, nanoparticle analysis (NTA) shows that particle 

concentration starts to decrease after 48 hours of storage [25]. When suspended in polyphosphate-

buffered saline (PBS) within polypropylene tube at 4°C the decrease in EVs range from 0.5 to 2.1 

x 1010 particles/mL, where most of the loss is due to adsorption onto the tube walls [25]. While 

storing at lower temperatures such as, -20°C or -80°C, EV samples will undergo freeze-thaw 

cycles, which have shown to reduce EV particle and protein concentration after one cycle [26]. 

Therefore, a long-term storage method that can reduce particle and protein lose while being stored 

in an accessible manner is necessary. Freeze-drying EVs can preserve them for an extended period 

at room temperature but EV aggregation and protein loss can occur [27]. To circumvent this, a 

cryoprotectant such as trehalose is added to protect the EVs and its content during the 

lyophilization process [28]. However, there is a lack of knowledge for developing optimum freeze-

drying conditions to ensure maximum MSC-EV recovery post rehydration. Current studies do not 

establish a working cryoprotectant concentration, nor freezing conditions for lyophilization 

resulting in inconsistent conditions being used throughout literature [27], [29]–[31]. Therefore, it 

is hypothesized that an optimal freeze-drying condition, in terms of cryoprotectant concentration 

and freezing conditions, can be achieved to preserve the bioactivity of MSC-EVs for use as a 

therapeutic drug to promote nerve regeneration post stroke.  

1.2 Objectives 
The goal of the thesis is to establish optimum freeze-drying conditions to stockpile a large amount 

of bioactive MSC-EVs at room temperature. To achieve this goal, the following objectives have 

been established: 

1. Objective 1: MSC-EVs were frozen at -80°C in the presence of trehalose, a cryoprotectant, 

at concentrations of 0 mM, 50 mM, 100 mM or 200 mM to determine the optimum 
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trehalose concentration. Once rehydrated, these samples were then analyzed via nanosight, 

protein concentration, and structural integrity by transmission electron microscopy (TEM). 

2. Objective 2: Once the optimum trehalose concentration was chosen, the second objective 

was to determine the best freezing conditions between -1°C/min, -20°C, -80°C, and -196°C 

(liquid nitrogen), in the presence of the optimum trehalose concentration, and the same 

quantitative/qualitative analysis was performed. 

3. Objective 3: After the optimum freezing temperature and trehalose concentration were 

determine, the third objective was evaluating the bioactivity of the rehydrated MSC-EVs 

by performing a tube formation assay and co-culturing them with primary rodent neural 

stem/progenitor cells (NSPCs). Finally, we then ensured that the rehydrated MSC-EVs did 

not affect the differentiating potential of the NSPCs by immunostaining for 

oligodendrocytes, astrocytes, and neurons.  

2 Literature Review 
2.1 Central Nervous System (CNS) 

The Central Nervous System (CNS) is made up of the brain and spinal cord. The brain is made of 

billions of nerves that send chemical and electrical signals to process sensory information, control 

blood pressure and breathing, and release hormones. While the spinal cord receives information 

from the senses and to send out orders to move muscles and control glands.  

The CNS can be exposed to multiple diseases known as CNS disorders. These disorders can 

originate from biological entities or traumas that will affect the structure and function of the brain 

or spinal cord. Of all the disorders the CNS can be exposed to, this project focuses on stroke, which 

has shown to reduce motor, sensory, and cognitive function. Regretfully, the lack of self-

regenerative capabilities within the CNS results in patients having very limited treatment options 

for stroke [32]. The brain is unable to regenerate post injury is because of the lack of endogenous 
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neurogenesis and damaged cells being replaced by scar tissue. While the absence of spontaneous 

regeneration within the spinal cord is due to no growth factors (GFs) or extracellular matrix (ECM) 

proteins that promote axon growth, the prevention of axonal growth due to inhibitor molecules, 

and glial scaring formation [33]. Current research for CNS disorder treatments focuses on 

delivering bioactive molecules for neuroprotection and endogenous neural stem/progenitor cells 

(NSPCs) proliferation and migration to the site of injury [34]. However, these treatment options 

are usually delivered orally or intravenously, which is impeded by the blood-brain barrier (BBB) 

and blood-spinal cord barrier (BSCB) [35]. 

The BBB/BSCB is a border of endothelial cells that only allow certain molecules to pass through 

into the CNS [36], [37]. Most preclinical studies deliver their treatments via orally or 

intravenously, but these barriers prevent the molecules from reaching the site of injury [35]. One 

method to overcome this obstacle is to increase the dosage and administration time but this can 

lead to toxicity [35]. To circumvent the BBB, treatments have been intraventricular injected into 

the brain but this approach is extremely invasive and can cause brain tissue damage due to the 

insertion of a catheter [38]. Therefore, current research strategies involve incorporating bioactive 

molecules into biomaterial for enhanced cellular proliferation and better drug concentration at the 

site of injury [11], [39].  

2.2 Stroke 
Stroke is the death of brain cells due to the lack of oxygen and nutrients, which can be categorized 

as hemorrhagic, bursting of a blood vessel, or ischemic, the blockage of a blood vessel [7]. The 

latter accounts for 87% of all strokes and 10% of these ischemic strokes can be classified as 

malignant due an increase in cerebral edema causing shifts in brain tissue and herniation, with a 

78% mortality rate [7]. Symptoms of stroke include loss of sensation to one side of the body, 

fainting, confusion, dizziness, trouble speaking, and difficulty walking, while the severity of these 
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symptoms depend on the intensity of the stroke. Stroke is the second leading cause of death and 

third leading cause of disability globally [9], [40]; more specifically, of the 15 million people a 

year who experience a stroke, 5 million die and 5 million are permanently disabled [41]. Between 

2017 to 2018 about 878,500 Canadians above the age of 20 had experienced a stroke, an increase 

of 16% over the last 5 years [10]. Unfortunately, the limited treatment options have left many 

stroke patients with disabilities for the rest of their lives [11]–[13].  

2.3 Stroke Treatment Strategies 
Post stroke therapies revolve around promoting circulation, returning blood flow of blocked 

vessels, and preventing death of ischemic cells. Administering intravenous thrombolysis 4.5 hours 

post stroke has shown to improve patient outcome but a limited number of patients re-establish 

flow in large vessels [42].  

Current studies concentrate on inducing endogenous neurogenesis. After a stroke, neuronal 

progenitor stem cells (NPSCs) propagate in the subventricular zone and only a few migrate to the 

site of injury [43], [44], [45], [46]. Only 0.2% of NSPCs differentiate into mature neurons due to 

the lack of ECM and presence of cytotoxic factors, illustrating the self-regenerative deficiency of 

the CNS [47]–[50].  

One of the earliest treatments researched for post stroke recovery is the exogenous administration 

of purified growth factors. For instance, basic fibroblast growth factor (bFGF) has shown to 

improve axonal growth near the focal infarct and can stimulate endogenous proliferation, 

migration to subventricular zone, and differentiation of NPSCs post administration [51]. Another 

growth factor of interest has been osteogenic protein – 1 (OP-1), as it can promote dendric 

outgrowth of neurons. Kawamata et al. had administered OP-1, via intracisternal, to MCAO 

stroked rats one and four days after stroke and observed strengthened sensorimotor recovery [52]. 

One of the more popular growth factors studied for stroke recovery is vascular endothelial growth 
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factor (VEGF) as it is shown to promote angiogenesis and has neuroprotective capabilities. 

Hayashi et al. had topically applied VEGF to MCAO stroked rats and observed smaller infarct 

volume, reduced BBB breakdown, and lower edema [53]. When Sun and colleagues had given 

MCAO stroked rats VEGF 3 days post induction, it reduced infarct volume, enhanced neurological 

recovery and survival of NPSCs in the subventricular zone [54]. An additional growth factor 

studied for stroke recovery is Erythropoietin (EPO), which has shown to promote sensorimotor 

recovery, increase the formation of microvessels around the infarct, and enhanced proliferation 

and differentiation of NPSCs in the subventricular zone [55]. Even though growth factors are able 

to pass the BBB, as it is broken open post stroke, and promote functional recovery, in vivo, a 

complication that arises when trying to translating to a clinical setting is the presence of proteases 

in the blood stream reducing their potential potency [56]. This has led researchers towards a 

cellular based therapy for stroke recovery.   

NSPCs are multipotent primary cells that can differentiate into mature cell lineages, such as 

astrocytes, oligodendrocytes, and neurons both in vivo and in vitro. The use of stem cells, in 

particular mesenchymal stem/stromal cells (MSCs), have shown to promote proliferation and 

migration of NSPCs with in vivo animal stroke models [57]–[64]. The trophic factors released 

from MSCs is the driving force that promotes endogenous neurogenesis. They release soluble 

proteins such as VEGF [65], hepatocyte growth factor (HGF) [66], Wnt-5a/b [65], and platelet 

derived growth factor (PDGF) [67]. The most important factor released from MSCs are 

extracellular vesicles (EVs) as this cargo contains similar soluble proteins and nucleotides that can 

promote functional recovery post stroke. 

2.3.1 Decompressive Craniectomy  
Stroke can cause large swelling due to increased cerebral edema leading to damaging the 

encompassing brain tissue. A surgical procedure is often required as medication cannot supress 
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the increased intracranial pressure. Therefore, a DC is performed to release the stress exerted on 

the brain. The two types of patients that receives a DC procedure are: (1) patients that experienced 

a malignant middle cerebral artery infarction; (2) patients with large cerebral infarction [42]. Of 

the ischemic strokes that occur every year, only 0.3% are qualified for the DC procedure [68].  

DC relieves intracranial pressure by removing a part of the skull and opening the dura [14]–[16]. 

Then to protect the brain from the environment, a duraplasty material is placed over the opening 

[16]. Even with the extreme invasiveness of this procedure, there are studies showing significant 

reduction in patient mortality [16], [69], [70]. However, DC does not improve the already lost 

brain function caused by the initial stroke onset [14], [17]. Furthermore, commercially available 

duraplasties do not provide any therapeutic benefits. Therefore, the overall goal of this project is 

to incorporate MSC-EVs into a biocellulose based durplasty, our research group had previously 

developed, for direct delivery of a therapeutic to the site of injury [18].  

2.4 Mesenchymal Stem/Stromal Cells 
First discovered in 1970, Friedenstein et al. isolated the content from the bone marrow and spleen 

of guinea-pigs and were described as monolayer forming fibroblastoid cells [71]. These cells 

displayed the ability to self-renew, differentiate into osteocytes, and play a vital role in 

hematopoiesis [71]. T.M Dexter et al. had demonstrated that hematopoiesis and maintenance of 

hematopoietic stem cells (HSCs) is greatly influenced by an adherent layer of MSCs [72]. They 

are known for their multilineage differentiation into osteocytes, adipocytes, and chondrocytes, and 

their ability to regenerate in vitro, but have a restricted lifespan [73], [74]. Furthermore, in vitro 

cultured MSCs have shown to promote angiogenesis, prevent apoptosis and inflammation, and 

modulate the immune system via a paracrine and contact-dependent manner [75]. A key ability 

MSCs possess is their immune advantage that prevents allogenic reactions due to their low amount 

of MHC class I and HLA I, and absence of MHC II and HLA-DR [76]. As a result, transplanting 
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MSCs into humans will not cause an allogeneic reaction due to this histo-incompatibility [76]. 

Their therapeutic capabilities can be attributed to their ability to home to locations of injury due to 

chemokine receptors expressed on their membrane and/or their aptitude to release regulatory 

proteins and bioactive factors at the site of injury [76].  

2.5 Paracrine Mode of Action of MSCs 
The theory of MSCs using a paracrine mode of action was first speculated when preclinical studies 

had shown that similar therapeutic effects can be observed between MSC-conditioned media 

(MSC-CCM) and MSCs. This theory was then reinforced by observing an improvement in 

myocardial infarction within mice when MSCs were intravenously administered [77, p. 6], [78]. 

They found that a majority of the transplanted MSCs were trapped in the lungs and concluded that 

the paracrine factors released by the cells had a therapeutic effect on the infarction [77, p. 6], [78]. 

In fact a few studies believe that the MSC regenerative capabilities are driven by trophic factors 

alone rather than a cellular manner [4]. The secretomes released by MSCs include soluble proteins, 

microvesicles, and/or extracellular vesicles (EVs) [4]. These finding have prompted several studies 

to focus on MSC-EVs being a potential therapy over their cellular counterpart. Even though MSCs 

have shown a lot of promise as a potential treatment for several diseases, cell-based therapies have 

problems of their own. Some challenges that occurred while using cells is their tumorigenic 

potential, obstructing microvasculature, and potential of calcification [21]. EVs can avoid tumour 

formation as they do not contain nuclei and due to their small size they cannot occlude 

microvasculature [21]. Additionally, the membrane of MSC-EVs are similar to the cells they 

derive from, thereby inheriting the immune privilege MSCs have [79]. Altogether, developing 

therapies centered around MSC-EVs could lead to cheaper and more effective treatment offers for 

diseases with limited options.  
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2.6 MSC Derived Extracellular Vesicles 
EVs isolated from MSCs have shown to enhance a wide array of therapeutic mechanisms via a 

protein-based mode of action, suggesting that MSC-EVs can substitute their parent cells as a 

potential treatment [21]. MSC-EVs have shown to treat a multitude of diseases associated with the 

kidney, heart, brain, and lungs [80]–[93]. The surface markers and signalling molecules found in 

MSC-EVs can also be found on their parent cells hence possibly imitating the therapeutic 

capabilities of MSCs [94]. The different types of cargo detected in MSC-EVs have reported to 

decrease oxidative stress, encourage angiogenesis, and control neurite growth both in vitro and in 

vivo for cardiovascular disease and ischemic stroke [95]. Due to these findings clinical trials to 

develop a MSC-EV based treatment for graft vs host disease (GvHD), chronic kidney disease, type 

I diabetes Mellitus, and ischemic stroke have started [96].  

2.7 Extracellular Vesicles – Overview  
It was only recently that EVs have been identified as a major player in cell-to-cell communication 

and before that there were thought to be a mechanism for cellular waste disposal [97]. Johnstone 

et al. first discovered EVs while studying the maturation of reticulocytes to erythrocytes [98]. He 

called them “exosomes” because he noticed their production is analogous to reverse endocytosis, 

where internal vesicular components are released rather external components internalized into the 

cell [99]. EVs can be detected in all bodily fluids and released from almost all cell types as they 

maintain tissue homeostasis and play a key role in pathological diseases allowing them to act as 

biomarkers [100]. Due to their ability to mimic the therapeutic capabilities of their parent cells, 

the interest in EVs for medical purposes has grown exponentially [101]. They have the ability to 

be internalized into cells (via endocytosis) or fuse with their membrane to deliver bioactive 

molecules involved in cell-to-cell communication or transfer surface receptors/lipids [102]. In 

addition transferring molecules, EVs can act as a ligand to stimulate signalling pathways [102]. 
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According to the International Society of Extracellular Vesicles (ISEV), EVs can be categorized 

based on their sizes. Small EVs (sEVs) have a diameter less than 200 nm and medium/large EVs 

(m/lEVs) have a diameter greater than 200 nm [103]. However, most cells produce a heterogenous 

population of EVs due to the different biogenesis pathways involved in their production.  

2.8 Biogenesis of Extracellular Vesicles 
Before the ISEV established characteristic parameters for EVs, they were categorized as exosomes 

(30 – 180 nm), microvesicles (100 – 1000 nm), and apoptotic bodies (1 to 5 mm) [19]. Exosomes 

are synthesized by late endosomes, which form by inward budding of the multivesicular body 

(MVB) membrane [19]. Within the MVB the late endosome membrane is turned inside out 

forming exosomes, in which proteins are integrated into the invaginated membrane and the cytosol 

is engulfed by the exosomes containing proteins, lipids, mRNA, and microRNA [19]. The MVB 

then travels to the plasma membrane and once it fuses with the membrane the exosomes are 

released into the extracellular space [19]. On the other hand, the MVB can be sent to lysosomes 

for degradation [19]. Exosomes are a biconcave or cup-like shape when prepared by artificial 

drying, and are spherical in shape when in solution[104], [105]. Studies have reported that a family 

of proteins known as endosomal sorting complex required for transport (ESCRT) work together to 

control MVB formation, vesicle budding, and protein sorting [104], [105]. The ESCRT mechanism 

begins by the ubiquitination of proteins associated with the endosomal membrane via the ubiquitin-

binding subunits found on ESCRT-0 [104], [105]. After initiation, ESCRT-I and ESCRT-II form 

a complex with ESCRT-III that stimulate the budding process [104], [105]. Once the buds are 

cleaved to form exosomes, ESCRT-III dissociates from the MVB as it travels to the plasma 

membrane to release the exosomes via exocytosis or to lysosomes for destruction [104], [105]. 

Figure 1 is a simplified depiction of the production of EVs. 
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Figure 1. Biogenesis of exosomes and microvesicles from production to release. Reprinted from 
Current opinion in cell biology, Vol: 29, Joanna Kowal, Mercedes Tkach, Clotilde Thery, 
Biogenesis and secretion of exosomes, pg. 10, 2014, with permission from Elsevier [106]. 

MVs are heterogenous membrane vesicles synthesized by outward budding of the plasma 

membrane [104], [105]. While apoptotic bodies are formed at the final stages of apoptosis and 

contain organelles, membranes, and cytosol content [104], [105]. Of the three types of EVs, 

exosomes are studied the most as their small size and therapeutic capabilities give them the 

potential to become a treatment for several diseases. 

2.9 Therapeutic Abilities of MSC Extracellular Vesicles 
From multiple preclinical and clinical studies, MSCs have shown to promote endogenous 

neurogenesis, angiogenesis, and immunomodulation post stroke for functional repair. The 

therapeutic mode of action of MSCs was believed to be cellular replacement at the site of injury 

once they are administered in vivo [107]. However, several reports have indicated that a majority 

of the MSCs are trapped in the lungs preventing their travel to the site of injury and replace 

damaged brain cells but post stroke recovery was still observed in vivo [108]. This recovery was 

primarily driven by the release of trophic factors from the exogenous MSCs that enhance 

endogenous recovery mechanisms [109]. Of the factors released from MSCs, EVs are being 
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researched the most due to having similar therapeutic capabilities as their parent cells as their cargo 

containing proteins, lipids, microRNA, mRNA, and non-coding RNA. 

2.9.1 Neuroprotective Capabilities of MSC-EVs 
Neurogenesis is a biological process that promotes the formation of neurons. The subventricular 

zone (SVZ) and subgranular zone (SGZ) of the brain is where neurogenesis occurs [110, p. 3], 

[111]–[113]. Stem cell therapy improves functionalities post stoke by forming new NSPCs that 

migrate to the site of injury and differentiate. As mentioned beforehand, several in vivo studies 

have reported that transplanted stem cells promote proliferation and migration of NSPCs via 

trophic factors due to being trapped in the lungs instead of cellular replacement [108]. For instance, 

a study involving hypoxia conditioned human bone marrow derived MSCs (hBM-MSCs), MSCs 

cultured in 0.5% O2, has shown to increase the expression of proteins involved in stroke recovery 

such as, brain-derived neurotrophic factor (BDNF), vascular endothelial growth factor (VEGF), 

erythropoietin (EPO), stromal derived factor-1 (SDF-1) [57], [114]. In addition to soluble factors, 

recent reports have indicated that EVs released from transplanted MSCs play a vital role in 

promoting endogenous neurogenesis for post stroke recovery. For example, Doeppner et al. had 

treated MCAO stroked mice with MSCs or MSC-EVs, and observed a significant increase in 

neural density at the ischemic region for both treatments but did not report a significant difference 

between the two treatments [58]. Another study comparing the treatment of stroked rats with MSCs 

and their MSC-EV showed that both treatments had a similar increase in the number of immature 

progenitor neurons in the ipsilateral and contralateral hemisphere [59]. These comparison studies 

have led to solely using MSC-EVs as a potential cell-free based therapy. 

One of the mechanisms used by MSC-EVs are proteins that promote endogenous neurogenesis 

such as, BDNF, VEGF, and platelet derived growth factors (PDGF). Chen et al. had treated MSCs 

with prostaglandin E2 receptor 4 (EP4) resulting in high levels of both VEGF and BDNF in MSC-



 14 

EV cargo [60]. While Yuan et al. had shown that hBM-MSC-EVs are abundant in fibronectin, 

which is known to regulate substances that enter the brain, control receptor activation, and exert 

neuroprotective roles [61]. In addition to proteins, numerous reports have found the MSC-EVs can 

transfer miRNA into brain cells to enhance stroke recovery. Administering MSC-EVs to mice 

subjected to photothrombosis resulted in cortical neural progenitors migrating to the site of injury 

and gaining neuronal identity due to the transfer of miR-124 [62]. Another instance of miRNA 

transfer is when a study reported that MCAO stroke induced rats treated with BM-MSCs had 

increased levels of Ki-67 and DCX, markers involved in cellular proliferation and neuronal 

migration respectively, due to transfer of miR-184 [59]. Xin et al. had treated stroked rats with 

MSC-EVs leading to the transfer of miR-133b to astrocytes and neurons resulting in elevated 

neurite branch length and number [63]. In another study performed by Xin et al. they observed the 

transfer of miR cluster 17-92 from MSC-EVs to brain cells of stroked rats leading to the inhibition 

of phosphatase and tensin to activate the rapamycin/glycogen synthase kinase 3𝛽  signalling 

pathway resulting in enhanced neural plasticity [64]. With NSPCs proliferating, migrating, and 

differentiating into mature neurons, they need a source of nutrients and oxygen from blood vessels. 

However, a stroke causes all surrounding blood vessels to be damaged requiring a new network of 

vessels to be formed via angiogenesis.  

2.9.2 Angiogenic Potential of MSC-EVs 
For successful stroke recovery both angiogenesis and neurogenesis need to be activated to ensure 

proper brain remodeling. Both mechanisms work together by supplying nutrients and oxygen to 

the cerebral injury leading to the migration of neuroblasts that will differentiate into adult brain 

cells [115], [116]. As these neuroblasts migrate, they will release trophic factors that will induce 

the branching of blood vessels from pre-existing ones [115], [116]. In a similar fashion to 

neurogenesis, trophic factors released by stem cells are a major part of the mechanism utilized by 
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MSCs, which are delivered by EVs. Another study performed by Doeppner et al. has shown that 

treating stroked rats with either MSCs or MSC-EVs increased the number of endothelial cells in 

the ischemic striatum to a similar extent [58]. Studies had identified angiogenic proteins such as, 

VEGF, hepatocyte growth factor (HGF), PDGF, and Ang-1 loaded in MSC-EVs, which has shown 

to increase the number of endothelial cells in the ischemic boundary zone of stroked rats [59], 

[117], [118]. H. Gonzalez-King et al. had identified the transmembrane protein, jagged1, in human 

MSC-EVs leading to the activation of the notch signalling pathway in endothelial cells resulting 

in their growth and proliferation in vitro [119]. In addition to angiogenic proteins, MSC-EVs 

contain miRNA that influence angiogenesis such as, miR-181b which has shown to promote 

migration and proliferation of brain microvascular endothelial cells in vitro [120]. Zhang et al. had 

loaded miR-210 into MSC-EVs to transfer into brain cells, which have shown to reduce caspase 

activity to impede apoptosis all while upregulating the expression of VEGF [121]. D.R Cooper et 

al. isolated EVs from adipose derived MSCs (AD-MSCs) and performed a scratch assay with 

human dermal fibroblasts (HDF) showing that AD-MSC-EVs promote cell migration and 

angiogenesis for ischemic wound healing due to the long noncoding RNA (lncRNA) MALAT 

[122]. While M.Ging et al., had demonstrated that MSC-EVs can transfer the pro-angiogenic 

microRNA, miR-30b to human umbilical vein endothelial cells (HUVECs) leading to an increase 

in tube-like structure formation in vitro [123]. Another study had shown that AD-MSC-EVs can 

transfer miR-125a to endothelial cells leading to the repression of angiogenic inhibitor delta-like 

4 (DLL4) and an increase in endothelial cell proliferation [124]. Even with endogenous 

neurogenesis and angiogenesis mechanisms active to repair the damage caused by stroke, the 

immune system induces continuous damage due to its inflammatory response that needs to be 

controlled. 
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2.9.3 MSC-EVs and Immunomodulation 
Prolonged post stroke damage is well documented due to the immune system activating 

inflammatory mechanisms that damage intact brain cells [125]–[127]. The inflammatory response 

post stroke can be categorized as followed, activation of microglial cells, destruction of the blood 

brain barrier (BBB), intrusion of external immune cells and their release of inflammatory cytokines 

[125]–[127]. MSC-EVs treatment post stroke involves regulating their inflammatory responses.  

The most common macrophage located in the brain are microglial cells that activate rapidly post 

stroke [128], [129]. Microglial can take two forms: In the M1 configuration microglial cells 

destroy foreign entities and release cytokines. While in the M2 form, microglial will promote 

wound healing and tissue repair [128]. Regrettably, after a stroke M1 microglial is activated as the 

immune system believes that the dead cells and its content are foreign. Brain damage is further 

intensified, as the M1 microglial release pro inflammatory cytokines like interleukin-1 𝛽 , 

interleukin-6, tumour necrosis factor 𝛼  (TNF- 𝛼), and interferon-𝛾  (IFN-𝛾) [127], [130]. One 

method that has shown to shift the polarization of microglial from M1 to M2 is treating stroked 

rats with adipose derived MSC-EVs (AD-MSC-EVs) due to their cargo containing miR-30d-5p 

[131]. Another instance of microglial shifting towards the M2 phenotype was a report that 

intravenously administered a stroked rhesus monkey with MSC-EVs resulting in reduced 

neuroinflammation [132].  

In addition to M1 microglial activation, stroke causes serious damage to the BBB leading to an 

imbalance in homeostasis of the cerebral microenvironment. Once the BBB is destroyed, 

circulating cytokines and inflammatory cells can now enter the brain to cause further damage 

[133], [134]. The damage done to the BBB is brought by metalloproteins (MPPs) that breakdown 

tight junction proteins, which are crucial for barrier formation and maintaining BBB integrity 

[127], [135]. To attenuate BBB damage, one study has shown that transplanted MSCs can release 
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soluble factors such as, TSG-6, that block the NF-𝜅B signalling pathway reducing the activity of 

MMPs [136], [137]. Kalani et al. had shown that treating stroked rats with stem cell EVs lead to 

an increase in expression of tight junction proteins, claudin-5 and occludin [138].  

With the BBB unable to stop circulating compounds from entering the brain, peripheral immune 

cells can invade the brain causing secondary injury to the brain [135], [139], [140]. First, 

neutrophils infiltrate the brain causing post stroke damage by releasing MMPs and nitric oxide 

synthase (iNOS) [141]. In the later stages of stroke lymphocytes enter the brain parenchyma and 

release pro-inflammatory cytokines such as, (IFN-𝛾) and interleukin-17 [142]–[144]. To attenuate 

infiltrating immune cells, Webb et al. had treated a stroke pig model with stem cell EVs resulting 

in an increase of regulatory T cells in the brain, which are cells that supress pro-inflammatory 

responses [145]. While Dabrowska et al. had intravenously administered a stroked rats with MSC-

EVs resulting in a decrease of immune cells such as, CD45+ leukocytes and CD8+ T cells [146]. 

Even though MSC-EVs provide multiple therapeutic benefits for a potential stroke treatment, there 

are still limitations on using MSC-EVs.  

2.10 Storage Methods for Extracellular Vesicles 
Even though MSC-EV are a promising tool for cell-free based stroke therapy, many complications 

arise when trying to transition the therapy to a clinical setting. In particular, the preservation of 

EVs to maintain their biological activity and to ensure enough are available to treat an individual 

patient. Therefore, different storage methods have been investigated for long term storage of EVs, 

which include cryopreservation and lyophilization. 

2.11 Cryopreservation of Extracellular Vesicles 
Storing biological samples at temperatures low enough, such as 4oC, -80oC, and -196oC, to reduce 

biochemical reactions and to retain functional stability is known as cryopreservation. However, 

storing EVs with this method have shown to denature proteins, reduce protein content, reduce 
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particle concentration, and reduce biological activity. For example, storing EVs at 4oC for 48 hours 

in polypropylene tubes resulted in an EV particle loss of 51 ± 3% primarily due to adsorption of 

vesicles onto the tube walls [25]. Using low protein binding tubes can reduce particle loss ton  33% 

but this is still substantial [25]. Therefore, freezing EV samples has been investigated, which has 

its own problems including protein denaturing, drastic change in solute concentrations, and 

damages caused by ice formation all leading to reduced protein content and EV count [147]. 

2.11.1 Cold Denaturing  
The unfolding of proteins is directly related to Gibbs free energy and the thermodynamically 

stability of the protein [148]. The Gibbs free energy (∆𝐺!") can then be quantified by the following 

equation [148]. 

∆𝐺!" = ∆𝐻!" *1 −
𝑇
𝑇$
. + ∆𝐶# 0(𝑇 − 𝑇$) − 𝑇𝑙𝑛 *

𝑇
𝑇$
.5 (1) 

Where 𝑇$ is the midpoint of the unfolding transition, ∆𝐻!" the change in enthalpy between the 

folded and denatured protein, and ∆𝐶#  is the change in heat capacity between the folded and 

denatured protein. It is well known that increasing the temperature denatures proteins, represented 

by a negative ∆𝐺!"  [148], [149]. Another instance of negative ∆𝐺!"  is when the change in heat 

capacity of denatured proteins is a large positive number, which occurs when the temperature drops 

below 0oC. In terms of determining the mechanism for cold denaturing, it is believed that at cold 

temperatures the hydrophobic residue groups become soluble in the aqueous solution [148]–[150]. 

To counter act cold denaturing a cryoprotectant is usually added and results suggest a reduction in 

the rate of protein denaturing due to decreasing protein mobility and the hydrogen bonds it forms 

with the proteins. 
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2.11.2 Freeze – Concentration 
When a sample is being cooled the entire solution is not frozen instantly causing the formation of 

an ice-water interface. Since the freezing of all the water in a solution is not instant the 

concentration of solutes in the liquid fraction of the solution start to increase. Then as ice 

crystallization continues the concentration and viscosity of the liquid fraction continues to 

increase, which has been shown to increase the rate of biomolecular degradation, cause drastic 

changes in pH, and promote liquid-liquid phase separation [147]. 

2.11.2.1 Protein Degradation and Membrane rupturing due to an Increased Solute 

Concentration 

While a biological sample is being frozen the unfrozen fraction can experience severe changes in 

solution concentration and viscosity that can reach up to seven orders in magnitude greater than 

the starting solution [151]. Samples containing proteins or liposomes would encounter a 

tremendous increase in concentration and viscosity leading to an increase in bimolecular 

degradation reactions [151]. It was assumed that the decrease in temperature would oppose this 

reaction but the combination of both high concentration and viscosity pushes the degradation 

forward [151]. Generally, there is expected to be partial coupling of degradation rate to viscosity 

and therefore reaction rates should be increased between 1 and 2 orders of magnitude [151]. 

Multiple publications have recorded evidence of ionic and enzyme-catalyzed reactions during 

freezing [152]–[157].  

Furthermore, the increase in solute concentration creates an osmotic gradient across the lipid 

membrane causing osmotic shock. This gradient can either shrink or swell liposomes and EVs 

causing their membrane to rupture and leak. Along with degrading proteins and osmotic shock, 

the drastic change in solute concentration will cause a shift in pH [152]–[157]. 
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2.11.2.2 Change in pH due to Crystallization of Solutes 

Phosphate buffer systems have been shown to experience significant changes in pH (3 to 4 pH 

units) as the concentration of solutes, such as sodium and potassium, start to increase when 

phosphate buffer saline (PBS) begin to form ice crystals [158]–[161]. The change in pH is 

dependent on the type of salt present, the initial solute concentrations, and freezing protocol (ice 

seeding or no seeding). In the case of sodium PBS systems, the Na2HPO4 is less soluble than 

NaH2PO4, resulting in its precipitation when freezing leading to a decrease in pH of approximately 

3 pH units [161]. As for potassium PBS systems, KH2PO4 precipitates out of solution instead of 

the dibasic salt, K2HPO4, leading to a more alkaline solution [161]. The presence of other solutes, 

like NaCl, increase the ionic product of the of the precipitated dibasic salt intensifying the pH shift. 

Proteins stored in an acidic or alkaline solution can disrupt hydrogen bonding throughout the 

protein structure leading to unfolding and reducing biological activity. As for EVs, Cheng et al. 

has reported that storing EVs isolated from HEK 293T cells in either an acidic (pH 4) or basic (pH 

10) solution lead to a significant decrease in particle concentration when compared to samples 

stored in a neutral solution (pH 7) [162]. In order to mitigate solute crystallization, a stabilizer is 

introduced to keep the pH neutral while freezing [158], [163], [164].  

2.11.2.3 Liquid-liquid phase separation 

As the temperature decreases, the increase of solute concentration can lead to liquid-liquid phase 

separation (LLPS) in the liquid fraction [165]. LLPS is a phenomenon where a liquid solution 

separates into two liquid phases where each phase has different solute concentrations [165]. This 

occurrence has been reported in protein: protein, protein: electrolyte, and protein: sugar mixtures 

[166]–[168]. The phenomenon of LLPS can lead to some EVs not being protected by any stabilizer 

in one of the phases, different solute concentrations in different phases can lead to a different pH 
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in each phase, and if one phase has a higher EV concentration then aggregation can occur [169]. 

To mitigate these problems reports have suggested to introduce a cryoprotectant that will increase 

the Tg of the solution or to control process variables such as the cooling rate [169].  

2.11.3 Ice-Water Interface 
Ice formation is the primary reason why biological samples experience the stress mentioned above 

and is heavily related to freezing rates. Since the entire solution does not freeze instantly, an ice-

water interface forms leading to proteins and liposomes being adsorbed at the interface resulting 

in their deformation[170], [171]. Rapid freezing has shown to generate a large ice-water interface 

while the opposite was observed for slow freezing solution [147]. One report demonstrated that 

rapid quenching resulted in all 6 of their model proteins denaturing after one freeze-thaw cycle 

[26]. Whereas comparable levels of denaturing were observed for samples frozen at a slower rate 

after 11 cycles, indicating surface triggered denaturing [26]. As for liposomes, the same adsorption 

phenomenon is observed leading to ruptured/leaky membranes after one freeze-thaw cycle [171]. 

Similar to the other stresses that occur during freezing, the addition of a stabilizer can quell these 

problems because instead of ice forming, a “glassy” structure forms when frozen mediating all the 

problems that ice formation causes.  

In addition to the issues listed above when freezing biological samples, including MSC-EVs, their 

their long-term storage and transport can become a problem. For long-term storage, biological 

samples will have to be kept at -80oC or -196oC making it inconvenient and costly to keep a high 

quantity of MSC-EVs available. When transporting EVs the low temperature will have to be 

maintained by using dry ice/ice packs but if the package thaws during transport, it becomes useless. 

Therefore, several studies have been conducted to examine the viability of freeze-drying MSC-

EVs to store them at room temperature. 



 22 

2.12 Freeze-drying Extracellular Vesicles 
Lyophilization is primary used in the pharmaceutical industry to store drugs and vaccines for an 

extended period of time while maintaining their biological activity [172]. Freeze-drying consists 

of four steps freezing, primary drying, secondary drying, and rehydration [172]. Primary drying 

removes all the frozen water while secondary drying removes the “bond” water that interacts with 

biomolecules [172]. Controlling all four steps is vital to ensure the dried product meets the defined 

Quality-by-Design (QbD) mandates. Lyophilization allows for biological samples to be stored at 

room temperature but creates multiple stresses that rupture lipid bilayer membranes and 

denature/degrade proteins at each step of the process. 

2.12.1 Freezing Step 
The strain biological samples experience while being frozen has already been detailed in section 

2.11. Once the sample is frozen, it can enter the freeze dryer and start the drying steps to remove 

water from the sample.  

2.12.2 Primary and Secondary Drying 
During the primary drying phase, the sample is placed in a vacuum at a pressure ranging from 50 

to 200 mTorr for sublimation of approximately 80% of the water [173], [174]. The duration of the 

primary drying phase depends on the structure of the ice crystals that form during freezing and the 

drying conditions [175]. The stability of the freeze-dried product relies on the temperature 

lyophilization is occurs. All biological samples have a glass transition temperature (Tg), and the 

Tg of a sample depends on the Tg of its different components; for pure water the Tg is -137oC 

[176]–[178]. Samples that are lyophilized above their Tg will experience denaturing, aggregation, 

and vesicle fusion, therefore lyophilization should occur below the sample’s Tg. (a more in depth 

look into Tg is in section 2.12.4.1) [177]. After primary drying the water that remains are the 

molecules that interact with the polar groups of the biomolecules known as bond water or residual 
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water. To remove these water molecules the sample will enter the secondary drying phase, where 

a similar vacuum is maintained but the temperature is increased, while kept below Tg, to facilitate 

water desorption [179], [180]. However, a certain amount of residual water, around 1%, must be 

retained as over drying can decrease protein, liposome, and EV stability [181]. If too much water 

remains after lyophilization aggregation, reconstitution issues, and loss of protein activity can 

occur [181]. The loss of protein function might be due to peptide bond hydrolysis that follows 

Figure 2, which will break down the peptide chain [182]. 

 

Figure 2. Hydrolysis of the peptide bond. 

In terms of over drying, the removal of water molecules that interact with proteins and 

phospholipids bilayer can drastically affect their stability [183]. Protein stability and functionality 

is heavily influenced by the hydration shell that covers its surface [183]. The hydration shell’s 

dynamic abilities play a vital role in peptide chain folding, enzyme activity, and protein recognition 

[183]. During secondary drying the hydration shell is removed which may cause the protein to 

denature [183]. Dried proteins are also inclined to transfer protons to the ionized carboxyl group 

causing the removal of any charge resulting in increased hydrophobic interactions leading to 

protein aggregation [183]. Furthermore, some enzymes require water molecules in their active 

sites, such as lysozymes, and after dehydration these enzymes loss their functionality [184]. The 

removal of residual water exposes protein to the environment and in particular molecular oxygen 

and light leading to decreased activity or protein content [185]. In the presence of light and oxygen 

peroxy radicals can form that will transform methionine to methionine sulfoxide and cysteines to 
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different sulfones and acids [185], [186]. While tryptophan groups that are excited by light can 

extract a hydrogen from nearby tyrosine groups and react with the peptide backbone leading to its 

cleavage. Furthermore, the excited tryptophan could also react with oxygen to form kynurenine or 

other hydroxylated derivatives [185], [187]–[189]. 

Over drying the membrane bilayer of liposomes or EVs will also cause drastic changes to 

the structure of the membrane. During the drying process water is removed from the headgroups 

of phospholipid bilayers packing them closer together, which in turn forces the alkyl chains closer 

to one another leading to increased Van der Waals interactions [190]. This causes the thin fluid 

layered membrane to transition to a “solid” state known as the gel phase, where the chains are rigid 

and fully stretched [191]. While in the gel phase the membrane can further transform into a 

hexagonal or cubic phase depending on the composition of the membrane, as seen in Figure 3 

[192]. No matter which phase the membrane transitions to the same result occurs when rehydrated, 

a ruptured membrane. 

 

Figure 3. Different lyotropic mesophases of a phospholipid bilayer membrane. Adapted from an 
image by Chemical Society Reviews [193]. 

The removal of water also makes the oxidation of unsaturated phosphides possible. Oxidation is 

initiated by reactive oxygen and continues via the lipid peroxidation chain reaction seen in Figure 

4, leading to a leaky or ruptured membrane [194].  
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Figure 4. Lipid peroxidation chain reaction. 

To decrease the stress caused during drying a cryoprotectant can be added that will replace water 

and interact with the polar groups of proteins and phospholipids. After secondary drying, the 

biological sample can be stored at room temperature for a long period of time and once needed the 

dried sample can be reconstituted with the appropriate solvent.  

2.12.3 Rehydration 
Reconstitution of the dried product is rarely discussed but is very significant for confirming 

stability and functionality of said product. The cake that forms could be visually great, but this 

does not indicate that the product is perfectly preserved once rehydrated. If the solvent used 

contains any components that were not in the original sample or if a different amount is used for 

reconstitution, osmotic shock could occur. Once rehydrated, the functionality of the product must 

be re-established to ensure clinical use is still viable and is stable long enough for administration 

[195]. To help stabilize biological samples throughout all steps of lyophilization the addition of a 

cryoprotectant will protect the sample.  

2.12.4 Addition of Cryoprotectant can Stabilize Extracellular Vesicles and its 
content during Lyophilization 

Sucrose, lactose and especially trehalose are very popular disaccharides that are used as 

cryoprotects or dehydration stabilizers for freeze drying. Their abilities were first identified in 
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several plants and animals that can survive while extremely dehydrated, where the common factor 

amongst these organisms is the high levels of disaccharides, in particular sucrose and trehalose 

[196]–[200]. As a result, multiple studies have been performed to identify any practical application 

leading to their use as an excipient in the pharmaceutical industry, a key ingredient for dried and 

processed foods, and used in vaccines and organ transplants as a non-toxic cryoprotectant [28].  

It was initially believed that the sole mechanism disaccharides utilize for preservation of proteins 

and membranes is the formation of “glass”, due to it lowering protein mobility and degradation 

[201], [202]. However, Crowe et al. had shown that freeze-drying liposomes in the presence of 

dextran and hydroxyethyl starch, good glass formers, did not preserve the liposomes once 

rehydrated [203]. The researchers suggested that in addition to forming glass, the incorporated 

disaccharide must form interactions with polar groups located on the protein or membrane. 

Therefore, to protect biological samples the cryoprotectant added should cause glass formation at 

higher temperatures during freezing and interact with the sample as water is removed during 

drying. 

2.12.4.1 Glass Transition Temperature 

The glass transition temperature (Tg) is a temperature range in which freezing an aqueous solution 

will ingrain biological components in a noncrystalline solid matrix delaying reactions involving 

degradation [204]. In terms of food preservation there is an established correlation with Tg, where 

food stored below Tg are more stable and above this temperature result in permanent changes 

[204]. Below Tg the molecular interactions, cooperativity, and mobility of biological samples are 

heavily restricted as the material is in paralyzed state [204]. The analogy is that the biological 

sample is embedded in glass. A biological sample’s Tg is heavily influenced by its free water 



 27 

content, where increasing free water decreases the sample’s Tg and can be defined by the Gordon-

Taylor equation for binary solutions [205, p. 3]. 

𝑇% =
𝑤&𝑇%& + 𝑘𝑤'𝑇%'

𝑤& + 𝑘𝑤'
(2) 

Where 𝑤& and 𝑤' are the mass fraction of water and sugar respectively, 𝑇%& and 𝑇%' are the glass 

transition temperatures of pure water and sugar respectively, and 𝑘 is the Gordon-Taylor constant 

which changes depending on the system.  

Trehalose in particular is the best sugar for preservation of biological systems due to its high Tg, 

ranging from 79oC to 120oC [206]. As mentioned beforehand, water has a Tg of -137oC meaning 

a crystalline structure will only form below this temperature. By adding trehalose, the Tg of the 

mixture will increase greatly depending on the amount of trehalose added and the other 

components in the system [206]. Furthermore, trehalose also has the ability to form a dihydrate. 

Crowe et al. had shown that freezing liposomes in the presence of trehalose is better than sucrose 

because water molecules in the sample also become chemically bond to the dehydrate, thus 

preventing Tg from lowering [207]. Since sucrose does not contain a dihydrate water was allowed 

to remain free resulting in a lower Tg [207].  

If choosing a cryoprotectant were only based on having a high Tg then dextran would be 

the better choose over trehalose. Dextran is a polymer of glucose that has a Tg ranging from 120oC 

to 180oC depending on its molecular weight [208]. However, trehalose was shown to be more 

effective because of the molecular interactions it forms with the biological system suggesting that 

Tg is not the only factor involved in preservation.  

2.12.4.2 Molecular Interactions between Disaccharides and Biomolecules 

It is believed that during the drying phase of lyophilization, disaccharides will form hydrogen 

bonds with the polar groups as water is removed resulting in preserving the structural integrity of 
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the biological sample [209]. The hydration shell surrounding proteins can be replaced by forming 

hydrogen bonds with disaccharides preventing any denaturing [209]. Any degradation reactions, 

i.e. hydrolysis or oxidation, are reduced as the groups involved are interacting with the 

disaccharide instead [209]. As for membranes, replacing water at the membrane-fluid interface 

will prevent the membrane from transitioning from the lamellar phase to the gel phase [209]. This 

theory was first introduced by Crowe et al. as water replacement theory and a depiction of how 

trehalose interacts with the membrane is seen in Figure 5 [209].  

 

Figure 5. Depiction on how a phospholipid membrane is affected during freeze-drying. (A) the 
hydrated plasma membrane, (B) dehydrated membrane with or without trehalose, and (C) 
rehydrated membrane. Reprinted from Colloids and Surfaces B: Biointerfaces , Vol: 40, Alex 
Patist, Hans Zeorb, Preservation of Trehalose in food and biosystems, pg. 7, 2005, with 
permission from Elsevier [210].  

Other disaccharides, such as maltose and sucrose, can also form hydrogen bonds but only provides 

partial stabilization when compared to trehalose and would require more to have an equivalent 

effect [211]. The interesting fact is that maltose, sucrose, and trehalose are chemical isomers, same 

chemical formula (C12H22O11), but trehalose is the better cryoprotectant [212]. This is due to its 

chemical structure; trehalose is a more flexible molecule when compared to its monomer 

counterparts allowing it to conform around irregular shaped biomolecules to provide better 

interaction with its polar groups [211].  
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The combination of increasing the glass transition temperature of the solution and incorporating 

itself into the biological sample give trehalose its attractive cryoprotectant capabilities.  

2.12.4.3 Trehalose as a Cryoprotectant for Extracellular Vesicles 

Trehalose is a nonreducing and non-diffusing sugar made from two glucose molecules that are 

bonded together by a 1,1-glycosidic linkage [213]. This naturally occurring sugar is found in 

plants, spores, fungi, vegetative cells, bacteria cells, and insects [213]. The presence of trehalose 

allows these organisms to survive in extreme cold or complete dehydration, which prompted their 

use as a cryoprotectant for proteins and cells [213], [214], [215].  

One of the first instances of lyophilizing MSC-EVs with trehalose was performed by Frank et al. 

They first loaded the MSC-EVs with glucuronidase and freeze-dried them with 0.5% to 4% (w/v) 

trehalose [27]. It was observed that after lyophilization that some level of aggregation still occurred 

and that glucuronidase activity increased as the amount of trehalose in the freeze-dried sample 

increased [27]. While Charoenviriyakul et al. had lyophilized B16BL6 derived EVs with 50 mM 

of trehalose while frozen with liquid nitrogen and noticed the absence of trehalose resulted in EV 

aggregation, while the addition of trehalose negated the aggregation [216]. They also loaded their 

EVs with glucuronidase and found that its activity was retained post lyophilization; they even 

administered their loaded rehydrated EVs into mice and found little change in its pharmacokinetics 

when compared to administering fresh EVs [216]. Baradie et al. had reported that lyophilized EVs 

isolated from adipose-derived stem cells inhibited hypoxia-induced muscle cell injury [29]. This 

group had lyophilized their EVs with a combination of trehalose and polyvinylpyrrolidone 40 

(PVP 40) and found that without these cryoprotectants there was a significant drop in particle count 

[29]. To assess if bioactivity is retained, they treated hypoxia cultured human myoblasts with 50 
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µg/mL of rehydrated EVs and observed that EVs freeze dried in the presence of their 

cryoprotectant formula were able to reverse the muscle cell injury induced by hypoxia [29].  

Trehalose has been shown to be a very capable cryoprotectant in preserving the structure and 

therapeutic functionality of biomolecules. However, trehalose has also been shown to have its own 

therapeutic abilities for treatment with neurodegenerative diseases.  

2.12.4.4 Neuroprotective Capabilities of Trehalose 

In addition to cryopreservation studies, trehalose has been used in animal studies for 

neurodegenerative diseases, such as Parkinson (PD) and Huntington diseases (HD) [217]. The 

mechanism utilized by trehalose is theorized to be the activation of autophagy in vivo [217]. 

Autophagy is a biological pathway that removes damaged cellular elements via lysosomes [218]. 

This includes damaged organelles, misfolded and aggregated proteins. A study that orally 

administered trehalose to PD mouse model led to a decrease in autophagic substrate, 

p62/SQSTM1, resulting in the removal of toxic proteins and inhibition of cell death [219]. In 

another study involving PD mice they reported that trehalose prevented the reduction of dopamine 

in the striatum and inhibited gliosis, a process that leads to scaring in the CNS as a response to 

CNS damage [220]. From a study orally treating HD mouse models with trehalose they observed 

an improvement in motor function and a prolonged lifespan when compared to control mice [221].  

3 Materials and Methods 
3.1 Sample Preparation 

MSC-EVs were generously provided by Health Canada’s stem cell – based therapeutics laboratory 

regulatory research division. Once received, the MSC-EV sample is separated into 5 aliquots and 

an equal volume of a stock trehalose dihydrate (VWR Cat#K480-25G) solution is added so that 

the trehalose concentration for the aliquots are either 0, 50, 100, or 200 mM and incubated for 1 

hour at 4oC for integration into the membrane. The aliquots are then frozen at -80oC overnight and 
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lyophilized using the Labconco FreeZone 6plus (Cat# 7934024) for 48 hours. After two weeks of 

storage at room temperature the dried aliquots are rehydrated with an equal amount of distillated 

water that was filtered with a 50 nm hydrophilic membrane (Whatman Cat# 110603) and analyzed.  

 

Once the optimum trehalose concentration was determined from the above experiments, the 

optimum freezing conditions was tested. The MSC-EV sample was aliquoted as before but this 

time equal volumes of the trehalose bulk solution was added to achieve the optimum trehalose 

concentration. This time the aliquots were frozen at one of the following conditions -1oC/min via 

Mr. Frosty (Nalgene Cat# 5100-0001), -20oC, -180oC, and -196oC (liquid nitrogen). There samples 

were then dried, stored at room temperature, rehydrated after two weeks, and analyzed the same 

as before.  

3.2 Determining the Total MSC-EV Protein Concentration  
Lysate preparation follows an already established protocol with slight modifications [222]. Briefly, 

500 µL of the MSC-EV sample, fresh or rehydrated, was mixed with an equal volume of RIPA 

lysis buffer (Thermo Scientific Cat#89900), instead of resuspending an EV pellet, and set to 

incubate at 4oC for 30 minutes. The sample was then sonicated (Qsonica model# Q700) at an 

amplitude of 20% for 10 seconds 3 times with 30 second rest periods on ice in between pulses. 

The sample was then centrifuged at 2000 xg for 5 minutes. The protein content of MSC-EVs was 

then determined by using a micro–BCA Protein Assay Kit (Thermo Scientific Cat#23235) 

according to the manufacturer’s instructions and using BSA as the standard.  

3.3 NTA analysis of fresh and rehydrated MSC-EVs using NanoSight NS300 
MSC-EVs were analyzed by NTA using the NanoSight NS300 (Malvern Panalytical). Following 

EV purification from EV-rich cell conditioned media (CCM), the EV pellet was resuspended in 

filtered D-PBS-/- (ThermoFisher Cat#10010-023) and sterilized via 0.2 um acrodisc syringe filter 
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(Sigma Aldrich Cat#PN4612). Then 150 microliters of the EV-rich sample was diluted by 10x in 

filtered D-PBS-/- to obtain a final volume of 1.5 mL. Each sample was vortexed prior to filling the 

syringe and a syringe pump was used for acquisition in flow mode. Each run used the following 

script: six captures of 1 minute at speed 10 under flow mode. The capture settings had a camera 

level and detection threshold of 12. In between each ample, 3 mL of filtered water and ethanol was 

used to wash the system. The raw data was analyzed using the NTA 3.0 software where analysis 

of 5 out of the 6 captures was performed to obtain the estimated total EV concentration, size, and 

distribution. The MSC-EV particle concentration and the concentration at every size distribution 

was multiplied by the appropriate dilution factor to obtain the accurate MSC-EV concentration. 

Once the dried MSC-EVs were rehydrated with filtered distilled water, the samples were analyzed 

using the same script, camera level, and detection threshold, but were not diluted. 

3.4 Transmission Electron Microscopy (TEM) of MSC-EVs 
Sample preparation for TEM analysis followed an already published protocol [222]. Briefly,  300 

µL of fresh or rehydrated MSC-EVs suspension was filtered with vivaspin filters (VWR Cat# 

CA76409-010) after being rinsed with 200 µL of filtered PBS centrifuged at 2000xg for 3 minutes. 

The concentrated MSC-EVs was diluted with 4% paraformaldehyde (PFA, ThermoFisher 

Scientific Cat# J61899.AK) to a volume of 300 µL. Then, 50 µL of MSC-EV fixed with PFA was 

placed on parafilm and carbon coated electron microscopy grids (Electron Microscopy Sciences 

Cat# CF300-CU), which were glow discharged (Quorum, GloCube plus), were inverted onto the 

droplet and allow to incubate for 5 minutes. Grids were then blotted with filter paper and left to 

dry for 1 hour at room temperature before imaging. The imaging was done using a JEOL JEM-

1400 series operating at 120 kV. 
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3.5 Tube Formation Assay 
To observe whether the rehydrated MSC-EVs retain their angiogenic capabilities a tube formation 

assay was performed following a predetermined protocol with slight modifications [223]. Human 

umbilical vein endothelial cells (HUVECs) were first cultured in T-75 flasks (Sigma Aldrich Cat# 

83.3911) with F-12K media (ATCC 30-2004) supplemented with 10% FBS (ATCC Cat# 30-

2020), 30 µg/mL of CorningTM Endothelial Cell Growth Supplement (Fisher Scientific Cat# CB-

40006), and 0.1 mg/mL of Heparin (Sigma Aldrich Cat#H3393). Once the confluence of the flasks 

reaches 70% to 80% the HUVECs were passaged with trypsin – EDTA (ThermoFisher 

Cat#25300062). HUVECs of passages ranging from 3 to 5 (ATCC Cat# CRL-1730) were seeded 

at a density of 15,000 cells/well in a 96-well plate (Costar Cat#3628) that were coated with 50 µL 

of growth-factor reduced, without phenol red ECM Gel (Sigma-Aldrich Cat# E6909-5ML). 

HUVECS were treated with rehydrated MSC-EVs that were lyophilized in the presence of 100 

mM of trehalose at a total protein concentration of either 50, 100 or 200 µg/mL as these 

concentrations have shown to promote tube formation [118], with 100 µg/mL of rehydrated MSC-

EVs that were lyophilized without trehalose, with F-12K medium (ATCC 30-2004) as control, and 

with 100 mM of trehalose in PBS as a negative control. Cells were incubated at 37oC and 5% CO2 

for 10 hours. Images were taken using Axio Observer Z1 (Zeiss) and processed using the Zen 3.2 

software. The tube characteristics were analyzed using ImageJ to determine the number of 

branches and their length. 

3.6 Primary Neural Stem/Progenitor Cell (NSPC) co-culture with rehydrated MSC-
EVs 

To analyze whether the rehydrated MSC-EVs retain their therapeutic abilities, they were used to 

treat primary NSPCs to stimulate proliferation as previously described [18]. 6- to 12-week-old 

adult mice (Strain B6/129S) were sacrificed using CO2 and cervical dislocation and NSPCs were 
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harvested from the SVZ of the mice brain. The cells were then seeded into a 6-well plate at a 

concentration of 20,000 cells/mL and incubated at 37oC, 5% CO2, 21% O2. The NSPCs were 

cultured in serum free media (SFM) consisting of low glucose DMEM/F-12 at a 1 to 1 ratio 

(ThermoFisher, Cat# 11320033), 30% glucose (ThermoFisher, Cat# 15023021), 7.5% NaHCO3 

(ThermoFisher, Cat#25080094), 1 M HEPES (ThermoFisher, Cat# 15630080) and supplemented 

with 2mM L-glutamine (Lonza, Cat# 17-605E), 100 µg/mL penicillin-streptomycin (Lonza, Cat# 

17-602E), 2 µg/mL Heparin and 1X B27 (ThermoFisher Scientific Cat# 0080085SA). NSPCs in 

SFM were then treated with rehydrated MSC-EVs that were lyophilized in the presence of 100 

mM of trehalose at a total protein concentration of either 50, 100 or 200 µg/mL, with 100 µg/mL 

of rehydrated MSC-EVs that were lyophilized without trehalose, with 100 mM of trehalose in PBS 

as a negative control, and with 20 ng/mL of FGF2 (peprotech Cat# 100-18B) and EGF (VWR Cat# 

CACB354052) as a positive control. Neurospheres were then imaged using Zeiss Axiovert 200M 

inverted microscope and their diameter and quantity were analyzed using ImageJ.  

To test the multipotency of neurospheres treated with rehydrated MSC-EVs, NSPCs were 

transferred to 4-well Lab-Tek Chamber slides (ThermoFisher Scientific Cat# 177399PK) coated 

with laminin (Fisher scientific Cat#354232) and poly-L-ornithine (Sigma-Aldrich Cat# P4957). 

They were left to differentiate for 7 days by adding 1% FBS in SFM. Finally, the cells were fixed 

with 4% PFA after 7 days of culture and were immune stained as decided below. 

3.7 Immunostaining of differentiated NSPCs 
To identify cell differentiation, the processed NSPCs as decided above were stained for makers 

associated with differentiated progeny. Briefly, differentiated cells were blocked and 

permeabilized with 10% normal goat serum (NGS, Fisher Scientific Cat# 10000C) and 0.3% triton 

X-100 (Fisher Scientific Cat# BP151-100), respectively, for 1 hour at room temperature, and 

subsequently incubated with primary antibody in 10% NGS at 4oC overnight. The following 
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primary antibodies were used: 𝛽III-tubulin (1:500) (ThermoFisher Cat# PA5-85639) for neurons 

and glial fibrillary acidic protein (GFAP) (1 mg/mL) (ThermoFisher Cat# PA1-10004) for 

astrocytes. After washing with PBS three times, the samples were incubated with the secondary 

antibodies Alexa 488 (ThermoFisher Cat#A48282) and Alexa 555 (ThermoFisher Cat#A-21437) 

for 𝛽III-tubulin and GFAP, respectively, in 2% NGS for 1 hour at room temperature and washed 

with PBS three times. As for oligodendrocytes, O4 (15 mg/mL) (Millipore Sigma Cat# O7139-

50UG) primary antibody was used but this marker is on the membrane, therefore these cells were 

not permeabilized with 0.3% triton-X. These samples were then incubated in Alexa 647 

(ThermoFisher Cat#A-21238) in 2% NGS for 1 hour at room temperature and washed with PBS 3 

times. All samples were counterstained with Hoechst (1:2000) (ThermoFisher Cat# H3570) for 5 

minutes at room temperature [18]. The cells where then imaged using Zesis Axio Observer 7 and 

images were processed using the Zen 3.2 software and ImageJ.  

3.8 Statical Analysis 
All statistical analysis was carried out via Prism 9 using a one-way ANOVA followed by Tukey 

multiple comparison test. P-values < 0.05 were considered statistically significant.  

4 Results and Discussion 
To narrow down the optimum freeze-drying conditions, this work tested multiple trehalose 

conditions and freezing temperatures. First, MSC-EV samples had trehalose concentrations of 0, 

50, 100, or 200 mM and then frozen at -80oC before lyophilization. Then to determine the optimum 

freezing temperature, MSC-EVs were frozen at -1oC/min, -20oC, -80oC, and -196oC (liquid 

nitrogen) in the presence of the optimum trehalose concentration. Once the ideal conditions were 

determined the biological activity of the rehydrated MSC-EVs was tested by performing a tube 

formation assay and co-culturing them with NSPCs. A flow chart, seen in Figure 6, outlines the 

experimental procedure. 
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Figure 6. Flow chart depicting the experimental design throughout the project. 

4.1 Determining the optimum trehalose condition 
4.1.1 Size distribution of fresh and rehydrated MSC-EV by nanotracking 

analysis (NTA) using NanoSight NS300 
As suggested by the minimal information for studies of extracellular vesicles (MISEV) NTA 

quantification is essential for characterizing EVs [103]. Once the MSC-EVs were produced, an 

aliquot was quantified by NTA using Nanosight (NS300), at a camera level of 12 and a detection 

threshold of 12, to determine the size distribution, mean size, mode size, and particle concentration. 

The rest of the sample was then separated into 5 aliquots and equal volumes of a double filtered 

(DF) trehalose solution was added to achieve trehalose concentrations of 0, 50,100, and 200 mM. 

These samples were then frozen at -80oC overnight and lyophilized for 48 hours using the 

Labconco FreeZone 6 plus freeze dryer. The aliquots were then stored at room temperature for 2 

weeks and rehydrated with DF distillated water to the volume they were frozen at. NTA was then 

repeated, at the same parameters, and compared to the results from the fresh aliquot, as seen in 

Figure 7. 
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Figure 7. MSC-EVs were characterized by NTA as a method to determine particle concentration 
and size distribution of fresh MSC-EVs and rehydrated MSC-EVs containing increasing amounts 
of trehalose. X-axis denotes the size (nm) and the y-axis denotes the particle concentration 
(particles/mL). This experiment was performed with 1 healthy donor with 4 independent trials.  

From the NTA the fresh samples had an average size ranging from 100 nm to 250nm, which is 

consistent with MSC-EV sizes reported in literature [103]. As for the freeze-dried samples, no 

matter the amount of trehalose added there is still some level of aggregation occurring post 

lyophilization, which is indicated by a wider size distribution, for the 0 and 50 mM samples, and 

a slight shift of the distribution to the right, for the 100 and 200mM samples. The sample with no 

trehalose was frozen at -80oC but has a glass transition temperature ranging from -139oC to -135oC 

[204]. Since the freezing temperature is greater than the Tg of the solution, the MSC-EVs in the 

sample have more mobility and are not in a “glassy” state allowing the EVs to aggregate resulting 

in a wide size distribution. Additionally, the absence of trehalose allows the MSC-EV membrane 

to transition to the gel, cubic, or hexagonal phase and once rehydrated the membrane will 

breakdown, as suggested by Kumar et al. [192]. As for the 50 mM sample, the size distribution of 
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the MSC-EVs start to become more narrow but not enough trehalose has been added as multiple 

peaks can still be observed suggesting that the Tg of the solution could still be lower than -80oC 

and more trehalose should be added. The size distribution for the samples with 100 mM and 200 

mM of trehalose are the closest to the fresh sample indicating that the amount of trehalose added 

was enough to minimize aggregation. Furthermore, both size distributions are very similar, with 

one predominate peak and one smaller peak. Both samples have similar size distributions 

indicating that increasing the trehalose concentration past 100 mM does not provide any further 

benefits. Another noticeable change is the shifting of the peaks to the right signifying that the 

majority of MSC-EVs have increased in size. The increase in size is further justified by the increase 

in mean and mode MSC-EV diameter seen in Figure 8.  

4.1.2 Size Range of fresh and rehydrated MSC-EVs by NTA 
In addition to size distribution, NTA can determine the mean and mode size of the analyzed 

samples. The fresh samples had a mean particle diameter of (mean ± SD) 172.35 ± 5.87 nm and a 

mode size of (mean ± SD) 126.58 ± 20.36 nm. However, post lyophilization there is an increase 

in MCS-EV diameter no matter how much trehalose is added. According to the MISEV guidelines 

the fresh samples are categorized as small EVs (100 to 200 nm), while all the rehydrated samples 

have a diameter greater than 200 nm classifying them as medium/large EVs. For samples with low 

trehalose concentration, 0 mM and 50 mM, the increase in size could be due to aggregation or 

vesicle fusion that occurs while the samples are stored at a temperature that is above Tg resulting 

in the MSC-EVs being mobile when in a frozen state [204]. Another reason for the increase in 

size, especially for the 100mM and 200mM samples, can be contributed to trehalose integrating 

into the membrane of the MSC-EVs, as seen in Figure 5, resulting in the extension of the 

membrane length. The only significant difference observed was the mode size between the fresh 
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and 100mM sample (p-value: 0.01). To further investigate how freeze-drying affects MSC-EVs, 

particle concentration was examined as seen in Figure 9. 

 

 

Figure 8. MSC-EVs were characterized by NTA to determine the mean EV diameter. The X-axis 
denotes the trehalose concentration (mM) of the sample and the Y-axis is the measured diameter 
(nm). (A) is the average mean diameter, and (B) is the average mode size. A one-way ANOVA 
followed by a Tukey multiple comparison test was used for statistical analysis. Data presented as 
mean ± SD, n = 4. **p<0.01.  
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4.1.3 The effect of lyophilization on MSC-EV particle concentration 

 

Figure 9. Mean particle concentration of MSC-EVs by NTA. The X-axis denotes the trehalose 
concentration (mM) of the sample and the Y-axis is the mean particle concentration (particle/mL). 
A one-way ANOVA followed by a Tukey multiple comparison test was used for statistical 
analysis. Data presented as mean ± SD, n = 4, **p<0.01 
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which can also contribute to the larger particle diameter. The EV aggregation could have also 
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MSC-EV count in one of the phases causing aggregation [169]. In addition to aggregation, the 

decrease in particle concentration could have been caused by the rupturing of MSC-EVs due to 
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low amount of trehalose could have also formed ice crystals that would have physically ruptured 

the EVs by creating an ice-water interface during freezing causing cells to diffuse and breakdown 

at this interface [171]. Another reason for the loss of particles could be explained by the lack of 

integration between trehalose molecules and the membrane. As seen in Figure 5, in the absence of 

trehalose the membrane will start to breakdown during the drying phase as the residual water is 

removed leading to the complete breakdown of MSC-EVs resulting in lower particle 

concentrations [192]. While the samples with 0 and 50 mM of trehalose were lyophilized and 

stored at room temperature, the lack of protection from trehalose could have caused the lipids in 

the MSC-EV membrane to oxidize according to the reaction mechanism seen in Figure 4 [194]. 

Finally, during the rehydration process the MSC-EVs could have experienced osmotic shock 

resulting in either the MSC-EVs bursting or shrivel up [195]. The only significant difference 

observed was between the 0mM and 50mM sample (p-value: 0.0039).  

After characterization of MSC-EVs with Nanosight, the total protein concentration was 

determined via microBCA assay, as the total protein amount contributes greatly to the therapeutic 

capabilities of MSC-EVs.  

4.1.4 Total Protein Concentration of Rehydrated MSC-EVs 
The next step in characterizing MSC-EVs is determining the total protein concentration via 

microBCA assay. A fresh aliquot of MSC-EVs was mixed with an equal volume of RIPA buffer 

for EV lysis. Sonication was then performed with a Qsonica Q700 sonicator with a microtip 

equipped at an amplitude of 30 for 10 seconds and rested for 30 seconds. This was repeated 3 times 

and all samples were kept on ice throughout the sonication. The same process was then repeated 

for all rehydrated MSC-EV samples. Figure 10 shows how different levels of trehalose can 

influence protein concentration of MSC-EVs that have been lyophilized.  
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Figure 10. The total protein concentration (μg/mL) of MSC-EVs determined by a microBCA 
assay. A one-way ANOVA followed by a Tukey multiple comparison test was used for statistical 
analysis. Data presented as mean ± SD, n = 4. **p<0.01.  

The average protein concentration of the fresh MSC-EVs was found to be 324.59 ±34.03 μg/mL 

while the average protein concentration for all rehydrated samples were lower. The only significant 

difference observed was between the 0mM and 200mM samples (p-value: 0.0014).  To explain 

why the protein concentration was lowered, the mechanism on how the microBCA assay detects 

protein needs to be understood. The microBCA assay depends on two reactions. First, four peptide 

bonds reduce Cu2+ ions, at a temperature of 37oC, to Cu+ in a Biuret reaction, as seen in Figure 11. 

The amount of Cu+ produced is directly related to the amount of protein present in the sample.  
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Figure 11. The Biuret reaction that reduces Cu2+ to Cu+ when interacting with peptide bonds. 

A chelate is then formed between the Cu+ and two molecules of bicinchoninic acid (BCA), which 

forms a purple product that absorbs light at a wavelength of 562 nm, as seen in Figure 12.  

 

Figure 12. Chelate that forms between BCA molecules and Cu+. 

The BCA assay requires an intact peptide bond to quantify the protein content and will not detect 

small peptide chains or amino acids. Therefore, the MSC-EV samples with a 0 and 50 mM of 

trehalose could have their peptide chains broken down due to the lack of protection by trehalose 

leading to hydrolysis by residual water, seen in Figure 2. Another instance where peptide bonds 

can be broken down is while the MSC-EVs are stored at room temperature. The tryptophan groups 
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found along the peptide chain can be excited by light which can extract a hydrogen from a nearby 

tyrosine resulting in the cleavage of the neighbouring peptide bond [185]–[189]. Without trehalose 

protecting peptide bonds from these reactions’ amino acids and small peptide chains will form that 

will not participate in the micoBCA assay leading to a lower protein concentration.  

To observe if trehalose protects the structural integrity of MSC-EVs transmission electron 

microscopy (TEM) was performed.  

4.1.5 Structural Integrity of Fresh and Rehydrated MSC-EVs  
 An aliquot of fresh or rehydrated MSC-EVs was concentrated using a vivaspin tube to remove 

solvents and other small molecules. The MSC-EVs were then fixed with 4% paraformaldehyde 

(PFA) and set on 300 mesh carbon film grids. The grids were then imaged with JEOL JEM-1400 

series operating at 120 kV, as seen in Figure 13. 

 

 

 

 

  

 

 

 

 

 

Figure 13. TEM images of (A) Fresh MSC-EVs, or rehydrated MSC-EVs that were lyophilized 
in the presence of (B) 0 mM, (C) 50 mM, (D) 100 mM, or (E) 200 mM of trehalose. 
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TEM was used to visualize the morphology of the MSC-EVs and help identify if the EV bilayer 

membrane is still intact. The idealized morphology of MSC-EVs was observed for the fresh EVs 

and EVs lyophilized with 100 and 200 mM trehalose. However, the TEM image for MSC-EVs 

lyophilized without trehalose (0 mM) is a cluster of EVs further providing evidence that a lack of 

trehalose results in aggregation of EVs. As for the MSC-EV sample freeze-dried with 50 mM of 

trehalose no bilayer membrane could be observed, which could be due to the membrane breaking 

down during the freeze-drying process. As for the 100 and 200 mM samples the MSC-EVs are 

still spherical in shape, their lipid bilayer is still intact, and their size corresponds to small EVs, 

suggesting that the trehalose is protecting the MSC-EVs during lyophilization.  

These results show that when enough trehalose is added to MSC-EVs that will be lyophilized, 

trehalose will minimize their aggregation, protect their protein content, and maintain their 

structural integrity once rehydrated, which is consistent with what was been reported in literature 

[27], [29], [216]. As for determining the optimum trehalose concentration, it is evident that a 

concentration of 100 mM is when the full protective capabilities of trehalose can be observed. 

Therefore, a trehalose concentration of 100 mM would be the optimum choice and a larger 

concentration would result in diminishing returns. Therefore, the chosen trehalose concentration 

was 100 mM and was used for future experiments.  

4.2 Determining the Optimum Freezing Conditions 
4.2.1 Size distribution of fresh and rehydrated MSC-EV frozen at different 

temperatures by nanotracking analysis (NTA) using NanoSight NS300 
Now that the ideal trehalose concentration was decided, this study then observed how different 

freezing temperatures could affect the stability of lyophilized MSC-EVs. EVs were frozen at a 

temperature of -1oC/min, -20oC, -80oC, or -196oC in the presence of 100mM and freeze dried for 

48 hours. After two weeks of storage at room temperature, the powdered MSC-EVs were 
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rehydrated with double filtered distilled water and the same analysis was performed as seen in 

section 4.1 and the results are shown below in Figure 14.  

 
Figure 14. MSC-EVs were characterized by NTA as a method to determine particle concentration 
and size distribution of fresh MSC-EVs and rehydrated MSC-EVs containing increasing amounts 
of trehalose. X-axis denotes the size (nm) and the y-axis denotes the particle co concentration 
(particles/mL). This experiment was performed with 1 healthy donor with 4 independent trials. 

The size distribution of the fresh sample has a range of 100 to 200 nm, which is similar to the fresh 

size distribution seen in Figure 7 and what has been reported in literature [103]. As for the 

lyophilized samples, the size distributions are similar amongst all freezing conditions and the 100 

and 200 mM distributions seen in Figure 7, with a size range of 100 to 250 nm. The attributed shift 

in distribution could be similar to what happened before hand where trehalose would increase the 

size of the EVs once it incorporates itself into their membrane [209]. These results also suggest 

that different freezing conditions do not affect the size distribution of rehydrated MSC-EVs 

lyophilized in the presence of 100 mM. When freezing an aqueous solution, the temperature rate 

has a significant effect on the ice crystal formation, slower freezing rates result in smaller crystals 

forming and the opposite is observed at higher rates [147]. However, the addition of 100 mM of 
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trehalose forms a glassy like structure when frozen negating the formation of ice crystals and its 

negative effects on MSC-EVs.  

As a result, it was initially believed that samples frozen at a higher temperature (ie. -1oC/min) 

would give more time for trehalose to incorporate into the membrane when compared to samples 

frozen at a lower temperature (ie. -196oC). Since this is not occurring, the 1-hour incubation time 

allows trehalose to integrate into the membrane resulting in maximum possible protective 

capabilities. To utilize the full protective potential of trehalose, literature suggest that the molecule 

should be present on both side of the membrane. Since trehalose cannot diffuse through the 

membrane of cells, there has been multiple methods developed to get trehalose into the 

intracellular space, such as microinjection, thermal shock, or ultrasound [214].  

4.2.2 Average Diameter of Fresh and lyophilized MSC-EVs Frozen at 
Different Temperatures Quantified by NTA 

Similar to the results presented in Figure 8, an increase in mean and mode particle diameter is 

observed, as seen in Figure 15.  
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Figure 15. MSC-EVs were characterized by NTA to determine the mean EV diameter. The X-
axis denotes the freezing temperature of the sample and the Y-axis is the measured diameter (nm). 
(A) is the average mean diameter, and (B) is the average mode size. A one-way ANOVA followed 
by a Tukey multiple comparison test was used for statistical analysis. Data presented as mean ± 
SD, n = 4, *p<0.05, **p<0.01.  

NTA had determined that the mean and mode particle diameter for fresh MSC-EVs was 116.85 ± 

2.14 nm and 104.65 ± 5.32 nm, respectfully, which is consistent with small EVs as reported by the 

MISEV [103]. When comparing sizes of fresh MSC-EVs from Figure 8, the mean and mode 

diameter is larger which could be due to donor-to-donor variability [74]. As for the rehydrated 

MSC-EVs, the particle diameter increases significantly (all p-values less than 0.05) to values 

greater than fresh MSC-EVs no matter the freezing condition. The significant increase in diameter 

could be due to the integration of trehalose into the MSC-EV membrane increases the particle 

diameter or some level of aggregation still occurs during the freezing or rehydration phase [209]. 

Moreover, no significant difference was observed when comparing the diameters of MSC-EVs 

between the different freezing conditions. This further provides more evidence that no individual 

freezing temperature has an advantage or disadvantage on the stability of rehydrated MSC-EVs 
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when freeze-dried in the presence of 100 mM of trehalose. The final analysis performed by NTA 

was the mean particle concentration as seen in Figure 16.  

4.2.3 Average Particle Concentration of Fresh and lyophilized MSC-EVs 
Frozen at Different Temperatures Quantified by NTA 

 
Figure 16. Mean particle concentration determined by NTA. The X-axis denotes the freezing 
temperature of the sample, and the Y-axis is particle concentration (particle/mL). A one-way 
ANOVA followed by a Tukey multiple comparison test was used for statistical analysis. Data 
presented as mean ± SD, n = 4.  

NTA determined that the mean particle concentration for the fresh sample was 3.15x109 ± 3.21 

x108 particle/mL. While all rehydrated samples had a mean particle concentration lower than the 

fresh sample, no significant difference was observed, p-values greater than 0.05. Since no 

significant difference was seen between the fresh and rehydrated samples, the freezing temperature 

might not influence MSC-EVs lyophilized with 100 mM of trehalose. The reason why the effects 

caused by freezing at different temperatures is not observed is due to trehalose negating all the 

freezing stresses stated in section 2.11, by preventing ice crystal formation and incorporating into 

the membrane [209].  
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4.2.4 Total Protein Concentration of Lyophilized MSC-EVs Frozen at 
Different Temperatures 

To determine whether freeze-drying MSC-EVs at different temperatures with 100 mM of trehalose 

affects protein concentration, a microBCA assay was performed once the EVs were rehydrated 

with results seen in Figure 17.  

 
Figure 17. The total protein concentration (μg/mL) of fresh MSC-EVs and rehydrated MSC-EVs 
frozen at different temperatures determined by a microBCA assay. A one-way ANOVA followed 
by a Tukey multiple comparison test was used for statistical analysis. Values are presented as mean 
± SD; n = 4. *p<0.05.  

The total protein concentration of the fresh sample was 361.20 ± 50.39 μg/mL, while all rehydrated 

samples have a mean protein concentration that is lower than fresh MSC-EV but not low enough 

to claim that the different freezing temperatures affect protein concentration when compared to the 

fresh sample. The only significant difference observed was between -1oC/min and the liquid 

nitrogen sample (p-value: 0.0321), which could be due to the way these freezing conditions effect 

these aqueous solutions. This further suggests that when 100 mM of trehalose is added it protects 

the proteins from degradation that would occur by freezing at a slower or faster rates.  
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4.2.5 Morphology of MSC-EVs Freeze-Dried at Different Temperatures 
To determine if freeze-drying at different temperatures effects the structural integrity of rehydrated 

MSC-EVs, TEM images were taken and displayed in Figure 18.  

 

 
 
 
 
 
 
 
 

Figure 18. TEM images of rehydrated MSC-EVs that were freeze-dried at a temperature of (A) -
1oC/min, (B) -20oC, (C) -80oC, or (D) -196oC.  

From the TEM images we can confirm that the spherical shape, membrane integrity, and the size 

of MSC-EVs are all intact no matter what condition they were frozen at. Further affirming that as 

long as 100 mM of trehalose is present, freeze-drying MSC-EVs no matter the condition will not 

affect them.  

These results show that when MSC-EVs are frozen at different temperatures with 100 mM of 

trehalose and then dried, the different freezing rates do not affect the structural characteristics of 

EVs and their protein concentration. The only significant difference observed between fresh, and 

the rehydrated sample was their particle size (Figure 15). When comparing the size distribution 

between the fresh and all the rehydrated sample there is a very clear shift in the peak size. However, 

when comparing the particle concentration and protein concentration there is no significant 

difference between the fresh and rehydrated samples. This suggests that different freezing 

temperature do not negatively affect the freezing drying processes once 100 mM of trehalose is 

added. Moreover, from the TEM images the structural integrity of the rehydrated MSC-EVs were 

maintained no matter the freezing temperature. These results show that once 100 mM of trehalose 

B C D A 
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is added, the protective capabilities can negate the affects different freezing temperature would 

have had. As a result, the deciding factor when choosing the optimum freeze temperature is 

convenience. Freezing a large amount of MSC-EVs at -1oC/min requires building an apparatus 

that will maintain this temperature rate; while, freezing with liquid nitrogen will be costly. The 

best options are then -20oC or -80oC. Therefore, -20oC was chosen as the ideal freezing temperature 

since it is the simplest temperature to reach and maintain.  

The bioactive potential of the rehydrated MSC-EVs was tested by performing a tube formation 

assay, seen in Figure 19, followed by a NSPCs co-culture, seen in Figure 20.  
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4.3 Analyzing the angiogenic potential of rehydrated MSC-EVs via a tube formation assay 
 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 19. Tube formation assay to analyze the angiogenic capabilities of rehydrated MSC-EVs, freeze dried at the optimum conditions, at different total 
protein concentrations. (A) 0 µg/mL of MSC-EV protein, (B) 50 µg/mL of total MSC-EV protein, (C) 100 µg/mL of total MSC-EV protein, (D) 200 µg/mL 
of total MSC-EV protein, (E) 100 µg/mL of total MSC-EV protein freeze dried without trehalose, (F) ECGS control, (G) Media Control, and (H) quantitative 
analysis of the tube formation assay: (i) normalized number of tube formed, and (ii) normalized Average tube length. A one-way ANOVA followed by a 
Tukey multiple comparison test was used for statistical analysis. Data presented as mean ± SD, n = 4, *p<0.05). 
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A tube formation assay is a model used to identify stages of angiogenesis. The basis of this assay 

is to evaluate the ability of endothelial cells to form capillary-like structures, known as tubes, while 

platted on an extracellular matrix (ECM) support. It is a quantitative method to determine if a 

substrate can induce or inhibit tube formation. Once the endothelial attach to the ECM they 

produce a mechanical force to form pathways that support cellular migration to shape hollow 

lumen. In this study, a tube formation assay was used to assess if rehydrated MSC-EVs still retain 

their angiogenetic capabilities post freeze-drying and storage. As seen in Figure 19, all HUVECs 

treated with rehydrated MSC-EVs, even the MSC-EVs not protected by trehalose, exhibited tube 

formation. This is most likely due to the abundant amount of growth factors found in MSC-EVs 

such as, VEGF, PDGF [59], [123], miR-30b [123], and miR-125a [122]. The 200 µg/mL + 100mM 

TRE sample was significantly different than the 100mM TRE + media and the media control (p-

values: 0.0394 and 0.0162, respectively). This is consistent with what has been reported in 

literature, where Gangadaran et al. had performed a tube formation assay by treating HUVECs 

with an increasing amount of fresh MSC-EV and reported that their lowest dosage was sufficient 

to induce a maximum response [118]. However, this same publication also states that fresh MSC-

EVs caused at least 3-fold increases in tube formation and length, while our rehydrated MSC-EVs 

does not even induce a 2-fold increase. The reduced angiogenic potential of our rehydrated MSC-

EVs could be due to the presence of trehalose. Even though trehalose is known to be an amazing 

cryoprotectant, Takeuchi et al. has reported that culturing HUVECs with trehalose downregulates 

VEGF receptor-2 (VEGFR2) production leading to a lack of angiogenesis [215]. This can also 

explain why very little to no tubes are formed when HUVECs are treated with just 100mM of 

trehalose. As for the HUVECs treated with rehydrated MSC-EVs that were not protected by 

trehalose, it was expected that the freeze-drying process would rupture a majority of the MSC-EVs 
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and irreversibly denature the growth factors but some MSC-EVs would survive. Therefore, tube 

formation was anticipated but at a lower level when compared to treatments with trehalose 

protected MSC-EVs. However, all MSC-EV treatments experienced the same fold increase, which 

can also be accounted for by the presence of trehalose reducing the efficacy of the MSC-EVs 

resulting in similar fold increases.   
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4.4 Analyzing the cellular proliferating capabilities of rehydrated MSC-EVs by co-culturing them with primary NSPCs 
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 20. NSPC co-culture with rehydrated MSC-EVs, freeze dried at the optimum conditions, at different total protein concentrations. (A) 0 µg/mL 
of MSC-EV protein, (B) 50 µg/mL of total MSC-EV protein, (C) 100 µg/mL of total MSC-EV protein, (D) 200 µg/mL of total MSC-EV protein, (E) 
100 µg/mL of total MSC-EV protein freeze dried without trehalose, (F) 20 ng/mL FGF2 and 20 ng/mL of EGF, and (G) quantitative analysis of co-
culture: (i) normalized total number of NSPCs formed, and (ii) normalized average NSPC size. (A one-way ANOVA followed by a Tukey multiple 
comparison test was used for statistical analysis. Data presented as mean ± SD, n = 4, *p<0.05) 
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To further assess the bioactivity of rehydrated MSC-EVs, they were co-cultured, at different total 

protein concentrations, with NSPCs derived from the subventricular zone (SVZ) of rodent brains. 

As shown in Figure 20, NSPCs proliferated when treated with rehydrated MSC-EVs, with total 

protein concentrations of 50 µg/mL + 100mM (Figure 20B), 100 µg/mL + 100mM (Figure 20C), 

and 200 µg/mL + 100mM (Figure 20D), with no significant difference when compared to the 

positive control for both total number of NSPCs and for their average diameter. The formation of 

NSPCs could be due to biological factors found in MSC-EVs such as, BDNF, VEGF, and PDGF 

[57], [114]. These factors are not limited to proteins and can include microRNA such as, miR-124 

[62], miR-184 [59], miR-133b [63], and miR cluster 17-92 [64]. The only significant difference 

observed was when comparing the normalized total number of NSPCs from the 50 ug/mL + 

100mM TRE treatment to the 100ug/mL + 100mM TRE treatment (p-value: 0.036).  

In the absences of MSC-EVs, and only containing 100 mM of trehalose, no NSPCs formed due to 

the lack of bioactive molecules and suggesting that trehalose does not promote NSPC proliferation. 

However, when treating NSPCs with rehydrated MSC-EVs that where not protected by trehalose, 

NSPCs where still present with very few new ones forming. This suggests that some of the 

bioactive molecules associated with NSPCs proliferation and growth become irreversibly damaged 

during the freeze-drying process.  

To ensure the NSPCs treated with rehydrated MSC-EVs were multipotent, they were transferred 

to an adherent surface and allowed to differentiate in the presence of 10% FBS for one week. To 

assess that the NSPCs treated with rehydrated MSC-EVs are capable to differentiate into three 

main lineages of the CNS: oligodendrocytes, astrocytes, and neurons, immunostaining was 

utilized. As seen in Figure 21, Cells were stained positive for: O4 for oligodendrocytes (red), 
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GFAP for astrocytes (orange), and 𝛽III-tubulin for neurons (green). Cells of all three linages were 

observed for all NSPCs treated with rehydrated MSC-EVs protected by trehalose. 	

 

 

 

 



 59 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

O4 GFAP 𝛽iii tubulin	

50
 μ

g/
m

L 
of

 M
SC

-E
Vs

 +
 1

00
m

M
 T

RE
 

10
0 

μg
 /m

L 
of

 M
SC

-E
Vs

 +
 1

00
m

M
 T

RE
 

20
0 

μg
 /m

L 
of

 M
SC

-E
Vs

 +
 1

00
m

M
 T

RE
 

𝛽iii tubulin/GFAP	



 60 

 

 

 

Figure 21. NSPCs were co-cultured with varying concentrations of rehydrated MSC-EVs and then left to differentiate in 10% FBS media for one week. O4 
(red) is expressed on the surface of oligodendrocytes, GFAP (orange) is expressed in the cytoskeleton of astrocytes, and 𝛽III-tubulin (green ) is expressed 
on the cytoskeleton of neurons. All nuclei were counter stained with Hoechst (blue).  
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We further compared the expression levels of each differentiated cell type between the NSPCs 

treated with MSC-EVs to the positive control, as seen in Figure 22. We found that there was no 

significant difference between them no matter the concentration of MSC-EVs. Furthermore, the 

differentiated NSPCs preferred astrogenesis, over neurogenesis and ogliodendrogenesis. All in all, 

the freeze dried MSC-EVs did not affect the differentiating capabilities of NSPCs in vitro. 

Interestingly enough no neurons formed from the NSPCs treated with MSC-EVs that where not 

protected by trehalose during freeze drying.  

 

Figure 22. Expression levels of stained cells. Expression levels of O4 positive cells, Expression 
levels of GFAP positive cells, and Expression levels of βIII-tubulin positive cells. A one-way 
ANOVA followed by a Tukey multiple comparison test was used for statistical analysis. Data 
presented as mean ± SD, n = 4.  
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5 Conclusion 
We determined the optimum freeze-drying conditions for MSC-EVs allowing them to be stored at 

room temperature for a long period of time while reducing aggregation and retaining their 

angiogenic and NSPC proliferation capabilities. By first lyophilizing the MSC-EVs in the presence 

of increasing trehalose concentration, 0 mM to 200 mM, we determined that concentrations greater 

than 100 mM, a narrower size distribution was observed indicating reduced aggregation, with no 

significant difference in protein and particle concentration when compared to fresh MSC-EVs. 

Then maintaining the trehalose concentration at 100mM, we froze the MSC-EVs at different 

freezing conditions, -20oC, -80oC, -1oC/min, and -196oC, to establish the optimum freezing 

temperature. We observed that in the presence of 100 mM of trehalose, none of the freezing 

conditions have a significant benefit or disadvantage over another. Therefore, the optimum 

conditions for freeze-drying MSC-EVs were found to be 100mM of trehalose and freezing at -

20oC. MSC-EVs lyophilized at these conditions where then rehydrated and showed that they can 

still promote cellular growth and proliferation via performing a tube formation assay and co-

culturing them with NSPCs. We also observed that the rehydrated MSC-EVs did not affect the 

NSPCs ability to differentiate into oligodendrocytes, astrocytes, and neurons when cultured 

together.  

6 Future Work 
The next step for this project is incorporating the freeze-dried MSC-EVs into our cellulose based 

duraplasty, performing an MSC-EV release study, and then carrying out a decompressive 

craniectomy on MCAO stroked rats to observe any functional recovery by implanting the MSC-

EV loaded duraplasty. However, a few improvements can be made to further optimize the freeze-

drying process leading to a better MSC-EV product. For instance, trehalose is known to be a non-

diffusing sugar and cannot pass through the plasma membrane, but studies have shown when 
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trehalose enters the cytosol, cryopreservation of cells is significantly improved. Therefore, getting 

trehalose into MSC-EVs could increase recovery and the methods to get trehalose past the 

membrane include electroporation, nano-injections, engineered transmembrane channels/pores, or 

ultrasound. To enhance the quality of the freeze-dried product, controlled ice crystal formation 

could be implemented during the freezing step. Currently, we are freezing our samples at -80oC 

without introducing any ice crystals leading to random crystal formation, or random nucleation, 

causing inconsistent freezing among a batch of samples and introducing complications during 

primary drying, all resulting in a lower quality product. To avoid this force/controlled nucleation 

is utilized which introduces small ice crystals into every sample resulting in consistent crystal 

formation amongst a batch of samples ensuring a higher quality product post lyophilization. To 

further refine the drying process an updated lyophilizer should be used. At this time, our freeze-

dyer does not allow us to control the temperature causing both drying phases to occur at room 

temperature. However, to drop the water content to 1% during the secondary drying phase the 

temperature should increase to help break the interactions between bound water and the MSC-

EVs. Updated freeze-dryers can control the temperature of the sample during all stages of drying 

ensuring the temperature during secondary drying is higher than the temperature during primary 

drying allowing for optimum drying.
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8 Appendix 
8.1 MicroBCA assay protocol  
1. According to Table 1 albumin standards were prepared following a serial dilution 

procedure.  

Table 1. Preparation of albumin standards. 

Standard 
identifier 

Volume of PBS  
(mL) 

Volume of 
source albumin  

(mL) 

Final Albumin 
concentration 

(µg/mL) 
A 4.5 0.5 from stock 200 
B 8.0 2.0 from vial A 40 
C 4.0 4.0 from vial B 20 
D 4.0 4.0 from vial C 10 
E 4.0 4.0 from vial D 5 
F 4.0 4.0 from vial E 2.5 
G 4.8 3.2 from vial F 1 
H 4.0 4.0 from vial G 0.5 
I 8.0 0 0 

 

2. Working reagent was then prepared by mixing 25-parts of microBCA reagent MA with 24-

parts reagent MB and 1-part reagent MC. For instance, to produce 10 mL of working 

reagent, blend 5 mL of reagent MA, 4.8 mL of reagent MB, and 0.2 mL of reagent MC. 

3. Then pipette 150 µL of MSC-EV sample or standard (in replicates) into the wells of a 96-

well plate.   

4. Add 150 µL of working reagent to the wells and place on shaker for 30 seconds.  

5. The plate was then incubated at 37oC for 2 hours and the absorbance was measured at 562 

nm  

6. The blank absorbance was then subtracted from all other standards and samples  

7. A standard curve was then developed following a polynomial regression and the protein 

concentration of the MSC-EVs was determined.  


