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Abstract

The extracellular matrix (ECM) is a complex fibrillar network that couples a cell with its
environment and directly regulates the cell’s fate via structural, mechanical, and biochemical
signals. The goal of this thesis was to engineer and characterize ECM-mimicking protein

platforms with material properties covering both physiological and pathological tissues.

First, we fabricated three-dimensional (3D) fibrillar scaffolds comprising the two major
components of the ECM, namely collagen (COL) and fibronectin (FN), using a temperature-
controlled casting technique to regulate the rate of protein gelation and consequently scaffold
fibres’ density. Second, we assessed the material properties of the COL-FN scaffolds, in the
presence (cell-laden) and absence (ECM only) of cells, to establish a correlation between their
structural and mechanical characteristics. As structural scaffold characterization was the object
of a previous thesis in our laboratory (in brief the higher the casting temperature, the denser the
scaffolds result), the present work focused on exhaustive mechanical characterization. Here we
report the quantification of both elastic and viscous properties of all scaffolds, when subjected

either to compression or shear, using two different tools and protocols.

In our first approach, we used a Dynamic Mechanical Analyzer (DMA) to compress the scaffolds
and record consecutive force-indentation profiles, from which we extracted overall stiffness
through the slope of the converted stress-strain profiles. The scaffolds were immersed in PBS
and after 24hr, were compressed up to 25% strain, at a velocity of 25 um/s. Although our
numerous experiments suggested that denser scaffolds tended to have higher Young’s moduli
than their sparse counterparts, the DMA technique did not allow us to establish a significant

difference in stiffness between them.

In our second approach, we used a Rheometer to subject the scaffolds to oscillatory shear stresses
and assess their viscoelasticity by measuring their storage modulus (G’) and loss modulus (G”),
characteristics of their elastic and viscous behaviours, respectively. After performing initial
amplitude sweeps to determine the linear viscoelastic regime and set a desirable amplitude of
deformation for further analysis (here 0.25%), various frequency sweeps were performed with
strain rate ranging from 0.1 to 10 (1/s) at 0.25% amplitude of deformation. Our results clearly

indicate that, in the absence of cells, dense scaffolds (composed of short and thin fibres) were



both stiffer and more viscous than sparse scaffolds (composed of long and thick fibres). Our data
also show that, unexpectedly, the presence of cells significantly decreases both stiffness and
viscosity of dense scaffolds, while it increases them when scaffolds are less dense. Finally, all

scaffolds exhibited a dominating elastic response.

Collectively, our study shows that we were able to generate both ECM and cell-ECM scaffolds
with controlled volume, density, elasticity, and viscous characteristics. These tunable platforms
enable a better understanding of the critical link between ECM structure and mechanics, with the
ultimate goal of controlling cellular functions. As such they represent a valuable tool for
biomaterials and biophysics research, with many potential applications in basic research, medical

diagnosis and tissue engineering.
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Chapter 1 — Introduction 3D ECM-Mimicking Tunable Scaffolds

1.1 Introduction

The extracellular matrix (ECM), a three-dimensional (3D) network, is the
microenvironment of cells and is composed of cell-secreted molecules. It provides biochemical
and structural support to most tissues, cells, and organs. Cells reside in the ECM which, in turn,
generates signals that control cellular behaviour. Mechanical and chemical characteristics of the
ECM determine these signals.[1] The reciprocal mechanical interaction that exists between a cell
and the ECM [2] has an impact on essential cell functions linked to whole organ activities. It is
well recognized that changes in ECM characteristics in particular changes in ECM composition
and stiffness are involved in pathological conditions such as cancer.[3] The study of cell behaviour
(e.g., migration, proliferation), as well as the mechanical characteristics of the 3D ECM-mimicking
environment, will provide crucial insights into the progression of cancer. It also can provide
approaches to limit progression and prevent metastatic conditions in the end. The intrinsic
dependency of mechanical characteristics of the matrix on its microstructure makes it a key
research interest of materials science. In fact, ECM mechanical properties are regulated through
modifications of the microstructure and the composition of the matrix. This chapter introduces

ECM components, cancer progression and application of biomaterials to mimic ECM structures.

1.2 Soft Tissues

Biological tissues are classified into hard tissues such as bone and teeth and soft tissues
such as cartilage and skin. Minerals are the main components of hard tissues while the major
component of soft tissues is interstitial water. This difference causes distinct mechanical
characteristics. In contrast to mineralized tissues, soft connective tissues may be different for their
high flexibility (i.e., undergo large deformations). Biological soft tissues show viscoelastic
behaviour, which is a time-dependent behaviour combination of both elastic and viscous
components. They usually behave anisotropically and their mechanical properties are highly
sensitive to testing conditions. Mechanical properties of soft tissues subjected to load vary by age,
pH, and the rate of applied load or deformation. Also, changing the degree of hydration of soft
tissues can significantly alter their viscoelasticity, which is why one needs to be extremely cautious

during characterization, to maintain in native/biological conditions.[4]
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Finally, biological tissues display a wide range of mechanical behaviours, in particular
stiffness, which spans from 100 Pa for the softest organs, like the brain or cartilage, to ten thousand
Pa (MPa range) in muscle tissues, up to the GPa range in cortical bone. In soft connective tissues,
the structural arrangement and the concentration of major components like collagen can also

change their mechanical properties.|[5]

1.3 Extracellular Matrix (ECM)

The ECM is a heterogeneous network composed of several macromolecules with specific
physical and biochemical properties.[6] Although it is mostly composed of water, fibrous proteins,
proteoglycans, and glycosaminoglycans (GAGs) are the main structural constituents of the
ECM.[7] 1t also acts as a reservoir of bioactive molecules and growth factors. There are two
structural forms of ECM. The basement membrane (two-dimensional (2D)) and the interstitial
matrix (3D fibrillar ECM).[8] Cells are connected to the interstitial matrix by the basement
membrane that is comprised of a less porous and more compact structure (sheet-like). In contrast,
interstitial ECM is a hydrated scaffold forming a fibrillar matrix around cells.[9] The ECM
composition varies from tissue to tissue according to their functions and to the cells they contain
(which are also the cells that secreted it). For example, tendons mostly comprise collagen I while,
in basement membranes, laminins and collagen IV are ubiquitous.[10] Once they deposit the ECM,
cells are able to sense its signals mainly through trans-membrane proteins, called integrins, known

to transduce mechanical forces into biochemical events (a.k.a. mechanotransducer proteins).

Several studies have reported that ECM physical properties control processes such as cell
migration[11], spreading[12], differentiation[13] and proliferation.[14] It is also well established
that, in connective tissue pathologies, alteration of mechanical [7], structural and/or morphological
characteristics of ECM [15] and its chemical composition [16] can affect cellular behaviour. The
structural and mechanical properties of the native ECM are intrinsically related, and modification
of mechanical characteristics of the matrix usually requires some degree of changes in its
structure/morphology. Changes in the microarchitecture of collagen networks have been reported
to mechanically regulate many reciprocal cell-ECM interactions.[17] Composition (upregulation
of one protein with respect to another) is also a key contributor to matrix alterations. For instance,
it has been shown that ECM components deposition can lead to ECM stiffening, as it increases the

density of the matrix. In other words, alteration in the density of ECM is associated with an
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overexpression of ECM proteins mainly fibrillar collagen type I [18], which results in overall ECM
stiffening.[19] Investigations on the effects of collagen accumulation on ECM characteristics
demonstrated that deposition of collagen increased epithelial cell proliferation and cancer risk.[20]
Additionally, Levental et al. showed that breast tumorigenesis is accompanied by collagen

crosslinking and increased focal adhesions.[21]

Several studies have shown that mechanical cues from the ECM affect various cell
functions in both 2D and 3D environments. It was reported that cells cultured onto stiff substrates
spread widely [14][22] and migrate rapidly, while on softer substrates spreading area decreases.
Stiffness of ECM regulates the structure of cultured cells: it was observed that on soft substrates
(comparable to normal brain tissue) cells appear uniformly rounded and then cannot migrate
efficiently.[ 14][22] Cell proliferation is also controlled by ECM stiffness, with cells able to divide
much faster onto stiffer ECMs.[14] Additionally, differentiation of stem cells in particular
mesenchymal stem cells (MSCs) is increased on stiff matrices.[23][24] However, it later appeared
that elasticity alone did not reflect the complex mechanics of all signalling of ECM, which is a
highly viscoelastic material. Therefore, many functions of cells were later shown to depend on the
viscous response of the ECM. For instance, the matrix deposited by breast cancer conditioned cells
exhibited not only higher stiffness but also higher viscosity (more specifically higher dissipation),
which in turn affected their adhesion and growth factor signalling.[25] Specific investigations of
substrate viscosity showed that increased viscosity led to increased spreading and proliferation of
human MSCs while reducing the size and maturity of focal adhesions (FAs).[26] Finally, in an
exhaustive study of cell interactions with purely viscous surfaces, it was shown that substrate
viscosity is entirely responsible for cell morphology: with low-viscosity surfaces resulting in small

and rounded cells while high-viscosity surfaces showed large and highly spread cells.[27]

Therefore, investigating the full array of ECM mechanical and structural characteristics is
essential, as it will allow us to (i) understand some complicated biological functions, such as cancer
progression, and (ii) design and engineer better ECM-mimicking scaffolds for cancer

mechanobiology research in controlled environments.



1.3.1 Collagen

Collagen is the key structural protein of ECM. It is a long fibrous protein that shows
abilities to regulate cell morphology, migration, and differentiation.[28][29] Collagen is the main
protein not only of most soft tissues such as blood vessels, nerves, and skin but also harder tissues
such as cartilage, ligaments, and bone.[30] The osteoblasts and the fibroblasts are the two cell
types that synthesize collagen in bone, dermis, and tendons. Among 28 different types of fibrillar
and non-fibrillar collagen that have been identified, fibril-forming collagens (Type I, II, III) are
the most common types. Collagen type I is soluble in dilute acid and constitutes approximately
30% of the total proteins of the body’s tissues. Source of collagen type I can be rat tail tendon or

bovine calf skin among other sources.[31]

Collagens are macromolecules with a length of approximately 280 nm, which most
prominent feature is the formation of a triple helical structure. This triple helix is formed by three
collagen polypeptide a chains (specifically, two al chains and one a2 chain in the case of collagen
type I). The primary structure of each a chain is a Gly-X-Y amino acid repeating triplet motif.
High glycine content in collagen is a necessary condition for the formation of the tightly woven
structure of the triple helix, which then confers rigidity to collagen fibres.[32] Triple helices are
first assembled into thin collagen microfibrils that are then cross-linked to form larger collagen
fibres.[33] Depending on their arrangement and their degree of crosslinking, collagen fibres confer
either high stiffness as in bones, compliance as in tendons, or rigidity gradient as in cartilage.
Additionally, collagen type I plays a significant role in the viscoelasticity of tissues (even in

bones). Collagen fibrils’ diameter can also vary greatly, which confers varied strength to tissues.

Ehrman and Gey in 1956 proposed collagen as a platform for cell culture. Biocompatibility,
low toxicity besides the chemical, physical and immunological properties [34] make the collagen
solution a preferable biomaterial in tissue engineering, drug delivery and wound healing. Collagen
[ upon changing the pH, easily forms a hydrogel.[35] It may be processed alone or in combination
with other materials to create cell scaffolds for bone regeneration, nervous [36], and vascular

system repair.[37]



1.3.2 Fibronectin

Fibronectin (FN) is a fibril-forming glycoprotein, which main role is to mediate cell-matrix
adhesion. It is a ubiquitous protein in embryonic tissues and wound healing, and it is needed not
only in most dynamic processes of tissues like growth and wound hemostasis, but also in the
progression of diseases such as fibrosis and cancer.[38] FN is a large multi-modular dimeric
protein, composed of two similar monomeric subunits linked by two C-terminus disulphide bonds,
with an overall molecular weight varying from 460 to 540 kDa.[39] Three types of modules
comprise FN, namely FN I, FN II and FN III. While FN I and FN II modules contain internal
disulphide bonds, which confer them a stable folded structure, FN III modules lack disulphide
bonds and are less stable, especially under mechanical forces.[40] As a consequence, some binding
sites of FN, called cryptic sites, are hidden within the molecule when it is in its folded or

equilibrium form and become exposed when FN is stretched [41], as described in detail below.

Considered a mechanotransducer protein, FN is able to undergo sequential changes in its
structure upon strain, from compact to elongated to fully unfolded, which then dramatically affects
its function.[42] When force/cell-induced protein unfolding occurs, cryptic sites may become
exposed.[43] The exposure of cryptic sites controls a wide range of cell-matrix interactions, and

also affects the binding/release of important growth factors.
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Figure 1.1 Schematic of FN molecule (only one monomer is shown) displaying type I, II, and
III modules with their associated exposed and cryptic binding sites. Adapted from [44].



The lack of disulphide bonds in FN III modules makes them sensitive to structural changes.
As shown in Figure 1.1, there are fifteen type III modules, twelve type I modules and only two
type Il modules on each FN monomer. FN III1 (also called anastellin) is one of the most important
binding sites on FN, as it assists FN aggregation into fibrils. FN with various functions can interact
and bind to cells and other molecules simultaneously because of the numerous binding sites
present.[45] There are multiple recognition sites in FN for cells including the well-defined RGD
loop (Arg-Gly-Asp) and other ECM proteins such as collagen (I¢.9 and II;2) and fibrin (Fibrin I
and Fibrin I1).[46]

FN I with 45 amino acids contains a double-stranded anti-parallel B-sheets as well as a
triple-stranded antiparallel B-sheets knit together. FN II comprises 40 amino acids and two
perpendicular antiparallel B-sheets.[47] Because of the presence of disulphide bonds in modules I
and II responsible for their stabilization, it is unlikely to see any major alteration in their
conformation. On the other hand, FN III modules are larger (90 amino acids distributed in seven
beta-strands arranged in two antiparallel sheets) with two important recognition sites for cells: the
RGD loop which resides on Ill1o and the synergy site that is located on the adjacent FN IIlo. These
recognition sites make the FN Illo.;o one of the most crucial sequences in FN since most cell-
binding interactions are associated with the exposure (and integrity) of the RGD loop. Some
integrins such as avf3 need only the RGD loop to bind to FN.[48] In contrast, other integrins such
as a5PB1 require an extra binding site, pro-his-ser-arg-asp (PHSRN) synergy site.[40]

There are two forms of FN: soluble inactive (plasma FN) that circulates in the blood and
insoluble active form (cellular FN). The insoluble form of FN is deposited by cells, it comprises
highly elastic polymerized fibrils formed by cell/integrin-mediated forces.[49] Plasma FN
functions at the early stages of wound healing and hemostasis. Cellular FN is involved in the late
stages of wound healing, fibrosis, and angiogenesis.[50] FN plays major functions in different
applications. It enhances cell-tissue interaction in the skin and also helps to repair tissue structures
through wound healing.[51] Conformation of FN is crucial in various processes, as any alteration
(extension and/or partial unfolding) of its secondary and/or tertiary structure may impact the
exposure or disruption of binding sites and consequent cell signalling. FN molecules bind to
integrin receptors on cells that activate signalling pathways to promote cell attachment, migration,
and differentiation.[52] In the compact form of FN, its arms are crossed over (pretzel shape)

whereas, in the unfolded form, FN’s arms are separated and some secondary structure is lost.[46]
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It has been established that FN is the first ECM protein cells deposit when forming most new
tissues.[53] The early FN framework then controls the deposition and assembly of collagen fibres
in the cell environment.[54] In tissues, a large range of FN conformations usually coexist: for
example, it was shown in a 3D tissue morphogenesis model that there are at least one compact and
one extended FN populations. In the compact form, FN is adsorbed to collagen while in the
extended FN, it forms an independent fibrillar network that does not colocalize with the collagen

present in the tissue.[54]

1.4 Biomaterials

In tissue engineering, biomaterials refer to materials interacting with biological systems for
the evaluation, treatment or replacement of tissues, organs and body functions.[55] To obtain a
better understanding of biological functions, it is essential to develop efficient and reliable 3D
platforms that mimic all tissue properties in their native conditions. In particular, biomaterials can
be manufactured to accurately mimic the soft native ECM and control cellular behaviour.[56]
Biomaterials are grouped into three classes of natural, synthetic, and hybrid materials, which are
used for the fabrication of tissue engineering scaffolds. Synthetic biomaterials such as metals,

ceramics, polymers, and composites are used in several applications.

Metals are used for specific biomedical applications due to their mechanical properties
including high strength, fatigue endurance limit and toughness.[57] Specifically, they are used in
dental and orthopedic implants, for example in bone screws, hip and knee prosthesis.[58] In
addition, some metals are used as electrodes (platinum) in neural implants and various
cardiovascular implants such as in heart valves and pacemakers.[59] Overall, stainless steel,
cobalt, titantum and their alloys are the most commonly used metals in these applications.
Ceramics’ properties include inertness, high strength, wear-resistance, and durability, which make
them ideal for use as coatings for both cardiovascular and orthopedic implants. The most common

ceramics used in the body are alumina, zirconia, bioactive glass and hydroxyapatite.[60]

Finally, polymeric materials are extensively used in the medical field because of the wide
range of properties (and processing techniques) among all the biomaterials. Polymers can be very
diverse in composition and properties. They can be used both in long-term implantable devices in
neurological, cardiovascular implants and in short-term applications such as wound treatment, skin

replacement, and/or dental fillings. Polyvinylchloride (PVC), polyethylene (PE), and
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polymethylmethacrylate (PMMA) are the most common polymers used in medical fields. Note
that the basic composition of hard tissues such as bone consists of natural polymers, i.e., collagen
and ceramics (hydroxyapatite), which together confer rigidity and strength. The combination of
biomaterials into composite materials is a common technique to achieve better mechanical strength
and resistance to fatigue since they often overcome limitations found in pure metals, ceramics,
and/or polymers individually. Composites are widely used in orthopedics and cardiovascular

applications as well as biosensors and microelectrodes.[60]

The difference between conventional materials and biomaterials is that biomaterials need
to possess one extra key property: biocompatibility. In such a context, low biocompatibility and/or
lack of interaction with the surrounding tissue of synthetic biomaterials make natural biomaterials
like collagen, chitosan, fibrin, and alginate more preferable. Natural polymers are hydrophilic and
generally highly biocompatible because of their similar chemical composition to biological tissues.
In general, natural materials consist of proteins, polysaccharides, and polynucleotides, and they
have a huge impact on human healthcare. The source of natural biomaterials are plants, animals,
or humans. Biomaterials are chosen according to the type of application, the cost, and the
complexity of its purification and engineering process. Natural scaffolds derived from tissues or
organs, called decellularized tissues (since cells need to be removed to avoid foreign body
reactions) have attracted attention due to their natural protein contents and matrix-mimicking
properties. Although they have been used in cartilage sheets [61] and orthopedic scaffolds [62],
the structure (and accurate composition) of decellularized tissues such as density and shape can

hardly be controlled. To use natural biomaterials, donor tissues also need to be provided.[63]

1.5 Hydrogels and Fibrillar Scaffolds

In such context, hydrogels have recently gained lots of interest in biomaterials science and
biomedical engineering. A hydrogel is a network made of aqueous-dispersed hydrophilic polymer
chains, with a broad range of tunable physical and chemical properties. The polymeric network is
assembled through several methods including physical association, ionic and chemical
crosslinking.[64] Among the various hydrogel assembly methods, the gelation process is the
physical association of the polymer chains that generally occurs in response to temperature
variations. This alteration is the result of a temperature-induced change in the solubility of the

polymer chains, which promotes the close packing of polymer backbones into rigid structures.[65]
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Hydrogels composed of biological polymers (e.g. actin, collagen, and fibrin) are often
used as ECM models for the study of cell-matrix interactions. [31] In the case of collagen-based
scaffolds, hydrogel formation is generated by collagen gelation, which is similar to naturally
occurring fibril formation called fibrillogenesis. In this case, the neutralized native acid-soluble
collagen molecules (Type I) start forming a hydrogel when both temperature and pH raise to reach
the physiological conditions at which the hydrophilic polymer chains naturally crosslink (self-
assembly).

Over the past 50 years, the interest in hydrogels for biomedical applications, tissue
engineering and drug delivery intensified due to their unique features. These properties refer to
their aqueous nature, biodegradability and tissue-mimicking mechanical properties.[66] Their
elasticity is able to span across several orders of magnitude depending on the structure of the
polymeric network. Increasing the polymer molecular weight and crosslinker concentration can
easily increase the elasticity of the gels. Such elasticity control makes them widely utilized in
medicine.[67] Hence hydrogels are good mimetics of biological tissues (in the swollen state)
because they display similar properties, not only mechanical (remarkable elasticity) but also
chemical (high hydrophilicity). Another interesting feature of hydrogels is that they can be
generated in large volumes (3D hydrogels) to better mimic realistic cellular microenvironments
and study, for example, the role of matrix mechanics on various cell functions. In fact, several
studies, particularly in cancer research, have revealed that 3D cell cultures (e.g., breast
adenocarcinoma cells) behave considerably differently than 2D cell cultures (carried out on top of
polyacrylamide gels or in standard Petri dishes), as they display large differences in cell-cell and
cell-matrix interactions, as well as in cell mechanics. As the cell development process in native
conditions (in vivo) is not entirely replicated by 2D (monolayer) systems, key cellular functions
such as cell proliferation, differentiation, apoptosis, and migration were shown to greatly differ in
2D and 3D cell culture models.[68] Breast cancer cells cultured in 2D and 3D platforms showed
significant differences in morphology and cytoskeletal organization. In particular, when MCF-7
cells (a breast cancer cell line) were seeded either onto alginate-coated dishes (2D) or within 3D
alginate gels, they exhibited significant differences in morphology: flat and organized in
monolayers on the 2D substrate, while round and organized in clusters (similar to those in vivo)

within the 3D gels.[69] 3D cell cultures also show gene expression profiles [70] and responses to



treatment [71] more similar to in vivo state, as cells are in direct contact with their matrix in all

spatial dimensions.[72]

When specifically considering mechanical properties, 3D hydrogels are also very useful to
replicate ECM viscoelastic networks and investigate independently the effect of various
parameters (such as elasticity and/or stress relaxation) on cell behaviour. Importantly, Chaudhuri
and coworkers were the first to report that both cell spreading and proliferation were greater in 3D
substrates exhibiting faster stress relaxation [12] regardless of the initial elastic modulus of
hydrogels.[73] The same group later showed that osteogenic differentiation of mesenchymal stem

cells (MSCs) was also enhanced in cells cultured in fast relaxing 3D hydrogels.[74]

In tissue engineering, many scientists attempt to engineer platforms that replicate the ECM.
3D collagen-based scaffolds alone or in combination with other ECM proteins is a common
approach to develop better ECM-mimicking substrates in terms of biological, chemical, and
mechanical properties.[75] Collagen and/or FN, which allow cells to bind to substrates, are
typically used with cells using several methods of fabrication. Early on, 2D collagen platforms
were obtained by simply incubating collagen onto the surface of polyacrylamide or other gels
surface and using a crosslinker. As a result, cells would adhere to the gel surface coated with
collagen fibres.[76] As described in detail in Section 1.3, native ECM consists of a protein network
made of fibres that are deposited and assembled by cells (fibrillogenesis process). However, most
engineered 3D hydrogels mentioned earlier in this Section exhibit a porous morphology rather than
an actual fibrillar structural network, which differs significantly from the ECM. In fact, fibrillar
scaffolds are better mimetics of the ECM and are critical for the formation of focal adhesions, that
mediate cell-signalling pathways.[77] This indicates that 3D fibrillar networks enable crucial cell-
matrix interactions through integrins, as well as some remodelling of the local collagen matrix
needed for the development of focal adhesions.[76] More recently, engineered 3D scaffolds made
of fibrillar FN have been reported to be a promising approach for cancer research, as they promoted
cell invasion and proliferation, enabled in vitro expansion of primary cancer cells and induced an
epithelial-to-mesenchymal transition in cancer cells.[78] As described below, the tumour
microenvironment can affect cancer progression by interrupting or promoting cancer cell growth.
Therefore, developing 3D platforms for large volumes and long cell culture times will provide a

better understanding of tumour growth and metastasis.[79]
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1.6 Cancerous Tissues

The "seed and soil" hypothesis is a key concept in cancer research. This theory indicates
that, in addition to the presence of cancer cells (seed), the cells’ microenvironment (soil) is also
important. Healthy and tumour microenvironments have shown significant differences in
structural and mechanical properties. Evidence indicates that during tumour progression and
cancer metastasis, ECM is constantly modified in terms of composition, morphology (density) and
stiffness.[80][81] Many studies focused on individual cells to find a relationship between their
mechanical characteristics and different physiological and/or pathological conditions.[82] For
instance, MCF-7 cancer cells (cultured in 3D environments) showed higher proliferation within

stiffer substrates.[69]

In a normal microenvironment, ECM collagen fibres are sparse, curly, and compliant while
in the neighbourhood of breast cancer cells, they are abundant and thick, aligned in parallel bundles
and stiff.[83] Several studies of breast cancer, pancreatic cancer, gastric cancer, and prostate cancer
revealed that the accumulation of fibrillar collagen in the stroma increases ECM density which
leads to overall tissue stiffening.[84][85][86] High density and increased stiffness of the ECM

were also shown to promote angiogenesis, which is directly linked with tumour growth.[80]

As mentioned earlier, because they are more compliant and lack crosslinking, FN fibres
are able to respond to environmental stresses: they can be mechanically stretched by cells and can
consequently extend/unfold in tissues [87], which alters their biological functions and makes them
sensitive mechanotransducers.[88] It has been shown that FN deposition is upregulated in several
types of cancer [89], which in turn enhances angiogenesis by promoting the recruitment of vascular
cells in regions where FN fibres are denser.[90] Additionally, Wang et al. showed that breast
cancer-conditioned cells would deposit not only denser but also thicker, stiffer and more unfolded
FN fibres. Their thorough study indicates that the concomitant modification of multiple properties
of FN fibres in the tumour microenvironment is responsible for altered FN signalling, in particular
for the increased secretion of vascular endothelial growth factors (VEGF) that contributes to
angiogenesis.[25] The same group later reported that these changes in structural and mechanical
properties of FN fibres have repercussions on collagen type I matrix deposition (due to altered
FN-—collagen interactions), which consists of thicker and more aligned collagen fibres assembled

in bundles, usually associated with tumour aggressiveness.[91]
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1.7 Scope of the Thesis, Experimental Design and Materials

1.7.1 Scope of the Thesis

Although a significant amount of research has already been done on 3D soft hydrogels for
tissue engineering purposes, there is still a need for tunable 3D ECM-mimicking scaffolds in
cancer research. It is well known that both structural and mechanical features of the ECM fibrillar
network contribute to cancer progression, but how these architectural and mechanical properties
are related is still unclear. Therefore, it is important to thoroughly assess the entire spectrum of
both elastic and viscoelastic features of fibrillar networks in order to establish correlations between
their topology (architecture), conformation (secondary and tertiary protein structure) and

mechanics.

In such a context, the goal of this thesis is to engineer and characterize a series of ECM-
mimicking platforms composed of both collagen and FN, with material properties spanning from
physiological to pathological (tumorous) tissues. Tunability of structural and mechanical
properties will allow us (i) to establish a unique structure-mechanics relationship in the fibrillar
networks, and in the future (ii) to investigate the effect of a variety of ECM cancer-associated

alterations on cancer progression, in highly controlled and reproducible conditions.

Therefore, we will generate both ECM and cell-laden ECM scaffolds with controlled
volume, mesh size, elasticity, and viscous (namely dissipative) characteristics. These tunable
platforms will not only enable a better understanding of the critical link between ECM structure
and mechanics but also help us in advancing our ultimate goal, which is the control of cellular
functions. As such, these realistic ECM mimetics represent a valuable tool for biomaterials and
biophysics research, with many potential applications in basic research, medical diagnosis, and

tissue engineering.
1.7.2 Experimental Design

Based on previous work performed in our laboratory [92], we will first use a simple
temperature-mediated casting method to fabricate three types of 3D collagen-fibronectin fibrillar
scaffolds, either free of cells or loaded with cells, with varied materials properties. To evaluate the
full range of mechanical characteristics of these ECM-mimicking scaffolds, we will have recourse

to two different yet complementary techniques. First, all scaffolds will be subjected to increasing
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compression forces using Dynamic Micromechanical device (home-made device) to extract their
Young’s moduli and assess their elasticity. We will then use a Rheometer (MCR 301 Anton Paar)
to evaluate their full rheological behaviour when subjected to a large array of strains and strain

rates. Methodology details are provided in Chapter 2.

1.7.3 Materials

Source of Collagen

Soluble rat-tail collagen I with a concentration of 4mg/ml (Advance Biomatrix) will be

used to fabricate all 3D fibrillar scaffolds.

Source of Fibronectin
Bovine plasma fibronectin (Invitrogen, Thermo Fisher Scientific) will be diluted in 1x
phosphate buffered saline (PBS) at a concentration of 1mg/ml for the stock solution and then used

either during or after 3D collagen networks polymerization.

Source of Cells and Cell Culture

To study the effect of cells on the mechanics of our ECM-mimicking scaffolds, a highly
aggressive breast cancer cell line, MDA-MB-231 (human breast adenocarcinoma) will be used.
MDA-MB-231 cells will be cultured in Minimum Essential Medium Eagle-alpha modification (a-
MEM) (Sigma Aldrich) including 10 vol% fetal bovine serum (FBS, Tissue Culture Biologics)
and 1 vol% penicillin/streptomycin (Life Technologies) at 37°C in 5% CO». An average seeding

density of 1.36 X 10> cells/mL will be used to generate cell-laden scaffolds.
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Chapter 2 — Theoretical Background and Methodology for Mechanical

Characterization

2.1 Introduction to Mechanical Properties of Soft Tissues

Mechanical properties are intrinsic to every material, and they are usually closely related
to the material structural organization. In biology, mechanical properties are also responsible for
the proper physiological functions of tissues. In such a context, it is crucial to assess accurately all
mechanical characteristics of biological tissues. In the case of soft tissues, at the heart of this thesis,
their response to load and/or deformation may depend on prior loading, deformation and/or
temperature history, which renders the task more tedious but also more interesting. This chapter
focuses on (i) all mechanical characteristics of materials relevant in biology, and (ii) the different
techniques available to evaluate such properties, with an emphasis on the case of compliant and

soft tissues.

2.1.1 Elasticity
Elasticity is an intensive property of materials that shows a return to their initial state
instantaneously upon removing the applied forces. Elastic moduli for solids are calculated from
the ratio of stress to strain which can be described by the generalized Hooke’s law. The coefficient
that describes the ratio of the applied stress to the resultant strain is called Elastic Modulus or
Young’s Modulus (E), and it is given by:
goO
€
The Young’s modulus E with a unit of measurement in N/m? or Pa states that the stress response
of an elastic material is independent of time. It is also defined as:
FAL
AL,
where strain () is the stress-induced deformation in terms of relative displacement of the sample
in some spatial dimension i.e., its elongation AL normalized by its initial value Lo (¢ is therefore
dimensionless). Stress (o) is defined as the applied force (load) /' (N) divided by the cross-sectional

area A (m?), which is the area perpendicular to the load (cross-section of the specimen).

20



Many materials (not only polymers but also most metals) exhibit a S-shaped stress-strain

curve, which consists of three different regions as shown in figure 2.1.
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Figure 2.1 Schematic of a stress-strain curve for tissues such as tendons, when subjected to
tensile stresses. Adapted from [1].

The first region is the “toe region”, which corresponds to the initial uncrimping (and
alignment) of fibres upon applying load. In the second (linear) region, fibres are straightened and
start stretching. The slope of this linear portion is used to estimate Young’s modulus of the
material. In the third region, a further stretch of fibres causes molecular and fibrillar slippage,
which eventually leads to macroscopic failure, i.e. failure of the entire specimen.[2] In the case of
most soft biological tissues, the resistance to deformation typically increases when the applied
stress increases, this phenomenon is called strain-stiffening and is illustrated by a J-shaped stress-

strain curve.[3]

The above concept and properties relate to stresses applied perpendicularly to the
material’s ‘long’ axis (perpendicularly to the specimen cross-section), namely when stresses are
applied either in tension or in compression, however, stresses are often applied parallelly to the
specimen cross-section, which is the case of shear stresses. Shear stresses and the measurement of

the shear modulus of materials are described in detail in Section 2.2.1.

2.1.2 Viscoelasticity
Biological tissues, especially soft tissues, display viscoelastic behaviour. Viscoelasticity is

a combination of two elements with different responses including time-dependent strain (mean
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dissipation) and retarded elastic deformation (or recovery) when undergoing deformation (or load
removal). Applying load to viscoelastic materials leads to an increment of the system’s energy.
When viscoelastic materials store energy upon loading, part of the stored energy is returned upon
unloading which refers to elasticity (see Section 2.1.1), but some of it is dissipated which
represents the ‘viscous’ (mean dissipation) component. When the load is removed, rearrangements

of macromolecules lower the total energy of the system and it reaches the equilibrium state.

Characteristic viscoelastic features of soft tissues are summarised in Figure 2.2. Figure
2.2.a displays the hysteresis phenomenon, where mechanical responses are not identical upon
loading and unloading the tissue. As an important aspect of flow behaviour, hysteresis (dissipation
loop) results from the gap between the input and the output energies. The input energy is the energy
given to the specimen during loading while the output energy is the energy returned by the
specimen during unloading. It shows a lack of equilibrium between the microstructure and the
strain rate, often because the material is structurally fractured upon applying force. Therefore,
when one wants to perform highly recommended °‘equilibrium’ (also called steady-state)

measurements, it is essential to adjust the experimental process (e.g., strain rate) to minimize the

hysteresis.
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Figure 2.2 Viscoelastic behaviour of soft tissues. a) Hysteresis of a stress-strain profile upon loading
and unloading of the tissue. b) Stress relaxation experiment in which stress decreases while the tissue is
held at constant strain. ¢) Creep experiment in which strain increases while the tissue is held at constant
(tensile) stress. d) Characteristic effect of strain rate on a stress-strain profile. Adapted from [4].
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To characterize viscoelastic materials, creep and stress relaxation tests are the most
common experiments. Imposing a constant deformation/strain on a polymer while following the
resultant stress refers to stress relaxation (Figure 2.2.b). Applying a constant force/stress while
following the deformation/strain refers to creep tests (Figure 2.2.c). Experimental characterization
of biological soft tissues shows that stress-strain curves (i) are extremely sensitive to the rate at
which the strain is applied (called strain rate, in other words, how fast we deform the system) and
(i1) display relaxation phenomena. A well-known effect is the stiffening, i.e., the increase of stress-
strain curve slope of soft tissues when the strain rate is increased, as clearly illustrated in Figure
2.2.d. The strain rate is therefore a significant variable that needs to be constantly monitored and

controlled when characterizing soft tissues” mechanical behaviour.

Viscoelastic properties of materials may be linear (independent of imposed stress or strain)
or nonlinear (dependent on applied stress or strain). The nonlinear viscoelastic response, for
example, strain stiffening is a common attribute of soft tissues. All measurements need to be
performed within the linear viscoelastic range (LVR), as only in this range can the relationship
between molecular structure and viscoelastic material behaviour be properly determined. This
theory explains how the microstructure of complex polymers and fluids is related to their

rheological properties.

2.1.3 Poroelasticity

Besides viscoelasticity, which is usually associated with the reorientation/alignment of the
(solid) polymer network when subjected to stresses, hydrogels show another well-known time-
dependent behaviour: poroelasticity, which rather arises from the stress relaxation induced by the
flow of fluid within the solid network. It is therefore essential to distinguish the contribution of
poroelasticity to mechanical behaviour, especially when the considered solids are soft biological
tissues (or matrices), which are highly porous structures immersed in fluids. Stress relaxation for
hydrogels, such as collagen gels, is composed of two concurrent molecular processes.[5] On one
hand, stretching, buckling, bending and slipping of the fibrils at interaction/contact points make
conformational changes in the gel. It leads to gel network reorganization which represents its
viscoelastic behaviour. On the other hand, the flow of interstitial fluids may slow the relative

movement of the system or pressurize the system [6] resulting in poroelasticity.
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Poroelasticity can be observed in any multiphase medium. It is not easy to differentiate
viscoelastic and poroelastic behaviours in mechanical experiments. However, specific
experimental protocols are employed to study these two phenomena independently, such as
indentation and compression methods. As mentioned earlier, stress relaxation results from two
concurrent yet individual responses that can be distinguished as follows. The poroelastic
component of the relaxation depends on the sample characteristic length-scale, while the
viscoelastic component of the relaxation is independent of the sample length-scale because the
sample size is usually much bigger than the size of the pores present in the material.[7] Therefore
when averaged load-relaxation curves for gels with different sizes are normalized by the individual
sample size and plotted against time, the trends of each curve are offset in time.[8] The length-
scale dependency of poroelastic mechanisms can also be determined from (simultaneous) analysis

of multi-scale indentation experiments.|[7]

2.1.4 Hydration Effect on Mechanical Properties

For most biological tissues (especially connective tissues), hydration is key to preserve
their normal biochemical functions.[9] Several factors would dramatically affect the mechanical
properties of soft tissues, e.g., ECM crosslinking [10] and/or hydration level. For example,
dehydration of collagen matrices significantly reduces the spacing between fibres, which in turn
alters both inter and intra-molecular bonds.[11] Studies on collagen fibrils revealed that their
stiffness increases upon dehydration.[12] In fact, infrared reflection spectroscopy reveals that
collagen hydrogen bonds strengthen and shorten during the dehydration process.[13] The
hydration layer has also a structural function in keeping the critical spacing between collagen

fibrils, as shown through Raman spectroscopy.[14]

2.2 Rheology
Rheology refers to the study of the flow of matter (mainly liquids but also solids) when it

is subjected to stresses. It started with theories that describe so-called ideal materials. The first
example is the description by Robert Hooke of ideal elastic solids, as described in Section 2.1.1.
The second example is Isaac Newton’s theory describing ideal liquids (also named Newtonian
liquids), i.e., liquids whose viscosity stays constant, even though the shear rate (or strain rate)
changes with time. Many materials such as soft materials are a combination of ideal solids (elastic)

and ideal liquids (viscous) and are therefore called viscoelastic materials.
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Various types of flow are recognized, as shown in Figure 2.3. Although all liquids flow
when subjected to stresses, ideal and nonideal liquids behave differently.[15] A Newtonian (ideal)
behaviour implies a linear relationship between stress and strain rate in the liquid and is the
simplest flow behaviour encountered. Thus, in ideal liquids, the viscosity, 1, remains constant,
which means it is not affected by changes in the speed (rate) at which the liquid is flowing (see
Section 2.2.1 for details). Instead, viscosity does not remain constant in nonideal liquids: in dilatant
fluids, the viscosity increases with shear rate, also named shear-thickening effect, while in

pseudoplastic liquids, the viscosity decreases with shear rate, also named shear-thinning effect.

Flow curves Viscosity curves
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Figure 2.3 Different types of flow behaviour in ideal and non-ideal liquids. Adapted from [16].

Rheology is, therefore, crucial to quantify materials’ viscoelasticity, and rheological
experiments need to be performed using a wide range of time (rates) and deformation (strains)
parameters to properly relate viscoelastic properties to the material structure. Soft materials exhibit
complex deformations in response to mechanical loading, due to their heterogeneous internal
structure and intricate composition of soft solids and fluids (filamentous polymers, and other
supra-molecular). Stress and strain relationships are functions of time, direction, and length of
deformation. Several controlled techniques including stress relaxation, creep and oscillatory shear
can be performed to assess rheological characteristics. Depending on the viscoelastic models used,
rheological results are expressed in terms of relaxation modules, creep conformance, storage and

loss modulus, respectively.
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2.2.1 Shear

Shear forces are at the heart of rheology to evaluate the flow behaviour of materials. Shear
can be illustrated using a simple two-plates model (Figure 2.4). A shear force is defined as a force
applied to the face of a sample sandwiched between two opposing plates, which direction is parallel
to these plates.[15] The elastic deformation induced by this shear force is called shear deformation.
The ratio of shear stress to shear strain is called the shear modulus, G, which describes the

resistance of the solid against deformation:

where 7 is the shear stress (shear force per unit area) in Pa, and y is the shear strain, i.e., the relative
change in length (dimensionless). The coefficient G is the constant of proportionality called shear
modulus (Pa). Similar to the Young modulus E, shear modulus G is an intensive elastic property
of solids. The difference is that G deals with the ability of a specimen to elastically deform when
stresses are applied ‘along’ the specimen surface (shear force), instead of perpendicularly to the
specimen surface (compressive or tensile force) as described for £ in Section 2.1.1. This relation

can also be written as:
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Figure 2.4 Schematic of two plate model showing the velocity distribution of flow. [17]

where the shear stress T = F/A4 (in contrast to normal stress seen in Section 2.1.1, here the cross-
sectional area A of the object is in the plane parallel to the shear force F'), and the shear strain y =

Ax/h is the finite deformation along the shear force F, i.e., the elongation Ax normalized by the
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initial specimen thickness # (in contrast to normal strain € seen in Section 2.1.1, here the

characteristic length 4 is perpendicular to the shear force F). y is dimensionless.

When the deformation continues over time, i.e., when the material flows at a relative speed
V, the shear deformation Ax increases with time. The rate at which Ax increases is the shear (strain)
rate, or simply the shear rate. Therefore, under flow, the shear stress T becomes proportional to the
shear rate (y) of the planes, which is equal to V'/h. As explained in more detail in Section 2.2.2, the

coefficient of proportionality between shear stress and shear (strain) rate defines the viscosity 7:

T
n=-=
Y

Oscillatory shear stresses are widely used to characterize the viscoelastic behaviour of soft
materials.[18] In such method, cyclic (sinusoidal) strains are applied over time, which causes
sinusoidal shear forces in the sample, measured as the resulting stress response. The relative

contributions of both viscous and elastic responses are assessed using this technique.

In the oscillatory shear technique, shear strain (in small amplitude oscillatory shear) can be

written as:
y(t) = yosinwt
And the stress response of viscoelastic material under oscillatory shear stress is given by:
0 = gpsin (wt + 9§),
which can also be written as:
o = G'y,sinwt + G y,coswt

where the shear stress consists of two components: a modulus G' which is in phase (§ = 0°) with

the shear strain and a modulus G” which is out of phase (§ = 90°) with the shear strain.

In large amplitude oscillatory shear, which provides the information of nonlinear

viscoelasticity of materials, the sinusoidal shear strain is defined as:

y() =yoe™"
Using oscillatory mode within the linear viscoelasticity range, the shear strain and shear stress are

related by:
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a(t)=G"y(t)

where G* i1s the complex modulus (also called dynamic modulus), which is composed of in-phase

and out of phase components with the oscillating strain as:
G" (w)=G'(w)+iG"(w)
The storage modulus, G', corresponds to the elastic element of viscoelastic materials, in
other words, it represents the ability of materials to store energy in the elastic structure of the
sample. The loss modulus, G”, describes the ability of a material to dissipate energy in the structure

of the material. In the linear viscoelastic region (LVR) or the adequately small strain regime, both

storage and loss moduli are independent of strain.

2.2.2 Viscosity
Fluids at a given strain rate will show resistance to flow known as viscosity (7). This flow
resistance is caused by the interaction between various molecules in a fluid i.e., the internal friction

between molecules. Accordingly, the viscosity is defined as:

o
n=-=
Y

where o is the shear stress and y the shear (strain) rate.
Additionally, we define the frequency-dependent complex viscosity (n*) as:

G*(w)
lw

n"(w) =

n"(w) =7n'(w) - in"(w)
n"(w)=6"/w — G'/w
The complex viscosity is defined by the relation between complex stress and strain rate. The

storage modulus is related to the elastic component of viscosity (n”) while the loss modulus is

related to the viscous component of viscosity (), known as dynamic viscosity.

2.2.3 Loss Factor
In oscillatory experiments, the ratio of loss modulus to storage modulus (G"(w)/G'(w)) is
called the loss factor, or tan (&), and it provides the relative degree of energy dissipation (damping)

in the material. For ideal (pure) elastic materials, & = 0° (stress is in phase with strain) and
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G"(w)—>0, while for ideal (pure) viscous materials § = 90° (stress is out of phase with strain) and

G'(w)>0.

2.3 Tools for Elasticity and Viscoelasticity Measurements

2.3.1 Dynamic Mechanical Analyzer

Several tools are available to evaluate the mechanics of soft tissues depending on the
mechanical properties that need to be assessed along with the samples’ size and geometry. In this
thesis, we used a custom-built Dynamic Mechanical Analyzer (DMA) to evaluate the elasticity of
all our fibrillar collagen-FN scaffolds, in the absence and/or presence of cells. More specifically,
small increments of strain were cyclically applied to each sample using the two parallel plates
configuration of the DMA device. To assess sample stiffness, Young’s modulus was calculated
during compression with the help of LabVIEW software. Importantly, each sample was kept
hydrated in PBS at all times during measurements. Force-indentation curves were recorded by
compressing the material in small strain increments up to the desired final strain, and at a constant
velocity. All measurements were carried out under cyclic dynamic loading and velocity fixed at
25um/s. This velocity value was chosen because it was the most suitable rate available to ensure
quasi-static measurements and limit viscous effects (lowest velocity were also tested but they led
to highly noisy data that were discarded). Prior to each measurement, up to 35% pre-strain was
applied to secure the sample within the loading cell and ensure its direct and homogeneous contact
with both loading plates. Samples were then deformed up to 25% strain. To restrict heating of the
surfaces and consequent dehydration of the sample, ice packed gels were placed all around the
device. Next, seven consecutive loading cycles were applied to each sample and all seven force-
indentation curves were recorded. Because the elastic modulus of the gels estimated from the first
compression cycle was systematically far higher than that obtained from the following six cycles
(likely due to the loss of excess PBS in the gels), it was discarded. Finally, the force-indentation
data of the six compressive cycles left were averaged and converted to stress-strain data and the
elastic modulus (E) for each gel was extracted as the slope of the stress-strain plots in the low-

strain regime (2—8 % strain).
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upper plate
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Figure 2.5 A custom-built Dynamic Mechanical Analyzer (DMA) to perform Young’s modulus
measurements in compression.

2.3.2 Rheometer

A rheometer is an instrument with great functionality used to measure a vast array of
viscoelastic characteristics of solids, semi-solids and fluids. It can measure the viscosity and
elasticity of Newtonian and non-Newtonian materials under a broad variety of conditions, as
opposed to a viscometer that is limited in its use for the measurement of the viscous flow behaviour
of fluids. Viscoelasticity, yield stress, creep compliance and stress relaxation are some of the most

important properties that can be determined with a rheometer.

A rheometer allows one to measure torque, deflection angle and speed. Shear parameters
such as shear stress and shear strain rate are obtained from measurements of torque and flow rate,
at each measuring point. The application of torque on the top plate results in rotational shear stress
on the surface, which provides the resultant strain or strain rate (shear rate). Two types of rtheology
testing can be performed: rotational tests and/or oscillatory tests. While the measuring bob turns

in only one direction in rotational tests, it oscillates around its axis in oscillatory tests.
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Figure 2.6 A parallel plate rheometer (MCR 301 Anton Paar). The picture shows the experimental
configuration prior to the final approach, i.e., before subsequent gluing of the sample to the lower plate,
which ensures pure rotational shear within the sample and no slippage at the interface with the lower plate.

Different testing geometries are available depending on the type of rheometers, including
the plate-plate, cone plate, and Couette geometry. In this thesis, we used a strain-controlled
rheometer (SSC: an operation mode for pre-setting the deflection) with plate-plate geometry, in
which each sample was placed (glued) between two strictly parallel stainless steel sandblasted

plates, separated by a gap of controllable size, and constantly immersed in PBS.

Amplitude sweep tests were first systematically performed on each sample to determine
their linear viscoelastic regime (LVR). In these tests, the frequency was held constant while the
amplitude of the deformation was increased across two orders of magnitude of strains (namely
from 0.1% to 10% strain). The LVR ensures that neither the storage modulus (G”) nor the loss
modulus (G”) shows a dependency on the applied strain. Based on these amplitude sweeps
(repeated at three different frequencies) and the LVR we determined, in this thesis, we report a
large amount of highly reproducible data obtained at a strain rate of 0.1 (1/s) and a strain of 0.25%.
As detailed in Chapter 4, all trends were similar at lower frequencies and/or higher strains, unless
stated otherwise.

Next, we operated frequency sweep tests within the LVR regime to quantify all relevant
rheology time-dependent characteristics of each sample. During frequency sweeps, the

amplitude/strain was set to 0.25% and the strain rate was decreased from 10 to 0.1 (1/s). Storage
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modulus, loss modulus, viscosity, as well as loss factor were determined from those measurements.
These experiments were repeated at both 0.5% and 1% strains, but only results showing a different
trend than that obtained at 0.25% are reported and discussed in the main body of this thesis. All

data acquired at 0.5% and 1% strains are reported in the Appendix.

2.4 Statistical Analysis

One-way ANOVA with Tukey post hoc test and Student’s t-test were used to analyze
statistical significance between conditions using GraphPad Prism (GraphPad Software, California
USA). All presented values are the mean + the standard deviation of our data. Statistical

significance * refers to P <0.05, ** to P<0.01, *** to P<0.001, **** to P<0.0001.
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Chapter 3 - Structural and Dynamic Mechanical Analysis of 3D fibrillar
Collagen-Fibronectin Scaffolds

3.1 Introduction

The ECM plays a significant role in development, regeneration, but also diseases such as
cancer.[ 1] More specifically, the structural and morphological characteristics of the ECM such as
the structure of its individual components (fibre diameter, length), the conformation of proteins,
and the overall matrix density all influence cellular behaviour.[2] Additionally, the biomechanical
characteristics of the ECM, including stiffness, regulate key cellular functions such as
proliferation, differentiation, survival and migration.[3][4] Both the structure and the mechanics
of the ECM are noticeably altered in disease conditions.[2][5] During tumour growth, the ECM of
the tumour microenvironment is gradually remodelled by tumour cells, which affects its physical
properties and impacts the efficacy of treatment.[4] In most cancers, the tumour tissue (comprising

both cells and their ECM) is stiffer than its healthy counterpart.[6][7][8]

Studies have demonstrated that increased ECM deposition, in particular, upregulation of
collagen (COL) and fibronectin (FN) deposition [9][10] results in increased density and stiffness
of the ECM, which is associated with increased risk of breast cancer.[7][11] To investigate cellular
behaviour, recent research has focused widely on studying COL type I (COL-I), a major fibrillar
ECM component and FN, the prominent glycoprotein in the ECM.[12][13] COL fibres’ thickness
and alignment are increased in tumour tissues, suggesting a stiff environment and indicating a
tumour-promoting stroma [14], while they are curly and compliant in healthy ECM networks.[15]
In the early stages of growth, the tumour tissue was also reported to comprise dense, stiff, and
unfolded FN, which in turn results in altered COL-I deposition and promotes tumour

vascularisation.[16]

In tissue engineering, COL scaffolds of varied microstructures have been utilized to
provide substrates with tunable mechanical properties. The varied microstructure was achieved by
control of (i) COL concentration, (ii) polymerization temperature and/or (iii) pH.[17] More
specifically, monitoring the above-mentioned parameters allows one to control COL scaffold
density (pore size), topology of individual COL fibres, such as fibre length, diameter, and overall
fibre alignment.[18]
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In this thesis, we used a temperature-mediated casting method developed by a former
student in the Gourdon group to fabricate 3D fibrillar COL-FN networks with constant protein
concentrations yet different microarchitectures.[ 19] The temperature was the main parameter used
to control the rate of COL gelation and get fibrillar scaffolds of varied density and fibre
morphology. As a result, we generated three types of COL-FN scaffolds with low, medium and
high network density, and we correlated their microarchitecture with their mechanical
characteristics. All scaffolds were fabricated both in the absence (cell-free) and in the presence
(cell-laden) of breast cancer cells. In this chapter, we first introduce scaffolds’ structural
information obtained via fluorescence microscopy, then we present in detail the mechanical
analysis we performed using a custom-built Dynamic Mechanical Analyzer (DMA) to estimate

scaffolds’ Young’s modulus (E) in compression mode.

3.2 Materials and Methods

3.2.1 Fabrication and Microstructure of Fibrillar Collagen-Fibronectin Scaffolds Prepared

Using Warm/Cold Casting Technique

Cell-free scaffolds: To fabricate the 3D fibrillar scaffolds, we used a temperature-
mediated or cold/warm casting method previously implemented in the Gourdon lab. Briefly, a
neutralization solution was mixed to a Rat Tail Collagen solution (4 mg/ml) (both from Advanced
BioMatrix) in a 1:9 ratio to obtain a neutralized COL solution at a final concentration of 2.88
mg/ml. The COL solution was then added to either pre-cooled or pre-warmed 96 well-plates. A
final volume of 150 pul per well was necessary to obtain 1.0 mm thick COL scaffolds. In the cold-
casting method, the solution was added in pre-cooled well plates and gradually polymerized under
temperatures ranging from 4°C (fridge for 15 min), 15°C (environmental chamber for 15 min) to
37°C (incubator for 24 h), which ensured a slow rate of polymerization to generate thick COL
fibrils. In the warm-casting method, the solution was added in pre-warmed well plates and rapidly
polymerized at 37°C, which resulted in thin COL fibrils. In this thesis, we also fabricated a third
sample under conditions that were intermediate between cold- and warm-casting. Importantly, all
well plates and solutions were kept on ice during preparation. Finally, to better mimic the ECM,

FN was added to the COL solutions at various stages of the gel preparation up to a final
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concentration of 0.2 mg/ml.[19] (FN was added to Well A, Well C, and Well E at t=0, t=20 and

t=30 minutes, respectively).

Cell-laden scaffolds: Next, we fabricated similar COL-FN fibrillar scaffolds with pre-
embedded cells. MDA-MB-231 cells (breast cancer cells) were incubated in a-MEM (Sigma
Aldrich) including 10 vol% fetal bovine serum (FBS, Tissue Culture Biologicals) and 1 vol%
penicillin/streptomycin (Life Technologies) at 37°C in 5% CO2. The neutralized COL solution
was mixed with 10 ul MDA-MB-231 cells solution containing 100,000 cells to get final cell-
embedded COL gels with approximately 2.004 x 10* cells per well. Cell-laden scaffolds were
prepared via the same cold/warm casting method as cell-free scaffolds, without any use of

chemical crosslinking.

The microstructure of the resulting cell-free scaffolds was assessed via laser scanning
confocal microscopy performed by Javad Eslami, a graduate student currently in the Gourdon
group. Fluorescence images (acquired in reflectance mode for COL and conventional fluorescence
mode for previously labelled FN) and associated structural analysis are summarized in Figure 3.1.
From these data, first, it is important to note that all scaffolds exhibit a fibrillar structure rather
than a porous hydrogel morphology and that both COL (red) and FN (green) are present and able
to form distinct networks of fibres. Next, it is clear that warm-casted scaffolds (well E) exhibit
dense networks composed of short and thin fibres, while cold-casted scaffolds (well A) show
sparse networks composed of long and thick fibres. Intermediate temperature casted scaffolds
(well C) display intermediate matrix properties in terms of pore/mesh size and fibre topology,
which indicates that we are able to gradually tune the scaffolds’ microstructure by accurately

controlling the rate of COL gelation.
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Figure 3.1 Microstructure analysis of cell-free collagen-fibronectin scaffolds. Combined
reflectance and conventional fluorescence confocal images (Red: COL-I, Green: FN) of scaffolds
engineered at varied polymerization temperatures: a) Well A (Cold-casted); b) Well C (Intermediate
temperature casted); ¢) and Well E (Warm-casted). Fibre topology and scaffold mesh size d) Average COL
fibre diameter for Well A (4.0+£0.3 um), Well C (2.5+£0.2 pum) and Well E (1.3£0.1 um); e) Average COL
fibre length for Well A (57.1£10.7 pm), Well C (46.9+£10.2 um) and Well E (36.4£3.3 um). f) Average
COL-FN scaffold pore/mesh size for Well A (2196+587 pum?), Well C (1580+525 um?) and Well E
(934.7£336 um?). (n=15 for all wells) (**P<0.01, ***P<0.001, ****P<(0.0001; One-way ANOVA).
Mean+SD. Scale bars = 50 pum. Data obtained by courtesy of Javad Eslami.

3.2.2 Dynamic Mechanical Analysis of 3D Fibrillar Collagen-Fibronectin Scaffolds

In this thesis, Young’s moduli of all COL-FN scaffolds were measured in compression via
a custom-made Dynamic Mechanical Analyzer (DMA), as shown in Figure 2.5. Prior to each
experiment, all scaffolds were incubated for 24 h at 37°C, immersed in PBS. After 24 h, each
sample was mounted on the DMA and placed between two parallel plates. Excess PBS was
removed, and the initial cross-sectional area (4o) was measured prior to compression. All

measurements were carried out under cyclic dynamic loading, at velocity of 50 pm/s, 25 pm/s and
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10 um/s. However, our data acquired at 50 um/s clearly displayed significant viscous effects
(highly hysteretic), and those acquired at 10 pm/s were extremely noisy. Therefore, in this thesis,
we only report the data obtained at 25 pum/s, as this velocity was the most suitable rate available
to ensure quasi-static measurements and limit viscous effects. We also tested two different
maximum levels of applied strain, namely 25% and 50%. However, as 50% strain showed clear
signs of plastic deformation, we restricted our compressive measurements to 25% maximum strain.
Importantly, up to 35% pre-strain was applied before acquiring force-indentation data, to ensure
proper (homogeneous) direct contact of each sample with the DMA loading plates. To restrict
heating of the plates and consequent dehydration of the sample, ice packed gels were placed all
around the device. The applied force (F) was measured while monitoring sample
deformation/indentation (Li) up to 25% strain, using LabVIEW software. Overall, seven
consecutive loading cycles were applied to each sample and all seven force-indentation curves

were recorded.

The force-indentation data of the six successive compressive cycles were converted to
engineering stress-strain data, i.e., using initial cross-sectional area Ao for stress calculations
(Figure 3.2.a). The Young’s modulus (E£) was calculated as the slope of the stress-strain curve
(E=o/e= FLo/Ao(Li-Lo)) over the low-strain or elastic regime (2—8%), as shown in Figure 3.2.b.
Note that these strain values do not include the 35% pre-strain. Importantly, to determine Lo as the
initial (uncompressed) sample thickness, we used the indentation (L;) at which we could clearly

see an onset of repulsive forces while the two compression plates were brought towards each other.
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Figure 3.2 Young’s modulus measurements in compression. a) Average converted stress-strain
curve obtained when a sample was compressed under cyclic force up to 25% strain, at a constant velocity
of 25 pm/s. b) Elastic modulus (E) as calculated from the initial slope of engineering stress-strain (o= €E)
in the low strain 2—-8% regime.
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3.3 Results

3.3.1 Experimental Analysis of Collagen-Fibronectin Network Mechanical Properties in
Cell-Free Scaffolds

We first characterized the mechanical properties of our COL-FN scaffolds in the absence
of cells. In brief, we prepared three types of scaffolds using temperature-mediated casting that
allowed us to gradually monitor their microstructure, from low-density networks (Well A) to high-
density networks (Well E).[17] We then analyzed how these different microarchitectures affected
the elastic moduli of the scaffolds using DMA compression tests. As shown in Figure 3.3, our data
indicate that there was no difference in Young’s compressive modulus between cold and warm-
casted scaffolds, regardless of their clear different microarchitecture. Although there may exist a
trend suggesting higher mean stiffness values for Well C and Well E, i.e., for higher density
scaffolds, no statistical difference was measured over 6 to 8 samples per condition. Overall, our
data indicate that, regardless of polymerization temperature and associated structure, the bulk
stiffness of all our COL-FN cell-free scaffolds was around ~ 2 kPa, which is in the compliant range
of rigidities found in native tissues. In human tissues, the elastic modulus of COL networks varies
from hundreds Pa (compliant brain tissue) up to a few GPa (stiff cortical bone).[20]
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Figure 3.3 Compressive moduli of fibrillar COL-FN scaffolds in the absence of cells. The results

show that there is no significant difference between compressive Young’s moduli measured on Well A
(E=1.67+0.98 kPa) (n=6), Well C (E=2.08+1.03 kPa) (n=8) and Well E (E=2.13+1.75 kPa) (n=8), in the
absence of cells. (One-way ANOVA) Mean + SD. ns: no significance, P>0.05.
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3.3.2 Experimental Analysis of Collagen-Fibronectin Network Mechanical Properties in
Cell-Laden Scaffolds

Next, we repeated our DMA compressive measurements on the three types of COL-FN
scaffolds, in presence of cells, using the same experimental parameters. According to our results
summarized in Figure 3.4, even when scaffolds are loaded with cells, no difference in Young’s
compressive modulus was observed. Therefore the presence of cells did not affect significantly
scaffolds’ stiffness, even though warm-casted and cold-casted samples exhibited different
microstructure (data not shown).[19] Overall our findings indicate that the mean stiffness of all
three cell-laden scaffolds was approximately 2 kPa, i.e., similar to that of cell-free scaffolds

measured in Section 3.3.1.
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Figure 3.4 Compressive moduli of fibrillar COL-FN scaffolds in the presence of cells. The
results show that there is no significant difference between compressive Young’s moduli measured on Well
A (E=1.87+0.44 kPa) (n=5), Well C (E=2.20+0.68 kPa) (n=5) and Well E (E=1.73+0.63 kPa) (n=4). (One-
way ANOVA) Mean = SD. ns: no significance, P>0.05.
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Figure 3.5 Comparison of compressive moduli between cell-free and cell-laden fibrillar COL-
FN scaffolds (24h). Although there is no significant difference in compressive moduli between scaffolds,

the presence of cells tends to (i) increase stiffness of Wells A and C, and (ii) decrease stiffness of Well E.
(One-way ANOVA). ns: no significance, P>0.05.

To determine whether a trend existed between cell-free and cell-loaded scaffolds fabricated
in the same conditions, Figure 3.5 displays all compressive moduli we obtained via DMA. When
having a closer look at these data, it can be noticed that the presence of cells tended to increase the
stiffness of sparse scaffolds (Well A and Well C), however, it tended to decrease that of the denser
scaffold (Well E). This trend suggests that cells may affect the mechanics of scaffolds in different
ways, depending on their ability to establish cell-matrix interactions and on the type of interactions
they can engage with the matrix, which are both highly dependent on the mesh size of the

surrounding scaffold.

3.4 Discussion

Mechanical characterization of soft/compliant gels is complex because it is highly sensitive
to testing conditions. In particular, the magnitude of the prestress applied can lead to significant
variations in water content over time, and/or irreversible (plastic) gel deformations, even under
small preloads.[21] In fact, a major source of uncertainty in our results is related not only to the
intrinsic nature of soft tissues that are quite rough and behave anisotropically but also to the

variations of prestress from sample to sample (as initial thickness and/or hydration level differed
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slightly for all samples). Additionally, the initial contact of the confining plates with sample’s
surfaces at the beginning of each experiment (needed to determine the initial uncompressed sample
thickness Lo) could lead to significant variations in prestress, resulting in different strain ranges
over which compressive moduli were estimated.[22][23][24] Finally, although we attempted to
restrict the dehydration process during measurements, it may also have occurred and may have
altered the structure of the COL networks, likely increasing their density [17] which in turn would
increase their stiffness while recording consecutive force-indentation data.[25] Despite these
experimental challenges, in this Chapter, we presented a reproducible set of data obtained on a
total of 22 cell-free scaffolds and 14 cell-laden scaffolds. Our results clearly indicate no significant
difference in Young’s modulus between scaffolds, regardless of their varied microstructure and
regardless of their cell content. However, we could identify interesting cell-induced trends that we

are discussing below, in terms of density-dependent cell-matrix interactions.

ECM structural and mechanical features are crucial factors for regulating tumour
progression. Changing the polymerization temperature (at constant COL concentration) leads to
alterations in fibril topology [26] and overall gel architecture, as well as to variations in elasticity
of both the full matrix and the individual fibres.[27] Thanks to previous work in our laboratory, a
temperature-casting method had already been determined to control the rate of COL gelation and
generate two types of scaffolds with different microarchitectures.[19] Since systematic mechanical
characterization was the main scope of the present thesis, we simply implemented the existing
method to fabricate a series of ECM-mimicking platforms with gradual structural changes. As seen
in Figure 3.1, we successfully generated a series of three mixed scaffolds composed of both COL
and FN fibres with gradual changes in microstructure, from dense (small mesh size) networks
composed of short and thin fibres (rapidly polymerized warm-casted samples) to sparse (large
mesh size) networks composed of long and thick fibres (slowly polymerized cold-casted samples).
In addition, those COL-FN scaffolds were fabricated either cell-free or loaded with breast cancer
cells.

The characterization of scaffolds mechanical properties was achieved via the measurement
of compressive moduli, using a Dynamic Mechanical Analyzer (DMA) to record stress-strain
profiles on all scaffolds, in quasi-static conditions (velocity of 25 pm/s) and maximum applied
strain of 25%. Despite obvious structural differences seen between the various scaffolds, no

significant difference in Young’s modulus was measured between them, regardless of the presence
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of cells. Overall, all scaffolds were found highly compliant, exhibiting similar bulk stiffness of ~2
kPa, as encountered in soft native tissues.[20] These results are discussed in more detail in the last
paragraph.

The comparison between cell-free and cell-loaded scaffolds revealed an interesting trend.
While the presence of cells tended to increase the stiffness of sparse scaffolds (Well A and Well
C), it had the opposite effect on the denser scaffold (Well E). This trend suggests that cells affect
the mechanics of scaffolds in different ways, depending on scaffold/matrix mesh size because they
likely establish different types (and number) of cell-matrix interactions. First, cells might play
different ‘mechanical’ roles: in a dense fibrillar network such as Well E, cells might act as spacers
between the tightly packed fibres, hence lowers network mesh size and overall stiffness; instead,
in a sparse fibrillar network such as Well A, cells could localize within the initially large pores,
reducing pores’ size, which would contribute to increasing overall network stiffness. Note that
increased cell-matrix interactions would also lead to thickening of individual fibres and/or inter-
fibres crosslinking, which would as well promote stiffening of initially low-density networks.
Nevertheless, neither these cell-induced changes nor the structural differences between scaffolds
were able to significantly affect their elastic moduli, which suggests that, either our technique was
not sensitive enough because our macro-scale stiffness measurements would eclipse micro-scale
stiffness variations present in the scaffolds [28] or our quasi-static testing in compression mode
was per se not adapted to capture these structural and mechanical variations (mainly because we
would primarily detect poroelastic effects, 1.e., water migration in and out of the porous scaffolds

during cyclic compressions).

3D fibrillar matrix characteristics are the nonlinear combination not only of the stiffness of
the entire macroscopic scaffold but also the stiffness of individual fibres. It has been reported that,
although Young’s modulus of individual COL and fibrin fibres can be in the MPa range, a COL
gel can be much more compliant, i.e., in Pa or kPa range.[29] Such difference arises because
overall gel's bulk mechanical properties depend on overall fibre architecture and mesh/scaffold
organization rather than on the strength and stiffness of individual fibres.[30][31] In particular,
macro-scale compressive testing studies were reported to be more efficient at characterizing bulk
architectural features like density, which may not reflect accurately local structural variations and
actual stiffness experienced by cells at the micro-scale.[32] The mechanical response to strain of

reconstituted matrices was shown to be a combination of water migration, individual fibre
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architecture and overall network reorganization.[30] In hydrogels under compression, it is the fluid
phase that initially bears the applied loads. COL networks show very distinct behaviours depending
on the type of stress they are subjected to, namely whether they are under compression, tension or
shear.[33] Compared to stretching, bending is a soft mode of deformation.[34] Our gels contain a
very small solid fraction of fibres (fluid volume fraction is much higher) resulting in weak
resistance to compression. The bulk mechanical properties, therefore, are generally independent
of the strength of individual fibres.[30] Additionally, some studies demonstrated that macro-scale
compressive testing does not allow to detect variations between aligned and random fibres
[28][35][36], although the architecture of COL fibres has an important effect on the overall
mechanical properties of COL matrices.[37] Our results are in agreement with those reported by
Seo et al., showing that despite differences in the structure of several COL gels, bulk compressive

testing was useless to establish distinct mechanical properties between those gels.[38][39]

Therefore, in an effort to distinguish varied mechanical properties of our scaffolds in a
more appropriate and physiological manner (cells usually deform their surrounding ECM by
applying tension and releasing stresses through collective reorganization of the ECM), in Chapter
4, we examined whether the variations in network microstructure could modulate the rheological

properties of our COL-FN scaffolds, when subjected to shear stresses.

3.5 Conclusions

We used a temperature casting method to generate a series of both cell-free and cell-loaded
scaffolds made of the two prominent ECM proteins COL and FN. Our structural analysis revealed
that all scaffolds had a fibrillar structure and that we successfully achieved gradual control of their
microstructure, from dense networks composed of short and thin fibres to sparse networks
composed of long and thick fibres. Our mechanical analysis using a costume-built macroscopic
Dynamic Mechanical Analyzer (DMA) in compression mode did not allow us to establish a
correlation between scaffold architecture and mechanics, as all our measurements indicated a

compressive Young’s modulus of circa 2 kPa, regardless of microstructure and cells’ content.

Such compliant tunable scaffolds potentially offer excellent ECM-mimicking substrates to
monitor cell functions in large volumes and over long cell culture times within scaffolds of varied

microarchitectures (able to mimic either physiological or pathological microenvironments).
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However, as mechanical properties of ECM have been widely recognized to guide cellular activity
that can lead to cancer progression [7], it is crucial to establish a clear correlation between the
microstructure and the mechanics of those scaffolds, at both macroscopic and microscopic scales.
In such a context, Chapter 4 is dedicated to the comprehensive analysis of the rheological
properties of all COL-FN scaffolds when subjected to shear stress, which better simulates cells’

interactions with their surrounding ECM.
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Chapter 4 - Rheological Analysis of the Viscoelastic Properties of 3D Fibrillar
Collagen-Fibronectin Scaffolds

4.1 Introduction

The ECM is a highly heterogeneous and compliant scaffold, which, as most native tissues,
exhibits viscoelastic characteristics rather than pure elastic behaviour.[1] Viscoelastic materials
combine both elastic and viscous responses to applied loads and deformations. ECM
viscoelasticity was reported to play an active role in regulating cellular activities including focal
adhesion formation, cell spreading, and cell migration.[2][3] As different studies have found,
changes in the viscous properties of native tissues (besides elasticity) are associated with disease
progressions, such as fibrosis and breast cancer.[2][4] Recent research focusing on cells cultured
in hydrogels with controlled viscous and elastic properties suggested that viscosity could be as
important as stiffness in regulating cell spreading and proliferation, under specific
conditions.[5][6][7][8] Interestingly, it was reported that cell-ECM adhesions and cell spreading
are enhanced by viscosity on compliant substrates, whereas they are insensitive to viscosity on

stiff substrates.[6][7][8]

Different approaches have been proposed to modulate the viscoelastic properties of
hydrogels for cell culture, either by adjusting the architecture of the polymer [9] and/or the type of
crosslink.[7] As discussed in Chapter 3, the COL-FN scaffolds we fabricated via the temperature
casting exhibited varied fibrillar microarchitecture, nevertheless, elasticity measurements
performed in compression with the DMA failed to fully characterize their full mechanical
properties, only indicating an average Young’s compressive modulus of circa 2 kPa for all
scaffolds, regardless of their structure and/or cellular contents. COL hydrogels are known to be
substantially viscoelastic, mainly because they consist of proteins self-assembled over weak bonds
[9][10] and therefore display a significant frequency-dependent mechanical behaviour.
Additionally, native tissues are often subjected to complex shear forces rather than to simple
compressive or tensile stresses. In such a context, Chapter 4 is dedicated to the comprehensive

analysis of the rheological properties of all COL-FN scaffolds when subjected to shear stress,
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which better simulates the microenvironmental stresses pattern of native tissues, and particularly

the interactions of cells with their surrounding ECM.

When a rheometer is used to perform dynamic shear tests on gels, it allows one to determine
a whole range of bulk (macroscopic) viscoelastic properties, among which gel storage (elasticity)
and loss (viscosity) moduli.[11][12] Cell behaviour is indeed affected by gel loss modulus, as it
was reported that COL-based hydrogels with similar storage moduli but greater loss moduli would

promote MSC cell spreading and differentiation.[7]

In this chapter, we aimed at fully characterizing the bulk rheological properties of our cell-
free and cell-laden COL-FN scaffolds, when subjected to shear stresses. We were able to determine
the elastic (G, storage modulus) and viscous (G”, loss modulus) components of the scaffolds’
viscoelastic properties. Besides their ability to quantify viscosity, bulk rheology measurements

also showed much higher sensitivity to detect variations in elasticity in our scaffolds.[11][13][14]

4.2 Materials and Methods

4.2.1 Fabrication of Fibrillar Collagen Scaffolds with Varied Microstructure Using
Warm/Cold Cast Technique

To fabricate COL-FN scaffolds for viscoelastic characterization using our rheometer, we
adapted the temperature-casting cell-free and cell-laden protocols [15] described in Chapter 3 in
order to scale up sample size. Final samples’ dimensions were as follows: 2 mm in thickness and
12 mm in diameter, which would correspond to the dimensions of the plates used to confine and

shear the scaffolds in the rheometer.

Cell-free scaffolds: Briefly, a neutralization solution was mixed to a Rat Tail Collagen
solution (4 mg/ml) (both from Advanced BioMatrix) in a 1:9 ratio to obtain a neutralized COL
solution at a final concentration of 2.88 mg/ml. The COL solution was then added to either pre-
cooled or pre-warmed homemade Teflon moulds. A final volume of 350 pul per mould was
necessary to obtain 2.0 mm thick COL scaffolds. In the cold-casting method, the solution was
added in pre-cooled moulds and gradually polymerized under temperatures ranging from 4°C
(fridge for 15 min), 15°C (environmental chamber for 15 min) to 37°C (incubator for 24h), which

ensured a slow rate of polymerization to generate thick COL fibrils. In the warm-casting method,
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the solution was added in pre-warmed moulds and rapidly polymerized at 37°C, which resulted in
thin COL fibrils. In this thesis, we also fabricated a third sample under conditions that were
intermediate between cold- and warm-casting. Importantly, all moulds and solutions were kept on
ice during preparation. Finally, to better mimic the ECM, FN was added to the COL solutions at

various stages of the gel preparation up to a final concentration of 0.2 mg/ml.[15]

Cell-laden scaffolds: Next, we fabricated similar COL-FN fibrillar scaffolds with pre-
embedded cells. MDA-MB-231 cells (breast cancer cells) were incubated in a-MEM (Sigma
Aldrich) including 10 vol% fetal bovine serum (FBS, Tissue Culture Biologicals) and 1 vol%
penicillin/streptomycin (Life Technologies) at 37°C in 5% CO2. The neutralized COL solution
was mixed with 10ul MDA-MB-231 cells solution containing 100,000 cells to get final cell-
embedded COL gels with approximately 4.8 X 10* cells per mould/sample. Cell-laden scaffolds
were prepared via the same cold/warm casting method as cell-free scaffolds, without any use of

chemical crosslinking.

Cell-free and cell-laden scaffolds microstructure: Our structural analysis presented at
length in Chapter 3 revealed that all COL-FN scaffolds contained fibrillar networks instead of a
jelly porous morphology, exhibiting gradual variations in their microstructure (overall density and
topology) from sparse networks composed of long and thick fibres (Well A) to dense networks

composed of short and thin fibres (Well E).[15]

4.2.2 Rheological Measurement of 3D Fibrillar Collagen-Fibronectin Scaffolds

The rheological properties of all scaffolds were assessed using a parallel plate rheometer
(MCR 301 Anton Paar) with circular plates of 12mm in diameter, as shown in Figure 2.6. The
surface of the plates was sandblasted to increase surface roughness and improve adhesion with the
glue to secure the (extremely slippery) scaffolds. Prior to testing, excess PBS was carefully
removed from the samples, which were left highly hydrated. Because full shear (instead of partial
shear) is crucial to determine accurately the viscoelastic properties of the material, it is important
to avoid any slippage at the sample/plates interface, which would lead to arbitrarily reduced
dissipation (viscosity).[16] Thus, all scaffolds were glued to both the upper plate and the lower
plate (after approach) using Permabond Instant Adhesive 102 Medium Viscosity General Purpose
Glue. The first step consisted of lowering the upper plate (to which the sample had already been

52



glued) to an approximate distance of ~1.65 mm from the lower plate (to which the sample was
glued in situ). Experiments were conducted at room temperature 23—-24°C, during which DI water
was carefully added on the periphery of the sample to prevent sample dehydration. We then
systematically followed the same experimental protocol to analyze all COL-FN scaffolds, as

described below.

Oscillatory strain (amplitude) sweep tests were first performed on each sample to
determine their linear viscoelastic regime (LVR). In these tests, frequency was held constant while
amplitude of the deformation was increased across two orders of magnitude of strains (namely
from 0.1% to 10% strain). The LVR ensures that neither the storage modulus (G") nor the loss
modulus (G”) shows a dependence on the applied strain. Based on all amplitude sweeps (performed
at three different frequencies) and the LVR that was determined in each case, in this thesis, we
only report data obtained at a strain rate of 0.1 (1/s) and a strain of 0.25%, considered within the
LVR (Figure 4.1.b). Next, we operated frequency sweep tests within the LVR regime to quantify
all relevant rheology time-dependent characteristics of each sample. During frequency sweeps, the
amplitude/strain was set to 0.25% and the strain rate was decreased from 10 to 0.1 (1/s). Storage
modulus and loss modulus (Figure 4.1.c), but also complex viscosity and loss factor (tan §) (Figure
4.1.d) were determined from those measurements. All frequency sweep experiments were repeated
at both 0.5% and 1% strains, but only results showing a different trend than that obtained at 0.25%
are reported and discussed in Chapter 4 of this thesis. All data acquired at 0.5% and 1% strains are

reported in the final Appendix.
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Figure 4.1 Oscillatory shear test performed on cell-free and cell-loaded COL-FN scaffolds
with a rheometer. a) Strain (amplitude) sweep performed at a constant strain rate of 0.1 (1/s) and strain
ranging from 0.1 to 10% used to determine the linear viscoelastic region (LVR). b) Frequency sweep
performed at a constant strain of 0.25% (within the LVR since LVR clearly extends up to 1% strain) and
strain rate ranging from 0.1 to 10 1/s used to determine both storage modulus G” (dark blue) and loss
modulus G” (cyan), ¢) Same frequency sweep performed to extract complex viscosity (green) and loss factor

tan (6) (yellow).
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4.3 Results
4.3.1 Analysis of Cell-Free Collagen-Fibronectin Scaffolds Viscoelastic Properties

We first determined whether varied microstructure would modulate the dynamic shear
moduli of the COL-FN scaffolds, in absence of cells. Figure 4.2 summarizes the storage (elastic)
and loss (viscous) moduli extracted from oscillatory frequency sweeps performed at constant strain
of 0.25% (within the LVR regime) and strain rate ranging from 0.1 to 10 1/s for all cell-free
scaffolds. According to our data, denser scaffolds (Well E) exhibited significantly higher storage
moduli (Fig. 4.2.a) and also higher loss moduli (Fig. 4.2.b) than sparse scaffolds (Well A). These
results suggest that, when subjected to shear, (even though shear strain is relatively small (0.25%))
the microstructure of cell-free scaffolds has a profound effect on its shear response, as indicated
by (i) the significantly increased stiffness measured on the dense scaffolds composed of short and

thin fibres, and (i1) the similar trend observed for the dissipative (loss) component.
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Figure 4.2 Dynamic shear moduli of scaffolds with varied microstructure, in absence of cells
(0.1 1/s, 0.25% strain). a) Averaged storage moduli, G* (Well A=0.397+0.122 kPa (n=5), Well
C=0.589+0.206 (n=7), Well E=0.700+£0.218 kPa (n=6)). b) Averaged loss moduli, G" (Well
A=0.133+0.047 kPa (n=5), Well C=0.177+0.070 (n=7), Well E=0.260+0.148 kPa (n =6)). (One-way
ANOVA, *P <0.05).

Since a clear trend was also observed in loss moduli, suggesting additional differences in
the mechanical characteristics among the scaffolds, we next confirmed whether varied
microstructure would also modulate the complex viscosity (1*), which corresponds to the overall
resistance to flow (as a function of angular frequency (w)). The complex viscosity is a frequency-

dependent viscosity function, and it contains the dynamic in phase viscosity (1) or real part of
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complex viscosity and the out of phase viscosity (") or imaginary part of complex viscosity.
Figure 4.3.a summarizes the complex viscosities (1*) extracted from oscillatory frequency sweeps
performed at constant strain of 0.25% (within the LVR regime) and strain rate ranging from 0.1 to
10 1/s for all cell-free scaffolds. According to our data, high-density scaffolds (Well E) also
exhibited significantly higher viscosities than low-density scaffolds (Well A), which validates the
dissipative trend of loss moduli observed in Figure 4.2.b. These results suggest that, when
subjected to small shear strains (0.25%), the microstructure of cell-free scaffolds has a significant
effect on its viscous properties, as indicated by higher resistance, in other words, slower response

to shear deformations (flow) for dense scaffolds composed of short and thin fibres.
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Figure 4.3 Viscosity and loss factor of scaffolds with varied microstructure, in absence of cells
(0.1 1/s, 0.25% strain). a) Averaged complex viscosity n*, (Well A=4190+1283 Pa s (n=5), Well C=
61562165 Pa s (n=7), Well E= 751842476 Pa s (n=6)). b) Averaged loss factor, tan(§) (Well A=
0.333+0.063 (n=5), Well C= 0.298+0.041 (n=7), Well E= 0.363+0.129 (n=6)). (One-way ANOVA, *P <
0.05).

Importantly, to better describe the viscoelastic nature of our scaffolds, we also determined
the relative contributions of the elastic and viscous components, by monitoring the loss factor,
tan(d) = G"/G’, which determines the ratio between loss and storage moduli components of the
dynamic shear moduli. Figure 4.3.b reports loss factors calculated at 0.1 1/s. Interestingly, no
significant difference was observed among scaffolds. Instead, tan(§) is nearly constant and
significantly < 1 over the strain rate range investigated in this study, which suggests that, although

viscoelastic by nature, all cell-free scaffolds possess a dominating elastic response.
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4.3.2 Analysis of Cell-Loaded Collagen-Fibronectin Scaffolds Viscoelastic Properties

Next, we evaluated how varied microstructure would affect the dynamic shear moduli of
all COL-FN scaffolds when they were loaded with cells. We repeated the amplitude sweeps needed
to evaluate the LVR (data not shown), and we performed the frequency sweeps needed to extract
both dynamic moduli. Figure 4.4 summarizes the storage (elastic) and loss (viscous) moduli
extracted from oscillatory sweeps performed at constant strain of 0.25% (within the LVR regime)
and strain rate ranging from 0.1 to 10 1/s for all cell-loaded scaffolds. Our data indicate no
significant difference between storage moduli (Fig. 4.4.a) or loss moduli (Fig. 4.4.b) among cell-
loaded scaffolds, regardless of their different microstructure (data not shown).[15] According to
these results, despite an interesting trend observed in both storage and loss moduli suggesting that
low-density cell-loaded scaffolds (Well A) may exhibit higher stiffness and viscosity than their
high-density counterparts (Well C and Well E), the presence of cells seems to cancel out the effect

of microstructure on viscoelastic properties.
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Figure 4.4 Dynamic shear moduli of scaffolds with varied microstructure, in presence of cells
(0.1 1/s, 0.25% strain). a) Averaged storage moduli, G (Well A=0.499+0.129 kPa (n=4), Well
C=0.406+0.126 (n=4), Well E=0.395+0.122 kPa (n=4)). b) Averaged loss moduli, G" (Well
A=0.1524+0.041 kPa (n=4), Well C=0.120+£0.041 (n=4) and Well E=0.122+0.039 kPa (n=4)). (One-way
ANOVA)

The same effect was found when we investigated cell-loaded scaffolds viscous properties
(Figure 4.5.a), as no significant difference in complex viscosity (n*) was observed among
scaffolds, regardless of their different microstructure, however, the trend shown is similar to that

of loss modulus reported in Figure 4.4.b. Finally, we determined the loss factor tan(§) and, here
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too, our results (Figure 4.5.b) indicate that it is (i) constant among scaffolds and (i1) significantly
<1 through the strain rate range investigated, which suggests that cell-loaded scaffolds also show

a dominating elastic response in their overall viscoelastic behaviour.
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Figure 4.5 Viscosity and loss factor of scaffolds with varied microstructure, in presence of
cells (0.1 1/s, 0.25% strain). a) Averaged complex viscosity, n* (Well A and E with the denser network.
(Well A=5228+1300 Pa s (n=4), Well C=4235+1321 Pa s (n=4), and Well E=4135+£1279 Pa s (n=4)). b)
Averaged loss factor, tan(6): (Well A= 0.313 + 0.077 (n=4), Well C= 0.294+0.232 (n=4), and Well E=
0.312+40.035 (n=4)). (One-way ANOVA)

4.3.3 Effect of Strain on Cell-Free Scaffolds Viscoelastic Properties

While all trends shown above in Section 4.3.2 (cell-loaded scaffolds) were identical at both
higher strains (0.5% and 1% strain) and higher strain rates (1 1/s and 10 1/s), the trends shown in
Section 4.3.1 (cell-free scaffolds) exhibited a strain dependency, at all strain rates investigated,
which we report here. Figure 4.6 summarizes storage moduli, loss moduli and complex viscosity
extracted from oscillatory frequency sweeps performed at a constant strain of 1% and strain rate
ranging from 0.1 to 10 1/s, for all cell-free scaffolds (only data obtained at 0.1 1/s are shown).
According to our data, high-density scaffolds (Well E) exhibit significantly lower storage moduli
and viscosities than low-density scaffolds (Well A and Well C), when they are subjected to higher
shear strains. Interestingly, these results, obtained at 1% strain, are opposite to those seen in
Section 4.3.1, obtained at 0.25% strain. This new trend suggests that strain levels have an apparent
nonlinear effect on the mechanics of cell-free scaffolds, in particular, a clear strain softening when

those are dense. Possible modes of shear-induced deformations of fibrillar scaffolds and the
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relevance of shear strain values in physiological cell-mediated ECM remodelling are discussed in

Section 4.4.
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Figure 4.6 Dynamic shear moduli and viscosity of cell-free scaffolds measured at higher shear
strain (0.1 1/s, 1% strain). a) Averaged storage moduli, G' (Well A=0.4916+0.079kPa) (n=5), Well C
=0.600£0.155) (n=7), Well E= 0.411+0.100kPa) (n=6). b) Averaged loss moduli, G (Well A=0.148+0.018
kPa (n=5), Well C=0.177+0.031 (n=7), Well E=0.132+0.033 kPa) (n=6). ¢) Averaged complex viscosities,
n* (Well A=5136+803.4 Pa s (n=5), Well C=6261+1546 Pa s) (n=7), Well E 4322+1032 Pa s) (n=6)). (One-
way ANOVA) Mean + SD. *P<0.05.
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4.4 Discussion

In this study, our objective was to determine how the differently fabricated fibrillar COL-
FN scaffolds differed in their rheological properties, and if those rheological differences depended
on the presence of cells. Oscillatory frequency sweeps (G’, G") were performed in our parallel-
plate rheometer, within the linear (LVR) regime, to characterize the viscoelastic properties of all
scaffolds. The dynamic (storage and loss) moduli, complex viscosity and loss factor were
determined via frequency sweeps performed at strains of 0.25%, 0.5%, and 1% over strain rates
ranging from 10 to 0.1 1/s. All data shown are averages of a minimum of three independently
prepared samples. In presence of cells, all viscoelastic trends were identical at all strains and all
strain rates investigated, which is why we report only data obtained at 0.25% strain and 0.1 1/s.
Instead, in absence of cells, viscoelastic trends exhibited a significant strain dependency, which is

why we report data obtained at both 0.25% and 1% strain (keeping strain rate at 0.1 1/s).

In this section, we discuss both the effect of microstructure and the effect of cells’ presence
in the COL-FN scaffolds on their resulting viscoelastic properties. While in absence of cells, high-
density scaffolds (Well E, warm-casted) exhibit higher stiffness and higher viscosity than low-
density scaffolds (Well A, cold-casted), these microstructural-induced rheological differences
vanish in presence of cells. Our results are consistent with other studies reporting that COL gels
fabricated at high polymerization temperatures resulted in a denser and stiffer network when
subjected to shear than those fabricated at low polymerization temperatures (the effect of cell

contents was not reported).[17][18]
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Figure 4.7 Comparison of dynamic shear moduli between cell-free and cell-loaded scaffolds
(0.1 1/s, 0.25% strain). a) The storage moduli of scaffolds show that loading cells did not affect the
elastic characteristics of scaffolds vastly except in well E which is lowered significantly. b) The loss moduli
also show no significant differences between scaffolds with and without cells. (One-way ANOVA and
unpaired t-test) Mean + SD. *P<(.05.

To determine the effect of cells on viscoelastic trends, namely the effect of cells on the
viscoelastic characteristics’ dependency on scaffold microarchitecture, we have summarized our
results in two additional figures. Figures 4.7 and 4.8.a display all dynamic shear moduli and
complex viscosities obtained for cell-free and cell-loaded scaffolds at 0.25% strain and 0.1 1/s.
While the presence of cells tended to increase both storage modulus and viscosity of low-density
scaffolds (Well A), it had a clear opposite effect on the high-density scaffolds (Well C and Well
E), indicated by a significant decrease of both storage modulus and complex viscosity. These
results indicate that cells profoundly affect the shear-induced viscoelastic properties of scaffolds
in different ways, highly depending on scaffold/matrix density, because they likely establish
different types (and number) of cell-matrix interactions. First, cells might play different
‘mechanical’ roles by simply modifying the size of pores in the scaffolds (we have preliminary
structural data showing that this happens in scaffolds after 48h of cell remodelling, data not
shown). Briefly, in dense fibrillar networks such as Well E, cells might act as spacers between the
tightly packed fibres, hence lower network density, which would in turn decrease overall stiffness

and accelerate flow in response to shear. Instead, in a sparse fibrillar network such as Well A, cells
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could localize within the initially large pores, tending to reduce pores’ size, which would
contribute to increasing overall network stiffness and viscosity. Second, more numerous cell-
matrix interactions would also tend to thicken individual fibres and/or increase inter-fibres
crosslinking, which could as well promote stiffening of initially low-density (large mesh size)

networks and decelerate their overall flow in response to shear stresses.

To complete our investigation of scaffolds' viscoelastic properties, importantly, we also
summarized the overall trend of the loss factor across all conditions (Figure 4.8.b). Our data reveal
that the loss factor remained constant at ~ 0.3, regardless of scaffold microstructure and regardless
of cell content, even though a trend (no significant difference) was noticeable, which may suggest
a cell-induced decrease in tan(6), in denser scaffolds. Therefore, while the presence of cells
impacts significantly scaffolds’ rheological properties such as storage modulus and dissipation
(viscosity), especially in dense networks, as previously reported [19][20], our results also suggest
cells do not affect the ratio of loss versus storage moduli, indicating an overall predominant elastic

response of all Col-FN scaffolds. (over a strain rate range of 0.1 to 10 1/s)
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Figure 4.8 Comparison of complex viscosity and loss factor between cell-free and cell-loaded
scaffolds (0.1 1/s, 0.25% strain). a) The complex viscosity of gels shows that loading cells did not
affect the viscous characteristics of scaffolds vastly except in well E which is lowered significantly. b) The
loss factor for all scaffolds irrespective of the presence of cells shows a value below 1 representing the
elastic dominating response. (One-way ANOV A and unpaired t-test) Mean £ SD. *P<0.05
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The uncertainty seen in our rheological data arises from several factors among which most
of them have been listed in the Discussion section of Chapter 3 already. Sample dehydration could
have happened although we tried to keep hydration level constant through frequent DI pipetting
during measurements. Slight variations in initial prestress were inevitable due to varied initial
sample thickness of the hydrogels, however, variations in prestress values were much smaller in
our rheological study than in our DMA study due to (i) overall higher thickness of samples used
for rheology and (ii) more accurate initial plate alignment ensured by highly controlled parallelism
between plates in the rheometer. Furthermore, one mechanism behind the viscoelastic response of
fibrous hydrogels is shear-induced fibre lengthening, which would then modify initial shear
conditions in gels subjected to consecutive oscillatory shear experiments (as was the case in our
study). In fact, individual COL fibres are composed of several parallel fibrils, and, as reported in
several studies, COL fibre lengthening under shear causes irreversible slippage between the fibrils,
which dissipates energy and leads to mechanical relaxation.[21][9][22] Nevertheless, such shear-

induced fibre lengthening is only expected at really large strains which is not the case here.

Finally, while all viscoelastic trends determined on cell-loaded scaffolds were identical at
all strains (0.25 %, 0.5% and 1% strain) and all strain rates (0.1 1/s, 1 1/s and 10 1/s), interestingly,
the trends determined on cell-free scaffolds revealed the same strain dependency at all strain rates
(0.1 1/s, 1 1/s and 10 1/s). According to our data, while, as expected, high-density scaffolds (Well
E) exhibit significantly higher stiffness and viscosity than low-density scaffolds (Well A) at very
low strains (0.25%), they exhibit an opposite trend at higher strains (1%). In other words, when
scaffolds are subjected to higher shear strains, dense scaffolds are more compliant and less viscous
than their sparse counterparts (which could be explained by a shear softening due to network
disruption of a more brittle scaffold). This trend is in agreement with data reported by Seo et al.[22]
In their rheological analysis of cell-free COL gels performed at strains of 1-10 % (significantly
larger strains than in our study), the authors reported increased shear moduli for gels with lower
density composed of thicker and longer COL fibres. They attributed this unexpected effect to (i)
increased thickness of individual fibres, leading to their increased stiffness, and to (i1) increased
fibre buckling enabled by the larger distance between each collagen crosslink in low-density
scaffolds with respect to high-density scaffolds (buckled fibres providing less resistance to the

shear-induced realignment of stretched fibres, these low-density scaffolds can stiffen more
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significantly under large strains). These mechanisms could explain the trends observed in our cell-
free COL-FN networks, as our sparse (low-density, Well A) scaffolds are also composed of long
and thick COL fibres, which may result in overall scaffold stiffening when subjected to high shear

stresses.

Nonlinear elastic, viscoelastic and poroelastic behaviours have been seen in various
biopolymer networks in response to changes in mechanical forces.[23] Van Oosten and coworkers
report measurements and simulations of axial and shear stresses in collagen and fibrin hydrogels
subjected to simultaneous uniaxial and shear strains (1-100%) at strain rates of 10 1/s and 1 1/s,
in which they show that Young’s moduli of the biopolymers’ networks were not proportional to
their shear moduli.[23] More specifically, nonlinear elasticity, in particular strain stiffening, was
observed in COL networks [24] independently of polymerization conditions (i.e. temperature) and
was attributed to an increase in local fibre alignment which was highly nonlinear [25][26] and a
transition from filament bending to stretching.[27][28][29] According to the fibre network model,
when COL gels are under shear stresses, strain stiffening is initiated, in which reorientation of
originally randomly oriented fibres occurs to align them in strain direction, with fibre buckling
along the direction of minimum stretch, however, such strain stiffening is expected only in a larger
strain regime [25] Previous studies have also shown that dense COL networks exhibit variations
in the onset of strain stiffening, with lower critical strains at which strain stiffening happens,

resulting in overall decreased stiffness of the gels when subjected to higher strains.[30][31]

4.5 Conclusions

In this study, we investigated thoroughly the rheological properties of COL-FN networks
subjected to oscillatory shear to better understand the relationship between microstructure,
mechanics, and cell contents. Collectively, our data indicate that, in absence of cells, rheological
properties were strain-dependent: while at low strains, high-density scaffolds exhibited
significantly higher stiffness and viscosity than low-density scaffolds, the opposite trend was
observed at higher strains. Our results also show that, in presence of cells, rheological trends did
not depend either on strain or strain rate. The presence of cells was found to impact significantly
scaffolds’ rheological properties such as storage modulus and viscosity in high-density networks,

however, it did not affect the loss factor, indicating a constant predominantly elastic response of
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all COL-FN scaffolds, regardless of their microstructure and their cells’ content (at least over strain

rates ranging from 0.1 to 10 1/s).

In addition to significant progress in biomechanics and mechanobiology, recently, many
studies have focused on tissue viscoelasticity. Our results suggest that the viscoelastic properties
of COL-FN networks are sensitive to changes in the microarchitecture of the networks, achieved
by varying the polymerization temperature. In conclusion, changing the polymerization
temperature of hydrogels represents an easy and systematic way to tune network and individual
fibre characteristics, which in turn, modify both the elastic and viscoelastic properties of the
network, in a controlled manner. Although our findings in this study are promising, a more
comprehensive rheological investigation is needed to develop a deeper knowledge of the structure-
mechanics relationship of these materials. As such, this study provides a promising preliminary
characteristic of materials for further investigations, and it provides a reliable platform for future

cell-matrix and tissue engineering research studies.
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Chapter 5: General Discussion, Conclusions and Future Directions

5.1 General Discussion

Fabrication of COL-FN Scaffolds with Varied Microstructure

Several studies have reported that both the structural and mechanical properties of ECM
have a strong effect on cell morphology [1] and other key cellular functions such as proliferation,
migration, differentiation.[2][3][4][5] To provide more insights into biological processes and
tumour progression, it is essential to mimic properly the main features of the fibrillar ECM network
by designing 3D scaffolds with tunable microstructure, mechanics and composition.[6] On one
hand, fibrillar COL gels are composed of interconnected fibres/pores with overall structures that
are highly sensitive to polymerization conditions. On the other hand, FN is the prominent
glycoprotein of the ECM and can also form fibrillar structures in vitro, similar to COL.[7] It is also
well established that, besides morphological features, ECM stiffness and overall density
significantly impact cell response in both physiological and pathological (cancer) environments.
[8][9][10] Studies have shown that increased density and stiffness of the breast tissue are correlated
with breast cancer risk and aggression.[11][12][13][14] Because gels’ mechanical properties are
highly affected by their microstructure, tuning the overall structure and fibre topology of fibrillar
networks is one of the fundamental objectives of (bio)materials science. Next, to fully characterize
the mechanical properties of those hydrogels, different types of deformations including tension,

compression, and shear are commonly used.[15]

The objective of this thesis was to assess all mechanical characteristics of ECM-mimetics
relevant to their biological function, for use in mechanobiology (cancer) research and tissue
engineering. More specifically, we focused on the evaluation of both purely elastic and viscoelastic
properties of COL-FN fibrillar scaffolds, in absence or presence of highly aggressive breast cancer
MDA-MB-231 cells, when subjected to compressive and shear stresses, respectively. First, we
used a temperature-mediated casting method to fabricate three types of cell-free and cell-loaded
3D scaffolds, composed of both COL and FN fibres, with low, medium or high overall network
density.[16] Next, scaffolds microstructure was determined via laser scanning confocal
microscopy, revealing that warm-casted scaffolds exhibited a dense network composed of short

and thin fibres, while cold-casted scaffolds showed sparse networks composed of long and thick
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fibres. Scaffolds fabricated at intermediate casting temperatures displayed intermediate properties
in terms of density and fibre topology, confirming that we could successfully generate a series of
3D ECM-mimicking scaffolds with gradual variations in microstructure, which properties would
vary from those of the physiological (low-density) to the pathological (high density) cell

microenvironment.

Compression Testing

In our first approach, we performed compression tests, using a custom-made Dynamic
Mechanical Analyzer (DMA) to estimate Young’s moduli of scaffolds in the presence and absence

of cells at a velocity of 25 pm/s and maximum applied strain of 25%.

First, our DMA data obtained on cell-free scaffolds indicated that, despite a trend
suggesting higher stiffness of high-density scaffolds with respect to their low-density counterparts,
there was no significant difference in compressive elastic moduli among samples, regardless of
their microstructure. Second, our results obtained on cell-loaded scaffolds suggest that the
presence of cells might affect the mechanics of scaffolds in different ways, as cells tended to
decrease the stiffness of high-density scaffolds while they tended to increase that of low-density

scaffolds. However, again, this effect was not statistically significant.

In fact, all cell-free and cell-laden scaffolds exhibited a similar averaged Young’s
compressive modulus of ~ 2 kPa, which corresponds to the softer/compliant range of native tissues.
In tissue engineering, the control of the compressive modulus of hydrogels is essential to ensure
hydrogel biological functions. For instance, it was reported that neuronal cells survived longer in

softer hydrogels with compressive moduli below 3.8 kPa than in stiffer hydrogels.[17]

To sum up, using the DMA technique we were not able to find any significant difference
in stiffness between scaffolds, regardless of their microstructure and their cell contents. In fact,
our macroscale compression tests failed to fully characterize scaffolds’ mechanics and distinguish
existing structural variations in the scaffolds. Our data are consistent with Seo et al. [18] who also
showed that polymerization temperature of COL gels did not affect overall stiffness, as measured
by DMA and/or AFM compressive testing. Collectively, these findings indicate that macroscale

quasi-static compression testing may not the proper method to distinguish mechanical differences
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in gels.[19][20] As such, an in-depth rheological investigation of these materials is required. In
particular since, in the body, our tissues are subjected to complex shear forces in addition to simple

tensile and compressive loads.

Rheology Testing

In our second approach, we performed comprehensive rheology measurements to explore
whether the fabrication-dependent changes in microstructure modulate the viscoelastic properties
of our scaffolds, in the presence and absence of cells. Through oscillatory shear measurements, the
behaviour of hydrogels over both short and long-time scales could be readily assessed by

measuring the dynamic shear moduli and viscosity of the materials, as a function of strain rate.

First, we performed oscillatory frequency sweeps at strain rates ranging from 0.1 to 10 1/s
within the (previously determined) linear viscoelastic region (0.25%), i.e., in the region where
storage (elastic) modulus G’ and loss (dissipative/viscous) modulus G” are independent of shear
strain. Our data for cell-free scaffolds indicated that high-density scaffolds composed of short and
thin fibres were both stiffer and more viscous than low-density scaffolds composed of long and
thick fibres. Instead, our data for cell-loaded scaffolds indicated no significant dependency of

viscoelastic properties on microstructure.

Next, we analyzed the effect of cells on gels of similar microstructure, and we observed
that while the presence of MDA-MB-231 cells tended to increase both stiffness and viscosity of
low-density scaffolds, it had a clear opposite effect on high-density scaffolds, indicated by a
significant decrease of both storage modulus and complex viscosity. These results indicate that
cells profoundly affect the shear-induced viscoelastic properties of scaffolds, but they do so in
different ways, highly depending on scaffold/matrix density because they likely establish different
types (and number) of cell-matrix interactions. These changes might be due to (1) cell-induced
changes in the network pore size, increasing mesh size of sparse networks (filling up the holes)
while decreasing mesh size of denser networks (acting as spacers between tightly packed fibres)
or (i1) cell-induced thickening of individual fibres which would result in fibres’ stiffening and/or
(i11) cell-induced “crosslinking” effect on the network. Our latest microscopy imaging also
indicates that cell-laden sparse networks (Well A) tended to exhibit inhomogeneous cell

distribution (hence more prone to phase separation) than their denser counterpart (Well E).
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Our loss factor data reveal that it remained constant at ~ 0.3, regardless of scaffold
microstructure and cell content. Therefore, while the presence of cells impacts significantly
scaffolds’ rheological properties such as storage modulus and viscosity (especially in dense
networks), it does not affect the ratio of loss versus storage moduli, indicating a constant

predominantly elastic response of all COL-FN scaffolds (over a strain rate range of 0.1 to 10 1/s).

Finally, while all viscoelastic trends determined on cell-loaded scaffolds were identical at
all strains (0.25 %, 0.5% and 1% strain) and all strain rates (0.1 1/s, 1 1/s and 10 1/s), interestingly,
the trends determined on cell-free scaffolds revealed a strain dependency observable at all strain
rates (0.1 1/s, 1 1/s and 10 1/s). According to our data, while, as expected, high-density scaffolds
exhibited significantly higher stiffness and viscosity than low-density scaffolds at very low strains
(0.25%), they exhibited an opposite trend at higher strains (1%). In other words, when scaffolds
were subjected to higher shear strains, unexpectedly, high-density scaffolds were more compliant
and less viscous than their low-density counterparts. According to the fibre network model,
applying shear stresses to COL gels leads to reorientation/alignment of initially randomly oriented
fibres in the stretching direction (strain stiffening is initiated).[21] Consequently, fibre-buckling is
enhanced in more porous, low-density networks under shear, which provides less resistance to the
realignment of stretched fibres, hence, upon increasing shear strain levels, low-density scaffolds

stiffen more significantly than high-density scaffolds.

5.2 Conclusions

In the present study, we could generate three-dimensional ECM-mimicking COL-FN
platforms with controlled structure and mechanics. We successfully fabricated both cell-free and
cell-loaded COL-FN fibrillar scaffolds using temperature mediated casting, a technique that has
been found to gradually tune the architecture of the networks.[16][22][23]

Our dynamic mechanical analysis in compression mode failed to determine significant
differences in stiffness between scaffolds, indicating an average Young’s modulus of circa 2 kPa
for all scaffolds, regardless of their microstructure and/or cells’ content. Instead, our
comprehensive rheological analysis revealed important viscoelastic trends among which (i) high
sensitivity of both viscous and elastic properties to scaffolds microstructure, including a strain

dependency of both storage moduli and viscosity in cell-free scaffolds, (i1) a significant effect of
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cell content on overall viscoelasticity (stiffness and viscosity), especially in high-density scaffolds,
and (ii1) an overall predominantly elastic response of all scaffolds, regardless of microstructure

and cellular content.

Collectively, in this study, we could develop a library of compliant ECM-mimicking
scaffolds made of interconnected COL and FN fibres, with specific and controlled structural along
with mechanical properties, able to replicate either physiological (low density) or pathological
(high density) cellular microenvironments. As such, these 3D tunable scaffolds represent valuable
platforms for basic research (for example improving our understanding of the role of individual
fibre architecture versus overall matrix morphology in cellular activity) but also for drug
evaluation, and tissue engineering applications. Additionally, we could establish a correlation
between the microstructure and the mechanics (elastic and viscoelastic properties) of the COL-FN
fibrillar networks both in the absence and the presence of cells. Collectively, our findings also
emphasize the need for such 3D environmental control for a better understanding of cancer
mechanosignaling, particularly tumour growth and metastasis, and may help to expand knowledge

of cell functions in large volumes within scaffolds of tunable microarchitectures.

5.3 Future Directions

Numerous studies have focused on controlling 3D matrix microarchitecture and
mechanical properties by tuning the polymerization temperature of COL gels. The emphasis of
this thesis was on the engineering and characterization of 3D ECM-mimicking biomaterials, in
particular, on investigating their mechanical and rheological characteristics. COL-based hydrogels
are commonly used to assess tumour cell behaviour as in vitro ECM models, in 3D
microenvironments, with tunable biochemical and biophysical characteristics.[24] For future
studies to restate more realistic in vivo microenvironments, we will need to (i) increase cell density
(11) increase the complexity of the composition by adding other ECM components such as laminin
and fibrin known to be involved in cancer, (iii) make efforts to control protein conformation (since
it directly affects cell-matrix interactions). In the context of cancer, our fabricated scaffolds would
be valuable tools for cancer mechanobiology in highly controlled (hence reproducible)
environmental conditions, in particular, to study cancer cell proliferation, altered cell-matrix
interactions, the role of tumour microenvironment structure and mechanics on tumour growth and

vascularization.
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The tumour microenvironment is well known to be stiffer than healthy tissues.[25] In terms
of ECM (biomechanical) properties, several studies have reported the impact of ECM stiffness,
fibre alignment, and porosity on cell phenotype and invasive behaviour of cancer cells.[14][26]
Fibrous ECM proteins show considerably higher local stiffness than that of the bulk matrix.[27]
According to recent studies, when the microenvironment of cells is locally rearranged, it
consequently modifies cell mechanosignaling [27] which results in altered local stiffness with

varied consequences in healthy and tumorous tissues.[28]

Finally, in response to mechanical stresses or strains, viscoelastic materials exhibit long
stress relaxations and/or creep behaviour. Therefore, besides investigation on both micro- and
macro-scale short-term mechanical and viscoelastic characteristics, long-term behaviour of gels
(such as stress relaxation or creep) should also be quantified, since it is now widely understood
that hydrogel stress relaxation (or creep) also affect essential cell functions (e.g. cell spreading,

differentiation and proliferation of mesenchymal stem cells).[29]

Although there is lots of room for improvement, our tunable platforms enable a better
understanding of the critical link between ECM structure and mechanics, with the ultimate goal of
controlling cellular functions. As such they already represent a valuable tool for biomaterials and

biophysics research, with many potential applications.
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Appendix

The dynamic moduli and complex viscosity were determined via frequency sweeps performed at
strains of 0.5% and 1% at a strain rate of 0.1 1/s.
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Figure A1 Storage modulus and complex viscosity of scaffolds with varied microstructure in
absence of cells (0.1 1/s, 0.5% strain). a) Averaged storage moduli, G* (Well A=0.441+0.106 kPa
(n=5), Well C=0.572+0.0999 (n=7), Well E=0.601%0.243 kPa (n=6)). b) Averaged complex viscosity nx,
(Well A=4588+1060 Pa s (n=5), Well C= 60111090 Pa s (n=7), Well E= 6302+2552 Pa s (n=0)).
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Figure A2 Storage modulus and complex viscosity of scaffolds with varied microstructure in
absence of cells (0.1 1/s, 1% strain). a) Averaged storage moduli, G" (Well A=0.492+0.079 kPa (n=5),
Well C=0.599+0.155 (n=7), Well E=0.411£0.099 kPa (n=6)). b) Averaged complex viscosity n*, (Well
A=5136+803.4 Pa s (n=5), Well C= 62611546 Pa s (n=7), Well E=4322+1032 Pa s (n=0)).
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Figure A3 Storage modulus and complex viscosity of scaffolds with varied microstructure, in
presence of cells (0.1 1/s, 0.5% strain). a) Averaged storage moduli, G (Well A=0.518+0.106 kPa
(n=4), Well C=0.446+0.181 (n=4), Well E=0.416+0.199 kPa (n=4)). b) Averaged complex viscosity, 1n*
Well A=5395£1021 Pa s (n=4), Well C= 46651885 Pa s (n=4), and Well E=4320+2049 Pa s (n=4)).
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Figure A4 Storage modulus and viscosity of scaffolds with varied microstructure, in presence
of cells (0.1 1/s, 1% strain). a) Averaged storage moduli, G (Well A=0.470+0.104 kPa (n=4), Well
C=0.477+0.223 (n=4), Well E=0.419+0.135 kPa (n=4)). b) Averaged complex viscosity, n* (Well
A=4913+1037 Pa s (n=4), Well C=4960+2273 Pa s (n=4), and Well E=4378+£1422 Pa s (n=4)).
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Figure A5 Comparison of storage modulus and complex viscosity between cell-free and cell-

loaded scaffolds (0.1 1/s, 0.5% strain). a) The storage moduli of scaffolds show that loading cells did
not affect the elastic characteristics of scaffolds vastly. b) The complex viscosity of gels shows that loading
cells did not affect the viscous characteristics of scaffolds significantly.
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Figure A6 Comparison of storage modulus and complex viscosity between cell-free and cell-

loaded scaffolds (0.1 1/s, 1% strain). a) The storage moduli of scaffolds show that loading cells did
not affect the elastic characteristics of scaffolds significantly. b) The complex viscosity of gels shows that
loading cells did not affect the viscous characteristics of scaffolds vastly.

80



