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ABSTRACT

The prevalence of obesity and type 2 diabetes mellitus (T2DM) is increasing worldwide at
an unprecedented pace. The fundamental understanding of the molecular mechanisms
underlying the pathogenesis of these diseases is essential for the development of novel
therapeutics. The objective of this work was to characterize skeletal muscle metabolism of
obese subjects with a history of T2DM and that of subjects carrying the AMP-activated '
protein kinase (AMPK) y3 R225W mutation. Primary myotubes from obese subjects with a
history of T2DM showed defects in mitochondrial biogenesis, oxidative capacity and in
mechanisms known to mitigate oxidative stress. Conversely, primary myotubes from
subjects carrying the AMPKys R225W mutation had elevated mitochondrial content and
oxidative capacity relative to matched controls. R225W carriers also showed evidence of
increased muscle glucose uptake in vivo and in vitro, leading to the conclusion that AMPKy;

may represent an effective novel pharmaceutical target for treatment of T2DM.
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GENERAL INTRODUCTION

OBESITY

The World Health Organization (WHO) defines obesity as an “abnormal or excessive fat
accumulation that presents a risk to health” (1). Obesity is now reported to be the sixth
most important risk factor contributing to the overall burden of disease worldwide (2, 3),
and the WHO has predicted that in the next few years, non-communicable diseases such as
obesity will become the leading cause of mortality (4). At the most fundamental level,
obesity is an imbalance between caloric intake and energy expenditure. While this
imbalance primarily stems from energy dense diets and a lack of physical activity,
numerous genetic and environmental factors contribute to the regulation of energy intake
and expenditure. The WHO defines obesity in terms of the Body Mass Index (BMI), or an
individual’s weight (kg) divided by their height squared (mz). An individual is considered
obese with a BMI of 230 kg/mz, overweight with a BMI of 25-29.9, normal with a BMI of

18.5-24.9, and underweight with a BMI of <18.5.

In the most recent Canadian survey (2004), 59% of Canadian adults aged 24-60 and 28% of
Canadian children aged 7-13 were either overweight or obese (5). The prevalence of
obesity in Canada has progressively increased since 1972, and has more than doubled in
the last two decades (6). The increasing prevalence of obesity however is not unique to

Canada: more than 1.7 billion individuals world-wide are either overweight or obese (7).



Obesity is a major risk factor for many chronic diseases including cardiovascular disease,
colon cancer, post menopausal breast cancer, osteoarthritis, and type 2 diabetes mellitus
(T2DM) (reviewed in (8)). The resulting economic burden of this growing obesity ‘epidemic’
has been estimated at upwards of 5.3 billion dollars annually in Canada, which is 2.6% of

our total health care costs (9, 10).

DIABETES MELLITUS

The incidence of diabetes mellitus (type 1 or type 2, see below) is rapidly increasing
worldwide. It is estimated that in 1985, 30 million people were afflicted with diabetes.
Today the WHO estimates that 176 million people worldwide have diabetes. Indeed,
diabetes is quickly becoming one of the greatest health challenges facing our society: the
WHO predicts that by the year 2030, 366 million people worldwide will be suffering from
the disease (11). Over 2 million Canadians currently have diabetes and this number is

expected to surpass 3 million by 2010 (Canadian Diabetes Association; CDA).

Diabetes mellitus is a disease characterized primarily by hyperglycemia resulting from
either a lack of insulin secretion (type 1) or from the development of insulin resistance
followed by pancreatic B-cell failure (type 2). Type 1 diabetes mellitus (T1DM), an
autoimmune disorder, represents approximately 10% of diabetes mellitus cases; whereas
type 2 diabetes mellitus (T2DM), often developed in association with obesity, represents

90% of diabetes mellitus cases (WHO).

T2DM is a metabolic disorder characterized by insulin resistance (the inability of insulin to

suppress hepatic glucose production and promote peripheral glucose uptake) and
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subsequently the inability of the pancreatic B-cell to secrete sufficient insulin to counteract
the insulin resistance. Obesity is the primary risk factor for T2DM; among adults diagnosed
with T2DM, 54% are obese (BMI > 30), 31% are overweight (25 < BMI < 30), and only 15%
have a normal BMI (18.5 < BMI < 25) (9). Failure to maintain normal glycemic control in
individuals with diabetes mellitus eventually results in a deleterious decline of organ
function causing retinopathy, neuropathy, kidney failure, heart disease and stroke. The
annual economic cost of diabetes related health care in Canada is estimated to be 6.5
billion dollars, and is expected to increase to 8.1 billion dolars with the increasing

prevalence of T2DM (12).

MOLECULAR PATHOLOGY OF TYPE 2 DIABETES MELLITUS

The primary cause of T2DM is unknown; however, insulin resistance has been
demonstrated in nearly all cases of T2DM (13, 14). Insulin resistance has been shown to be
the best predictor of the development of the disease (15), and prospective studies have

been able to identify insulin resistance up to two decades prior to the onset of T2DM (16).

The major insulin resistant organs involved the pathogenesis of T2DM are liver, skeletal
muscle, and adipose tissue. Skeletal muscle makes up on average 42% of the human body
weight and accounts for ~20% total body energy expenditure at rest, which increases
dramatically with exercise (17). Skeletal muscle is the primary source of peripheral glucose
disposal in humans, accounting for 80% of postprandial glucose disposal (18). As a result,

skeletal muscle is considered the primary site of insulin resistance in T2DM and plays a



tremendous role in maintenance of normoglycemia. However, the mechanism(s)

underlying the development of insulin resistance have yet to be fully elucidated.

In the healthy insulin-sensitive state, the action of insulin binding to the insulin receptor in
skeletal muscle initiates a signaling cascade that ultimately results in the translocation of
glucose transporter 4 (GLUT4) to the plasma membrane, allowing for increased glucose
uptake (Figure 0-1). While insulin signaling is a complex process with many levels of
regulation, the best characterized pathway begins with insulin inducing a conformational
change in the insulin receptor (IR), activating its intrinsic tyrosine kinase activity (19). The
activated IR then phosphorylates and activates insulin receptor substrate-1 (IRS-1) (20),
which complexes to phosphoinositide 3-kinase (P13K) via an SH2 domain and catalyzes the
formation of phosphatidylinositol (3,4,5)-triphosphate (P1(3,4,5)Ps) (21, 22). The formation
of the PI(3,4,5)P; within the plasma membrane results in recruitment and activation of Akt
and atypical protein kinase C (aPKC) by phosphoinositide dependent kinase-1 (PDK1)(23,
24). While it has been demonstrated that the activation of Akt and aPKC is required for the
translocation of GLUT4 to the plasma membrane, the mechanism by which this is

accomplished is not well understood (25, 26).

In healthy individuals, when caloric intake exceeds energy expenditure, excess energy is
stored primarily in the form of triglycerides (TAG) within adipocytes. Adipose tissue plays a
crucial role in buffering energy levels between the fed and fasted state; however, a chronic
positive energy balance results in weight gain and ultimately obesity. in the case of obesity,

adipose storage nears maximal capacity and its ability to continue to store excess



Figure 0-1: Insulin signaling pathway. IRS-1 (insulin receptor substrate-1); PI3K
(phosphoinositol-3-kinase); PIP3 (phosphoinositol (3,4,5)-triphosphate); PDK1

(phosphoinositide dependent kinase-1); DAG (Diacylglycerol); GLUT (glucose transporter-4)



Figure 0-1: Insulin signaling pathway
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triglycerides is reduced (reviewed in (27)). The resulting overflow of TAG, especially in the
post-prandial state, exposes other organs and tissues to a surplus of fatty acids (FA), which
can lead to ectopic lipid storage (28). Several studies have linked ectopic lipid accumulation
in non-adipose tissues such as skeletal muscle (29-31), pancreas (32), and liver (33) to

insulin-resistance.

Lipid accumulation in skeletal muscle, referred to as intramuscular triglyceride (IMTG), is
highly correlated with the development of insulin resistance (34-36). However, whether
this increase in IMTG is related to increases in fatty acid uptake or the impairment of fatty
acid oxidation remains controversial. Kelley et al. reported that obese subjects had reduced
fatty acid oxidation but similar free fatty acid (FFA) uptake levels, suggesting that it may in
fact be the impairment of fatty acid oxidation that leads to IMTG accumulation and not
elevated FA uptake (37). Interestingly, elevated IMTG levels are also observed in insulin-
sensitive endurance trained athletes; therefore, it is likely not the accumulation of IMTG,
but an incomplete or reduced metabolism of these lipids that induces insulin resistance

(38-40).

It has been proposed that the metabolic overflow of TAG results in reductions in fatty acid
oxidation (FAO) and subsequently an uncoupling of the TCA cycle and the electron
transport chain (ETC), which ultimately results in the incomplete oxidation of FAs (41, 42).
Specifically, it has been identified that the lipid products ceramide and diacylglycerol (DAG)
are not only elevated in individuals with insulin resistance, but also capable of interfering

and blocking the insulin signaling pathway (43-46). Ceramides are thought to activate



protein phosphatase 2A (PP2A), which dephosphorylates and inactivates Akt, resulting in
the inhibition of GLUT4 translocation (47-50). Additionally, several studies have reported
that ceramides activate protein kinase C-zeta (PKCT), resulting in the inactivation of Akt
through the phosphorylation its PH-domain (51, 52). Finally, numerous studies support a
role for DAG in inhibition of GLUT4 translocation through the inhibition of IRS-1 through

protein kinase C-theta (PKCB) {42, 53-58).

A second major hallmark of T2DM is mitochondrial dysfunction and reduced mitochondrial
biogenesis. Mitochondrial proteins are encoded by both the nuclear and mitochondrial
genome. Mitochondrial biogenesis occurs primarily through a peroxisome proliferator-
activated receptor y coactivator 1-a (PGCl-a)-dependent pathway. In a healthy state,
external stimuli (i.e., exercise) can induce and activate the transcription factor PGC-1aq,
which in turn increases the expression of its target genes, including NRF-1 (nuclear
respiratory factor 1). NRF-1 regulates the expression of numerous genes encoding
mitochondrial proteins, including succinate dehydrogenase (SDH), cytochrome c (CytC), and
ATP synthase. Finally, activation of mitochondrial transcription factor A (mTFA), results in
the increased transcription and replication of mitochondrial DNA (reviewed in {59)). With

sufficient stimuli, this cascade ultimately results in mitochondrial biogenesis.

Decreased mitochondrial content was initially identified in individuals with T2DM and in
young insulin-resistant offspring of individuals with T2DM (55, 60-62). Although further
work is needed, these studies suggest that insulin-resistant offspring of subjects with T2DM

may have an inherited condition predisposing them to a reduced mitochondrial biogenesis,



which in turn may result in the accumulation of IMTG (reviewed in (63)). The molecular
mechanisms underlying this defect in mitochondrial biogenesis are poorly understood.
While it has been reported that elderly obese individuals with T2DM exhibit decreased
expression of genes encoded by PGC-1a (64, 65), no decreases in PGC-1a, mTFA, or NRF-1
expression have been observed in the lean, insulin-resistant offspring of individuals with

T2DM (55).

TREATMENT OF TYPE 2 DIABETES MELLITUS

Diabetes is a chronic condition that requires careful management in order to avoid both
short- and long- term complications. Current treatments for T2DM usually consist of a
combination of medical and nutritional management, physical activity, pharmacotherapy,
and treatment of hypertension and dyslipidemia. The American Diabetes Association (ADA)
currently recommends that individuals diagnosed or at high risk for the development of
T2DM undertake structured programs that emphasize lifestyle modification with targeted
goals of moderate weight loss (5-10%) and regular physical activity (30 min/day). Numerous
oral pharmacotherapies are available for the treatment of T2DM, some of which include
metformin, sulfonylureas, DPP-4 inhibitors, PPARy agonists, a-glucosidase inhibitors,
insulin, and GLP-1 analogs(66). Metformin, rosiglitazone, and pioglitazone are all thought to
be indirect activators of AMP-activated protein kinase (AMPK; (67-70)). While activation of
AMPK in the liver and skeletal muscle is thought to suppress hepatic glucose production

and promote skeletal muscle glucose uptake, respectively there are negative consequences



of chronically activating AMPK in other organs (such as the heart and the brain), suggesting

the need for tissue-specific activators of AMPK.

AMP- ACTIVATED PROTEIN KINASE

AMPK was first identified in 1973 as an activator of two important enzymes involved in liver
fat metabolism: 3-hydroxy-3-methylglutaryl coenzyme A (CoA) reductase (71) and acetyl-
CoA carboxylase {(ACC) (72). it was later named AMPK for its observed responsiveness to
AMP levels following alterations in the cellular energy state {73-75). Over the last two
decades, AMPK has been the subject of extensive investigation for its role in glucose and
lipid metabolism (76-78), mitochondrial biogenesis (79, 80), and regulation of protein and
gene expression (81). In recent years, AMPK has emerged as an important regulator of

energy metabolism at both the cellular and whole body levels (Figure 0-2)

AMPK action in hypothalamic neurons is capable of bridging the gap between metabolic
status and the neuro-peptide/transmitter systems that regulate feeding {reviewed in (82)).
Fasting has been shown to increase AMPK activity, where as re-feeding has been shown to
inhibit AMPK activity. Similarly, activation of AMPK in the hypothalamus increases food
intake resulting in weight gain, while inhibition of AMPK promotes hypophagia resulting in
weight loss {83, 84). AMPK is thought to coordinate this response through the modulation
of carnitinepalmitoyl-transferase-1 (CPT-1) activation within the cell. Active AMPK is
capable of phosphorylating and inactivating ACC, the rate limiting enzyme in the synthesis
of malonyl-CoA (85). The subsequent reduction in malonyl CoA levels stimulates CPT-1

activity, which has previously been shown to increase food intake (84, 86).



Figure 0-2: AMPK function in different tissues of the body. Green — activated pathways

Red — inactivated pathways.



Figure 0-2: AMPK function in different tissues of the body
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In the heart, AMPK activation primarily results in increased fatty acid oxidation and glucose
uptake; however chronic induction of AMPK can have negative consequences which are
thought to play a role in the development of Wolff-Parkinson-White (WPW) syndrome (87).
WPW is characterized by a cardiac conduction system defect, the exact genetic basis for the

majority of patients with WPW are not understood; however, a mutation (R302Q) in the

AMPKy2 subunit is associated with a small percentage of patients affected by the
syndrome (87). Similar to the effects of the R225W AMPKy3 mutation in skeletal muscle
(88), the R302Q mutation results in elevated glucose uptake and glycogen storage in the
heart, leading to cardiac hypertrophy and conduction defects (89-91). It has been
hypothesized that the increased risk of myocardial infarction associated with rosiglitazone

treatment is associated with elevated AMPK activity in the heart (92, 93).

The effects of AMPK on the pancreatic islets and adipose tissue are not well understood.
Evidence suggests that AMPK activation in both human islets and MIN6 B-cells results in an
inhibition of insulin secretion (94), whereas other research has shown that the expression
of a constitutively active form of AMPK in MIN6 B-cells and CD1 pancreatic islet cells
induced apoptosis (95). Classically, it was believed that activation of AMPK in adipose tissue
resulted in the inhibition of lipolysis through the phosphorylation of hormone-sensitive
lipase (HSL) (96-98); however, more recent evidence has demonstrated that AMPK is in fact
required for the activation of lipolysis in 3T3-L1 cells (99). Interestingly, another recent
study has reported that AMPK phosphorylation of HSL actually stimulates lipolysis in

isolated adipocytes (100).

11



Of most interest, given the rising incidence of diabetes worldwide, is the role for AMPK
activation in countering liver and skeletal muscle insulin resistance through the control of
glucose and lipid homeostasis. AMPK-mediated glucose homeostasis in the liver occurs
through the suppressed expression of gluconeogenic genes, such as PEPCK
(phosphoenolpyruvate carboxykinase) and G6Pase (glucose-6-phosphatase), which are
regulated by a cAMP-responsive element (CRE). This is accomplished through the
suppression of transcription factors that bind the CRE, namely CRTC2 (CRE-binding protein
transcription coactivator 2) and FOXO1 (fork-head box O1). In skeletal muscle, AMPK
contributes to glucose homeostasis through the enhancement of glucose uptake via an as

of yet unidentified insulin-independent pathway.

Activation of AMPK in both liver and skeletal muscle results in the enhancement of FAO and
the suppression of lipogenesis. Similar to the hypothalamus, AMPK phosphorylates and
inactivates ACC and ACC2, the rate-determining enzymes in the synthesis of malonyl-CoA,
an inhibitor of fatty acid oxidation and an essential precursor for fatty acid synthesis.
Additionally, AMPK can activate malonyl-CoA decarboxylase to further reduce malonyl-CoA

levels.

SUMMARY

As the prevalence of obesity, T2DM, and other non-communicable diseases continues to
rise world-wide, there is a pressing need to understand the molecular basis and pathology
of these diseases in order to develop novel therapies and treatment strategies. The next

two chapters of this thesis will 1) characterize the skeletal muscle metabolism of subjects

12



with a history of obesity-associated T2DM and the effect of chronic high glucose and insulin
in primary myotubes from these subjects, and 2) characterize the skeletal muscle

metabolism of subjects carrying the AMPKy3 R225W mutation.

While there is a significant amount of literature detailing the defects in skeletal muscle
observed in individuals with type 2 diabetes, it is not known whether or not these defects
persist following weight loss and whether or not there are fundamental defects in the
skeletal muscle satellite cells. Chapter 1 begins to answer these questions by determining if
impaired metabolism could be detected in primary muscle cells of subjects with a history of
obesity-associated T2DM. Although no differences in oxidative capacity or oxidative
damage were detected under standard low glucose and insulin conditions, cells were
unable to undergo mitochondrial biogenesis and had an increased susceptibility to
oxidative damage when exposed to chronic high glucose and insulin conditions. These novel
findings define a muscle phenotype at risk for obesity-associated T2DM, and set the stage

for future explorations.

The AMPKy3 R225W mutation is the first gain-of-function mutation that has been identified
in the gamma-3 subunit in humans. The findings reported in Chapter 2 begin to
characterize the metabolic phenotype associated with the chronic activation of AMPK in
skeletal muscle. Primary myotubes from subjects carrying the AMPKy; R225W mutation
had elevated mitochondrial content and oxidative capacity relative to matched controls. In

addition, R225W carriers also showed evidence of increased muscle glucose uptake in vivo

13



and in vitro, leading to the conclusion that AMPKy; may represent an novel pharmaceutical

target for the control of hyperglycemia and the treatment of T2DM.

14
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INTRODUCTION

Obesity is a major risk factor for several chronic diseases including cardiovascular disease,
certain cancers and type 2 diabetes mellitus (T2DM) (reviewed in (1)). Among adults
diagnosed with diabetes, 57% are obese and 28% are overweight (2). Conversely, only 14%
of obese adults have diabetes (3). Thus while obesity is a well-recognized risk factor for
T2DM, the relatively small percentage of obese individuals who also develop T2DM is
consistent with the knowledge that T2DM has a strong genetic component. However,
despite recent advances, genetic and other determinants of risk for obesity-associated

T2DM have not been fully elucidated (4).

One of the hallmarks of T2DM is insulin resistance. Normally, skeletal muscle accounts for
~80% of postprandial glucose disposal, but in T2DM it becomes the primary site of insulin
resistance (5, 6). The molecular mechanisms responsible for the progression of insulin
resistance are still poorly understood. Ectopic accumulation of lipid in skeletal muscle
(intramuscular triglyceride, IMTG) is associated with obesity and highly correlated with the
development of insulin resistance (7-9). However, the observation of high levels of IMTG in
lean, insulin-sensitive endurance-trained athletes has led to the hypothesis that altered or
incomplete lipid metabolism may be an important factor in the progression of insulin
resistance (reviewed in (10)). Along these lines, it has been proposed that the overflow of
triacylglycerol metabolites in skeletal muscle mitochondria lead to an uncoupling of the
tricarboxylic acid (TCA) cycle and the electron transport chain (ETC), resulting in an

accumulation of incompletely oxidized long chain fatty acids (11). Incompletely oxidized
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long chain fatty ‘acids thus may be diverted from the TCA cycle into other lipid metabolites
such as ceramides, diacylglycerol and/or acylcarnitines, which in turn can interfere with the
insulin signaling pathway ({11, 12); reviewed in (13-15)). Indeed, decreased mitochondrial
content and impaired oxidative capacity are correlated with insulin resistance and
associated with obesity (16-19), but effects can be mitigated by weight loss and physical

activity {20, 21).

The delivery of a surfeit of metabolic substrates to mitochondria can lead to augmented
reactive oxygen species (ROS) production and impaired mitochondrial function. ROS can
cause lipid peroxidation, generating products such as methylcholanthrene and 4-
hydroxynonenal (HNE), which can subsequently bind proteins, forming adducts and
impairing protein function (reviewed in (22-24)). Oxidative stress has been implicated in the
development of insulin resistance (25-29), however the role of ROS in diabetic skeletal
muscle is an emerging field. Recently, Chung et al demonstrated that treatment of human
skeletal muscle cells with high levels of hydrogen peroxide led to the destruction of the
insulin signaling pathway, but that pre-treatment with troglitazone could prevent this ROS-
induced insulin resistance (30). The production of ROS by skeletal muscle and the
mechanisms by which this tissue mitigates oxidative damage in the context of T2DM are

areas of great interest.

The overall aim of the current preliminary study was to determine if impaired metabolism
could be detected in primary muscle cells of subjects with a history of obesity-associated

T2DM. Although no differences in oxidative capacity or oxidative damage were detected
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under standard low glucose and insulin conditions, cells were unable to undergo
mitochondrial biogenesis and had an increased susceptibility to oxidative damage when
exposed to chronic high glucose and insulin conditions. These novel findings define a
muscle phenotype at risk for obesity-associated T2DM, and set the stage for future

explorations.

HYPOTHESIS

Chronic exposure to high glucose and insulin will re-elicit impaired skeletal muscle

metabolism in primary myotubes from subjects with a history of T2DM.

OBJECTIVES

The specific objects of this study were:

e To examine muscle fiber type distribution and intramuscular triglyceride (IMTG)
content in vastus lateralis skeletal muscle

¢ To evaluate glycogen content, IMTG content, insulin sensitivity, citrate synthase
activity, cytochrome ¢ oxidase activity, HNE-adduct content and UCP-3 content in
primary human myotubes under two conditions: 1) standard low glucose and insulin

conditions and 2) ‘diabetic-like” high glucose and insulin conditions

RESEARCH DESIGN AND METHODS

SUBJECTS

Test subjects, referred to as the ‘post-diabetes mellitus’ (Post-DM) group, were obese and

had documented obesity-associated T2DM. Inclusion criteria for this population consisted
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of a BMI of 230 kg/mz, a fasting blood glucose of >7.0 mM and an HbA1C level of >7% or
treatment with hypoglycemic agent(s) prior to weight loss. Age-, sex- and BMI-matched
subjects who had been similarly obese but normoglycemic (Non-DM) acted as controls.
Non-DM subjects had no history of T2DM. Family history of T2DM was defined as having at
least one parent or sibling with T2DM. None of the Non-DM subjects had a family history of
T2DM, however 2 of the 7 Post-DM subjects had a family history of T2DM. Physical activity
was measured by a questionnaire adapted from (31). Both populations underwent a 26-
week standard clinical weight loss program at the Ottawa Hospital Weight Management
Clinic (described in (32, 33)). Subjects participated in weekly 3-hour meetings consisting of
a 90-minute workshop (Novartis Nutrition Optifast program), weight, waist circumference
and blood pressure determinations, as well as a physician visit. Subjects received the
Optifast(R) 900 meal replacement (formerly Novartis Nutrition, currently Nestle Canada
Inc., North York, ON) for the first 12 weeks of the program. The Optifast(R) program was
modified by the use of closed educational groups, software that gave patient feedback
reports on multiple outcomes every 4 months (32), and long-term follow-up every 1-3
months. Following weight loss, Post-DM subjects exhibited consistently normal blood
glucose and HbA1C levels {<6.1 mM and <5.7%, respectively). After the completion of the
program, some subjects experienced a modest weight gain, however, all subjects were
weight stable for a minimum of 14 weeks prior to study (weight stability ranged from 14 to
102 weeks). Weight stability was defined as weight maintenance within 5% of body weight.
Following the period of weight stability, a hyperinsulinemic-euglycemic clamp, dual energy

X-ray absorptiometry (DEXA) scan and muscie biopsy were performed. Subject
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characteristics pre- and post-weight loss as well as at the time of study are described in

Table 1-1.

HYPERINSULINEMIC-EUGLYCEMIC CLAMP

The insulin infusate was prepared in isotonic saline to which 2 ml of the subject’s blood had
been added per 50 ml infusate to prevent absorption of insulin to glass and plastic. Regular
insulin was diluted to 300 mU/ml in 0.9% saline. Insulin was infused as a 10 min. priming
infusion followed by a fixed infusion of 40 mU/m? Glucose was infused as 20% dextrose.
The glucose infusion was started 4 min. after initiation of insulin infusion at a rate of 2.0
mg/kg/min for 4-10 min. and at 2.5 mg/kg/min for 10-15 min. Blood samples were taken

every 5 min. and the glucose infusion adjusted to maintain plasma glucose at 5.0 mM (34).

Body Composition. Whole body fat mass, fat free mass and regional fat distribution were
assessed by DEXA using a GE-LUNAR Prodigy module (GE Medical Systems, Madison, WI,
USA). Precision of the repeated measurements expressed as the percent coefficient of

variation was 2.2% for fat mass percentage.

MuscLE BIOPSIES

After local anaesthesia, biopsies of the vastus lateralis were obtained from 7 Post-DM and
7 Non-DM subjects using a 5 mm Bergstrom needle (Opitek). Subjects refrained from
physical activity for three days and were fasting for 12 hours prior to the biopsy. Visible
adipose tissue was removed from the biopsy and a ~10 mg sample of muscle was frozen in

OCT (Optimal Cutting Temperature)} compound for fiber type ratio and IMTG
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determinations. The remainder of the muscle biopsy was processed for satellite cell

isolation and culture.

CeLL CULTURE

Fresh biopsied vastus lateralis was minced, subjected to a trypsin digestion for 30 min. and
plated in Ham’s F-10 media (supplemented with 15% FBS, 0.5 mg/mL BSA, 1 uM
dexamethazone, 10 ng/ml EGF, 0.5 mg/ml fetuin and 0.25 pM insulin). Muscle satellite cells
were isolated at ~80% confluency using an immuno-based magnetic sorting technique as
previously described (35). Isolated myoblasts were grown to ~80% confluency prior to
differentiation in either low glucose and insulin (LGI) DMEM (5.5 mM glucose,
supplemented with 0.25 pM insulin, 2% horse serum, 1% antibiotic-antimycotic and 2.5
mg/mL gentamycin) or high glucose and insulin (HGI) DMEM (25 mM glucose,
supplemented with 10 pM insulin, 2% horse serum, 1% antibiotic-antimycotic and 2.5

mg/mL gentamycin) for 7 days prior to experimentation.

FIBER TYPE RATIO DETERMINATION

0.C.T.-encased frozen tissues were sectioned (10um) and mounted on Superfrost slides and
then immunostained sequentially for type 1 fibers (A4.840, Developmental Studies
Hybridoma Bank) and type 2 fibers (N2.261, Developmental Studies Hybridoma Bank).
Biotinylated goat anti-mouse (BA-9200, Vector Laboratories) was used as the secondary
antibody. Type 1 fibers were stained red (SK5100, Vector Laboratories) and type 2 fibers

were stained blue (SK5300, Vector Laboratories). The number of type 1 and type 2 fibers

30



were counted in 3 fields of view in each of 3 sections per subject, from which the fiber type

ratio was determined.

INTRAMUSCULAR TRIGLYCERIDE CONTENT

IMTG content was evaluated both ex vivo and in vitro. Ex vivo determinations were
conducted as described previously (35). Frozen tissues were sectioned (10um), mounted on
Superfrost slides and fixed in 10% neutral buffered formalin. Sections were stained with 1%
osmium tetroxide and counter-stained with hematoxylin and eosin. Three fields of view in
each of 3 sections per subject were quantified using Northern Eclipse imaging software to

determine the amount of IMTG relative to the cross-sectional fiber area.

In vitro determinations of IMTG content were determined in differentiated myotubes:
~2.4x10° cells were re-suspended in IMTG buffer (25 mM Tris-HCl pH 7.5, 1 mM EDTA) and
total triglycerides were extracted using chloroform-methanol (2:1). The organic phase was
evaporated under N, gas and lipids were re-suspended in 2-propanol. Triglyceride
concentration was determined spectrophotometrically using the L-Type TG H assay (WAKO)

and normalized to protein content as determined by bicinchoninic acid (BCA) assay.

GLYCOGEN CONTENT

~2.4x10° differentiated myotubes were re-suspended in PBM buffer (20 mM KH,PO,, 10
uM CacCl;, 1 mM MgCl,, pH 6.1) and lysed using the freeze-thaw method. Samples were
boiled for 20 min. in 30% KOH saturated with anhydrous Na,S0,. Glycogen was precipitated
with 95% ethanol, dissolved in ddH,0 and incubated with 0.2% anthrone in H,S0, at 100°C
for 20 min. Glycogen concentration was determined spectrophotometrically by measuring
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the absorbance at 620nm relative to an oyster glycogen standard curve and normalized to

protein content as determined by BCA assay.

MITOCHONDRIAL YIELD AND ENZYME ACTIVITIES

Intact mitochondria were isolated from differentiated myotubes using a mitochondrial
isolation kit (MITOISO2; Sigma). Mitochondrial yield was determined by dividing
mitochondrial protein content by cellular protein content, as determined by BCA assay.
Cytochrome c oxidase activity was assayed in intact mitochondria using the CYTOCOX1 kit
(Sigma) in which the oxidation of dithiothreitol-reduced cytochrome ¢ was monitored
spectrophotometrically at 550 nm. Citrate synthase activity was determined in lysed
mitochondria using the CS0720 kit (Sigma) in which the conversion of oxaloacetate to
citrate was monitored spectrophotometrically at 412 nm. Enzyme activities were

normalized to both mitochondrial and cellular protein contents.

MITOCHONDRIAL MIEMBRANE POTENTIAL DETERMINATION

20,000 myoblasts per well were seeded onto a 96-well tissue culture plate and
differentiated in LGl or HGI media for 7 days. Cells were incubated with 800 nM
tetramethylrhodamine, ethyl ester, perchlorate (TMRE) in either LGI-PBS (5.5 mM glucose,
0.25 pM insulin) or HGI-PBS (25 mM glucose, 10 pM insulin) for 15 min. at 37°C in the dark.
TMRE solutions were removed, cells were washed in PBS and solutions were replaced with
LGI/HGI-PBS or LGI/HGI-PBS. Control wells contained no cells. Fluorescence was measured
15 min. post-incubation (excitation: 544nm, emission: 590nm). TMRE is a lypophilic cationic

dye that accumulates in the mitochondria proportional to membrane potential, and
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mitochondrial accumulation quenches TMRE fluorescence (36). Membrane potential was
expressed as the absolute value of the decrease in TMRE fluorescence and normalized to

mitochondrial protein content as determined by BCA assay (see Enzyme Activities above).

WESTERN BLOTTING

Differentiated myotubes were lysed in RIPA buffer (150mM NaCl, 50mM Tris (pH 7.4), 1ImM
EDTA, 1% (v/v) NP-40, 0.25% (w/v) sodium deoxycholate) and protein content was
determined via BCA assay. Lysates were separated on a 10% bis-tris polyacrylamide gel and
proteins transferred to a nitrocellulose membrane. UCP3 and B-actin (loading control) were
detected using rabbit anti-UCP3 (ab-3477; Abcam) and rabbit anti-B-actin (4967; Cell
Signaling), following by goat anti-rabbit HRP (sc-2030; Santa Cruz Biotechnology).
Visualization was achieved using an Enhanced Chemi-Luminescence kit (Amersham
Pharmacia). Spot densitometry was performed using an Alpha multi-image light camera
and Alpha imaging software. Values represent the integrated density value (IDV) of UCP3
divided by the IDV of B-actin. Manganese superoxide dismutase (mnSOD) and succinate
dehydrogenase (SDH; loading control) were detected in isolated mitochondria using rabbit
anti-mnSOD (sc-30080; Santa Cruz Biotechnology) and mouse anti-SDH (sc-59687; Santa
Cruz Biotechnology), followed by goat anti-rabbit HRP and goat anti-mouse HRP (sc-2031;

Santa Cruz Biotechnology), respectively.

4-HYDROXYNONENAL-HISTIDINE ADDUCT CONTENT

HNE-His adduct content was determined by ELISA (STA-334, Cell Biolabs, Inc.). Protein

samples (as described in Western Blotting above) were absorbed onto a 96-well ELISA plate
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in triplicate for 2 hrs at 37°C. Wells were probed with an anti-HNE-His antibody and HRP-
conjugated secondary antibody. Absoiute HNE-His adduct content was determined
spectrophotometrically by comparing samples to a standard curve of HNE-BSA standards at

600nm.

GLUCOSE UPTAKE

Glucose uptake assays were performed as described previously (37). Myoblasts were
seeded in 24-well plates at 37,000 cells/cm?, incubated for 24 hours and then differentiated
for 7 days. Differentiated myotubes were washed twice with uptake buffer (136 mM Nadl,
4.7 mM KCl, 1.25 mM MgS04-7H20, 1.2 mM CaCl-2H,0, 20 mM HEPES; pH 7.4) and then
incubated for 20 minutes in the presence or absence of 100 nM insulin. Cells were
incubated at 37°C for 10 min with 0.5 uCi/ml [H*]-2-deoxy-glucose and 100 mM cold 2-
deoxy-glucose. Cells were then washed 3X with ice-cold PBS and lysed with ice-cold RIPA
lysis buffer (Sigma, St. Louis, MO) supplemented with ROCHE mini protease inhibitor
cocktail. Total radioactivity was then determined in cell lysate by liquid scintillation

counting. Protein content was determined via BCA assay.

GLYCOGEN SYNTHESIS

Glycogen synthesis assays were performed as described previously (38). Myoblasts were
seeded and differentiated as described above. Differentiated myotubes were glucose and
serum starved for 1.5 hours in glucose-free DMEM media and then incubated with DMEM
containing 5.5 mM glucose and 0.5 uCi/ml [H?]-2-deoxy-glucose with or without 100 nM

insulin for 3 h. Cells were then washed 3X with ice-cold PBS and harvested in 30% KOH
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saturated with anhydrous Na,SO,. Cell lysates were incubated at 100°C for 20 mins. in the
presence of 6.3 ug/ul oyster glycogen. Glycogen was precipitated in ethanol, washed and
then dissolved in ddH,0. Radioactive glycogen was determined by liquid scintillation

counting. Protein content was determined in cell lysates via BCA assay.

STATISTICAL METHODS

A Student’s t test was employed to assess statistical differences between clinical
parameters (Tables 1 and 2) as well as differences in fiber type percentage, mnSOD
expression and UCP3 expression (Figures 1, 5 and 7). A one-way ANOVA with Tukey post-
test was used to assess statistical differences in IMTG content, glycogen content,
mitochondrial yield, citrate synthase activity, cytochrome c oxidase activity, HNE-His
adducts and mitochondrial membrane potential (Figures 2, 3, 4 and 6). Confidence intervals

were set at 95%.
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RESULTS

STuDY SUBJECTS

Subjects in the Non-DM and Post-DM groups were individually matched for age and sex as
well as pre- and post-weight loss BMI. There were no differences in physical activity
between Non-DM and Post-DM groups (3.3 + 3.8 h/wk and 4.6 + 3.2 h/wk, respectively).
Prior to weight loss, all Post-DM subjects met the American Diabetes Association criteria for
diabetes or were taking oral anti-diabetic agents. Following weight loss, Post-DM subjects
became normoglycemic and remained so at the time of study. Non-DM subjects did not
meet the criteria for diabetes before or after weight loss (mean fasting glucose 5.7 £ 0.76
mM). At the time of study, the two groups showed no differences in fasting blood glucose,
HbA1c or fat free mass; however, the Non-DM group had a slightly higher percentage body
fat (Table 1-1). As assessed by a hyperinsulinemic-euglycemic clamp, the Post-DM and Non-
DM subjects demonstrated similar insulin-stimulated glucose disposal rates and insulin
sensitivity indices {Table 1-2). No differences were detected in the insulin sensitivity of
primary myotubes from Non-DM compared to Post-DM subjects, as assessed by insulin-

stimulated glucose uptake and insulin-stimulated glycogen synthesis (Figure 1-1).

FiBER TYPE RATIO

Quantitative histological analysis of vastus lateralis skeletal muscle biopsies was performed
to assess the muscle fibre type ratio and IMTG content. No differences were observed in

the fiber type distribution between the Non-DM and the Post-DM populations (Figure 1-2).
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Table 1-1: Pre- and post-weight loss characteristics of Post-DM and Non-DM subjects.

Means * SD, n=7, Student’s t test for each parameter (NS, except where noted)

Non-DM Subjects

Post-DM Subjects

Age (years) 52.1+11.0 51.8+11.0
Male/Female 6/1 6/1
Family History of T2DM/No Family History of 0/7 2/5
T2DM

Pre-Weight Loss

Body Weight (kg) 144.7 +30.3 137.6 £+35.4
Body Mass Index (kg/m?) 47.6 £9.7 45.6 £9.5
Fasting Blood Glucose (mM) 5.7+0.76 6.4+1.28
Fasting Blood Glucose Range (mM) 43-6.8 4.4-7.8°
HbA1C (%) n/a’ 7.0+ 1.6
Diabetes Medication 0 5
Post-Weight Loss at Week 26

Weight (kg)° 104.9 +21.9 108.5 + 25.6
Body Mass Index (kg/m?) 345+6.8 36.06+6.9
Fasting Blood Glucose (mM) 5.03+0.72 4.96 £0.35
HbA1C (%) n/a’ 5.2+0.4
Diabetes Medication 0 0

At Time of Study

Time Between Week 26 & Study (weeks) 52.0+10.5 50.8+10.4
Duration of Weight Stability (weeks) 31.7+31.8 32.4+13.1
Body Weight (kg)* 117.5 +20.0 113.4+ 235
Body Mass Index (kg/m?) 38.7+6.4 37.9%5.9
Basal Metabolic Rate (kcal/d) 2175.7 £+ 335.8 2004.3 +397.9
Percent Fat Free Mass (DEXA) 61.8+6.0 59.8+3.4
Percent Fat Mass (DEXA) 39.6 +3.41 34.7 +2.85°
Percent Total Body Fat as Truncal Fat (DEXA) 64.4+2.8 585147
Fasting Blood Glucose (mM) 50+0.8 4905
HbA1C (%) 53101 54%0.2
Diabetes Medication 0 0

°Blood glucose for Post-DM was measured while on diet and pharmacological treatment for

diabetes

PHbA1C not evaluated in non-diabetic subjects prior to or during weight loss program

‘Non-DM vs. Post-DM, p<0.05

“The moderate weight gain in both Non-DM and Post-DM groups occurred in the period
between the end of the weight loss program (at week 26) and the beginning of the weight
stability period (all subjects were weight stable for a minimum of 14 weeks prior to study)

37




Table 1-2: Post-weight loss measurements - hyperinsulinemic-euglycemic clamp.

Means * SD, n=7, Student’s t test for each parameter (NS).

Non-DM Subjects

Post-DM Subjects

Baseline Blood Glucose (mM) 5.67£0.63 5.40+0.71
Baseline Blood Insulin (pM) 47.6 £33.6 70.0+214
HOMA Index 1.66 £ 2.86 2.321+424
60-120 min Insulin (pM) 1071+ 413 1002 + 222
Insulin-Stimulated Glucose Disposal 0.272 +0.103 0.262 £ 0.132
(mmol/kg/min)

Insulin Sensitivity (M/lgamp) 319.8+232.0 282.5+180.7

(nmol kg™ min* pmol™)
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Figure 1-1: Glucose Uptake and Glycogen Synthesis A) Fold-change in glucose uptake in
response to insulin stimulation in cells from Non-DM subjects (white bars) and Post-DM
subjects (black bars) differentiated under low glucose and insulin (LGl) or high glucose and
insulin (HGI) conditions (B) Fold-change in glycogen synthesis in response to stimulation
with 100 mM Insulin in cells from Non-DM subjects (white bars) and Post-DM subjects
(black bars) differentiated under low glucose and insulin (LGl) or high glucose and insulin

(HGI) conditions: means + SD, n=3, two-way ANOVA, Bonferroni correction, NS.
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Figure 1-2: Fiber Type Ratio. Type 1 fibers stained red and type 2 fibers stained blue in
representative muscle sections of (A) a Non-DM subject and (B) a Post-DM subject. (C) Fiber
type ratio expressed as a percentage: means * SD, n=6, Student’s t test for each fiber type,

NS.



Figure 1-2: Fiber type ratio
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The fiber type distribution for both populations was approximately 40% Type 1 and 60%

Type 2.

FUEL STORAGE

Quantitative histology also revealed no differences in IMTG content between Non-DM and
Post-DM subjects (63.78 + 6.58 AU vs. 71.79 + 12.18 AU, respectively). IMTG content was
also assessed in vitro in myotubes differentiated in standard LGI conditions or in ‘diabetic-
like’ HGI conditions. Surprisingly, no differences were detected in IMTG content between in
HGI conditions compared to LGl conditions in either Post-DM or Non-DM subjects.
Additionally, there were no differences in IMTG content between Post-DM and Non-DM
subjects in either LGl conditions or when challenged with HGI (Figure 1-3A). Post-DM
subjects exhibited ~50% lower intracellular glycogen levels compared to Non-DM subjects
when myotubes were differentiated in LGI (p<0.01) and ~30% lower levels of glycogen

when myotubes were differentiated in HGI (Figure 1-3B).

MITOCHONDRIAL CONTENT AND OXIDATIVE CAPACITY

There were no differences in mitochondrial content, as measured by mitochondrial yield,
when myotubes from Non-DM and Post-DM subjects were exposed to LGl conditions.
However, mitochondrial content was nearly doubled in Non-DM subjects when exposed to
HGI conditions (p<0.01), but no increase in mitochondrial content was observed in Post-DM

subjects under the same conditions (Figure 1-4A).

Cellular citrate synthase activity was assessed as a marker of mitochondrial content.
Myotubes from Non-DM subjects showed an overall increase of ~65% in citrate synthase
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Figure 1-3: Fuel Storage. (A) Intramuscular triglyceride (IMTG) normalized to cellular
protein in myotubes from Non-DM subjects (white bars) and Post-DM subjects (black bars)
differentiated under low glucose and insulin (LGl) or high glucose and insulin (HGI)
conditions: means * SD, n=3, one-way ANOVA, Tukey post-test, NS. (B) Glycogen
normalized to cellular protein in myotubes from Non-DM subjects (white bars) and Post-
DM subjects (black bars) differentiated under LGl or HGI conditions: means % SD, n=5, one-

way ANOVA, Tukey post-test, **p<0.01, ***p<0.001.
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Figure 1-4: Oxidative Capacity. Myotubes from Non-DM subjects (white bars) and Post-DM
subjects (black bars) differentiated under low glucose and insulin (LGI) or high glucose and
insulin (HGI) conditions. Means * SD, n=3, one-way ANOVA, Tukey post-test, *p<0.05,
**p<0.01, ***p<0.001. (A) Mitochondrial yield {mitochondrial protein content per cellular
protein content). (B) Citrate synthase activity normalized to cellular protein. (C) Citrate
synthase activity normalized to mitochondrial protein. (D) Cytochrome c oxidase activity
normalized to cellular protein. (E) Cytochrome c¢ oxidase activity normalized to

mitochondrial protein.
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activity when exposed to HGI conditions (p<0.01), however cells from Post-DM subjects
showed no differences in citrate synthase activity when exposed to HGI conditions (Figure
1-4B). When normalized to mitochondrial content, there was a trend for myotubes from
Post-DM subjects to have lower citrate synthase activity compared to Non-DM subjects in
both LGl and HGI conditions, although this did not reach statistical significance (Figure
1-4C). These data suggest that the lack of an HGl-induced increase in citrate synthase
activity in Post-DM subjects is due mainly to the lack of mitochondrial biogenesis under

these conditions.

Cellular cytochrome c¢ oxidase activity was used as a second marker of mitochondrial
content. When normalized to cellular protein, Non-DM subjects showed an overall increase
of ~80% in cytochrome c oxidase activity when exposed to HGI conditions (p<0.05),
whereas cells from Post-DM subjects did not show a significant increase in overall
cytochrome c oxidase activity (Figure 1-4D). When normalized to mitochondrial content,
both Non-DM and Post-DM subjects showed an increase in cytochrome ¢ oxidase activity in
HG! conditions compared to LGl conditions (p<0.01), indicating an upregulation of ETC
chain capacity per mitochondrion (Figure 1-4E). There were no differences in ETC capacity
between Non-DM and Post-DM subjects in either LGl or HGI conditions at the level of the
mitochondrion. Altogether, these data are indicative of higher overall oxidative capacity in
the Non-DM myotubes compared to the Post-DM myotubes when exposed to HGI

conditions due to higher mitochondrial content.
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OXIDATIVE DAMAGE AND MITOCHONDRIAL MIEMBRANE POTENTIAL

Oxidative damage was assessed by measuring HNE-protein adducts. ROS produced in the
mitochondria as a result of electrons escaping from the ETC during oxidative
phosphorylation can react with lipid species to form lipid peroxides. The latter decompose
to form more complex and reactive compounds such as HNE, which can then form stable
adducts with cellular proteins, potentially altering their function. Myotubes differentiated
in LGI conditions showed no difference in HNE-protein adducts between the Non-DM and
Post-DM subjects as measured by ELISA. However, when myotubes were differentiated in
HGI conditions, a significant increase was observed in HNE-adduct content in the Post-DM
group (p<0.01), but not in the Non-DM group. Overall levels of HNE-adducts were higher in
Post-DM subjects under HGI conditions relative to the Non-DM controls (p<0.05; Figure

1-5).

In response to higher ROS production, genes involved in antioxidant pathways are typically
upregulated. mnSOD, the mitochondrial form of superoxide dismutase, is responsible for
catalyzing the dismutation of superoxide to protect the cell from ROS damage. Levels of
mnSOD protein were found to be higher in Post-DM cells when differentiated under both
LGl (p<0.05) and HGI (p<0.01) conditions (Figure 1-6), indicating that although higher
oxidative damage was not observed in Post-DM cells under LGl conditions, it is likely that
higher amounts of ROS were being produced. The upregulation of mnSOD seemed to be
enough to prevent increased oxidative damage under LGl conditions, but was not sufficient
to prevent oxidative damage under HGI conditions, where higher amounts of ROS were

presumably being produced.
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Figure 1-5: Oxidative Damage. 4-hydroxynonenal-histidine (HNE-His) adducts normalized
to cellular protein content. Myotubes from Non-DM subjects (white bars) and Post-DM
subjects (black bars) differentiated under low glucose and insulin (LGl) or high glucose and
insulin (HGI) conditions. Means * SD, n=4, one-way ANOVA, Tukey post-test, *p<0.05,

**p<0.01.
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Figure 1-6: Manganese Superoxide Dismutase (mnSOD) Content. Representative Western
blots of mnSOD and succinate dehydrogenase (SDH) loading controls. Mitochondria derived
from Non-DM/Post-DM myotubes differentiated under (A) low glucose and insulin (LGI)
and (B) high glucose and insulin (HGI) conditions. Quantitation of mnSOD content:
integrated densitometry value (IDV) of mnSOD normalized to SDH IDV for (C) LGl and (D)

HGI conditions. Means + SD, n=4, Student’s t test, *p<0.05, **p<0.01.
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Lower rates of ROS production have been associated with lower mitochondrial membrane
potential. Compared to LGl conditions, mitochondrial membrane potential was decreased
in the Non-DM cells when subjected to HG! conditions (p<0.01), but this was not observed
in cells from Post-DM subjects (Figure 1-7). It has been hypothesized that uncoupling
protein-3 (UCP3) may mitigate ROS production by uncoupling oxidative phosphorylation in
situations of high membrane potential {39-41). ROS production is thought to be mitigated
via a UCP3-mediated mechanism in which protons leak back into the mitochondrial matrix
thereby reducing membrane potential. No overall differences in UCP3 protein content were
observed between Post-DM and Non-DM cells under LGl conditions (Figure 1-8A,C). Upon
exposure to HGI conditions, however, Post-DM cells exhibited a marked 3-fold lower
expression of UCP3 (p<0.05; Figure 1-8B,D). When UCP3 was normalized to mitochondrial
content, Post-DM subjects had ~35% less UCP3 compared to Non-DM subjects (p<0.05),

indicating a decreased level of UCP3 expression per mitochondrion (Figure 1-8F).
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Figure 1-7: Mitochondrial Membrane Potential. Relative mitochondrial membrane
potential expressed in fluorescence units (FU) normalized to mitochondrial yield. Myotubes
from Non-DM subjects {(white bars) and Post-DM subjects (black bars) differentiated under
low glucose and insulin (LGI) or high glucose and insulin (HGI) conditions. Means * SD, n=4,

one-way ANOVA, Tukey post-test, **p<0.01.
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Figure 1-8: Uncoupling Protein-3 (UCP3) Content. Representative Western blots of UCP3
and B-actin loading controls. Lysates from Non-DM/Post-DM myotubes differentiated
under (A) low glucose and insulin (LGl) and (B) high glucose and insulin (HGI) conditions.
Quantitation of UCP3 content: integrated densitometry value (IDV) of UCP3 normalized to
B-actin IDV for (C) LGl and (D) HGI conditions. UCP3 content normalized to mitochondrial
yield for {E}) LG} and (F) HGI conditions. Means + SD, n=4, Student’s t test, *p<0.05,

***p<0.001.
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DISCUSSION

Weight loss through calorie restriction improves glycemic control in subjects with T2DM
(42, 43). In order to better understand the mechanistic associations between obesity and
T2DM, and to avoid the confounding effects of concurrent hyperglycemia or diabetes
medications, we compared the skeletal muscle characteristics of subjects with or without a
history of obesity-associated diabetes, all of whom were similarly euglycemic following

weight loss.

Increased IMTG has been observed in subjects who are obese but do not have T2DM (44),
but IMTG is best correlated with the degree of insulin resistance of the subject, regardiess
of BMI (7-9, 45, 46). No differences in IMTG were observed in either LGl or HGI conditions,
indicating that hyperglycemia-hyperinsulinemia is not sufficient to elicit higher levels of
IMTG in myotubes of Post-DM subjects. Conversely, glycogen levels in Post-DM myotubes
were lower in both LGl and HGI conditions. These results are consistent with reports that
insulin-stimulated glycogen synthesis in skeletal muscle is impaired in subjects with T2DM
{47, 48) and overall muscle glycogen content is lower in both individuals at risk for T2DM as
well as those who have the disease (49, 50). It is interesting, however, that glycogen levels
were lower in Post-DM cells despite no differences in insulin sensitivity between Non-DM
and Post-DM cells. Glycogen deficit may therefore be an early marker of dysfunctional
metabolism in muscle of individuals prone to the development of obesity-associated
diabetes, or perhaps an imprint left in the satellite cells of individuals who have had T2DM,

despite the reversal of clinical symptoms of the disease via weight loss.
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It has been previously shown that genes involved in oxidative metabolism and
mitochondrial biogenesis are downregulated in skeletal muscle of individuals with T2DM,
individuals who are insulin resistant and healthy offspring of individuals with T2DM (17,
51). Functional impairment of skeletal muscle mitochondria has also been shown in these
populations (19, 52). Our data suggest that in individuals prone to the development of
obesity-associated diabetes, the defect in oxidative metabolism lies in the inability of
myotubes to undergo mitochondrial biogenesis in response to situations of high glucose
and insulin. Although there was overall impaired induction of citrate synthase and
cytochrome c oxidase activities in Post-DM cells, these deficiencies can be accounted for by
the lack of mitochondrial biogenesis. Cytochrome ¢ oxidase activity was upregulated per
mitochondrion in both Non-DM and Post-DM subjects when exposed to HGI conditions,
indicating no impairment in ETC function at the level of the mitochondrion. These results
indicate that the re-elicitation of impaired oxidative metabolism in Post-DM subjects when

exposed to HGI conditions is due to impaired stimulus of mitochondrial biogenesis.

Increased oxidative stress has been closely associated with insulin resistance and diabetes
in a number of tissues, including skeletal muscle and adipose (reviewed in (53)). We found
no differences in oxidative damage between Non-DM and Post-DM cells under LGI
conditions, but increased oxidative damage in Post-DM cells under HGI conditions. Taken
alone, this result suggests that there was an increase in ROS produced under HGI
conditions, but Post-DM celis were unable to mitigate the ROS. However, the fact that
mnSOD protein expression was increased in Post-DM cells under both LGl and HGI
conditions suggests increased ROS production under both conditions, and that this
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antioxidant system was sufficient to prevent ROS damage in these cells under LGI
conditions, but not under HGI conditions. In order to explore a possible mechanism to
explain the differences in oxidative damage between Post-DM and Non-DM cells, we
measured mitochondrial membrane potential. The decrease in membrane potential that
was observed in Non-DM cells exposed to HGI conditions may explain their resistance to
oxidative damage. Post-DM cells were not able to lower their membrane potential in the
face of increased reducing equivalents entering the ETC (i.e., under HGI conditions), and

therefore ROS production was augmented.

There are at least two possible explanations for the underlying mechanism of decreased
mitochondrial membrane potential in Non-DM cells but not Post-DM cells exposed to
chronic HGIl. The decrease in membrane potential in Non-DM cells can at least be partially
explained by the HGI-induced increase in mitochondrial content. With an ~85% increase in
mitochondrial content, the Non-DM cells would be well equipped to metabolize the
reducing equivalents provided by increased glycolytic flux, unlike the Post-DM cells which
had no increase in mitochondrial content. The robust increase in oxidative capacity seen in
Non-DM cells may explain the resultant drop in mitochondrial membrane potential:
substrates would be distributed amongst almost double the amount of mitochondria.
Fewer reducing equivalents being delivered to the ETC per mitochondrion would result in a

lower membrane potential.

The mechanisms underlying the absence of a drop in membrane potential in Post-DM cells

are likely multi-factorial. A second possible explanation relates to ROS signalling within the
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mitochondrion. High glucose exposure (i.e., more substrates being delivered to cells) would
initially result in more reducing equivalents being delivered to the ETC per mitochondrion,
driving up mitochondrial membrane potential and increasing ROS production. HNE can then
be produced by ROS-lipid interaction. UCP3 is a mitochondrial inner membrane protein
with unresolved physiological function(s). However, it has been hypothesized to mediate a
proton leak when activated by HNE, reducing mitochondrial membrane potential and
mitigating production of ROS in a negative feedback loop (41). Interestingly, there were no
differences in UCP3 expression between Non-DM and Post-DM subjects under LGI
conditions, but Post-DM cells had lower expression of UCP3 at both the cellular and
mitochondrial levels when exposed to HGI conditions. These results corroborate previous
reports of decreased UCP3 expression documented in vastus lateralis of individuals with
T2DM (54), but now link decreased UCP3 expression with failed membrane potential
response and increased oxidative damage under conditions of high glucose and insulin.
Thus, although the HNE signal is being generated in Post-DM cells, it appears as though the
signal is not able to activate UCP3 to affect a lower membrane potential and ultimately

decrease ROS production.

Overall, this preliminary study has shown that impaired metabolism can be elicited in
muscle cells from euglycemic subjects with a past history of obesity-associated diabetes,
despite resolution of the clinical diabetic state through weight loss. We have documented
defects in mitochondrial biogenesis as well as the inability of muscle cells to mitigate ROS
production and oxidative damage in response to situations of chronic high glucose and
insulin. These results provide new insight into the metabolic differences between
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individuals who are prone to the development of obesity-associated diabetes and those
who are not; however, it should be noted that these results do not necessarily apply to lean
individuals at risk for T2DM. Although this study has provided clues as to the mechanisms
of the disordered metabolism, it remains to be determined whether these phenotypic

characteristics are genetically programmed or acquired epigenetically.
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Chapter 2 - METABOLIC CHARACTERIZATION OF THE HUMAN AMPKy3
R225W MUTATION

CONTRIBUTION OF COLLABORATORS

SEAN A. CRAWFORD

Collected vastus lateralis samples at muscle biopsies, processed muscle biopsies for
histology and myoblast isolation, isolated myoblasts, maintained cell cultures, performed
assays for glucose uptake, glycogen synthesis, mitochondrial content, oxidative capacity,
glycogen content, IMTG content, TCA cycle metabolites, and western blotting. Assisted with
muscular fatigue, strength testing and positron emission tomography (PET) scanning, and
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INTRODUCTION

AMP-ACTIVATED PROTEIN KINASE (AMPK) STRUCTURE

AMPK is a heterotrimeric enzyme that can form 12 distinct complexes, each comprising an
a catalytic subunit (a1 or a2), as well as B and y regulatory subunits (1 or 2 and y1, y2 or
y3) (reviewed in (1)). The a catalytic subunit is responsible for the kinase activity of AMPK.
It also possesses an important phosphorylation site at Thr172, that when phosphorylated,
significantly enhances enzyme activity (2). The B regulatory subunit contains a glycogen
binding domain (CBM; (3, 4)). The binding of mature glycogen granules to the B-subunit
results in the allosteric inhibition of AMPK activity (5). Finally, the y regulatory subunit
contains two Bateman domains which can each bind a single AMP or ATP molecule, as
determined by crystallographic studies of fission yeast (6). The binding of AMP induces a
conformational change which results in the allosteric activation of AMPK and renders it an

inferior substrate for phosphatases (7-9).

The expression of all AMPK subunits can be detected to some extent in skeletal muscle;
however, it is thought that only three of the possible 12 heterotrimeric complexes are
formed:a1/B2/yl, a2/B2/yl and a2/B2/y3 (10). Of these three complexes, a2/B2/y3 is
thought to be the predominant active complex in skeletal muscle as it is the only complex
that is responsive to high-intensity exercise (11). Expression of the y3 subunit is specific to

skeletal muscle (12).

63



AMPK ACTIVATION

The activation of AMPK is controlled through two known pathways: 1) a Ca**-
dependent pathway mediated by the calmodulin-dependent protein kinase, CaMKKp (13-
15), and 2) an AMP-dependent pathway mediated by the tumor suppressor, LKB1 (7, 16,
17). The latter of these two pathways is best characterized in skeletal muscle and enables
AMPK to act as a central energy sensor within the cell by monitoring intracellular levels of
ATP, AMP and glycogen through the specific binding sites on the B and y regulatory

subunits.

The binding of AMP to the y subunit of AMPK resuits in a 5 to 10-fold increase in
enzymatic activity (18, 19). In addition to this allosteric activation, the binding of AMP also
induces a conformational change that makes the a-subunit a better substrate for upstream
kinases while at the same time protecting it from dephosphorylation, resulting in up to a
50-fold increase in activity (2, 16, 20). In contrast, high ATP levels are capable of inhibiting
AMPK activity through the displacement of AMP from the y-subunit (8). The typical
ATP:ADP ratio within a cell is 10:1. As this ratio declines, adenylate kinase converts two ADP
molecules into one ATP and one AMP molecule, thus raising AMP levels within the cell and

activating AMPK (Figure 2-1; (21)).

AMPK FUNCTION

When activated, AMPK acts to restore the cellular energy balance by stimulating
ATP-producing pathways and inhibiting ATP-consuming pathways. AMPK activation ‘turns

on’ processes and pathways associated with fuel catabolism such as glucose uptake, fatty
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Figure 2-1: AMP/ATP regulation of AMPK (adapted From [21]). AMP (adenosine
monophosphate); ADP (adenosine diphosphate); ATP (adenosine triphosphate); AMPK

(AMP-activated protein kinase)



Figure 2-1: AMP/ADP/ATP regulation of AMPK

Exercise, glucose deprivation, etc

)

Adenylate
Kinase

- AMPK e ATP

ADP AMP*
k /

Cell growth, contraction, etc

65



acid oxidation, and mitochondrial biogenesis (22-25) while ‘turning off’ those that are
anabolic, such as fatty acid synthesis, glycogen synthesis, and protein synthesis (26-30)

(Figure 2-2).

In a recent study, it was demonstrated that overexpression or ablation of the
AMPKys subunit in mice did not alter mitochondrial biogenesis. However, overexpression of
the gain-of-function AMPKy; R225Q mutation (similar to the R225W mutation studied
herein) resulted in enhanced mitochondrial biogenesis (31). This enhanced mitochondrial
biogenesis was associated with increases in several transcription factors that regulate
mitochondrial biogenesis, including peroxisome proliferator-activated receptor 7y
coactivator-la (PGC-1a), mitochondrial transcription factor A (mTFA), and nuclear
respiratory factor 1 (NRF-1) (31). Additionally, chronic AMPK activation through either
AICAR treatment or endurance training has been shown to increase skeletal muscle

expression of both glucose transporter 4 (GLUT4) and hexokinase in mice (32).

HumaN AMPKY; R225W MUTATION

The naturally occurring R225W mutation was identified in humans by our laboratory
as a gain-of-function mutation that results in a doubling of both basal and AMP-stimulated
AMPK activity ((33)). This mutation is analogous to both the y; R225Q mutation identified in
RN™ Hampshire Pigs (34) as well as the y, R302Q mutation in humans (35-37). All three of
these mutations are paradoxically characterized by the storage of excess glycogen in
skeletal muscle {ys R225Q and R225W) or in the heart (y, R302Q) (33-35). Despite the

inhibitory effects of AMPK on glycogen synthase, it is hypothesized that increased glucose
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Figure 2-2: Molecular regulation of AMPK and downstream targets of AMPK (Adapted
from [21, 59]). IL-6 (interleukin-6); CNTF (ciliary neurotrophic factor); PFK2
(phosphofructokinase); ACC (acetyl-CoA carboxylase); PGCla (PPARy coactivatorla); GS
(glycogen synthase); mTOR (mammalian target of rapamycin); EF2K (eukaryotic elongation

factor-2 kinase



Figure 2-2: Whole body regulation of AMPK
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uptake may overwhelm and override the AMPK dependent inhibition of glycogen synthase
(5, 32). Subjects with the y3 R225W mutation also exhibit a 30% decrease in the levels of

intracellular triglycerides (33).

In subjects carrying the AMPKys R225W mutation, the characterization of skeletal
muscle fuel metabolism, oxidative capacity, and insulin sensitivity will help further
elucidate the role of AMPKy; in human skeletal muscle metabolism. The AMPK-mediated
induction of glucose uptake in many cell types (38) and the inhibition of hepatic glucose
production (39) make AMPK an ideal pharmaceutical target for the treatment of type 2
diabetes mellitus (T2DM). The drugs metformin, rosiglitazone, and pioglitazone are often
prescribed for the treatment of T2DM, and all in fact act partially through activation of
AMPK (40, 41). While the advantages of AMPK activation in the liver and skeletal muscle
are evident, there are also negative consequences of activating AMPK in other tissues of
the body. Enhanced AMPK activation in the hypothalamus results in increased food intake,
which would adversely affect individuals with T2DM (42). Enhanced activation of AMPK in
the heart causes increased glycogen storage which can lead to Wolf-Parkinson White
syndrome, conduction syndrome disease, and cardiac hypertrophy (35-37). Furthermore, it
has been suggested that the increased risk of myocardial infarction associated with
rosiglitazone treatment is associated with elevated AMPK activity in the heart (43, 44).
These negative side-effects of systemic AMPK activation make the ys subunit an ideal
pharmacological target for the treatment of T2DM. Since the ys; subunit is expressed
exclusively in skeletal muscle (12), its pharmalogical activation would result in AMPK
activation in skeletal muscle alone. The gain-of-function nature of the AMPKy; R225W
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mutation (33) renders its carriers exciting subjects for studies of the potential of the y

subunit as a pharmacological target for the treatment of T2DM.

OVERALL AIM

The overall aim of this project was to characterize skeletal muscle metabolism of subjects

carrying the R225W AMPKy; mutation.

HYPOTHESIS
The R225W gain-of-function mutation in the AMPKy; subunit will result in 1) increased

skeletal muscle glucose uptake in vivo, and 2} increased glucose uptake and oxidative

capacity in primary human myotubes in vitro.

SPECIFIC OBJECTIVES

The specific objectives of this study were:

* To examine in vivo skeletal muscle glucose uptake in AMPKys R225W carriers and
matched control subjects in the resting and exercised states via positron emission

tomography (PET)

To examine basal and insulin-stimulated glucose uptake and glycogen synthesis, fuel
storage (glycogen and intramuscular triglyceride content), oxidative capacity (citrate
synthase and cytochrome c oxidase activity) and specific aspects of cell signaling (phospho-
AMPK/AMPK, PGC1-a, mTFA, NRF-1) in differentiated primary myotubes from AMPKy;

R225W carriers and matched control subjects

69



RESEARCH DESIGN AND METHODS

SUBJECTS

Two probands carrying the R225W mutation in the ys; subunit of AMPK were initially
identified through the Ottawa Hospital Weight Management Clinic (33). Three R225W
carriers were recruited for this study and matched for age, sex, body mass index (BMI), and

physical activity (International Physical Activity Questionnaire) to control subjects.

MUSCULAR STRENGTH AND ENDURANCE/FATIGUE DETERMINATIONS

Following a 12-hour overnight fast, R225W carriers and matched control subjects
underwent testing to determine the quadriceps maximal force output in the dominant leg.
These analyses were performed using a KinCom leg extension machine (Isokinetic
International, Harrison, TN). Quadriceps maximal force output was assessed based on a
series of 3-5 constant velocity (60 deg/sec) concentric and eccentric contractions

performed by the subjects.

Muscular endurance/fatigue was evaluated using the KinCom machine and
electromyography (EMG) following the assessment of maximal force output. EMG was used
to monitor the mean frequency of contraction during a 1-min. isometric contraction of the

quadriceps at 80% of the maximal eccentric force.

[*®F]-FLUORODEOXYGLUCOSE (FDG) POSITRON EMISSION TOMOGRAPHY (PET)

Subjects refrained from exercise during the 48-hour period between muscular strength

testing and PET analysis. Following a 12-hour overnight fast, subjects were given an
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intravenous (IV} line in one arm and a second arterialized 1V line in the other arm. A
baseline blood sample was taken immediately before the initiation of the exercise
intervention for the determination of free fatty acid (FFA), cortisol, insulin, lactate, and
glucose concentrations. Subjects then performed leg extensions with their dominant leg for
30 min., bearing a load equivalent to 11% of their maximal concentric force output as
determined during strength testing. The leg extension consisted of a 1-second concentric
phase and a 2-second eccentric phase. Subjects were prompted to perform the exercise at
the correct speed using a metronome. FDG was injected 10 min. post exercise initiation
(referred to as ‘time 0’). Following 30 min. of exercise, subjects underwent a CT scan
followed by a 20 min. PET scan. Blood samples were taken for metabolite analysis
immediately prior to FDG injection, 20 min. post-injection, and 60 min. post-injection.
Samples for [18F] activity determination were taken immediately following injection, every

20 seconds for the first 3 min., then every 10 min. until 60 min. post-injection.

SKELETAL MUSCLE BIOPSIES

Subjects refrained from physical activity for three days and were fasting for 12 hours prior
to the biopsy. After local anaesthesia, biopsies of the vastus lateralis were obtained from
the 3 R225W carriers and 3 control subjects using a 5 mm Bergstrom needle (Opitek) as
described previously (33). Visible adipose tissue was removed from the biopsy and a ~25mg

sample of muscle was processed for satellite cell isolation and culture.
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CeLL CULTURE

Freshly biopsied vastus lateralis was minced, subjected to a trypsin digestion for 30 min.
and plated in Ham’s F-10 medium supplemented with 15% FBS, 0.5 mg/mL BSA, 1 uM
dexamethazone, 10 ng/ml EGF, 0.5 mg/ml fetuin and 25 pM insulin [growth medium].
Muscle satellite cells were isolated at ~80% confluency using an immuno-based magnetic
sorting technique as previously described (33); the primary antibody used was anti-5.1H11
(Developmental Studies Hybridoma Bank) and the secondary antibody used was MACS goat
anti-mouse 1gG microbeads. Isolated myoblasts were grown to ~80% confluence prior to
differentiation in DMEM (5.5 mM glucose, supplemented with 25 pM insulin, 2% horse
serum, 1% antibiotic-antimycotic and 2.5 mg/mL gentamycin) for 7 days prior to

experimentation.

MITOCHONDRIAL YIELD AND ENZYME ACTIVITIES

Intact mitochondria were isolated from differentiated myotubes using a mitochondrial
isolation kit (MITOISO2; Sigma). Mitochondrial yield was determined by dividing
mitochondrial protein content by total cellular protein content, as determined by BCA
assay. Cytochrome c oxidase activity was assayed in intact mitochondria using the
CYTOCOX1 kit (Sigma) in which the oxidation of dithiothreitol-reduced cytochrome c was
monitored spectrophotometrically at 550 nm. Citrate synthase activity was determined in
lysed mitochondria using the CS0720 kit (Sigma) in which the conversion of oxaloacetate to
citrate was monitored spectrophotometrically at 412 nm. Enzyme activities were

normalized to both mitochondrial and total cellular protein contents.
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OXxYGEN CONSUMPTION AND H* PRODUCTION

Oxygen consumption rate was measured in 7-day differentiated myotubes using a Seahorse
Extracellular Flux Analyzer. 50,000 myoblasts were seeded per well in specialized 24-well
plates (Seahorse Bioscience, North Billerica, MA) and incubated in growth medium
(described above) at 37°C with 5% CO, for 5 h, washed once with differentiation medium
and then allowed to differente for 7 days. Differentiated myotubes were then washed once
in Seahorse medium (DMEM [5030; Sigma] supplemented with 5.5 mM D-glucose, 0.584
g/L L-glutamine) and incubated at 37°C for 1 h. Baseline rates were measured 4 times for 3
min. each and were separated by 7 min. intervals. Carbonyl cyanide-p-
trifluoromethoxyphenylhydrazone (FCCP) or oligomycin was then injected into each well for
a final concentration of 1 uM or 500 ng/mL, respectively. After a mixing period of 10 min.
oxygen consumption rates were measured three additional times following these

injections.

HPLC ORGANIC ACID ANALYSIS

2-3 x 10° 7-day differentiated myotubes were lifted and resuspended in 300 pL of PBS. Cells
were lysed by sonication and protein content determined by BCA assay. Samples were then
diluted in 20 mM K;PO, to a concentration of 2 mg/mL. Proteins were precipitated by the
addition of 100 pL 1% perchlorate followed by centrifugation at 10,000 x g for 10 min..
Following 0.2 uM filtration of the supernatant, 20 pL of sample was injected into a 0.44 mm

reverse-phase C-18 column (Agilent, Santa Clara, CA) using an isocratic solution of 20mM
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K,PO4 as the mobile phase with detection at 210 nM. Metabolites were identified by co-

elution with known standards.

INTRAMUSCULAR TRIGLYCERIDE CONTENT

Intramuscular triglyceride (IMTG) content was determined in 7-day differentiated
myotubes treated with or without 2 mM aminoimidazole carboxamide ribonucleotide
(AICAR) for 2 h. 2-3 x 10° myotubes were lifted and resuspended in 1 mL of IMTG buffer
(25mM Tris-HCI pH 7.5, 1mM EDTA). Total triglycerides were then extracted with
chloroform-methanol (2:1){(45). The organic phase was dried under N, gas and the lipids
were resuspended in 50 pL of 2-propanol. The concentration of triglycerides was

determined using the L-Type TG H assay (WAKO).

GLYCOGEN CONTENT

2-3 x 10° 7-day differentiated myotubes treated with or without 2 mM AICAR for 2 h were
lifted and resuspended in 100 pL of PBM buffer (20 mM KH,PQy4, 10 uM CaCl,, 1 mM MgCl,,
pH 6.1) and lysed by 5 freeze—thaw cycles. Samples were boiled for 20 min. in 10 volumes
of 30% KOH saturated with anhydrous Na,SO,; to extract the glycogen from the celis.
Glycogen was precipitated with 12 volumes of 95% ethanol, dissolved in ddH,O and
incubated with 2 volumes of 0.2% anthrone in H,SO4 at 100°C for 20 min. The glycogen
concentration was determined spectrophotometrically by measuring the absorbance at 620

nm relative to an oyster glycogen standard (Sigma).
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GLUCOSE UPTAKE

Glucose uptake assays were performed as described previously (46). Myoblasts were
seeded in 24-well plates at 37,000 cells/cm?, incubated for 24 h and then differentiated for
7 days. Differentiated myotubes were washed twice with uptake buffer (136 mM NaCl, 4.7
mM KCl, 1.25 mM MgS04-7H20, 1.2 mM CaCl-2H,0, 20 mM HEPES; pH 7.4) and then
incubated for 20 min. in the presence or absence of 100 nM insulin. Cells were incubated at
37°C for 10 min. with 0.5 uCi/ml [H3]-2-deoxy—glucose and 100 pM cold 2-deoxy-glucose.
Cells were then washed 3X with ice-cold PBS and lysed with ice-cold RIPA lysis buffer
(Sigma) supplemented with a protease inhibitor cocktail (Roche). Total radioactivity was

determined by liquid scintillation counting. Protein content was determined via BCA assay.

GLYCOGEN SYNTHESIS

Glycogen synthesis assays were performed as described previously (47). Myoblasts were
seeded and differentiated as described above. Differentiated myotubes were glucose and
serum starved for 1.5 h in glucose-free DMEM medium and then incubated with DMEM
containing 5.5 mM glucose and 0.5uCi/ml [H?]-2-deoxy-glucose with or without 100 nM
insulin for 3 h. Cells were then washed 3X with ice-cold PBS and harvested in 30% KOH
saturated with anhydrous Na;SO,. Cell lysates were incubated at 100°C for 20 min. in the
presence of 6.3 ug/ul oyster glycogen. Glycogen was precipitated in ethanol, washed and
then dissolved in ddH,0. Radioactive glycogen was determined by liquid scintillation

counting. Protein content was determined in cell lysates via BCA assay.

RNA EXTRACTION AND QRT-PCR
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RNA was extracted with Trizol from 7-day differentiated myotubes, flash frozen and
shipped to the Pennington Biomedical Research Center (Baton Rouge, LA) for analysis. RNA
was column purified using the Qiagen RNeasy Fibrous Mini Kit (Qiagen). RNA purity was
determined on an Agilent 2100 Bioanalyzer (Agilent Technologies, Palo Alto, CA) and RNA
guantity was determined using an ND-1000 Nanodrop Spectrophotometer (Thermo Fisher
Scientific, Wilmington, MA). Primers and probes were designed for PGC-1a, mTFA, and
NRF-1 using Primer Express version 2.1 (Applied Biosystems, Foster City, CA) (Table 2-1).
The concentration of target mRNAs was determined by quantitative reverse transcriptase
PCR (gRT-PCR) using Tagman primers and fluorescent probes as the detection system. The
gRT-PCR was performed on an ABI PRISM 7900 (Applied Biosystems, Foster City, CA) using
the following parameters: one cycle of 48°C for 30 min., then 95°C for 10 min., followed by
40 cycles at 95°C for 15 s and 60°C for 1 min. All expression data was normalized to the

ribosomal phosphoprotein large PO housekeeping gene (RPLPO).

WESTERN BLOTTING

7-day differentiated myotubes were lysed in RIPA buffer (150 mM NaCl, 50 mM Tris (pH
7.4), 1 mM EDTA, 1% (v/v) NP-40, 0.25% (w/v) sodium deoxycholate) supplemented with 50
mM NaF, 5mM NaPP, 1 mM NaVO;, and a protease inhibitor cocktail (Roche). Protein
content was determined via BCA assay. Lysates were separated on a 10% bis-tris
polyacrylamide gel and proteins transferred to a nitrocellulose membrane. Antibodies
against phospho-AMPK (2535; Cell Signaling; dilution 1:1000), manganese superoxide
dismutase (mnSOD) (sc-30080; Santa Cruz; dilution 1:1000), Peroxisome proliferator-

activated receptor gamma, coactivator 1 alpha (PGC-1a) (sc-13067; Santa Cruz; dilution
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1:100), succinate dehydrogenase (SDH, sc-59687, Santa Cruz, Dilution 1:2000), cytochrome
¢ oxidase (MS404; MitoSciences; 1:500), and B-actin (4967L; Cell Signaling; dilution 1:1000)
were incubated overnight at 4°C and detected using anti-rabbit HRP (sc-2030; Santa Cruz;
1:1000) or anti-mouse HRP (sc-2031; Santa Cruz; 1:2000). Visualization was achieved using
an Enhanced Chemi-Luminescence kit (Amersham Pharmacia). Spot densitometry was

performed using an Alpha multi-image light camera and Alpha imaging software.
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Table 2-1: Oligonucleotide sequences for primer/probe sets used in Tagman analysis.

PGC-1a (peroxisome proliferator-activated receptor y coactivator-1a); mTFA {(mitochondrial
transcription factor A); NRF-1 (nuclear respiratory factor 1); RPLPO (ribosomal protein,

large, PO).

Gene Sense (5’-3’) Antisense (3’-5’) Probe (5’ 6-FAM-BHQ-1
3’)
PGC-1at | AGGTGAAAGTGTAATACTGTTGGT | CATGTAGAATTGGCAGGTGGAA | TGCTGAAGAGGGAAAGTGAGCGA
TGA TTAGTTGA
MTEA | CCAGATGCAAAAACTACAGAACTA AGTTCTACGAATATCCCGCCT TCCAACGCTGGGCAATTCTTCTA
A
NRF-1 | CGTTGCCCAAGTGAATTATTCTG TAACCCGGTGCAATGTCCC TTGTTCCACCTCTCCATCAGCCA
RPLPO | CCATTCTATCATCAACGGGTACAA | AGCAAGTGGGAAGGTGTAATCC | TCTCCACAGACAAGGCCAGGACTC
G
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RESULTS

MUSCULAR FATIGUE DETERMINATIONS

All subjects underwent a 60-second isometric contraction of the quadriceps at 80% of their
maximal force during which electromyography (EMG) traces were recorded for the vastus
lateralis, vastus medialis, and rectus femoris muscles. The R225W carriers demonstrated a
remarkable resistance to fatigue as compared to matched controls (Figure 2-3; p<0.05). In
these determinations, the rate of fatigue was determined through a linear regression of the
mean frequency over time (mV/s), and a negative slope (a decrease in contractile force) is
indicative of fatigue. Interestingly, the R225W subjects had a positive slope, indicating an
increase in the mean frequency over time, which may suggest the recruitment of a larger

number of muscle fibers.

GLUCOSE UPTAKE IN VIVO

Glucose uptake was measured in vivo by positron emission tomography (PET) in resting and
exercised quadriceps following a unilateral 30 min leg extension exercise against a constant
resistance equivalent to 11% of the subject’s maximal force output. While two of the three
R225W subjects exhibited a strong trend for increased total and maximal glucose uptake in
the exercised leg, one of R225W subjects exhibited very low levels of glucose uptake in the
exercised leg. A trend toward a larger volume of muscle actively taking up glucose in the
exercising leg was also apparent in R225W carriers, as defined by the volume of skeletal
muscle meeting the threshold standard uptake value {SUV) of 1.0 in exercising leg (Figure

2-4). No differences were observed in the resting leg; however, due to the low number of
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Figure 2-3: Rates of muscular fatigue. (A) Representative EMG traces of Vastus Lateralis
{Blue), Vastus Medialis {Green), and Femoris {Pink) Quadriceps. Traces represent the mean
frequency of contraction over a 60 second period. B) Quantification of EMG, values

represent the slope of the mean frequency (mV/s) + SEM, student’s T-test (P<0.05)



Figure 2-3: Rates of muscular fatigue
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Figure 2-4: Glucose uptake in vivo via positron emission tomography (PET). Subjects
performed a leg extension exercise on their dominant leg against a resistance equivalent to
11% of their maximal force output followed by a PET/CT scan. (A,C) Representative PET and
(B,D) PET/CT overlay images (left leg— resting; right leg — exercised); (E) total volume of
quadriceps muscle group with an standard uptake value SUV > 1.0; (F) total FDG uptake in
the exercised leg; and (G) plasma cortisol levels. Red symbol denotes an outlier excluded

from the analysis.
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subjects in this study, the power of this technique to detect differences in glucose uptake in
the non-exercised state is low. Serum glucose, lactate, and FFA were also measured at -10,
0, 20, 60 minutes. No differences were observed in either serum glucose or lactate;
however, the relative increase in serum FFA was higher in the carriers of the R225W

mutation relative to matched controls (Figure 2-5).

GLUCOSE UPTAKE AND GLYCOGEN SYNTHESIS IN VITRO

Differentiated myotubes from R225W carriers exhibited a 1.8-fold higher basal glucose
uptake rates relative to those in cells from matched controls (p<0.01; Figure 2-6A). The
myotubes from R225W carriers also demonstrated similar absolute changes in glucose
uptake following insulin stimulation compared to changes in cells from control subjects

(Figure 2-6B).

Basal glycogen-synthesis rates were measured for 3 hours in the presence or absence of
insulin following a 1.5 hour ‘fast’ in glucose- and serum- free medium. Basal glycogen
synthesis was significantly enhanced (2.3-fold, p<0.05) in R225W carriers relative to
matched controls. insulin stimulation resulted in a 1.8 fold of the rate of glycogen synthesis
in control myotubes (Figure 2-7, effect of genotype, p<0.05); however, insulin stimulation

did not result in any further increase in the R225W myotubes (Figure 2-7).

FUEL STORAGE

Previously our laboratory has shown ex vivo that muscle fibers from R225W carriers have
~30% lower IMTG content and ~90% higher glycogen content (33). AMPK has also been
shown previously to enhance fatty acid oxidation (48). In the current study we examined
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Figure 2-5: Relative change in serum free fatty acid levels (FFA). Percent increase in serum
free fatty acid levels post-exercise in R225W carriers (black bars) and matched controls

(white bars). N=3, means + SEM, paired t-test, *p<0.05
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Figure 2-6: Glucose uptake in vitro (A) Basal and insulin-stimulated uptake of [Hg]-z-deoxy—
glucose and (B) absolute change in [H?]-2-deoxy-glucose uptake from basal following
insulin-stimulation in differentiated control (white bars) and R225W (black bars) myotubes.

N=3, means * SEM, two-way ANOVA, Bonferroni correction, *p<0.05, **p<0.01



Figure 2-6: Glucose uptake in vitro

<

* %

200+

T
Q
n

150-
100+

(uiw/Bwyjowd)
aley 9yeldn asooniy

Insulin

Basal

R T
(Bnuiwy/jowd)
uoienwilis uijnsuj
m Buimojjoy axeidn aesoonny

R225W

Control

84



Figure 2-7: Rates of glycogen synthesis. Rate of glycogen synthesis as determined by [H?)-
2-deoxy-glucose incorporation into glycogen in the presence or absence of insulin in
differentiated control (white bars) and R225W (black bars) myotubes. N=3, means + SEM,

two-way ANOVA, affect of genotype p<0.05



Figure 2-7: Rates of glycogen synthesis
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fuel storage in 7-day differentiated myotubes from R225W carriers and matched controls.
Cells from R225W carriers exhibited a trend for decreased IMTG stores (Figure 2-8B).
Similarly, the acute treatment of myotubes with the AMPK activator, aminoimidazole
carboxamide ribonucleotide (AICAR), resulted in a trend for decreased IMTG stores in the

control cells, but not in the R225W cells.

Differentiated myotubes from R225W carriers had a 1.3-fold increase in glycogen relative
to matched controls (p<0.01). Paradoxically, the acute treatment of both control and
R225W myotubes with the AMPK activator AICAR, resulted in a decrease in glycogen

content (Figure 2-8A, p<0.001).

OXIDATIVE CAPACITY

Myotubes from subjects carrying the R225W mutation were found to have a ~3-fold
increase in total mitochondrial content (p<0.01), as assessed by the ratio of mitochondrial
protein to cellular protein (Figure 2-9). Cytochrome c oxidase activity and citrate synthase
activity were measured as markers for electron transport chain (ETC) and TCA cycle
capacity, respectively. R225W cells exhibited a 2.5-fold higher cellular cytochrome c oxidase
activity compared to control cells (p<0.01), but exhibited no difference in cytochrome ¢
oxidase activity at the mitochondrial level (Figure 2-10A,B). Interestingly, citrate synthase
activity was 9-fold higher in R225W myotubes at the cellular level (p<0.05) and 3-fold
higher at the mitochondrial level (p<0.05) compared to control cells (Figure 2-10C,D). These
results suggest that R225W carriers have enhanced TCA cycle capacity in addition to

increased mitochondrial content.
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Figure 2-8: Glycogen and IMTG content (A) Glycogen content of control and R225W
differentitated myotubes in the presence (white bars) or absence (black bars) of AICAR, (B)
Intramuscular triglyceride content of control and R225W differentiated myotubes in the
presence (black bars) or absence (white bars) of AICAR. N=3, means * SEM, two-way

ANOVA, Bonferroni correction, **p<0.01, ***p<0.001
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Figure 2-9: Mitochondrial content. Mitochondrial content of control and R225W
differentiated myotubes as determined by the ratio between total mitochondrial protein

and total cellular protein. N=3, paired Student’s t test, **p<0.01
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Figure 2-10: Oxidative capacity. (A,B) Cytochrome c¢ oxidase activity in isolated
mitochondria of control and R225W differentiated myotubes normalized to cellular and
mitochondrial protein, respectively; (C,D) citrate synthase activity in isolated mitochondria
of control and R225W differentiated myotubes normalized to cellular and mitochondrial

protein, respectively. N=3, paired student’s t test, *p<0.05 **p<0.01
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To further assess this discrepancy between the ETC and TCA cycle capacities , the relative
amounts of several TCA cycle metabolites were evaluated. Succinate, a-ketoglutarate,
citrate, fumarate, and malate were separated from whole cell lysates on a C-18 column by
high performance liquid chromatography (HPLC) and quantified at 210 nm by co-elution
with known standards. No significant differences were observed between the
concentrations of these metabolites in R225W carriers and those of matched controls

(Figure 2-11).

OXYGEN CONSUMPTION AND EXTRACELLULAR ACIDIFICATION RATES

Oxygen consumption and extracellular acidification rates were evaluated in differentiated
myotubes using an extracellular flux analyzer (XF-24, Seahorse Bioscience). Maximal oxygen
consumption and leak-dependent respiration were evaluated in the presence of the
chemical uncoupler, FCCP or the inhibitor of ATP synthase, oligomycin, respectively.
Myotubes from R225W carriers demonstrated a ~2.5-fold increase in maximal oxygen
consumption (Figure 2-12A, p<0.01), consistent with the observed increases in
mitochondrial content. R225W carriers also exhibited elevated leak-dependent respiration
(p<0.05) and a trend toward increases in basal oxygen consumption. No significant changes

were observed in the extracellular acidification rate (Figure 2-12B).

MRNA ANALYSES

To further assess the factors mediating the increased mitochondrial content seen in R225W
carriers, mRNA expression of the mitochondrial transcription factors PGC-1a, mTFA, and

NRF-1 was quantified in R225W carriers and matched controls by qRT-PCR (Figure 2-13). No
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Figure 2-11: TCA cycle metabolites. Relative amounts of (A) malate; (B) a-ketoglutarate; (C)
citrate; (D) fumarate and (E) succinate normalized to cellular protein. N=3, means * SEM,

paired student’s t test, NS
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Figure 2-12: Oxygen consumption and extracellular acidification rate. (A) Cellular oxygen
consumption and (B) extracellular acidification rate in R225W (black bars) or control (white
bars) differentiated myotubes in the presence of oligomycin or FCCP. N=3, means + SEM,

paired student’s t test, *p<0.05, **p<0.01
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Figure 2-13: PGC-1a, mTFA, and NRF-1 mRNA. (A) PGC-1q, {B) mTFA, and {C) NRF-1 mRNA
expression normalized to the ribosomal protein, large, PO housekeeping gene (RPLP0O). N=3,

means * SEM, two-way ANOVA, NS
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significant differences were observed in PGC-1a, mTFA or NRF-1 mRNA, as the inter-
subject variability in these genes was much greater than any clear difference between

groups.

WESTERN BLOTTING

As expected, there was a a strong trend towards increased levels of AMPK phosphorylation,
as assessed by the ratio of P-AMPK to AMPK, in myotubes of R225W carriers compared to
matched controls (Figure 2-14). However, the expression of the catalytic alpha subunit of
AMPK was found to be significantly lower in the R225W myotubes, suggesting an important
feedback inhibition pathway in the regulation of AMPK. Cytochrome c oxidase expression
was also found to be ~2.5-fold higher in myotubes from R225W carriers, consistent with
the increase in cytochrome ¢ oxidase activity as well as the increase in mitochondrial
content {Figure 2-15; p<0.05). No significant differences were observed in the expression of
the transcription factor, PGC1-q, or the expression of the mitochondrial reactive oxygen
species scavenger, mnSOD, between R225W carriers and matched controls (Figure

2-16Figure 2-17)
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Figure 2-14: Phospho-AMPK (p-AMPK) and AMPK al content(A) Representative Western
blots of phospho-AMPK al1/a2 and AMPK al expression in control and R225W myotubes;
(B) densitometry of phospho-AMPK normalized to AMPK; (C) densitometry of AMPK

expression normalized to B-actin, means + SEM, paired student’s t-test, *p<0.05
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Figure 2-15: Cytochrome c Oxidase (COX-1) Content (A) Representative Western blot of
cytochrome ¢ oxidase expression in control and R225W myotubes; (B) densitometry of

cytochrome c oxidase normalized to B-actin, means + SEM, paired student’s t-test, *p<0.05



Figure 2-15: Cytochrome c oxidase (COX-1) content
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Figure 2-16: PPARy co-activatorla (PGC-1a) Content (A) Representative Western blot of
PGC-1a expression in control and R225W myotubes; (B) densitometry of PGC-la

normalized to B-actin, means + SEM, paired student’s t-test, NS
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Figure 2-17: Manganese superoxide dismutase content. (A) Representative Western blot
of mnSOD expression in control and R225W myotubes; (B) densitometry of mnSOD
normalized to B-actin (C) densitometry of mnSOD normalized to succinate dehydrogenase

(SDH), means + SEM, paired student’s t-test, NS
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DISCUSSION

It is widely accepted that AMPK is an important regulator of cellular energy metabolism.
Despite extensive characterization of acute AMPK activation in several models including
mice and humans, the metabolic effects of chronic AMPK activation, especially in humans,
are poorly understood. Our laboratory previously identified the AMPKy3 R225W mutation
in two probands within the Ottawa region and demonstrated a 2-fold increase in both the
basal and AMP-stimulated AMPK activity in primary cultured myotubes from carriers of the
R225W mutation compared to matched controls (33). Ex vivo histological analyses showed
that R225W carriers had a 90% increase in skeletal muscle glycogen and a 30% decrease in
intramuscular triglyceride (IMTG) stores compared to matched controls (33). The current
study was designed to further characterize the skeletal muscle metabolism of these

subjects both in vivo and in vitro.

While previous studies have documented enhanced glucose uptake in response to acute
activation of AMPK either through exercise or treatment with the AMP mimetic, AICAR, in
animal and cell culture models (38, 49, 50), these effects have not been previously
evaluated in vivo. In this study, we sought to look at the effects of the AMPKy3 R225W
mutation on in vivo glucose uptake in both the resting and exercised quadriceps. Two of
three R225W carriers exhibited a significantly larger volume of muscle actively taking up
glucose (1.3-fold) as well as a trend for increased total glucose uptake in the exercised
guadriceps. The remaining carrier of the AMPKy3 R225W mutation exhibited extremely low

levels of glucose uptake. This low level of glucose uptake is likely due, at least in part, to
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abnormally elevated levels of serum cortisol, a potent inhibitor of skeletal muscle glucose
uptake (51). This subject was not an outlier in any of the in vitro assays or in the muscular
fatigue evaluations, suggesting that the increase in cortisol is a stress-related response to

the PET scanning procedure.

No differences were observed in the resting leg. Levels of glucose uptake in fasted resting
skeletal muscle are relatively low and PET scanning may not in fact be sensitive enough to
detect potential low level changes in glucose uptake. The observed increase in plasma fatty
acid mobilization during exercise in R225W carriers may indicate a more rapid transition to
fatty acid oxidation, thereby blunting the observed glucose uptake in both the exercised
and resting leg. Alternatively the increase in circulating fatty acids may be due to a normal
mobilization of fatty acids (e.g., from adipose tissue stores), but a blunted increase in fatty
acid uptake in muscle, stemming in turn from a greater proportional reliance on glucose

and glycogen fuel stores in muscle of R225W subjects during fasting.

The mechanism behind the observed increase in glucose uptake in the R225W carriers
during exercise is likely the result of elevated skeletal muscle GLUT4 expression, which has
bee[\ previously demonstrated in mice chronically treated with AICAR (32). However, it is
also possible that the observed increase in glucose is the result of the recruitment of a
larger number of contractile fibers, as indicated by the increased volume of muscle actively
taking up glucose. These results were further corroborated by the in vitro analysis of
glucose uptake and glycogen synthesis in primary human myotubes. Differentiated

myotubes from R225W carriers had 2-fold higher rates of glucose uptake as well glycogen-
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synthesis relative to matched controls. There were no differences in insulin sensitivity as
assessed by the absolute change in the rate of glucose uptake following insulin stimulation.
These results suggest that AMPK-mediated giucose uptake is occurring through an insulin-

independent pathway.

Paradoxical to the traditionally observed role of AMPK in the inhibition of anabolic
pathways such as glycogen synthesis, carriers of the R225W mutation have increased
intracellular glycogen stores. However, further AMPK activation through acute AICAR
stimulation resulted in a decrease in glycogen levels in myotubes from both control and
R225W carriers. The reduction in cellular glycogen content in both the controls and R225W
carriers following acute AICAR treatment is likely the result of the direct phosphorylation of
glycogen synthase kinase (52) by AMPK resulting in the inhibition of glycogen synthesis. The
observed increase in basal glycogen storage on the other hand, is consistent with the
increased rates of glycogen synthesis discussed above. During chronic AMPK activation,
AMPK-stimulated glucose uptake may override AMPK’s inhibition of glycogen synthase,
resulting in enhanced glycogen storage. Similar effects of glycogen super-compensation

have been previously observed in AICAR treated and endurance trained mice (32).

In vitro analysis of IMTG stores in differentiated myotubes from R225W carriers revealed a
trend for a slight decrease in the total IMTG, which paralleled similar decreases in matched
control subjects following acute AMPK activation with AICAR. This trend observed in
differentiated human myotubes is consistent with previous ex vivo histological analyses of

these subjects (33). In addition, acute activation of AMPK has been shown to result in the
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phosphorylation and inactivation of acetyl CoA carboxylase (ACC), a key enzyme regulating
the balance between fatty acid biosynthesis and oxidation (25, 53). ACC is the rate-limiting
step in the synthesis of malonyl CoA, which is both a potent inhibitor of fatty acid oxidation
and a key precursor in fatty acid synthesis. Inactivation of ACC leads to a decrease in fatty
acid synthesis and a concomitant increase in fatty acid oxidation, which results in the

depletion of IMTG stores (54, 55).

Consistent with AMPK’s reported role in mitochondrial biogenesis through the induction of
PGC-1a (23, 31), mitochondrial content and oxidative capacity was found to be significantly
higher in the myotubes of R225W carriers than in myotubes of matched control subjects.
While a trend for increased PGC-1a mRNA was observed in myotubes of R225W carriers,
there were no differences in PGC-1a protein expression. However, despite no changes in
protein expression, the activity of PGC-1a may be indirectly activated by AMPK. Jager et al.
showed that AMPK activation results in the phosphorylation of PGC-1a (23) and Canto et al.
demonstrated that AMPK acts through the NAD® dependent deacetylase, SIRT1, to
deacetylate and activate PGC-1a (56). Interestingly, while carriers of the R225W mutation
expressed higher levels of AMPK phosphorylation relative to matched controls, expression
of the catalytic alpha sub-unit was significantly down-regulated in the affected subjects.
The observed down-regulation of AMPK in response to chronic activation suggests an

important negative feedback mechanism involved in the regulation of AMPK.

Interestingly, the activity of citrate synthase per mitochondrion was increased in R225W

carriers, suggesting enhanced TCA cycle capacity. While quantification of various TCA cycle
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metabolites revealed a trend for a slight increase in the level of cellular citrate, there were
no statistically significant changes in the levels of any of the analyzed TCA cycle
metabolites. It is still reasonable to hypothesize that the elevated glucose uptake in
myotubes of R225W subjects may be responsible for the increases in TCA cycle activity
(e.g., to handle the influx of energy substrate). However, the lack of a corresponding
increase in electron transport chain activity suggests that these metabolites are being
diverted to alternative pathways. To further assess this question, future studies will need to
examine the specific activities of additional TCA cycle enzymes and possibly glucose
oxidation and fatty acid oxidation as well. One could also trace the flux of metabolites using

universally labeled 13-C-glucose with mass spectrometry and NMR spectroscopy (57).

Carriers of the R225W mutation were shown to exhibit dramatically reduced rates of
muscular fatigue, which is consistent with previous reports of increases in the time to 50%
fatigue in mice with the analogous R225Q mutation (58). This increased capacity for
endurance exercise is likely due to a combination of the increased glycogen content,
glycogen synthesis rate and oxidative capacity (mitochondrial content etc) observed in
R225W carriers. In fact, the increase in mean frequency of contraction observed in these
individuals may also suggest that these individuals are recruiting additional contractile

fibers to maintain this level of intense force output.

As a whole these results are consistent with the idea that the AMPKy3 R225W mutation is
largely beneficial to overall health and exercise performance capabilities of affected

subjects. Findings demonstrate enhanced glucose uptake, oxidative capacity, and a delayed
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onset of muscular fatigue. As a direct result of this mutation, these individuals likely have
an enhanced capacity for endurance exercise. However, possibly of more importance is the
protection from the development of T2DM that this mutation may confer through the
enhancement of skeletal muscle glucose uptake in conjunction with increased
mitochondrial content and oxidative capacity. These results suggest that the y; subunit of

AMPK may indeed make a suitable tissue-specific target for the treatment of T2DM.
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GENERAL DISCUSSION

The prevalence of metabolic diseases including obesity and T2DM is increasing worldwide
at an unprecedented pace. With 1.7 billion overweight or obese people and 176 million
people suffering from T2DM, the fundamental understanding of the molecular mechanisms
underlying these diseases is essential to the development of new therapeutics and
treatment strategies (1, 2). As obesity is the primary risk factor for T2DM and 85% of
individuals with T2DM are overweight or obese, the relationship between obesity and
T2DM is of particular interest. Nevertheless it is important to note that only ~35% of
overweight or obese individuals have T2DM (3, 4). Extensive research over the last decade
has dramatically improved our understanding of the mechanisms underpinning T2DM.
However, the defects in molecular metabolism that may predispose obese individuals to

the development of T2DM are still poorly understood.

METABOLIC DEFICITS — A GENETIC PREDISPOSITION TO TYPE 2 DIABETES
MELLITUS

To better understand the mechanistic association between obesity and T2DM, we
compared the skeletal muscle metabolism of subjects with or without a history of obesity-
associated T2DM. One of the primary deficits observed in primary myotubes from
individuals with a history of obesity-associated diabetes was the inability of myotubes to
undergo mitochondrial biogenesis in response to conditions of high glucose and insulin
(HGI). Previous studies have demonstrated lower mitochondrial content concurrent with
elevated levels of IMTG in the skeletal muscle of individuals with T2DM and their insulin-

resistant offspring (5-8). However, the presence of reduced mitochondrial biogenesis in

111



subjects with a history of T2DM in the absence of elevated IMTG content lends support to
the hypothesis that defects in mitochondrial function precede the accumulation of IMTG in

skeletal muscle.

Myotubes from post-DM individuals also exhibited increased oxidative damage under
hyperglycemic conditions. Moreover, expression of the mitochondrial ROS scavenger,
mnSOD, was higher in Post-DM myotubes compared to Non-DM myotubes in the both
basal state and under HGI conditions. The elevation in basal mnSOD expression in Post-DM
individuals suggests elevated production of reactive oxygen species. However, when
subjected to the stress of HGI, the cellular antioxidant mechanisms in Post-DM myotubes
were not able to cope with the additional production of ROS, resulting in increased
oxidative damage in these individuals. Interestingly, despite the oxidative damage
generated in Post-DM cells, it appears as though this signal is not able to activate UCP3 to

affect a lower membrane potential and ultimately decrease ROS production.

While both mitochondrial content and oxidative stress have been closely associated with
insulin resistance and T2DM in skeletal muscle, this study demonstrated for the first time
that impaired metabolism can be re-elicited in skeletal muscle cells from subjects with
history of obesity-associated T2DM, despite the resolution of the clinical symptoms of
T2DM through weight loss. These results provide further insight into the metabolic
mechanisms and deficits that may predispose individuals to the development of T2DM;
however, it remains to be determined whether the observed metabolic characteristics are

genetic or whether they are acquired epigenetically during the development of T2DM (9).
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Future studies will need to further characterize the mechanisms underlying the high
glucose and insulin mediated mitochondrial biogenesis, in order to begin to understand the
molecular defect that prevents individuals with a history of type 2 diabetes from
undergoing similar mitochondrial biogenesis. In addition, further investigations will also
need to characterize the potential role of UCP3 in mitigating the high glucose and insulin

induced oxidative damage through the reduction of membrane potential.

AMP-ACTIVATED PROTEIN KINASE AS A PHARMACEUTICAL TARGET

Currently, the American Diabetes Association guidelines for the treatment of T2DM
recommend the screening and treatment of individuals at high risk for the development of
diabetes through a combination of weight loss, physical activity, and in some cases, the
initiation of anti-hyperglycemic pharmaceutical agents (10). While the most effective
treatment remains lifestyle modification, delaying or preventing the onset of T2DM
through weight loss and physical activity has become increasingly difficult for many
individuals (11). Weight loss has proven to be very effective in improving glucose uptake
and restoring insulin sensitivity (12); however, the ready availability of calorie-dense foods
and the sedentary culture that has become so prevalent in Western society make weight

loss a challenge for many individuals.

The rapid increase in the prevalence of obesity and T2DM over the last several decades and
the aforementioned difficulties in the treatment of T2DM through lifestyle intervention
have created a pressing need for safe and effective pharmacological therapies. Current

pharmacological treatment options for T2DM include metformin, sulfonylureas, DPP-4
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inhibitors, PPARy agonists, a-glucosidase inhibitors, insulin, and GLP-1 analogs. However,
many of these drugs have not only efficacy and durability issues, but also side effects
including hypoglycemia, weight gain, edema, fractures, lactic acidosis, and gastrointestinal
intolerance (reviewed in (13, 14)). In the last several years, AMPK has emerged as a prime
pharmacological target for the treatment of T2DM. Of the current anti-hyperglycemic
agents available, it is thought that metformin indirectly activates AMPK through its
upstream kinase LKB1 (15-17), whereas the PPARy agonists rosiglitazone and pioglitazone
activate AMPK primarily through the induction of adiponectin release (18-20). Adiponectin
induces the phosphorylation and activation of AMPK in target tissues including liver and
skeletal muscle (21, 22). However, metformin and the TZDs are systemic activators of
AMPK and may lead to undesirable side effects through the chronic activation of AMPK in

tissues such as the hypothalamus, heart and gastrointestinal tract (reviewed in (14)).

The negative effects associated with chronic systemic AMPK activation make the
development of tissue-specific AMPK agonists an attractive alternative. As discussed
previously, AMPK’s role in suppressing hepatic glucose output while increasing skeletal
muscle glucose uptake and fatty acid oxidation make liver and skeletal muscle the two
tissues that would likely contribute the most to the suppression of plasma glucose levels
and the restoration of insulin sensitivity (reviewed in (13)). The current study examined the
metabolic effects of a naturally occurring gain-of-function mutation in the y3 subunit of
AMPK in humans, which is of special interest due to its almost exclusive expression in

skeletal muscle.
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The AMPKy3 R225W mutation resulted in significantly increased skeletal muscle glucose
uptake in vitro in primary myotubes as well as a trend for increased glucose uptake in vivo.
Additionally, this increase in glucose uptake appeared to be mediated through an insulin-
independent pathway as the effect of insulin on glucose uptake appeared to be additive.
Myotubes from these subjects also exhibited significantly elevated levels of glycogen,
consistent with the chronically enhanced glucose uptake in these subjects. While there was
a small trend for decreased IMTG in vitro, carriers of the R225W mutation exhibited a
greater relative increase in plasma fatty acids during exercise compared with matched
controls. This increase in FFA could be the result of decreased skeletal muscle fatty acid
uptake or it could be the result of an increased mobilization of fatty acids from adipose

tissue.

Of most interest, however, were the increases in oxidative capacity observed in primary
myotubes from carriers of the R225W mutation. R225W carriers exhibited increased
maximal cytochrome ¢ oxidase and citrate synthase activity as well as increased maximal
oxygen consumption. Mitochondrial dysfunction is one of the most likely candidates in the
development of insulin resistance in skeletal muscle. As discussed previously, reduced
mitochondrial content has been observed in individuals with T2DM, as well as in lean
insulin-resistant offspring of individuals with T2DM (5-8). It is likely that these
mitochondrial defects contribute to incomplete fatty acid oxidation, increased IMTG,

increased ROS damage, and ultimately the development of insulin resistance.
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While future studies will be needed to further evaluate other metabolic aspects of this
mutation, including determinations of fatty acid oxidation and metabolic flexibility, the
human AMPKy3 R225W mutation has proven to be an excellent model for the evaluation of
chronic AMPK activation in skeletal muscle. In addition, the current results suggest that the
y3 subunit of AMPK may indeed make a suitable tissue-specific target for the treatment of
T2DM. Two of the most important traits of an effective pharmaceutical agent for the
treatment of T2DM are the ability to reliably and effectively reduce circulating glucose
levels while enhancing insulin-sensitivity. We have demonstrated that the AMPKy; R225W
mutation enhances both glucose uptake and mitochondrial biogenesis. The stimulation of

AMPKy; may therefore lead to improved glycemic control in individuals with T2DM.
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